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 Membrane proteins play important roles in cell biology and thus it is crucial to 

develop methods to access their functional information for further applications such as 

drug discovery screening or disease prevention. In order to study membrane species in 

their natural structure and functions, we introduce platforms using supported lipid 

bilayers (SLB) to house these targeted species. SLBs not only mimic natural cell 

membrane environments but also allow heterogeneous bilayer patterning. It is known 

that the cell membrane is not merely composed of a well-mixed single lipid phase, but 

has distinct lipid micro-domains of co-existing phases, lipid raft and liquid-disorder 

phase, and this feature has been suggested to play a key role in regulating several 

cellular activities, as some proteins have been shown to exhibit different activity levels 

depending on specific lipid interactions.  

Therefore, we aim to determine the preference of membrane proteins with lipid 

raft phases, and understand the influence of lipid environment on regulating protein 

activity level, revealing important mechanisms of membrane proteins function in cells. 

Toward this goal, we first patterned two-phase coexistent SLBs inside a microfluidic to 

mimic membrane heterogeneities and quantify partition kinetics of membrane-bound 

species in this platform (Chapter 2). To further extend the platform to study membrane 



 

protein behavior, we then developed a novel strategy to incorporate membrane proteins 

in SLBs without exposing them to harsh detergent to retain their native structure and 

functionality.  In this dissertation, I will present our advances on using mammalian cell 

blebs (Chapter 3) and bacterial outer membrane vesicles (Chapter 4) as an intermediate 

to delivery membrane proteins into a SLB.  A detailed characterization of bilayer 

properties and membrane protein functionalities will also be covered in these chapters.  

Finally, in Chapter 5 I will provide a broader view of how our work could be useful to 

study and identify the regulatory lipid-protein interactions, which is a pressing issue for 

a better understanding of a wide range of biological processes. 
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CHAPTER 1 

 
LITERATURE REVIEW –TRADITIONAL AND EMERGING TECHNIQUES FOR 

STUDYING LIPID PROTEIN INTERACTIONS 

 

1.1 The Cell Membrane and Lipid-Protein Interactions 

The cell membrane is a fundamental biological barrier enclosing the cell cytoplasm and 

nucleus with the purpose of regulating the interaction between the cell and the outside 

environment. This membrane is comprised of a bilayer of amphipathic lipid molecules and 

proteins arranged to shield their hydrophobic parts from the aqueous surroundings. The 

membrane proteins are embedded within the lipid bilayer solvent and take part in many critical 

functions including transport, signaling and recognition between the cell and its environment. 

Not surprisingly then, over 60% of drugs on the market target membrane species1,2. Improving 

the understanding of membrane protein structure, function and dynamics is highly desired to 

allow for the design of more effective drugs and treatment methods3–8. It has recently become 

appreciated that not only is the protein interaction with the drug important for altering its activity 

or function, but that the level of modulation, or even the final biological outcome, may be 

coupled to the lipid interactions the protein makes with the surrounding membrane9,10. Beyond 

drug discovery, understanding of such interactions may prove critical in other biotechnology 

applications where membrane proteins are key elements, for example in biosensing11, tissue 

engineering12, biofilm formation13, and so on. 

An important manifestation of these interactions is the way lipids and proteins tend to 

separate into micro-domains through direct association among themselves instead of distributing 

uniformly as a homogeneous, two-dimensional fluidic environment. Micro-domains 
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compartmentalize distinct kinds of lipids and membrane proteins and are an important paradigm 

of cell membrane organization. One notable, but still enigmatic, type of micro-domain that 

results from phase separation is the lipid raft, which is enriched in cholesterol and sphingolipids 

relative to the surrounding phospholipid-rich membrane14. Specific kinds of proteins and 

glycolipids are enriched in rafts, while others are excluded. It is hypothesized that raft domains 

play a key role in regulating the functions of membrane proteins and their biological activities 

through selective partitioning of species into and out of rafts.   

While phase segregation in model membranes was postulated as early as the 1980’s15,16, 

direct detection of lipid rafts in cell membranes has proven elusive partly because of their small 

scale and dynamic nature. However, there is a wealth of evidence supporting their existence. 

Here we provide a brief synopsis, but for a thorough review see Lingwood and Simons17. 

Detergent resistant membrane (DRM) fractionation assays isolate membrane fractions that are 

enriched in cholesterol, sphingomyelin, and raft-associating species18. Surface labeling with 

antibodies or toxins binding to raft-associated proteins is used to tag raft membrane domains19. 

Single particle tracking methods20,21 detect changes in protein diffusion, which indicates the 

presence of more viscous raft domains. Finally, plasma membrane vesicles devoid of 

cytoskeletal proteins have been shown to readily undergo phase separation into large, observable 

raft-like and fluid-like domains22,23. In parallel to these techniques, recent advances in 

spectroscopy24 and super-resolution imaging25,26, such as photoactivation localization microscopy 

(PALM)27, stochastic optical reconstruction microscopy (STORM)28, and stimulated emission 

depletion (STED) fluorescence microscopy29,30 have revealed dynamic, nanoscale lipid raft 

assemblies in living cells. Some membrane-bound species show a preference to associate with 

certain lipid phases in the cell membrane. Glycolipids31, GPI-linked lipids32 and certain proteins33 
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tend to associate with lipid rafts. Other membrane constituents, a specific example being 

transferrin receptor, tend to avoid lipid rafts and reside in more disordered phases enriched with 

phospholipids34,35. Studies have shown that co-existent liquid-ordered and liquid-disordered lipid 

phases can exist in model membrane systems36–41, but controlling the location of these phases has 

been a challenge. As the lipid raft hypothesis has gained acceptance, the number of hypotheses 

for the mediation of cell processes through lipid-protein interactions involving rafts has 

increased. 

Although membrane protein interactions within their local membrane environment are 

critical to their functions, they are not easy to probe because traditional protein characterization 

techniques may disrupt the native lipid-protein interaction in the cell or artifactually change the 

native associations. For example, detergents used in DRM fractionation can coalesce rafts and 

could kinetically trap non-raft species in them during this process. DRMs are also dependent on 

choice of detergent as different detergents may cause changes in clustering and fraction 

compositions42. Surface labeling of cells requires antibodies or toxins to bind to specific species, 

often crosslinking them and causing artifactual enrichment41. An alternative is to label fixed 

cells, but membrane organization and lipid-protein associations of dead cells are not necessarily 

indicative of live conditions43,44. Isotope labeling methods have some utility45, but can only be 

applied to cultured cells, are expensive, and still require isolation methods to identify residents.   

Therefore, to expand our current knowledge of how membrane proteins function and are 

regulated, a variety of techniques including novel membrane platforms are needed to improve 

characterization of lipid-protein interactions and minimize possible artifacts.  

 

1.2 The Principles of lipid-protein interactions 



 

17 

Lipid species interacting with membrane proteins can be classified into two categories: annular 

lipids and non-annular lipids.4 Annular lipids solvate membrane proteins by forming a shell 

around their surfaces (Fig. 1A), while non-annular lipids are found buried within protein helices 

(or protein complex subunits) forming lipid–protein complexes (Fig. 1B). The critical differences 

between annular and non-annular lipids are their degrees of affinity for, and their residence times 

with, membrane proteins. Annular lipids exhibit lower affinity to membrane proteins compared 

to non-annular lipids and possess the motional freedom to exchange with the bulk environment; 

in contrast, non-annular lipids are more restricted from exchanging with the surrounding lipids 

and may bind directly to specific sites on membrane proteins. The following sub-section will 

expand on the principles of annular and non- annular lipid–protein interactions and provide 

biological examples of each type.  

 

1.2.1 Annular lipid–protein interactions.  

The effects of annular lipids on membrane protein structure and their functions are 

mainly ruled by the following interaction principles9: (1) The degree of hydrophobic matching 

between membrane protein core and the surrounding lipid acyl chains. (2) The structure and 

charge distribution of lipid headgroups and protein amino acid residues located near the lipid–

water interface. To avoid exposing the hydrophobic domain of membrane proteins to aqueous 

solution, the hydrophobic thicknesses of lipid bilayers and proteins must match. Mismatching 

results in the distortion of protein structures, which can influence their functions. One well-

known example is the mechanosensitive channel of large conductance (MscL) from Escherichia 

coli. Hydrophobic matching is controlled by a shift in bilayer thickness (via acyl chain length), 

which results in a distinct MscL conformational change and its gating function: a thin bilayer 
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favors channel opening while thick bilayer favors a closed structure.35 Another important effect 

of hydrophobic matching is to sort/cluster membrane proteins into specific domains. 

Hydrophobic matching between SNARE protein transmembrane domains and surrounding 

bilayers is mediated by cholesterol and is believed to cluster SNARE proteins into thicker raft 

domains36. The headgroup region of annular lipids also has important influence on membrane 

protein conformation and activity. Hydrogen bonding and charge–charge interaction between the 

specific amino acids of proteins and lipid headgroups can largely affect the structure of the 

protein. A clear case is in rhodopsin photoactivation46. Phosphatidylethanolamine lipids (PEs) 

were found to interact tightly with rhodopsin and promote the formation of MII, a major 

intermediate of the rhodopsin photocycle. One of the possible mechanisms to explain the 

observation is the formation of hydrogen bonds between the PE headgroups and Glu-134, which 

is exposed upon MII formation.38 Other studies also detected “hotspots” on membrane proteins 

for binding by anionic lipids due to their electrostatic interactions4,39. An example is the 

characterization of a subset of annular lipids around ABC transporters47, where negatively 

charged phosphatidylglycerol lipids (PGs) were demonstrated to exhibit higher affinity toward 

TmrAB dimer than zwitterionic PEs.  

 

1.2.2 Non-annular lipid–protein interactions.  

Lipids exerting higher affinity to specific binding sites on protein trans- membrane domains are 

referred to as non-annular lipids. These lipids may be integrated within the protein core structure, 

especially between protein subunits. Due to their high-affinity binding to membrane proteins, 

non-annular lipids can be resolved in membrane protein crystal structures by high-resolution 

crystallography, and many examples of non-annular lipid–protein interactions have been 
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reviewed in literature48,49. Non-annular lipids serve diverse purposes in modulating protein 

structure and function on cell membranes. For instance, lipids can act as co-factors for membrane 

proteins to function, and a typical example is the potassium channel KcsA50. Anionic 

phospholipids, such as PGs, were found to bind at the monomer–monomer interface in the KcsA 

homotetramer. It is believed that the interaction of PGs with the non-annular binding sites of 

KcsA helps the packing of KcsA structure and supports its conducting state. Another well-known 

function of non-annular lipids is their allosteric effect in regulating membrane protein activities. 

For example, binding between cholesterol and many G-protein- coupled receptor (GPCR) 

allosteric sites were found to be critical to GPCRs biological pathways, such as the full activation 

of the oxytocin receptor51 and the ligand binding and G-protein coupling of serotonin1A 

receptor52. A second example of regulation comes from protein interaction with the acyl tails, in 

particular, the influence of the flexibility of chain conformations. These have been shown to 

mediate annular lipid/protein interactions, such as between polyunsaturated lipids and 

GPCRs.46–48 Finally, non-annular lipid–protein interactions have been suggested to play a role 

in targeting proteins to distinct lipid domains. For example, binding between the metabotropic 

glutamate receptor (a type of GPCR found in Drosophila melanogaster) and cholesterol was 

shown to target the receptor to lipid rafts.49 In another example, binding of amyloid precursor 

protein (APP) and cholesterol has been suggested to promote localization of APP in lipid rafts, 

and the association of APP to lipid rafts is believed to be essential to the progression of 

Alzheimer's disease. 

A primary objective of raft investigations is often to determine which species are targeted to 

raft domains and how species are targeted to raft domains. Specific structures of membrane 

species have been found to dictate their raft-association preferences53. For instance, it was found 
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that differences in the structure of glycophosphatidylinositide (GPI) anchors could be correlated 

to the differences in raft-association of GPI-linked proteins34. Diaz-Rohrer et al. further explored 

this concept54. They devised an array of protein constructs based around a single pass protein, 

trLAT, with variations in transmembrane domain lengths and sequences as well as number of 

palmitoylation sites. By observing the trafficking behavior of these fluorescent fusion protein 

constructs in cell membranes and the raft partitioning behavior in model giant unilamellar 

vesicles, they proposed a unique raft pathway whereby raft-associated proteins are recycled to 

the plasma membrane. It is important to note that the labeling strategies used in experiments can 

potentially influence the interactions between lipids and proteins and the dynamics and stability 

of membrane domains, so careful controls must be performed to understand and minimize the 

effects of labels used. For instance, antibody labeling can crosslink species and cause of 

stabilization of domains21. 

Another objective of raft investigations is to determine how raft environments can affect 

protein function. Many of these studies use disruption of rafts in live cells to evaluate their 

influence on protein function, that is, to observe differences in protein function before and after 

raft disruption. Rafts can be disrupted by either removal of cholesterol using cyclodextrins or 

using knockouts of sphingolipid biosynthesis enzymes. Depletion of cholesterol by cyclodextrin 

has been shown to reduce levels of raft marker proteins in detergent resistant membrane 

fractions. Disruption methods also revealed stimulation of signaling through the tyrosine 

phosphorylation and Ras-ERK pathways, promoting the idea that raft-association regulates 

protein activity (particularly LCK) in these cascades55. Although cyclodextrins are useful tools to 

deplete cholesterol, their mechanisms of action are still unclear and may promote raft formation 

instead of eliminating them56, may remove cholesterol from raft and non-raft domains at different 
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rates, and, at high enough concentrations, may extract other molecules including phospholipids 

from the membrane57.  

In another study of cell migration induced through the CXCR4/CXCL12 pathway, 

sphingomyelin was shown to play an important role. By knocking out sphinogmyelin synthases, 

it was concluded that sphingomyelin acts as a selective regulator of GPCR signaling; low 

sphingomyelin concentration in rafts leads to an increase in CXCR4 levels in rafts and increased 

dimerization, both correlating to increased cell migration58. Although the strategy of genetically 

deleting an individual enzyme targets the lipid-protein interaction directly, it is important to note 

that there will also be changes in all lipids “downstream” of that enzyme in the pathway, which 

can also impact other potentially related cellular functions. 

A third objective of raft investigations is to characterize the dynamics of biomolecules 

partitioning into and out of rafts within the membrane plane. Biomolecules move laterally within 

the lipid bilayer by Brownian diffusion59. With the advent of single molecule microscopy 

techniques to track individual proteins embedded in cell plasma membranes, it has been revealed 

that protein diffusion is strongly influenced by partitioning into raft domains as well as by 

interactions with other membrane species, particularly those immobilized by the cytoskeleton. 

Such studies have highlighted the interplay between cytoskeleton and lipid rafts in guiding  

cellular control of membrane species distribution60. Because of the tight coupling between rafts 

and the cytoskeleton, separating the impact of these two structures in whole cells is difficult61,62. 

Several models for the complex diffusion of membrane proteins among domains and 

cytoskeletal corrals have been developed and evaluated using single molecule tracking (SMT) 

techniques in cells. Kusumi’s hop-diffusion compartmentalization model claims that molecular 

“fences” formed by cytoskeletal elements and bound membrane protein “pickets” help to 
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organize the plasma membrane into patches with free diffusion within a confinement patch, and 

occasional hops between patches63,64. Weigel et al. analyzed Kv2.1 protein tracking, with GFP 

and quantum dot labeling, to determine the diffusion process is non-random such that certain 

regions of the membrane are more likely to be sampled by the membrane protein and proposed a 

model of a random walk on a fractal65. By disrupting actin with depolymerization drugs, they 

were able to see random diffusion, indicating Kv2.1 binding to actin plays a key role in its 

diffusional behavior. In another SMT study, Türkcan et al. used a Bayesian inference scheme to 

characterize hopping events of ε-toxin receptor (labeled with fluorescent nanoparticles) between 

raft domains, where they found that hopping between raft domains was limited by the proximity 

of adjacent domains66. After destabilization of rafts with sphingomyelinase or cholesterol 

oxidase, diffusivity of ε-toxin receptor increases and confinement decreases, indicating the 

influence of rafts on ε-toxin receptor diffusion. 

While SMT studies have provided a wealth of new knowledge about protein behavior in cell 

membranes, it is important to recognize that not all protein clustering and domain formation 

involves lipid rafts. Other domains can form as a result of protein-protein interactions without 

typical raft constituents67,68. All of this work suggests a complex interplay of lipid-protein and 

protein-protein driving forces for lateral membrane organization. Decoupling this complexity to 

conclusively identify and distinguish protein-protein from lipid-protein interactions and 

characterize their mechanisms of action is an impetus to use reduced models of membranes in 

model membrane platforms. 
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Figure 1.1. Annular vs. Non-Annular lipid protein interaction. (A) Annular lipid arrangement (yellow) around a 
protein complex (green). (B) Non-annular lipids (pink) arranged within a multi-subunit protein complex. The 
surrounding lipids (in blue) represent non-raft membranes enriched in phospholipids.  

 

1.3 Approaches for identifying and characterizing lipid-protein interactions 

1.3.1 Structural characterization of protein-lipid complexes/interfaces 

Membrane protein structures, and particularly lipid–protein interaction sites, provide significant 

insights into how lipid–protein interactions might impact function. Among structural 

characterization tools, crystallization is the standard method that analyzes lipid–protein complex 

structures with atomic level resolution. X-ray crystallography (XRC) has been used extensively 

for defining the structure of three-dimensional lipid–protein complexes and recognizing lipid–

protein binding sites (recently reviewed in Shi, 2014).69 For example, cholesterol has been 

observed in crystal structures of the b2-adrenergic receptor by using XRC.70,71 However, to 

achieve high-resolution structural information, high quality protein–lipid complex crystals are 

needed, which makes crystallization a critical step for successful XRC performance. The 

traditional method (in surfo method) to crystallize protein–lipid complexes requires the use of 
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surfactants (detergents) to solubilize protein–lipid complexes from the native bilayer 

environment and form detergent–protein–lipid micelles. Membrane proteins may be denatured 

during this process and lipids bound to the protein–lipid assembles may be replaced by detergent 

molecules. As an alternative, in meso methods have been developed in the past decade to 

overcome this limitation (recently reviewed in Caffrey et al., 2012)72.  The in meso methods 

crystallize protein–lipid assembles in lipidic mesophases, which preserves assembled protein–

lipid structures and reflects more realistic lipid–protein interactions. This method has been 

especially useful in determining structures for G protein- coupled receptors, with 55 distinct 

GPCR structures crystallized and resolved by the in meso method73. Two-dimensional electron 

crystallography resolves 2D protein crystal structures in lipid bilayers, where proteins are 

purified, reconstituted and crystallized in a lipid bilayer environment (recently reviewed in 

Wisedchaisri et al., 2011)74. The resolution achieved by electron crystallography is now 

comparable with XRC. For example, a 1.9 ˚ A resolution structure was successfully determined 

for aquaporin and its annular lipids75. In addition, electron crystallography has been able to 

reveal membrane protein structures that were not solved by 3D XRC. For example, the 

conformational change resulting from ligand binding to cyclic nucleotide-modulated potassium 

channel, MloK1, was recently reported using 2D electron crystallography76. With both 

techniques now having comparable resolutions, a distinct advantage of electron crystallography 

over XRC is the lower amounts of proteins required, which is critical for membrane proteins 

with typical low yields due to expression limitations and purification processes77. Although 

crystallization is a powerful method of resolving lipid–protein complex structure, membrane 

proteins do not readily crystallize, consequently few protein–lipid complexes have been solved. 

As of February 2015, membrane proteins (1604 entries, retrieved from 
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http://blanco.biomol.uci.edu/ mpstruc/) only account for 1–2% of all the protein structures 

(99147 entries) released in the protein data bank (PDB)78.  As an alternative approach, nuclear 

magnetic resonance (NMR) can be used to obtain protein–lipid structural information, but with 

molecular-scale resolution. NMR has rapidly improved from the traditional solution NMR, 

which was limited to small molecules (<40 kDa) in solution, to solid-state NMR. Solid-state 

NMR has the ability to examine macromolecule structure (>100 kDa), such as purified proteins 

reconstituted into lipid bilayers. Thus NMR is now routinely used to determine lipid–protein 

complex structures (reviewed in Tycko, 2001 and Huster, 2014)79,80. For example, the non-

annular binding sites of the potassium channel KcsA and anionic phospholipids were also well-

characterized by solid- state NMR50, corroborating results of the previous X-ray crystallography 

study81. Despite the ability to resolve structures with high resolution, the structural 

characterization tools stated above cannot often capture the fast dynamics of lipid–protein 

interactions. For instance, annular lipids are highly dynamic and interact with the surrounding 

bulk lipid bilayer at the rate of 10-7 s-1.82 Moreover, the complexity of lipid–protein environment 

makes it challenging to study lipid–protein interactions with high time resolution. Other 

techniques like electron paramagnetic reso- nance (EPR) spectroscopy and 2D infrared (2DIR) 

spectroscopy can better capture the dynamics of lipid–protein interactions (recently reviewed in 

Smith, 2012)83.  EPR has the potential to probe protein–lipid interfaces with high sensitivity and 

fast timescales (nanosecond to microsecond). This temporal resolution permits characterization 

of the dynamics of the annular lipid shell surrounding membrane proteins and thus the residence 

time of lipid–protein complexes84.  Speed and sensitivity are also advantages of 2D IR 

spectroscopy. By probing electronic and vibrational dynamics at the time scale of femtosecond to 

picosecond,85 researchers are able to measure the strength of lipid–protein interactions and define 
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the orientation and conformation of proteins in lipid bilayers.86,87 Besides probing specific 

interactions at the molecular level, the characterization of structural motifs of lipid–protein 

complexes, such as between proteins and lipid raft domains, can provide insight on biological 

function. Structural characterization of raft lipids (sphingolipids and cholesterol) bound to 

proteins has provided significant insights on: (1) how these proteins may be targeted to rafts, and 

(2) how their conformation, function, and interactions with other species are influenced by 

interaction with raft lipids. For example, evidence supports that influenza virus proteins 

(hemagglutinin, neuraminidase, M2) associate with lipid rafts of host cells as a way to organize 

prior to budding to form viral progeny.88 Both crystallographic and NMR studies have clarified 

the M2 protein structure and its cholesterol-binding domains.89,90 From these studies, M2 protein 

is believed to be raft-anchored through its binding with cholesterol and localizes at the edge of 

the bud zone to carry out a crucial role in mediating the particle scission process.91  

In summary, structural characterization tools receive much attention owing to their 

capacity to determine lipid–protein complex structure with high resolution, detect the dynamics 

of lipid–protein interactions, and probe the role of lipid rafts son protein conformation and 

function. However, these techniques are low throughput and the sample preparation techniques 

are often difficult and can give rise to artifacts. To develop a more complete picture, cell-based 

studies are also needed to complement structural information. 

 

1.3.2 Cell-Based Techniques to Study Lipid-Protein Interactions and Raft Function 

A primary objective of raft investigations is often to determine which species are targeted to 

raft domains and how species are targeted to raft domains. Specific structures of membrane 

species have been found to dictate their raft-association preferences53. For instance, it was found 
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that differences in the structure of glycophosphatidylinositide (GPI) anchors could be correlated 

to the differences in raft-association of GPI-linked proteins34. Diaz-Rohrer et al. further explored 

this concept54. They devised an array of protein constructs based around a single pass protein, 

trLAT, with variations in transmembrane domain lengths and sequences as well as number of 

palmitoylation sites. By observing the trafficking behavior of these fluorescent fusion protein 

constructs in cell membranes and the raft partitioning behavior in model giant unilamellar 

vesicles, they proposed a unique raft pathway whereby raft-associated proteins are recycled to 

the plasma membrane. It is important to note that the labeling strategies used in experiments can 

potentially influence the interactions between lipids and proteins and the dynamics and stability 

of membrane domains, so careful controls must be performed to understand and minimize the 

effects of labels used. For instance, antibody labeling can crosslink species and cause of 

stabilization of domains21. 

Another objective of raft investigations is to determine how raft environments can affect 

protein function. Many of these studies use disruption of rafts in live cells to evaluate their 

influence on protein function, that is, to observe differences in protein function before and after 

raft disruption. Rafts can be disrupted by either removal of cholesterol using cyclodextrins or 

using knockouts of sphingolipid biosynthesis enzymes. Depletion of cholesterol by cyclodextrin 

has been shown to reduce levels of raft marker proteins in detergent resistant membrane 

fractions. Disruption methods also revealed stimulation of signaling through the tyrosine 

phosphorylation and Ras-ERK pathways, promoting the idea that raft-association regulates 

protein activity (particularly LCK) in these cascades55. Although cyclodextrins are useful tools to 

deplete cholesterol, their mechanisms of action are still unclear and may promote raft formation 

instead of eliminating them56, may remove cholesterol from raft and non-raft domains at different 
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rates, and, at high enough concentrations, may extract other molecules including phospholipids 

from the membrane57.  

In another study of cell migration induced through the CXCR4/CXCL12 pathway, 

sphingomyelin was shown to play an important role. By knocking out sphinogmyelin synthases, 

it was concluded that sphingomyelin acts as a selective regulator of GPCR signaling; low 

sphingomyelin concentration in rafts leads to an increase in CXCR4 levels in rafts and increased 

dimerization, both correlating to increased cell migration58. Although the strategy of genetically 

deleting an individual enzyme targets the lipid-protein interaction directly, it is important to note 

that there will also be changes in all lipids “downstream” of that enzyme in the pathway, which 

can also impact other potentially related cellular functions. 

A third objective of raft investigations is to characterize the dynamics of biomolecules 

partitioning into and out of rafts within the membrane plane. Biomolecules move laterally within 

the lipid bilayer by Brownian diffusion59. With the advent of single molecule microscopy 

techniques to track individual proteins embedded in cell plasma membranes, it has been revealed 

that protein diffusion is strongly influenced by partitioning into raft domains as well as by 

interactions with other membrane species, particularly those immobilized by the cytoskeleton.  

Such studies have highlighted the interplay between cytoskeleton and lipid rafts in guiding 

cellular control of membrane species distribution60. Because of the tight coupling between rafts 

and the cytoskeleton, separating the impact of these two structures in whole cells is difficult61,62. 

Several models for the complex diffusion of membrane proteins among domains and 

cytoskeletal corrals have been developed and evaluated using single molecule tracking (SMT) 

techniques in cells. Kusumi’s hop-diffusion compartmentalization model claims that molecular 

“fences” formed by cytoskeletal elements and bound membrane protein “pickets” help to 
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organize the plasma membrane into patches with free diffusion within a confinement patch, and 

occasional hops between patches63,64. Weigel et al. analyzed Kv2.1 protein tracking, with GFP 

and quantum dot labeling, to determine the diffusion process is non-random such that certain 

regions of the membrane are more likely to be sampled by the membrane protein and proposed a 

model of a random walk on a fractal65. By disrupting actin with depolymerization drugs, they 

were able to see random diffusion, indicating Kv2.1 binding to actin plays a key role in its 

diffusional behavior. In another SMT study, Türkcan et al. used a Bayesian inference scheme to 

characterize hopping events of ε-toxin receptor (labeled with fluorescent nanoparticles) between 

raft domains, where they found that hopping between raft domains was limited by the proximity 

of adjacent domains66. After destabilization of rafts with sphingomyelinase or cholesterol 

oxidase, diffusivity of ε-toxin receptor increases and confinement decreases, indicating the 

influence of rafts on ε-toxin receptor diffusion. 

While SMT studies have provided a wealth of new knowledge about protein behavior in cell 

membranes, it is important to recognize that not all protein clustering and domain formation 

involves lipid rafts. Other domains can form as a result of protein-protein interactions without 

typical raft constituents67,68. All of this work suggests a complex interplay of lipid-protein and 

protein-protein driving forces for lateral membrane organization. Decoupling this complexity to 

conclusively identify and distinguish protein-protein from lipid-protein interactions and 

characterize their mechanisms of action is an impetus to use reduced models of membranes in 

model membrane platforms.  

1.3.3 Traditional and emerging model membrane techniques to study lipid rafts.  

Model membrane methods for probing membrane protein activity in lipid environments 

aim to bridge the approaches of traditional proteomics and cell-based assays. Cellular processes 
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are entangled and individual factor effects are difficult to isolate. This cell complexity is the 

motivation for the development and use of biomimetic membrane strategies to model and 

deconstruct cell membrane processes. Model systems are simplified and tunable, helping to 

visualize organization and dynamics of membrane species and assay activities of individual 

components, oftentimes using many of the aforementioned microscopy techniques. In the 

minimal model approach, these systems contain known lipid and protein components and can be 

used to isolate and assay behavior of individual species. At the other end of the spectrum, 

incorporation of cell extracts, including cell membrane-derived vesicles (blebs), combines the 

beneficial techniques for imaging and assaying model membrane systems with the increased 

complexity and biological relevance of species studied. The two most commonly used model 

membrane systems that will be reviewed here are vesicles and solid supported lipid bilayers 

(SLBs). Less common systems, such as nanodiscs, fluorinated surfactants, and amphiphols are 

reviewed by Popot92.  

 

1.3.3.1 Vesicle-Based Model Membrane Studies 

Giant unilamellar vesicles (GUVs) and giant plasma membrane vesicles (GPMVs) are the 

major vesicle-based model membrane systems. A range of biomolecule complexity can be 

spanned by these systems from simple, few-component lipid GUVs, to reconstituted 

proteoliposomes93, to cell-extracted GPMVs94. GUVs are reconstituted lipid systems formed 

from minimal components. These reconstituted vesicle systems have been crucial for the 

characterization of phase behavior of lipid mixtures and phase segregation of probes and 

membrane protein components54,95–100. GUVs were used to show that cross-linking of GM1 

glycolipids in membranes led to large-scale membrane phase separation101, for example. 
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GPMVs formed from cell plasma membranes contain native lipids and proteins and therefore 

capture more biological complexity than GUVs. GPMVs generally display a single lipid phase 

until temperatures are lowered below the critical point where two phases form and protein 

partitioning occurs95,102. These studies reveal that the cell membrane is near a miscibility critical 

point. Thus perturbations, such as local composition fluctuations, can cause changes in 

miscibility and may serve as a means to control raft formation and protein partitioning in the cell 

membrane. Levental et al. showed that GPMVs of various preparations contained a variety of 

phases with different properties and compositions reflecting complexity of domains that are 

possible in cells103. 

Vesicle systems are advantageous because they can easily incorporate mobile integral 

membrane proteins104,105. Because of their spherical geometry, vesicles contain an isolated lumen 

making them great systems for also evaluating function of transport proteins like ion channels106–

108. Vesicle systems have been used to study protein function in presence of specific lipids and 

ligands. Two particular studies generated GUVs with a wide variety of lipid compositions to 

determine which species can alter protein function. In the first study, β-secretase or BACE, a 

membrane spanning protease, was shown to have its activity most strongly affected by anionic 

lipids, but also to some extent by glycosphingolipids and cholesterol109. The enhancement of 

activity by classical raft lipids fits the idea that BACE activity is enhanced in rafts where it is 

able to interact with its substrate, the amyloid precursor protein110. In a second study, the activity 

of placental alkaline phosphatase (PLAP), a GPI-linked protein, was shown to decrease in the 

presence of cholesterol and lipid rafts111. Since PLAP, like many GPI proteins, is known to be 

associated with rafts112, this response follows a repressive regulation of activity in the presence of 

rafts, as has also been observed for some other GPI proteins113.  
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Because vesicles have a fragile, three-dimensional structure, many surface techniques cannot 

be used and quantitative imaging often requires confocal or other more sophisticated techniques. 

In these systems, phase separation and protein partitioning occur at the same time, so the kinetics 

of protein partitioning cannot be monitored easily; usually these systems are used to monitor 

distributions at equilibrium conditions. However, phase separation in vesicles cannot be spatially 

controlled, so labels are needed to indicate phase and protein locations. 

 

1.3.3.2 Supported Lipid Bilayer-Based Model Membrane Studies 

Supported lipid bilayers consist of a solid surface onto which a lipid bilayer is adsorbed 

typically via a vesicle fusion114 or Langmuir–Blodgett–Schaeffer transfer technique115.  The 

SLB provides a chemically tunable, planar platform that is compatible with a vast array of 

surface characterization tools, such as total internal reflection fuorescence microscopy 

(TIRFM),116 atomic force microscopy (AFM),117  quartz crystal microbalance (QCM),118,119  

and surface plasmon resonance (SPR),120–122 among many others. Like vesicle systems, SLBs 

span the full range of complexity from simple lipid-only platforms to the complex chemistries of 

cell plasma membrane bilayers.  

One drawback of SLB systems is the close proximity of the bilayer to the support that 

effectively reduces the diffusion of membrane species,123–125  relative to free-standing or vesicle 

bilayers. This drawback becomes more pronounced when attempting to reconstitute fully 

functional mobile membrane proteins in SLBs. In a typical phosphatidylcholine (PC) SLB on 

glass there is a ~1 nm water gap between the bottom leaflet and the glass surface126 that is too 

small to accommodate most soluble domains of membrane proteins, which can extend up to 10 

nm.127 Strong interaction with the solid support often leads to immobilization of membrane 
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proteins. To solve these problems, various bilayer cushioning or tethering strategies have been 

proposed that extend the distance between the bilayer and the support.128–131 One particular 

strategy that is relatively easy to incorporate and shows improved membrane protein mobility is 

the double cushion strategy.132,133 The first cushion is created by adsorbing a passivating layer of 

proteins (typically bovine serum albumin) to the glass support to reduce non-specific binding. 

The second cushion is composed of polyethylene glycol (PEG) polymer functionalized lipids 

interspersed in the bilayer.134–136 The extension length of the polymer cushion can be controlled 

by selecting the PEG chain length and the concentration in the bilayer.137,138 Unfortunately, 

although cushioning and tethering techniques show improvement over uncushioned systems, 

many of these strategies still result in less than half of proteins showing any significant mobility, 

necessitating further investigations of cushioning and fluidization of membrane proteins by these 

polymers and integrating what is learned into next generation spacing strategies. In particular, it 

is unclear if the PEG polymers can provide a uniformly cushioned bilayer that can protect the 

incorporated membrane proteins or if cushioned and uncushioned domains will form.132,139 An 

additional concern is that at high grafting densities, PEG cushioning can provide a steric barrier 

preventing access for ligands to the membrane proteins.140–142 Because of these limitations, most 

SLB investigations have been restricted to peripheral proteins, small self-inserting proteins, or 

proteins without domains that extend towards the support. The flat geometry of a SLB favors 

using quantitative techniques to characterize important aspects of lipid–protein and protein–

protein interactions. For instance, a SLB-based single molecule tracking study tracked 17 

different peripheral protein–lipid complexes to find that the drag effects on peripheral membrane 

proteins depended strongly on bound lipids and extent of penetration of protein domains into the 

bilayer.143 Another study used high-speed AFM to track OmpF protein trimers in a supported 
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lipid bilayer at sub-500 ms resolution.144 With this method it was possible to determine the 

orientation of trimers and show that interactions between proteins are crucial to the formation of 

slow, stable assemblies. Deverall used SMT in a tethered SLB to study effects of obstacles on 

bacteriorhodopsin protein diffusion.125 Tethers consisted of individual lipids attached to 

underlying polymer, effectively immobilizing lipid molecules in the bilayer. The impact of tether 

density on protein diffusion was investigated, showing similarities to the observed effect of the 

cytoskeleton in cells on protein diffusion, and followed a model of obstructed diffusion. While 

these studies show that SLBs are promising mimics for cell membranes, two major challenges 

are associated with extending their usefulness to studying myriad membrane proteins: (1) 

incorporating membrane proteins into the SLBs with their native cell membrane lipid 

associations, and (2) minimizing interactions between the extramembranous regions of the 

proteins and the underlying glass support. In this thesis, we have developed an alternative 

method that tackles these issues, that is to deliver membrane proteins to the supported bilayer 

platform via 1) mammalian cell blebs fusion or 2) bacterial outer membrane vesicles (OMVs) 

fusion.  Detailed descriptions of the procedures of developing such platforms are presented in 

Chapter 3 and Chapter 4.  

 

1.3.3.3. Measuring biomolecule partitioning in model membrane systems.  

Existing methods to probe raft partitioning in intact cells (DRMs and cholesterol 

depletion with cyclodextrins) described above are fraught with complications and possible 

artifacts. Additionally, many methods, including GUV partitioning studies145 are equilibrium 

measurements and cannot provide information regarding the dynamics of partitioning. The 

standard approach for studying rafts in GUVs and SLBs has been to use the canonical raft 
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mixture, a composition of lipids that will spontaneously separate into raft-like ordered and non- 

raft disordered lipid phases,146–148 e.g., point 0 on the tie line in Fig. 1.2A. This approach results 

in random distribution of phases in the bilayer and requires tags to locate phases (Fig. 1.2B). Due 

to the nature of how GUVs are formed, once phase separation occurs, species have already 

distributed between the phases so kinetic information about the partitioning process cannot be 

obtained. To circumvent some of these complications, we designed a SLB platform to investigate 

raft partitioning of membrane species that takes advantage of the unique ability to selectively 

pattern SLBs.  

  

1.3.3.4. Emergence of patterned SLBs to model raft partitioning.  

An advantage of supported lipid bilayers is that they can be patterned to create arrays of 

bilayer domains of varied composition or separate bilayers into distinct isolated patches.149–151 

The four main patterning techniques are polymer mold based stamping or blotting,152–154 polymer 

dry lift-off stenciling,155,156 UV-photopatterning151 and laminar flow patterning.157–159 To generate 

different geometries of liquid-ordered/liquid-disordered bilayers, we have used the blotting 

method (Fig. 1.2C) and laminar flow patterning (Fig. 1.2D). These patterned bilayers serve as 

model raft membranes that can be used to study the partitioning of biomolecules to/from these 

domains. Our lab focuses on using laminar flow patterning to develop two-phase coexistent 

SLBs in microfluidic channel, which we have successfully used to quantify partitioning kinetics 

of membrane glycolipids. The study will be presented in Chapter 2.    
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Fig. 1.2 (A) Ternary phase diagram for the 1-palmitoyl-2-oleoyl-snglycero-3-phosphocholine POPC, sphingomyelin 
(SM), and cholesterol system. The gray area represents the two-phase coexistence zone. The tie line (dashed) runs 
through point 0, which spontaneously phase separates into two phases, each given by the compositions at the end of 
the tie line and denoted as ld (liquid-disordered) and lo (liquid-ordered). (B) A lipid mixture of composition 0 phase 
separates into a random pattern after formed into a supported bilayer. Both position and size of the domains are 
variable. (C) Patterning a SLB using PDMS stamping where two separate lipid phases are used (each at the ends of 
the tie line) to create regularly patterned domains of lo phase within the continuous ld phase. (D) Patterning a SLB 
using laminar flow in a microfluidic device results in a striped pattern of lo/ld phases along the channel. 
 

1.3.3.5. Capturing more complexity of the plasma membrane in model systems.  

It is important to be mindful that model systems do not represent the full complexity of 

the cell membrane, and strive to strike a balance between simplicity and necessary complexity. 

One important and sometimes overlooked aspect is membrane asymmetry. While model systems 

typically employ symmetric bilayers, i.e. bilayers with the same compositions of lipids in each 

leaflet, the cell plasma membrane is asymmetric and traditional cholesterol and sphingolipid 

enriched rafts are only believed to exist in the extracellular leaflet.148,160 Signal transduction 

across leaflets through registration of domains is a topic of considerable interest in the 

community.161–163 Asymmetric leaflets can be constructed in SLBs by using a Langmuir–Blodgett 

and Langmuir–Schaefer transfer process with different compositions in each leaflet. When a 

sufficiently long enough polymer tether was used between the lower leaflet and the glass, 
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domain registration would occur since the influence of the substrate could be minimized.164 

Interestingly, compositions that would not normally phase separate can be induced to form 

registered domains by raft-like domains in the other leaflet. Applying asymmetric raft model 

membranes to protein partitioning, Hussain et al. investigated integrin partitioning. 156 Integrin 

partitioning into rafts was detected by colocalization with NBD probes, and exhibited a 

partitioning preference for asymmetric rafts but not symmetric rafs.165 This behavior could be 

due to differences in hydrophobic thickness between asymmetric and symmetric raft domains. 

This work highlights the need to consider the importance of asymmetry in these SLB systems to 

better mimic the true cellular physiology. However, care must be taken when working with 

asymmetric bilayers in model systems as the lipids can flip–flop between leaflets with a half-

time of ~15 h,161 but may be much shorter in the presence of proteins,166 or small defects (holes) 

in planar bilayers,167 or at temperatures approaching the lipid transition temperature.168 Another 

key aspect of cell membranes often overlooked in model systems are the supporting structures 

adjacent to the cell membrane, like the cytoskeleton and glycocalyx, and the roles they may play 

on domain formation. Moving toward this direction, patterned glycans were used to influence 

phase separation in supported bilayers.169 In this work glycans were patterned on supports 

uniformly or patch-wise (heterogeneously) upon which multi-component lipid vesicles fused to 

form supported bilayers. Depending on the underlying glycan pattern (and temperature of the 

system) multiple lipid phases can form within the SLB. This work highlights the need to not only 

understand the influence of the components within the membrane on phase separation and raft 

formation, but also the effect of the glycocalyx and extracellular parts on membrane 

organization. 
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CHAPTER 2 

 

DEVELOPMENT OF TWO-PHASE PATTERED SUPPORTED LIPID BILAYERS TO 

STUDY BIOMOLECULES PARTITIONING AND TRANSPORT BEHAVIORS 

  

 

2.1 INTRODUCTION 

Membrane proteins and glycolipids are targets for therapeutic development1, but 

processing membrane-bound species while maintaining intact structural information, proper 

orientation, and necessary lipid associations remains a large bottleneck to characterizing and 

understanding their structure-function behavior171,172. The problem stems from the requirement 

of protecting the hydrophobic regions from water during processing. Many purification strategies 

use denaturing chemicals or conditions to remove species from the membrane and then use 

techniques developed mainly for soluble species to isolate them173,174. This approach can cause 

denaturation (in the case of proteins), disrupt orientational order necessary for binding to soluble 

species, and interrupt critical lipid associations (e.g. lipid microdomains) that are important for 

function175,176. Therefore, additional steps are required to restore the native, active structures and 

lipid associations. New strategies for separating membrane species in a native-like environment 

(i.e., a lipid bilayer) near physiological conditions would be attractive alternatives for this class 

of biomolecules. 

A supported lipid bilayer (SLB) platform can protect the hydrophobic regions of 

membrane species. SLBs are chemically tunable and maintain the mobility of the species 

residing within them, including lipids177, glycolipids178, lipid-linked proteins179, and even some 
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transmembrane species130,133,180. The planar geometry of SLBs facilitates the integration of 

surface analytical techniques that can be used to monitor lipid-lipid, protein-protein, or lipid-

protein interactions, such as fluorescence microscopy36,181, ellipsometry182, and atomic force 

microscopy37,38,183,184.  

 Previous studies demonstrate the separation of membrane-bound biomolecules supported 

lipid bilayers using electrophoresis177,185–188, bilayer self-spreading189, or bulk hydrodynamic 

drag190,191. However, these studies used SLBs of homogeneous chemical composition as the 

separation medium, so the separation was based solely on differences in biomolecule charge 

and/or mobility through the bilayer medium. None of these strategies separate species based on 

their affinity for a specific lipid chemistry/environment.  

Herein, we describe a planar (2-D) extraction platform that uses a two-phase coexistent 

SLB to separate membrane species based on their different chemical affinities for chemically-

distinct phases in the bilayer. This strategy is suited to this class of biomolecules because of the 

natural tendency of membrane-bound species to associate with different lipid phases in the cell 

membrane, such as glycolipids31, GPI-linked lipids192 and certain proteins33. These species tend 

to associate with lipid microdomains known as lipid rafts. Other membrane constituents tend to 

avoid lipid rafts and reside in more disordered phases enriched with phospholipids34. We exploit 

this natural partitioning tendency to carry out a two-dimensional extraction process in a planar 

SLB platform.  

To do so, different phases in the SLB (i.e. membrane heterogeneity) must be constructed 

and patterned in a useful geometrical shape that facilitates the physical separation and sorting of 

species. Many studies have shown that co-existent liquid-ordered and liquid-disordered lipid 

phases can exist in model membrane systems36–41, but controlling the location of these phases 
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has been a challenge.  Here in this chapter, we describe a way to pattern stable phases in an 

SLB using laminar flow in a microfluidic device to perform 2-D extractions in planer membrane. 

We then further focus on 1) studying the partitioning kinetics of membrane-bound species and 2) 

developing a transport model in a heterogeneous SLB platform to better optimize the 

separation/sorting performance of such extraction device.  

 

2.2 EXPERIMENTAL SECTION 

A detailed list of materials and methods used in this study is provided in Appendix A: 

Fluorescence Microscopy, Preparation of Lipid Vesicles for Formation of Supported Lipid 

Bilayers, PDMS Well Fabrication, Characterization of Diffusion in Supported Lipid Bilayers by 

Flurescence Recovery After Photobleaching (FRAP) and Preparation of glass coverslips used as 

supports for supported bilayers. 

2.2.1 Materials 

1-Palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC), DOPC (1,2-dioleoyl-sn-glycero-

3-phosphocholine), Ovine wool cholesterol (Chol), 16:0 N-palmitoyl-D-erythro-

sphingosylphosphorylcholine (PSM), were purchased from Avanti Polar Lipids (Alabaster, AL). 

N-(4,4-difluoro-5,7-dimethyl-4-bora-3a,4a-diaza-s-indacene-3-propionyl)-1,2-dihexadecanoyl-

sn-glycero-3-phosphoethanolamine, triethylammonium salt (head-labeled BODIPY FL DHPE), 

and Alexa Fluor 594 hydrazide used to label the head group of asialoganglioside-GM1 were 

purchased from Invitrogen (Eugene, OR). Glass coverslips (25 mm x 25 mm; No. 1.5) from 

VWR were used as solid supports for the bilayers. Polydimethylsiloxane (PDMS; Sylgard 184) 

polymer used to fabricate wells and microfluidic devices was purchased from Robert McKeown 

Company (Branchburg, NJ). 
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2.2.2 Microfluidic Channel Preparation 

The polydimethylsiloxane (PDMS) microfluidic device was made by standard soft-

lithography procedures at the Cornell Nanoscale Facility. PDMS prepolymer, along with a curing 

agent, was cast on the silicon wafer mold and cured at 85oC for 3 hrs, producing a soft flexible 

material with the channels embedded in negative relief once removed from the mold. The 

channel inlets and outlets are connected to outside tubing by punching the PDMS mold with 20 

gauge needles (610 μm ID).  Glass coverslips, which become the fourth wall of the microfluidic 

channel, were cleaned in piranha solution (70:30 volume ratio of H2SO4 to 50% H2O2) for 10 min 

and rinsed thoroughly with distilled water for 20 min. Before use, glass slides and the PDMS 

mold were rinsed with deionized water, dried under high purity nitrogen air, and then treated 

with oxygen plasma using a Harrick Plasma Cleaner (Model # PDC-32G, Ithaca, NY) at a 

pressure of 750 micron on the high setting for 30 seconds. Immediately after plasma cleaning, 

the glass slide and PDMS mold were pressed together and heated for 10 minutes at 80oC to seal 

the microfluidic channel device.  

2.2.3 Formation of Patterned Supported Lipid Bilayers in a Single Stage Microfluidic Device 

In this work, SLBs are formed during laminar flow conditions instead of under stagnant 

incubation. Laminar flow is advantageous for patterning heterogeneous bilayers in microfluidic 

channels because particles follow streamlines with minimal mixing158. Thus, lipid vesicles of 

different compositions can be sent through the channel on different streamlines and upon rupture 

will form contiguous, parallel bilayers. If the compositions are chosen so that they are phase 

stable, these bilayer stripes will have stable interfaces. The compositions of the two coexistent 

phases used in this work were chosen based on a published ternary phase diagram of 

POPC/PSM/Chol. We plotted a hypothetical tie line in this phase diagram, guided by previous 
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literature193,194 and chose phase compositions close to the ends of this tie line. Recent work 

corroborates our selection of compositions for two-phase stability195. These compositions are 

70/20/10 molar ratio of POPC/PSM/Chol, denoted as ld phase, and 60/40 molar ratio of 

PSM/Chol, denoted as lo phase. We found that we could pattern a composite membrane based on 

these compositions inside a microfluidic channel using laminar flow (as will be described in 

detail next) to define regions of specific lipid phases within the channel. Membrane-bound 

biomolecules are able to move between the phases after patterning.  

To form a composite lipid bilayer with these lipid phases and load membrane at specified 

locations, we used the following procedure illustrated in Fig. 2.1. First, we sent lo phase vesicles 

and a buffer stream concurrently through the main microfluidic channel. The buffer flow serves 

to keep the lo phase vesicle stream, and thus the supported lo phase bilayer, confined to one side 

of the channel. During this step, the system was heated to 65°C (both the device and the lipid 

mixture), so that the lo phase lipid mixture was above its phase transition temperature and readily 

fused to the glass surface to form a bilayer. Afterwards, a 65°C buffer was used to rinse out the 

excess vesicles and the system was equilibrated to room temperature for 1 hr to allow the lo 

phase membrane to gradually cool down. Next, the vesicles with load mixture (mixture denoted 

as red and green dots in orange background) were sent through the perpendicular loading 

channel. The load mixture was composed of the same composition as lipid ld phase, but also 

included small amounts of the labeled glycolipid, Alexa 594-GM1, and BODIPY DHPE lipid 

(approx. 1 mol % of each). At the same time, buffer flow from all other ports was maintained at a 

slow rate to prevent the load vesicles from entering into the main channel (these streams are 

omitted in the illustration). The membrane with the load mixture formed only on the glass 

surface where there was no bilayer under the stream of the load vesicles. Finally, ld phase 
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vesicles were sent through the main channel (denoted as a pink arrow in the figure) and filled the 

exposed regions of the glass surface that had not been covered by lipid membranes.  

In all of these steps, vesicles were exposed to the glass surface for 5 min under flow and then 

rinsed with buffer for 20 min. When the load formed, the flow rate of the load vesicle solution in 

the upstream side channel (50 μm wide and 70 μm high) was 10 μL/min and the overall flow rate 

of the load vesicle solution and buffers in the downstream side channel (50 μm wide and 70 μm 

high) was 30 μL/min. When the lipid phases formed, the flow rates of vesicle solutions and 

rinsing buffers were kept at 20 μL/min in the main channel (100 μm wide and 70 μm high).  

To transport the mixed species into the main composite bilayer channel after bilayer 

formation, aqueous buffer flow was applied in the main channel towards the “Y” branch into the 

exit ports at a rate of 80 μL/min. The hydrodynamic flow provided a shear force on the 

membrane biomolecules that served to drag them along the main channel. Biomolecules were 

able to partition into either membrane phase across the channel by diffusion and were collected 

at the end of the channel in the separate ports. 
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Figure 2.1. A three-dimensional cut-away view illustrating the loading and patterning of bilayers into the 
microfluidic device via vesicle fusion and laminar flow patterning, as described in the text. The pink color represents 
lipid lo phase, the lipid-ordered bilayer; the blue color represents lipid ld phase, the lipid-disordered bilayer; and the 
orange color represents the load bilayer that is the same composition as ld phase, except that it contains the 
biomolecules to be separated and sorted. Green and red circles represent the biomolecule mixture. The arrows show 
the direction of the flow and streamlines as the pattern is being formed. Step 1: the blank microfluidic device design 
consisting of a clear PDMS mold bound to a glass support. The glass support is removed in the subsequent 
illustrations for clarity. Step 2: patterning lipid lo phase. During this step the device is warmed to ~ 65oC. Step 3: 
forming the load bilayer containing the mixture of membrane-bound biomolecules after lo phase bilayer has been 
formed. Load only forms where vesicles contact glass, i.e. not where lo phase bilayer already exists. Buffer flow also 
enters from the sides to confine the flow to the loading channel, but is omitted here for clarity. Step 4: patterning the 
ld  phase bilayer after both the load and lo phase bilayers are formed. Note that while the ld phase bilayer is forming, 
some of the lo phase-preferring species (red here) begin to partition into the lo phase bilayer adjacent to the mixture 
load. 
 

2.2.4 Background Removal and Vignetting Correction  

A background subtraction was used to reduce the effect of fluctuations in the light source and 

to zero the baseline measurement. Background levels measured immediately adjacent to the 
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channel at each time point where subtracted from all intensity measurements. Even after 

background subtractions, we found that vignetting remained an issue in our system such that our 

mass balance did not close entirely. Vignetting causes intensities in the center of the image to be 

slightly higher than at the edges. The main effect of this on our mass balance is to cause the inlet 

and outlet fluxes to differ depending on where they were located relative to the center of the field 

of view.   

To correct for slight variation in light intensity, we applied a vignetting correction factor (f) 

to scale the outlet intensity to account for slight uneven illumination. We used the mass balance 

to solve for this factor at various positions, L, along the channel then fit the data to a second 

order polynomial F(x) which could then be used to scale the intensity at any position in the 

channel. We found that less than 10% correction was required to correct for uneven illumination. 

The vignetting correction was performed for BODIPY DHPE and Alexa 594-GM1 

independently. 

 

2.2.5 Characterization of the Velocity Profile in a Two-Phase Supported Bilayer Using 

Fluorophore Photobleaching 

In order to visualize and determine the velocity profile within the two-phase striped 

bilayer, a photobleaching technique was performed similar to that described by Jönsson et al196.  

Briefly, the convective motion of the SLB containing fluorescent species was driven by shear 

force, provided by the flow of buffer through the microfluidic channel. Flow was started prior to 

the bleaching experiment to ensure a fully-developed flow profile at a rate of 80 mL/min in the 

main channel.  A thin photobleached line was created across the channel width on the SLB 

under a 20x objective with an Argon-Krypton tunable laser. The photobleached line was 
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generated by quickly moving the stage relative to the focused, stationary laser spot. Images were 

recorded every 10 seconds post-bleach. The photobleached band moved along the direction of 

the flow and its shape changed accordingly as shown in Fig. 2.4. The displacement of the 

photobleached line along with its shape evolution reveals how the target molecules are 

transported in the SLB and was used to determine a model for the velocity profile in the two-

phase bilayer. In this experiment both phases of the bilayer were doped with 1 mol % BODIPY 

DHPE so that the entire cross-section of the bilayer could be photobleached with a single laser 

line and tracked.  

 
2.2.9 Simulation 

A convection-diffusion model was constructed using COMSOL Multiphysics to simulate the 

transport of membrane species in the extraction device. Parameters for the model were obtained 

from literature or independent experiments, as described in detail in the Results section. 

 

2.3 RESULTS AND DISCUSSION 

2.3.1 Separating and Sorting Membrane-Bound Species Using Bilayer Extraction 

In analogy to classic liquid-liquid extraction, we demonstrate a 2-D continuous extraction in 

SLBs by separating two lipid species: the glycolipid GM1, and BODIPY DHPE, a phospholipid. 

These species were chosen because they have known affinities for the particular lipid phases we 

employ. For these experiments, we chose two stably coexistent lipid membrane phases in two 

systems: POPC-based system and DOPC-based system. For POPC-based system, the ld phase is: 

70 mol % POPC, 20 mol % PSM, and 10 mol % cholesterol. The lo phase is: 60 mol % PSM and 

40 mol % cholesterol. For DOPC-based system, the geometry of the two phases was patterned to 

facilitate continuous extraction and biomolecule sorting to different parts of the microfluidic chip 
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following enrichment. The feed bilayer, containing the biomolecule mixture to sort, was chosen 

to match the ld phase for maximum stability and compatibility. An illustration of the platform is 

in Figure 2.2A. Bilayer patterning was carried out using a combination of laminar flow and 

vesicle fusion techniques as described in the Experimental section157. 

After bilayer patterning, an applied hydrodynamic flow of the bulk solution in the 

microfluidic device provides a shear stress to drive the lipids in the membrane to move177,190,197. 

In this particular system, we characterized independently that the intrinsic mobility of 

biomolecules in the ld phase is ~5 times greater than the mobility in the lo phase using a 

fluorescence recovery after photobleaching technique157,198,199. Thus, most of the convection of 

biomolecules occurs in the ld phase. When meeting the lo phase, a biomolecule has the potential 

to be extracted depending on its chemical affinity. Figure 2.2B shows fluorescence images of 

continuous extraction in the patterned SLB platform. 

 

Figure 2.2 (A) A three-dimensional illustration of the two-phase supported lipid bilayer designed to separate and 
sort membrane biomolecules. The microfluidic device and glass support have been omitted for clarity. Laminar flow 
in a microfluidic device is used to create parallel stripes of coexistent lipid phases (ld phase = blue, lo phase = pink). 
The interface between the phases is contiguous, allowing membrane-bound molecules to partition into a preferred 
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phase as they are transported down the main channel. The initial mixture is color-coded as red and green dots and is 
transported in the ld phase. Red species are extracted into the lo phase bilayer, causing the ld phase to become more 
enriched in green species. (B) In the experiment, the mixture is BODIPY DHPE (green) and Alexa 594-GM1 (red) 
and appears yellow in the upper image. In these top-view images, the ld phase was patterned in the bottom section, 
where yellow is dominant, while lo phase is in the top half (initially devoid of any fluorophore). The species are 
transported to the right in the ld phase membrane along the main channel. The red color ahead of the yellow plug is a 
small amount of Alexa 594-GM1 that moves slightly faster under bulk flow than BODIPY DHPE because it has a 
larger cross section. In the bottom image, the red Alexa 594-GM1 is extracted into the lo phase, while BODIPY 
DHPE generally remains in the ld phase. Separated fractions are split by the “Y” at the end of the channel. (C) The 
chemical structures of Alexa 594-GM1 and BODIPY DHPE. 
 
To demonstrate separation, extraction, and sorting, two fluorescently-labeled membrane 

biomolecules with differing propensities to partition into the two membrane phases were used. 

The fluorescent labels make it easy to track the biomolecules’ positions in the device and 

quantify the extraction. We chose the glycolipid, GM1, because it has established membrane 

partitioning behavior and serves as a typical marker for cell microdomains (lipids rafts). Since 

the acyl chain label in commercially available fluorescently-labeled GM1 disrupts its native 

preference for ordered lipid phases in cell membranes31,41, we synthesized a head-labeled 

version, Alexa 594-GM1
157,181. We mixed Alexa 594-GM1 with another fluorescently-labeled 

phospholipid, BODIPY DHPE, which generally prefers lipid disordered phases, such as those 

composed primarily of POPC157. The structures of both of these biomolecules are shown in 

Figure 2.2C. We have also conducted a thorough study on how various lipid phases impact the 

partitioning kinetics of both Alexa 594-GM1 and BODIPY DHPE, shown in Appendix A.  

In a first set of experiments, an approximately equimolar mixture of Alexa 594-GM1 (red 

fluorophore) and BODIPY-DHPE (green fluorophore) was loaded into the device (1 mol% of 

each in the load bilayer formulation), Figure 2.2B. The mixture is yellow when the red and green 

false-color images are superimposed on each other (Figure 2.2B, top image). Figure 2.2B, 

bottom image, is a later snapshot of the continuous extraction, showing the preferential affinity 

of red Alexa 594-GM1 to the lo phase, and the enrichment of the green BODIPY DHPE in the ld 
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phase.  At the end of the channel a “Y” split directs the fractions to different areas of the chip 

for collection.  

The exposure times during image acquisition for each channel (red or green) were set such 

that the starting intensities were nearly the same. The fluorescence intensity for each biomolecule 

in each phase varied linearly with concentration for the range of concentrations used here157. 

Because of these features, fluorescence intensity can be used to report concentration for these 

species to quantify the enrichment after the extraction process. To minimize photobleaching, 

samples were imaged every two minutes instead of continuously.  

 

2.3.2 Extraction Efficiency – Theory and Analysis 

Based on the design of this device, the extraction channel is analogous to a single stage extractor, 

operating in the 2-D plane of the bilayer. Due to practical kinetic limitations during experimental 

operation, the real performance of an extractor is often below what is predicted under 

equilibrium conditions. The real performance is quantified by calculating yield, Y, of a particular 

species in a particular lipid phase. A control volume in the 2-D membrane is shown in Figure 

2.3.  Initially, the entire control volume is devoid of any fluorescently-labeled species. The 

yield in phase i, Yi(t), is defined as the amount of species in phase i compared to the overall 

amount entering the control volume:  
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Figure 2.3.  2-D two-phase bilayer control volume in a 3-D view of the microchannel with the parameters used in 
the data analysis. All parameters are defined in the text.Blue denotes the ld phase, and pink denotes the lo phase. The 
hydrodynamic force from the bulk flow (gray arrow) convects species in the lipid membrane.  
 

 Yield in these experiments is a function of time because the initial input (the mixture) is a 

discrete plug of material and the extracted amount is significantly influenced by the local 

concentration distribution of the species in the two phases. ai,in and ai,out are the cumulative 

material that has entered/left the control volume by the reporting time, respectively. 

Material accumulation in each phase Ni(t), can be obtained directly by integrating 

fluorescence from the time-lapse micrographs. Cumulative material entering/exiting a particular 

phase in the control volume, ai(t), is defined generally in Eq. 2.2, where Fi(t) is the amount of 

material entering at x=0 or exiting a phase i at x=L in time:        

      ∫=
t

outorinioutorini dttFt
0    ,   ,  )()(α          (Eq. 2.2) 

The equations that describe the amount of the material entering the lo phase at x=0 and 

exiting at x=L in time are: 
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where v(x,y) is the velocity of a species in the membrane and w is the width of the phase cross-

section. Under conditions of fully developed bulk flow, the overall velocity profile in the planar 

membrane is a function of y only. The concentration profile across the bilayer can be obtained by 

measuring fluorescence intensity from experimental images. To calculate the yield, all that 

remains is to determine the velocity profile in the two-phase membrane.  

 

2.3.3 Characterization of Convection Velocity Profile in a Two-Phase Coexistent Supported 

Bilayer 

In this work, the convection of biomolecules in the supported bilayer is induced by the shear 

force resulting from bulk buffer flow inside the microchannel. Previous study of homogeneous 

(single lipid phase) bilayer systems has shown that when sheared in this manner, the upper 

monolayer of the SLB moves in the direction of the drag while the lower monolayer is 

approximately stationary196,200. These studies suggest that the lipid monolayer can be viewed as a 

2-D continuum and the flow velocity can be described by the continuity equation and Navier-

Stokes equation for creeping flow in 2-D and assuming fully developed flow and negligible 

viscous forces and surface pressure gradients. 

The velocity profile in a homogeneous bilayer induced by hydrodynamic flow at the bilayer 

surface within a rectangular channel (Fig. 2.3B) is described by the following set of 

equations196,200: 
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e!.where σhydro(y) is the shear force from hydrodynamic bulk fluid flow; Δp/Δx 

is the pressure drop over length of the channel; y is the position across the channel, perpendicular 

to the flow direction; h is the channel height; 2w is the width of channel; v(y) is the velocity; b is 

the  intermonolayer friction factor; and ex is the unit vector in the x direction. Note here that the 

buffer flow is assumed to be fully developed and constant and that viscous forces and surface 

pressure gradients are negligible compared to the hydrodynamic force200. 

We build upon this work to describe the motion of biomolecules in a two-phase 

heterogeneous bilayer arranged in two stripes parallel with the bulk hydrodynamic flow. We 

have experimentally observed that there are three regions with distinct membrane compositions: 

a lo phase region, a ld phase region, and an interfacial transition region in-between157. Species 

present in these different bilayer environments possess different mobilities, and therefore 

velocities, when subjected to a shear force. The overall velocity profile in this system is 

approximated as a piece-wise function of the velocity profile in each phase and interfacial 

region: 
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when y < yTlo  in the lo phase           (Eq. 2.7 a) 

          when yTlo < y < yTld in the transition zone    (Eq. 2.7 b) 

  when y > yTld in ld phase      (Eq. 2.7 c) 

 
 

where yTlo, yTld are the locations of the boundaries of the transition zone between the lo side and ld 

side, respectively.  blo = friction factor in the lo phase, btrans = friction factor in the transition 

zone between phases, and bld = friction factor in the ld phase. The ratio for friction factor in lo to ld 

was ~5 for both BODIPY DHPE and Alexa 594-GM1 determined via a photobleaching technique. 

This ratio is substituted into Eq. 2.7c to reduce the number of parameters.  

btrans is difficult to define because the exact structure of the interfacial zone is unknown. 

However, since this region is small compared to the rest of the channel, we make the 

approximation that the velocity (and therefore b) varies linearly in this region. Thus, the velocity 

in this region can be rewritten to eliminate btrans in Eq. 2.7 b as: 
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The general velocity profile shape was visualized (Fig. 2.4A, inset) using a photobleaching 

technique. The general shape is captured by our piece-wise model, so blo is the only parameter 

remaining to obtain the v(y).  

Note that the photobleaching technique cannot be used directly to obtain blo in each 

extraction run because fluorescence intensity is being tracked as a proxy for concentration. 

Instead, an independent mass balance is used to determine the value of blo that corresponds to the 
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experimental conditions of a particular run. To illustrate the mass balance process, we present the 

result for one experiment using the longest channel length, 710 mm, at 80 ml/min bulk flow rate 

(Fig. 2.3).  This mass balance procedure is repeated for each experiment to obtain the best fit 

parameter for that 

experiment. The mass balance on the control volume is:  

              (Eq. 2.9) 

Accumulation (LHS side of Eq. 2.9) can be obtained directly from time-lapse fluorescence 

micrographs and plotted as a function of time, as shown for Alexa 594-GM1 in Fig. 2.4C (solid 

line). For the RHS of Eq. 2.9, the concentrations, C(0,y,t) and C(L,y,t), are obtained directly from 

the fluorescence micrographs at the inlet and outlet locations. At this point, the magnitude of v(y) 

for the RHS of Eq. 2.9 is unknown, but the shape of the profile has been experimentally verified, 

as described above, and is given by Eq. 2.7. Because the flow is steady, v(y) does not vary with 

x, so the values at the inlet and outlet on a particular streamline are the same, i.e., v(y)in = v(y)out. 

blo is determined by minimizing the difference between the LHS and RHS of Eq. 2.9 (solid vs. 

dashed lines, Fig. 2.4C). For Alexa 594-GM1 for this particular run, blo = 3.0 x 108 Pa·s/m. The 

red line in Fig. 2.4B is the corresponding velocity profile for Alexa 594-GM1. The same 

procedure is followed for BODIPY DHPE. The values for intermonolayer friction coefficients 

(bi’s) averaged over several experiments are shown in Table 2.1 and correspond well to values 

found in literature for similar bilayer phases191,201.  
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Figure 2.4.  Velocity profile and mass balance. (A) Velocity profile obtained by photobleaching experiments 
(inset) to verify the shape of the profile and our model. Black data points are the velocities as a function of position 
across the channel, derived from the photobleached images, (a) and (b), during 80 ml/min buffer flow rate. The red 
line is the best fit of the data by our model, equation 5. (B) Velocity profiles for Alexa 594-GM1 (solid red) and 
BODIPY DHPE (dashed green) determined for a particular extraction experiment using the 710 mm extraction 
channel. The interface region between each phase is defined by the black dashed lines. (C) The accumulation of 
species in the control volume (LHS Eq. 7) versus the difference between the inlet and outlet material flux for the 
control volume (RHS Eq. 2.7) in a representative run at 80 ml/min bulk flow rate for Alexa 594-GM1 (red), and 
BODIPY DHPE (green). These curves have been purposely offset to by an arbitrary factor to separate the data. 
Velocity for each species was determined independently by minimizing the least squares error between the LHS and 
RHS. 
 
Table 2.1. Average values determined for b based on four experiments. 
 
Intermonolayer friction 
coefficient, b [Pa·s/m] 

BODIPY DHPE Alexa 594-GM1 

lo phase 3.6 ± 1.1 x 108 2.8 ± 0.8 x 108 

ld phase 7.3 ± 2.1 x 107 5.6 ± 1.7 x 107 
 

2.3.4 Extraction Performance  

Once the velocity profile for an experimental run has been obtained, the yield of species can 

be calculated from Eq. 2.1. To quantify the enrichment of species in each phase, we measured 

the accumulation (yield) of both GM1 and BODIPY DHPE in the lo phase as a function of the 

average residence time of a species in the device. The residence time, t, is defined as the ratio of 

the channel length, L, to the average velocity of a species, ldv̂ , in the ld phase: t = L/ ldv̂ . 

The residence time can be increased by increasing the length of the control volume or 

reducing the bulk flow rate. Here, we fix the bulk flow rate at 80 ml/min and varied the control 
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volume lengths: 89, 355, and 710 mm. Each experiment is performed using the same channel 

geometry, bilayer compositions, and patterning, and a 50:50 starting mixture. % yield obtained 

from the experimental results for different residence times are shown in Fig. 2.5. For the longest 

residence time, ~ 34% of the entering Alexa 594-GM1 is extracted into lo phase during 200 

minutes, while ~19% of the BODIPY DHPE is extracted.  

 

Figure 2.5. (Left) Yield of species to the lo phase at various residence times, t. The buffer flow rate was constant at 
80 ml/min, but the length of the channel, L, was varied. These yields correspond to total experimental time, t = 200 
min of collection. (Right) The accumulated yield of species in the lo phase normalized by the total amount that has 
entered the control volume for L = 710 µm. These data are averaged over 4 experiments at the same conditions. The 
thin lines bounding the data points are the standard deviation of the data.  
 
 
The shape of the yield curve is influenced by the transport properties the biomolecule. If 

operated at equilibrium conditions, the extraction yields to the lo phase are 66% and 38% for 

Alexa 594-GM1 and BODIPY DHPE, respectively, based on previously measured equilibrium 

partition coefficients of 1.96 and 0.6 from Chao & Daniel157. Thus, even at the longest channel 

length investigated, equilibrium is not reached. Optimization of the channel dimensions, 

patterning, lipid phase selection, and process conditions can be carried out to approach 

equilibrium. One possibility is to lengthen the channel more, but this is only practical to a limit, 

beyond which diffusion becomes significant during laminar flow patterning and results in a less 
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defined interface between lipid phases. Alternatively, decreasing the flow rate could allow 

partitioning to approach equilibrium. We found that halving the bulk flow rate increased the 

yield of GM1 to the lipid-ordered phase to ~ 40% at t = 200 min for L = 710 mm. The tradeoff 

here is that the extraction takes longer.   

 

2.3.5 Verification of mass balance analysis using convection-diffusion model of species transport 

To independently verify v(y) and the intermonolayer friction factors (bi’s), we modeled the 

convection-diffusion for each species using COMSOL to simulate the extraction process. 

Parameter inputs were diffusivity, partitioning rates, and the bi’s (calculated as described above) 

to obtain the temporal concentration profiles in the control volume.  

A simple model of the extraction channel was developed which used experimental 

concentration data and measured quantities to predict the species distribution during an 

extraction run (Fig. 2.6). 

 
 
Figure 2.6. Strategy for comparing experimental data to simulated concentration profiles from the COMSOL model 
of convection-diffusion. 
 

The model governing equation comes from the convection-diffusion process with an imposed 

velocity profile in the x-direction, given by the following equation: 
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∂
∂       (Eq. 2.10) 

where c is the concentration of the species, D is the diffusion coefficient of a species, and v is the 

velocity of the species. The diffusivity of each species in each phase is experimentally measured 

and is dictated by the properties of the lipid environment. We used fluorescence recovery after 

photobleaching to determine diffusion coefficients of each species in separate experiments (as 

described above). These values are reported in Table 2.2. 

 
Table 2.2. Diffusion coefficient values used in Eq. 2.14 in the COMSOL simulation.  
 
Lipid environment BODIPY DHPE GM1 

Liquid-disordered phase 0.63 µm2/s 0.70 µm2/s 

Liquid-ordered phase 0.13 µm2/s 0.14 µm2/s 
 

The velocity profile assumed here is that given by Eq. 7. Note that the experimentally 

measured inlet concentrations from raw fluorescence intensity values are the inputs to the 

COMSOL model. The boundary condition at the interface between phases is a flux 

corresponding to the partitioning kinetics of the system: 

),(),(),( txcktxck
dt
txdN

lodlda
lo −=                (Eq. 2.11) 

In this equation, N is the accumulation in the liquid-ordered phase, c represents concentration 

at the interface in either the ld or lo phases, and ka and kd represent the association and 

dissociation rate constants for the lo phase, respectively.   

The model was evaluated by comparing predicted outlet concentration profiles with 

experimentally measured profiles. Figure 2.7 shows comparisons of predicted to measured 

profiles for both GM1 (red) and BODIPY DHPE at the three different channel lengths studied. 
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The parameters used in these cases were measured diffusivities and partitioning coefficients and 

calculated intermonolayer friction factors. It was found that these parameters resulted in close 

matches to experimental data, especially for the shorter channel lengths. Increasing the friction 

factor would lead to a later eluting plug and decreasing leads to an earlier eluting plug causing 

significant mismatch in the profiles. 

 

Figure 2.7. Comparison of outlet concentrations in each lipid phase from a representative experiment (points) to 
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model predictions (solid lines) for various channel lengths. (A) 89 µm; (B) 355 μm; (C) 710 μm.  Data are 
separated into average lo and ld phase concentrations  in the control volume for BODIPY DHPE (green, left side) 
and Alexa 594-GM1 (red, right side). 

 

There are some differences between the predicted concentration profiles and the 

experimentally measured profiles that we attribute to complexities not accounted for in this 

model. We believe one source could be patterning and bilayer imperfections. Our model assumes 

that the geometry of the bilayer phases is two rectangular regions, but imperfections in the 

patterning could lead to varied extractor geometries. Additionally, minor bilayer imperfections in 

the extractor contribute to a dispersive effect in part by immobilization of species in bilayer 

defects. The cumulative effect of these defects could lead to deviations between the model 

predictions and the fluorescence data over long channel lengths. Dispersion differences are 

apparent by the change in the shape of the experimental data compared to the simulation curve as 

the channel length increases. Notice that the peak position for the experimental data and 

simulation generally remain registered, which is most obvious in the ld phase data, but as the 

channel length increases, the width of the experimental peak grows larger relative to the 

simulation. In addition, we have made the simplifying assumption in our model that the interface 

region is infinitesimally small. Perhaps modeling the interface region as having a finite width 

with mixed phase properties could also improve the accuracy of the simulation. 

The bi’s determined by mass balance and used in the simulation predicted concentration 

profiles that closely matched experimental profiles (Fig. 7), especially for shorter channel 

lengths. Other values shifted the elution time of the plug forward or backward because b directly 

impacts the velocity of the species in the bilayer. The shape of the velocity profile is also critical 

to accurate modeling of the extraction. Inputting, for example, a uniform (average) velocity in 

each lipid phase across the channel (a step function velocity profile) with constant averaged bi’s 
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was unable to capture the experimental concentration profiles. 

When simulating the extraction for longer channel lengths, deviations grew between the 

experimental output concentration profiles and the model predictions (Fig 2.7). However, these 

deviations appear to have only a small effect on the predicted yield curve of an extracted species 

to the lo phase up to the time of collection at t = 200 min as shown in Fig. 2.8.  

Deviations between experimental results and simulation may result if the experimental 

velocity profile is not fully developed. We confirmed via photobleaching experiments that the 

flow is fully developed. Another explanation is that additional experimental dispersive effects 

that are not accounted for in the model become compounded as the channel lengthens. These 

effects may include patterning defects that disrupt the flow slightly and/or result in 

immobilization of biomolecules. These effects may accumulate as the length of channel 

increases. Nonetheless, our basic simulation reasonably predicts the extraction in this device, 

verifying that the parameters used in the model are acceptable. This model can be used to predict 

the enrichment of other biomolecules in this and other two-phase systems, or in optimizing the 

design of extraction devices. 

 
Figure 2.8. Comparison of yield of each species to the lo phase for various channel lengths, as determined by 
experiment (points) and the model (lines) for Alexa 594-GM1 (red) and BODIPY DHPE (green).  
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The following control experiment shows that the observed enrichment of species along the 

0%

5%

10%

15%

20%

25%

30%

35%

0 50 100 150 200
0%

5%

10%

15%

20%

25%

30%

35%

0 50 100 150 200
0%

5%

10%

15%

20%

25%

30%

35%

0 50 100 150 200

89 µm 355 µm 710 µm

Time (min) Time (min) Time (min)

Yi
el

d 
to

 l o
ph

as
e 

(%
)



 

63 

axial length of the channel is not an artifact of the experiment.  Here we conduct the experiment 

in exactly the same manner as described previously, except that instead of patterning with a two-

phase bilayer of parallel phase zones down the axial length of the channel, we pattern the 

channel with a bilayer of only one composition (ld phase). In Fig. 2.9, ld phase has been patterned 

in the channel and illustrates that enrichment is not observed in the absence of a two-phase 

patterned bilayer. A similar result is obtained when only lo phase bilayer is used as a 

homogenous bilayer phase in the channel. 

 
 
Figure 2.9. Control experiment of separation channel composed of only one phase. In this case only ld phase 
composition is used to pattern the microchannel with a bilayer. In (a) the load consists of a mixture of Alexa 594-
GM1 (red) and BODIPY DHPE (green). The dashed lines are superimposed on the image to outline the 
microchannel. (b) The load channel is transported down the main microchannel by hydrodynamic flow and no 
partitioning across the channel is observed. (c) In the absence of the two-phase bilayer, equal portions of the initial 
load are split equally at the “Y”, resulting in no separation, sorting, or concentration of species from the initial load 
amount.  
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2.4 CONCLUSIONS  

The SLB extractor platform described herein can spatially separate, enrich, and sort membrane-

bound species based on their affinity for a specific lipid phase. We created two coexistent lipid 

phases, in analogy to classic liquid-liquid extraction, but operating in a flat plane of the 

supported bilayer. We demonstrate that GM1, a typical lipid microdomain marker. can be 

extracted to an ordered lipid phase and become enriched, relative to non-raft species. This new 

platform does not require detergent, secondary antibody labeling methods, or electric fields often 

used in other strategies to identify lipid microdomain residents. Additionally, since the phase 

locations can be patterned to direct the species to a collection area, characterization tools, such as 

mass spectroscopy and surface plasmon resonance, could be also integrated at the outlet of this 

platform to identify unknown species or combined with other downstream analytical assays.   

The approach described here is currently being extended to separate and sort lipids and proteins 

with posttranslational modifications, such as the addition of GPI anchors, sterols, and single 

saturated or unsaturated fatty acids. The platform is compatible with species derived from cell 

membranes and creating supported bilayers from sections of cell membrane has recently become 

possible202,203, including a new technique developed by us204. In the future, this platform could be 

extended to separating and sorting transmembrane species by integrating an appropriate cushion 

beneath the bilayer to minimize protein-support interactions203. Finally, this platform may be 

useful not just for separating and facilitating the identification of membrane domain residents, 

but for characterizing how post-translational modifications, interactions with soluble species, or 

environmental conditions shift the affinity of species to a particular lipid phase53,205. 
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CHAPTER 3 
 
 

CREATE PROTEINACEOUS SUPPORTED LIPIDS BILAYERS DIRECTLY FROM 

MAMALIAN CELL MEMBRANES 

 

3.1 INTRODUCTION 
 

Understanding the functions of membrane proteins is important for combating disease and 

designing therapeutics, but they are a complicated and challenging class of biomolecules to 

study, as reviewed in a recent publication170. Cell-based studies of membrane proteins have 

provided valuable information because all native interactions are captured, but system 

complexity makes it difficult to isolate individual factor effects quantitatively. An alternative is 

to extract the proteins from the cell membrane and assay their behavior in an aqueous 

environment, but this often alters membrane protein structure and function from that of the 

native state207. Furthermore, the local interactions and organization of lipids and proteins are 

believed to regulate membrane protein activity17,208 and thus are a crucial component of their 

study. With this in mind, new techniques bridging whole-cell complexity and membrane 

interactions with quantitative and flexible in vitro methods are desired. 

Model membrane studies which utilize an artificial lipid bilayer have provided a framework 

for retaining critical membrane interactions among constituents while enabling the use of a wide 

variety of experimental techniques for characterization115,133,157,206,207,209. The supported lipid 

bilayer (SLB) platform provides a chemically tunable, planar geometry that is compatible with a 

vast array of surface characterization tools, such as total internal reflection fluorescence (TIRF) 

microscopy116, atomic force microscopy (AFM)117, quartz crystal microbalance (QCM)210, and 

surface plasmon resonance (SPR)120, among many others. While significant work has been 
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carried out using SLBs, their full potential has yet to be reached because of the challenges 

associated with integration of membrane proteins.  

Several significant challenges remain for incorporating membrane proteins into SLBs, 

namely maintaining their fluidity, orientation, and function. The most significant bottleneck is 

the method in which membrane proteins are introduced into the SLB. To sidestep these issues, 

some studies use peripheral or self-inserting membrane proteins which can be introduced in 

solution after a bilayer has been formed and insert themselves in the membrane130,133,143. This 

limits the scope of the platform to a very small subclass of proteins. A prevalent alternative is to 

use a membrane disruption and proteoliposome reconstitution procedure often with the use of 

detergents132,197,211,212. Here, proteins are solubilized from the membrane with detergent (or 

mechanically), isolated from the cell debris, then reformed into proteoliposomes. Not only does 

this method involve tedious optimization of detergents, lipids, and conditions for each protein, 

but the process can also alter the protein orientation and structure5,213–216.  

We have developed a general method for the delivery of membrane proteins to the supported 

bilayer platform via cell blebs, which results in oriented, mobile proteins in the SLB. Cell blebs 

are sections of the cell membrane that bud off into a type of proteoliposome as a result of local 

detachment of the membrane from the actin cystoskeleton217. Overproduction of blebs is 

typically triggered by chemical means, and afterwards the blebs are collected from the culture 

media95,218. However, under specific conditions certain cell types bleb naturally without chemical 

induction. Expressing membrane proteins directly in mammalian cells and collecting the cell 

blebs circumvents the difficult purification and reconstitution procedures. Importantly, native 

membrane travels with the membrane proteins all the way to the SLB platform, so any crucial 

lipid interactions can be preserved. Finally, the use of mammalian hosts ensures proper folding 
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and post-translational modifications such as glycosylation and S-acylation. In previous work, we 

demonstrated that membrane proteins can be delivered to a supported lipid bilayer using this 

blebbing technique and remain functional as viral receptors204,219; however, these receptors were 

not mobile, which can reduce the efficacy of multivalent binding interactions. In general, protein 

mobility is important because membrane proteins need to be able to diffuse laterally to properly 

interact with co-factor species to function as they do within the cell plasma membrane. Thus, for 

this platform to be most useful, gaining protein mobility and proper orientation is paramount. 

The major hurdle with this system, and SLBs in general, is protein immobility caused by 

interactions between the extramembranous regions of the proteins and the underlying glass 

support. In a typical SLB there is a small, ~1 nm water gap126, that cannot accommodate 

extracellular or cytosolic domains of membrane proteins that could extend around 10 nm from 

the membrane127. In this work, we overcome protein immobility by mixing cell blebs with 

polyethylene glycol (PEG) containing vesicles to generate a cushioned bleb bilayer which 

increases the distance between the bilayer and glass surface133. Our design goal was a platform 

that would be general and applicable to a wide variety of types of membrane proteins. To this 

end, we tested a peripheral glycophospotidylinositol (GPI-linked) protein and a multi-pass 

transmembrane protein (MPTMP) (Fig. 3.1). The GPI-linked yellow fluorescent protein (GPI-

YFP) was our representative GPI protein for this study. GPI proteins are linked to the 

extracellular leaflet of the plasma membrane via a lipid anchor instead of a transmembrane 

peptide and are involved in a variety of cellular processes including signaling, enzymatic 

catalysis, and cell adhesion220. They are typically sorted to raft microdomains18 and some are 

used as targets for anti-cancer therapeutics because of their overexpression in tumors221. For a 

MPTMP, we examined the P2X2 receptor fused to a neon green fluorescent protein, referred to 
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here as P2X2-Neon. The P2X receptors are ATP-gated ion channels that are found in almost all 

mammalian cells and play important roles in inflammation, sensation of pain and taste, and 

control of vascular tone222. Each P2X2 receptor harbors two transmembrane helices and 

assembles into a functional trimer (thus total six transmembrane helices) in the plasma 

membrane223. Individual membrane proteins were tracked and their motions were analyzed to 

distinguish diffusion modes in the cushioned bleb-based bilayer system. We characterized the 

orientation of membrane proteins in the bleb bilayer and determined that the rupture process for 

both types of proteins results in predominantly outward facing membrane proteins, implying a 

“parachute”-type mechanism of bleb rupture224. Finally, we compare bleb bilayers created using 

chemically induced and native blebbing and found that at low levels, chemical induction does 

not hinder protein mobility in bleb bilayers. These supported bleb bilayers containing mobile, 

oriented proteins preserved with lipids from the plasma membrane are a critical intermediate 

platform that bridges whole cell to in vitro systems and will play a key role in novel membrane 

proteomic and lipodomic studies in the future. 
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Figure 3.1. Depiction of the PEGylated bleb bilayer formation process demonstrated for P2X2-Neon membrane 
protein delivery (based on P2X4 structure solved by Kawate et al.225). Blebs (depicted by white lipids) are first 
adsorbed to the glass slide (A) and PEGylated lipid vesicles (black lipids) are then added (B). As the lipid vesicles 
rupture, they induce rupturing of neighboring blebs (C). The dominant rupture mechanism appears to be a 
“parachuting” mode where the inner leaflet of the bleb becomes the lower leaflet of the bilayer as determined from 
enzymatic accessibility assay results. Bilayer constituents are free to diffuse in the resulting cushioned bleb bilayer 
(D). A magnified view of the bleb bilayer shows the relative scale of the P2X2-Neon membrane protein (E).  
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3.2 EXPERIMENTAL SECTION 

3.2.1 Materials 

1-Palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC), 1,2-dipalmitoyl-sn-glycero- 3-

phosphoethanolamine-N-[methoxy(polyethylene glycol)-5000] (PEG5000-PE) were purchased 

from Avanti Polar Lipids (Alabaster, AL). The fusogenic liposomes were composed of 99.5% 

POPC with 0.5% PEG5000-PE.  

3.2.2 Cells, Plasmids, and blebs  

 HeLa cells were maintained in RPMI 1640 medium (CellGro) supplemented with 10% 

fetal bovine serum (GIBCO), 100 U/mL penicillin (CellGro), 10 μg/mL streptomycin (CellGro), 

2 g/L sodium bicarbonate (Sigma), and 1% HEPES buffer (CellGro) in a 37°C, 5% CO2 

incubator (ESCO). The pYFP-GPI-N1 plasmid, a generous gift from the Baird/Howlawka 

research group at Cornell University, was used in transfection to produce a 

glycophosphatidylinositol (GPI) anchored yellow fluorescent (YFP) protein. The pINR3-Neon-

THR-P2X2 plasmid was generated by inserting the full length mouse P2X2 receptor (GI: 

258679504) followed by a thrombin cleavage site (Gly-Leu-Val-Pro-Arg-Gly) between BamHI 

and XhoI in pINR3 vector using a standard molecular biology technique. The pINR3 vector was 

modified from the pIRES-EGFP RK6 vector (provided by M. Mayer, National Institutes of 

Health, Bethesda, MD) such that the Neon Green fluorescent protein can be expressed as a 

fusion protein while mRuby2 fluorescent protein is expressed using an internal ribosome entry 

site. All DNA constructs were verified by sequencing. 

3.2.3 Cell Membrane Bleb Preparation 

Cell blebbing was performed using two different methods: serum starving of HeLa cells and 

via chemical induction. For both methods, 6 mL of cells were seeded at a density of 1.5 x 105 
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cells/mL in a 10 cm culture dish (Corning). Transfections were performed using 2 µL TurboFect 

(Thermoscientfic) and 6 µg of DNA in each culture dish and according to manufacturer 

instructions and incubated for 24 hrs. In the serum starving protocol, HeLa cells were washed 

with serum-free RPMI media and then incubated with 4 mL of serum-free RPMI media for 4-6 

hrs before collection of the bleb containing supernatant. The chemical induction protocol has 

been described previously204. Briefly, after 24 h cells were washed with a buffer containing 2 

mM CaCl2 (J.T. Baker), 10 mM HEPES, 150 mM NaCl (BDH) at pH 7.4. Subsequently, 4 mL of 

a second buffer containing the same base components but additionally either 25 mM 

formaldehyde (Sigma) and 2 mM dithiothreitol (Sigma) or 500 mM formaldehyde and 40 mM 

dithiothreitol to induce blebbing. Blebs were collected from the supernatant and stored at 4 °C 

for up to one week before use, although it was determined that they were stable for up to one 

month. 

3.2.4 Bleb Bilayer Formation for Fluorescence Microscopy 

Glass slides (25 x 25 mm No. 1.5, VWR) were cleaned with piranha solution (mixture of 

70% (v/v) H2SO4 (BDH) and 30% (v/v) H2O2 (Sigma 50 wt. %) for 10 min then rinsed for 20 min 

under 18.2 MΩ-cm water (ELGA Purelab Ultra, Woodridge, IL). Polydimethyl siloxane (PDMS) 

wells (5 mm diameter, 3 mm thick) were affixed to the clean, dry slides. 70 µL of bleb solutions 

at approximately 4 x 108 blebs/mL were incubated for 10 min in the wells (see Supporting 

Information). Afterwards, the well was rinsed vigorously with PBS buffer to remove excess, 

unadsorbed material. Bleb bilayer formation was induced by adding 70 µL of rupture liposomes 

at 0.5 mg/mL into the well and incubating for 30 min before rinsing again with PBS buffer. In a 

subset of experiments to verify rupturing of blebs, octadecyl rhodamine (R18, Molecular 

Probes), a membrane-intercalating fluorophore, was doped into blebs, and unincorporated probe 
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was removed using a G25 spin column (GE Healthcare, Buckinghamshire, UK) prior to bleb 

incubation on a glass slide. An inverted Zeiss Axio Observer.Z1 microscope with α Plan-

Apochromat objectives, a Hamamatsu EM-CCD camera (ImageEM, model C9100-13, 

Bridgewater, NJ), and X-Cite® 120 microscope light source (Lumen Dynamics Group Inc., 

Canada) was used to visualize the bleb rupturing process. An ET MCH/TR filter cube (49008, 

c106274, Chromatech Inc.) was used to collect the fluorescence emitted from the R18 

fluorophores. A 20 μm diameter spot in the supported lipid bilayer was bleached with a 4.7 mW 

488 nm krypton/argon laser for 400 ms. The recovery of the intensity of the photobleached spot 

was recorded for 15 min at regular intervals. The fluorescence intensity of the bleached spot was 

determined after background subtraction and normalization for each image. The recovery data 

was fit using a Bessel function following the method of Soumpasis198. The diffusion coefficient 

is then calculated using the following equation: D = w2 / 4t1/2, where w is the full width at half-

maximum of the Gaussian profile of the focused beam.3.2.5 Quartz Crystal Microbalance with 

Dissipation Monitoring (QCM-D) 

QCM-D was used to verify bleb bilayer formation. All experiments were measured on QCM-

D crystals made of silicon dioxide (QSX303, Q-Sense, Sweden) using a Q-Sense E1 (Q-Sense, 

Sweden) instrument. Solutions were pumped into the chamber by Peristaltic pump (Ismatec 

Reglo Digital M2-2/12, Q-Sense, Sweden). 

This technique measures changes of resonance frequency (Δf) and energy dissipation (ΔD) 

of an oscillating piezoelectric quartz crystal, which is driven by an applied AC voltage. In this 

paper, we focus on the third overtone (15 MHz), which captures the bleb bilayer formation 

process. The shift of resonance frequency (Δf) reflects the change of adsorbed mass on the quartz 

crystal sensor. Simultaneously, shifts of energy dissipation (ΔD) were measured, which 
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characterize the viscoelastic properties of the adhered layer to the crystal surface. 

Before measurements, crystals were cleaned with 18.2 MΩ-cm water and ethanol, and dried 

with nitrogen gas. Crystals were then plasma cleaned in UV-Ozone Procleaner (Bioforce) for 10 

minutes to remove any organic contamination. PBS buffer was pumped into the system at a flow 

rate of 100 µL/min for 5 min. Thereafter, 500 µL blebs solutions were sent into the flow 

chamber at 100 µL/min. The solutions were circulated in the system until desired values of Δf 

and ΔD were reached indicating surface coverage of adsorbed blebs. Then the system was rinsed 

with PBS buffer for 10 minutes to wash out excess blebs. 300 µL of 99.5 mol% POPC, 0.5 mol% 

PEG 5000-PE liposome solution was then pumped into the flow chamber at 100 µL/min until Δf 

and ΔD reached steady state. PBS buffer was then sent through the system to wash the bilayer to 

achieve stabilized final frequency and dissipation shifts. 

3.2.6 Tracking the Motions of Individual Membrane Proteins 

Bleb bilayers were imaged using total internal reflection fluorescence microscopy (TIRFM) 

on an inverted Zeiss Axio Observer.Z1 microscope with an α Plan-Apochromat 100x oil 

immersion objective. Samples were excited using a solid-state laser at 488 nm excitation 

wavelength. A Laser TIRF 3 slider (Carl Zeiss, Inc.) was used to control the incidence angle at ~ 

69° ensuring total internal reflection and generating an evanescent wave around 100 nm thick. 

The laser light was filtered by a Semrock LF488-B-ZHE filter cube and sent to an electron 

multiplying CCD camera (Hamamatsu ImageEM C9100-13, Bridgewater, NJ). 

Acquired images were analyzed using MATLAB (Mathworks) and ImageJ (NIH). A custom 

detection method was used to achieve high sensitivity to enable accurate tracking. This method 

determined particle locations based on pixel clusters that meet an intensity cutoff. Full sample 

trajectories were found and calculated using in-house scripts based primarily on the “Diffusing-
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Spots” tracking methods described by Smith226 (details can be found in Tracking algorithm and 

trajectory analysis below).  Briefly, this method weights candidate particle positions based on 

their intensity, change in intensity from the previous frame, and displacement from the previous 

frame to find the best match for each trajectory. The algorithm we used includes criteria for 

removing immobile particles, rapidly diffusing particles, and overlapping particles for which 

particle identity is lost from the final diffusivity analysis. Only particle trajectories that last for at 

least 20 frames were used in the analysis to minimize noise. Parameters of the model were 

adjusted to achieve the best possible tracking fidelity. To verify accuracy of the methods, some 

individual trajectories were semi-manually tracked with computer assistance for comparison 

using the open-source SpeckleTrackerJ plugin for ImageJ.  

A variety of methods for bilayer single particle tracking (SPT) analysis have been described 

previously in the literature59,227–230. We have chosen to use the moment scaling spectrum (MSS) 

analysis over the mean squared displacement analysis in this work as it is appropriate for the type 

of anomalous diffusion observed in this system and provides a quantitative value for the mode of 

motion, with less error for the diffusion coefficient230,231. 

3.2.7 Tracking Algorithm and Trajectory Analysis  

Linking of trajectories was performed by finding maximizing value of 𝑤! = 𝑤!𝑓! + 𝑤∆!𝑓∆! +

𝑤!𝑓! (Eq. 3.1) among all candidate particles in each frame. Weighting values used were: wi = 

0.05 , wΔi = 0.05 , wd  = 0.9. Equations for each criteria are given as: 

𝑓! = 𝑒
!! !
! !!!"  

𝑓∆! = 𝑒
!∆!!
!!∆!

!  

    𝑓! = 𝑒
!!!

!!!
!                       (Eq. 3.2) 

 
In these equations, I represents the intensity of the particle, Ibg is the background intensity 
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averaged over all frames, ΔI is the change in intensity from the previous frame and d is the 

displacement from the previous frame. Particle candidates are only accepted into trajectories if 

they have wt > 0.7. 

Moment scaling spectrum analysis is performed on each trajectory j individually. Let M be 

the length of the trajectory, n be the frame number, Δn be the frame step displacement (in this 

paper, we limited Δn to M/4 to limit error231), x be the position of the particle, p be the moment 

order, and ||·||2 be the Euclidean norm. First, the displacement moments µ are calculated as  

𝜇! =
!

!!!∆!
𝑥! 𝑛 + ∆𝑛 − 𝑥!(𝑛) !

!!!!∆!!!
!!!           (Eq. 3.3) 

for p values from 1 through 6. Each moment follows a power law where µp α δtγ(p). The 

exponential factors, γ(p), are determined by a linear regression through log (µp) vs log (δt). If the 

diffusion process is strongly self-similar, the moment scaling spectrum, i.e. γ(p) vs. p, will be 

linear with a slope defined as β which quantifies the type of diffusion. Species with β values near 

0.5 are exhibiting normal diffusion, 0.5 < β < 1 are superdiffusive and 0 < β < 0.5 are 

subdiffusive. The diffusion coefficient D is determined from the second moment (p = 2), since 

 𝜇! = 4𝐷𝛿𝑡!(!).                     (Eq 3.4)               

It follows that D can be found from the y-intercept y0 of log (µ2) vs. log (δt) through the 

relationship 

 y! = log 4D .                     (Eq. 3.5) 

 
3.2.8 Enzyme Accessibility Assays for the Determination of Protein Orientation in Cell Blebs and 

in Planar Supported Bilayers 

Enzyme (either 300 U/mL of Thrombin (Sigma) for probing accessibility to the N-terminal 

Neon domain of P2X2-Neon or 100 µg/mL of Proteinase K (Ambion) for probing accessibility 
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to the YFP domain of the GPI-YFP protein) was added to 100 mL samples of either adsorbed 

blebs or bleb bilayers on the glass slides. Images of several regions of the surface were recorded 

at 10 min intervals to capture the enzymatic action. As the enzyme cleaved the protein, the 

fluorescent fusion protein domains were no longer attached and could diffuse out of the 

evanescent field resulting in a loss of fluorescence at the surface of the bilayer or bleb. Particles 

were counted and a percent change compared to control samples without enzyme was calculated. 

From this information, we can infer the orientation of proteins in the bilayer and blebs by their 

susceptibility to enzymatic cleavage, as will be described extensively in the Results and 

Discussion section. 

3.3 RESULTS AND DISCUSSION 

3.3.1 Verification of Bleb Rupture into Planar Bilayers  

Harvested blebs were directly incubated on glass substrates. Blebs generally did not 

spontaneously rupture to form supported bilayers on their own, but required addition of 

fusogenic lipid vesicles, as verified using quartz crystal microbalance (QCM) measurements and 

by direct observation of fluorescent species diffusing from ruptured blebs. QCM with dissipation 

detects bleb rupture as a change in frequency and dissipation from the initial adsorbed bleb state 

to that of the final bleb bilayer. In Figure 3.2A we compared the formation of a bilayer formed 

from only fusogenic POPC-PEG5k vesicles (left) with that formed from blebs and fusogenic 

vesicles (right). In both cases, it is the fusogenic lipid vesicles that cause rupture and bilayer 

formation as evidenced by an increase in frequency and simultaneous decrease in dissipation. As 

vesicles rupture they expel their luminal water to become less massive and more rigid118. In the 

bleb bilayer case, the rupture step happens on a much longer time-scale of around 30 min 

compared with 1 min for fusogenic vesicles on their own. From the QCM data, the rupture 
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process of lipid vesicles appears to initiate the much more stable blebs to rupture. The final 

frequency of the POPC-PEG5k bilayer is -33 Hz (matching well to Kaufmann’s results232), while 

that of the bleb bilayer is -50 Hz, aligning with the expectation that the bleb bilayer is more 

massive due to the additional protein content in the bilayer.  

A possible alternative interpretation is that some blebs desorb from the surface during bilayer 

formation, and the mass increase over the POPC-PEG5k bilayer is due to residual adsorbed 

unruptured blebs. While it is possible that some blebs never rupture, we confirm that most blebs 

do rupture and deliver protein to the SLB using two direct visualization methods. First, we label 

blebs with membrane-intercalating fluorescent probes prior to rupture to visualize the rupture 

process in real time, and second, we track fluorescently-labeled membrane proteins that are 

released into the SLB upon bleb rupture. Both of these experiments confirm the formation of 

contiguous planar bilayers from the ruptured cell blebs. The membrane-intercalating probe 

experiment is described next, while discussion of the protein tracking experiments is described 

later in the Results section. 
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To observe and verify cell bleb rupture and planar bilayer formation as it occurs, a 

membrane-intercalating probe, octadecyl rhodamine B (R18), was incubated with intact blebs for 

30 mins. Excess, free R18 was removed from the bleb solution using a G25 spin-column.  The 

R18 incorporated into the bleb membranes is a reporter for lipid mobility, and its spreading is 

indicative of bleb rupture. In the first step, labeled blebs were incubated with the glass support. A 

laser was focused to a ~ 20 µm diameter spot on the surface of adsorbed blebs and used to bleach 

the R18 molecules. No recovery of fluorescence was observed from the adsorbed blebs, 

indicating that a planar bilayer had not yet formed. Next, unlabeled fusogenic lipid vesicles, 

either POPC-PEG5k or POPC, were added. 
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Figure 3.2. Characterization of bleb rupture process. A) Left, a QCMD frequency and 
dissipation trace for POPC-PEG lipid vesicle adsorption and lipid bilayer formation. Vesicles are 
added (step 1) and bilayer forms quickly as seen by the sharp increase in frequency and decrease 
in dissipation. After bilayer formation (step 2), excess vesicles are rinsed away. On the right, the 
trace is shown for HeLa bleb rupture. Initially, blebs were injected into the system (step 1) and 
allowed to incubate for ~30 minutes before being rinsed (step 2). During rinsing the frequency 
decreased, indicating loosely associated blebs were rinsed away. Fusogenic liposomes were then 
added (step 3) resulting in a rupturing process to form a bleb bilayer and excess vesicles were 
rinsed away (step 4). B) Fluorescent images of bleb bilayer formation process. Initially R18 
signal in blebs was isolated to adsorbed bleb positions. When fusogenic vesicles were added, 
they triggered rupture of adsorbed blebs into bleb bilayer. During this process, the R18 was able 
to diffuse laterally and spread out within the bilayer. C) R18 signal from the bleb bilayer is 
bleached with a laser and recovery is observed. The resulting FRAP diffusivity is 0.3 µm2/s (see 
Supplemental for FRAP fitting). 

 

For both cases, the blebs began to rupture and form a bilayer within minutes. SLB formation 

was indicated by spreading of the R18 dye from the original punctate spots of the intact blebs to 

a fully fluorescent surface (Figure 3.2B). After laser-bleaching this surface, recovery of 

fluorescence was observed (Figure 3.2C). Diffusivity of R18 molecules was 0.30 ± 0.03 μm2/s in 

the bleb bilayers, using either POPC or POPC-PEG5k vesicles, so the PEG appears to be 

inconsequential to the lipid diffusion in these bilayers. 

 
3.3.2 Membrane protein integration into SLBs via blebs  

HeLa cells expressing P2X2-Neon or GPI-YFP were observed using brightfield and 

fluorescence microscopy and determined to be at adequate densities and expressing adequate 

levels of target protein. Blebs derived from these cells were incubated on glass coverslips and 

observed using 100x TIRF microscopy. Bleb density and protein concentration in the bleb 

bilayer can be controlled by dilution of blebs in a consistent manner since we found batch-to-

batch variability of bleb yields to be low (see Supporting Information for QCMD data). After 

adsorption of blebs and subsequent addition of fusogenic, PEGylated vesicles, it was possible to 
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watch bilayer formation through the radial spreading of species originating from the blebs into 

the surrounding SLB.  

Sufficient time (at least 30 minutes) was given to allow for complete bilayer formation prior 

to rinsing any loosely associated blebs or lipid vesicles and quantitatively tracking membrane 

species within the bilayer. An image series was taken at various positions for each bleb SLB. 

Acquisition settings were chosen to maximize signal while minimizing photobleaching. For these 

samples an exposure time of 50 ms was used with a laser power of 0.6 mW. A sample tracking 

analysis for GPI-YFP and P2X2-Neon is shown in Figure 3.3. 

Trajectories were mapped following a cost-minimizing function that used the particle 

locations and intensities to optimize linking across the sample for the duration of the image 

series (Fig 3 A,B,E,F). The trajectory data was analyzed using the slope of the mean squared 

displacement (MSD) to determine diffusivity, D, and the moment scaling spectrum (MSS) 

analysis pioneered by Ferrari230 to quantify the mobility via a parameter, β. Initially, moments of 

displacement are determined for each trajectory and the slope of the plot of moment scaling 

factors, β, describes the type of motion for the trajectory (Fig. 3 D,H). Diffusion modes can be 

grouped as follows: β < 0.4 as confined diffusion, 0.4 ≤ β ≤ 0.6 as quasi-free diffusion and β > 

0.6 as convective diffusion. Particles that are confined to an area smaller than the maximum 

observed displacement for immobile fluorescent beads in our system are considered immobile227. 

The single particle analysis is useful when there is not enough fluorescent material to carry out 

ensemble diffusion measurements and provides an additional level of detail for individual 

proteins, important when tracking in heterogeneous environments and probing the local nature of 

the membrane.  
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Figure 3.3.  GPI-YFP fluorescent proteins tracked on bleb bilayer membrane and analyzed according to the 
moment scaling spectrum in A-D. A) First frame of fluorescent image of GPI-YFP bleb bilayer. B) Trajectories of 
GPI-YFP diffusion in the bleb bilayer (same region as A). C) Example trajectory second moment analysis. The 
diffusion coefficient can be found from the y-intercept (see Eq. 3.5). D) Plot of moment scaling factors. The slope of 
this plot, β, indicates the type of particle motion for this trajectory is subdiffusive. Corresponding figures are shown 
for P2X2-Neon bleb bilayers in E-H. 
 
 

By compiling the diffusion coefficients for collected trajectories, we can determine the 

ensemble diffusivity from fitting to a cumulative distribution function described by a gamma 

distribution (Eq. 3.1) where kθ represents the average diffusivity and kθ2 is the variance59,125. 

      !
!(!)

𝛾 𝑘, !
!

             (Eq. 3.1)                           
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This can also be represented as the probability density function, which overlays the diffusion 

coefficient histogram well (Fig 3.4). Additionally, we determine the percentage of mobile 

particles from the total particles observed. With this analysis, we have measures comparable to 

the standard bilayer diffusivity method of fluorescence recovery after photobleaching (FRAP). 

To ensure our results for the bleb bilayers were reliable, we compared results of single molecule 

tracking analysis with FRAP results for a peripheral protein probe. 

 

Figure 3.4. Diffusion coefficient histograms and β-plots for GPI-YFP and P2X2-Neon in bleb bilayers. Diffusion 
coefficients of membrane proteins are shown for GPI-YFP and P2X2-Neon compiled from several tracking videos. 
Each distribution was fit to a gamma distribution from which average diffusivities and standard deviations were 
found (left). Mobile fractions were calculated as the fraction of trajectories meeting a mobility criterion described in 
the text. Plots of β vs. diffusivity quantify the type of motion associated with each trajectory (right). 
 

In initial control experiments, we tracked protein diffusion in uncushioned POPC bilayers. 

P2X2-Neon was completely immobile in an uncushioned POPC bilayer, while GPI-YFP was 

96% mobile. Next, we carried out trajectory analysis for bleb bilayers with either GPI-YFP or 

0

20

40

60

80

100

0.0 0.5 1.0 1.5 2.0 2.5 3.0

# 
of

 T
ra

je
ct

or
ie

s 

Diffusivity (µm2/s) 

0

10

20

30

0.0 0.5 1.0 1.5 2.0 2.5 3.0

# 
of

 T
ra

je
ct

or
ie

s 

Diffusivity (µm2/s) 

Diffusivity = 0.54 µm2/s 
Stdev. = 0.47 µm2/s 

M.F. = 0.90 

Diffusivity = 0.27 µm2/s 
Stdev. = 0.30 µm2/s 

M.F. = 0.53 

P2
x2

-N
eo

n 
G

PI
-Y

FP
 

0.0

0.2

0.4

0.6

0.8

1.0

0.0 1.0 2.0 3.0

β 

Diffusivity (µm2/s) 

0.0

0.2

0.4

0.6

0.8

1.0

0.0 0.5 1.0 1.5

β 

Diffusivity (µm2/s) 



 

84 

P2X2-Neon to characterize the diffusion of these membrane proteins in cushioned POPC-PEG5k 

bleb bilayers. Figure 4 shows the histograms of diffusion coefficients for both proteins as well as 

plots of the corresponding mobility parameters. For both proteins, more than half were mobile, 

with GPI-YFP proteins at 90% mobility while P2X2-Neon was 53% mobile, verifying the 

critical requirement of the PEG cushion for providing enough space for the P2X2-Neon 

extramembranous domains. GPI-YFP had an average diffusion coefficient of 0.75 µm2/s while 

P2X2-Neon was 0.51 µm2/s.  

According to the Saffman-Delbrück approximation, which has been upheld by recent 

literature on membrane protein diffusivity in black lipid membranes233 and giant unilamellar 

vesicles234, the diffusion coefficient scales inversely proportional to the logarithm of the 

membrane-embedded radius of the protein. As expected, the P2X2-Neon protein diffused slower 

than GPI-YFP because of its significant transmembrane domains that increase its drag235. 

Particularly, the radius of GPI-YFP is approximately 0.4 nm while P2X2-Neon is 3.3 nm from 

the crystal structure of P2X4225, so the predicted diffusivity ratio between GPI and P2X2 from 

Saffman-Delbrück (using approximate parameters from Ramadurai et al234) is about 1.46, 

matching very closely to the ratio of the diffusivities we found here of 1.47. It is important to 

note that diffusivity measurements vary with the system being used and components included in 

the membrane so absolute values may differ, but our results still fall within the expected range 

from 0.01 – 1 μm2/s based on similar measurements reported in literature130,131,236. 

In POPC-PEG5k supported lipid bilayers, we found R18 diffused at 0.41 ± 0.14 µm2/s via 

FRAP experiments. R18 is typically a slow diffusing probe with between 1/3 to 1/10 the 

diffusivity of other membrane lipid probes237,238. When cell material from blebs is present in the 

cushioned bilayer, R18 diffusion is reduced by about 25% to 0.30 ± 0.02 µm2/s. For proteins in 
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bleb bilayers, most β values fall in the range of anomalous subdiffusive behavior with 73% of 

GPI-YFP and 87% of P2X2-Neon trajectories having β values less than 0.4. Thus the additional 

material in the bilayer delivered during bleb rupture impacts diffusion of both protein and lipid 

probes. It is expected that the diffusion would be slowed and present confined behavior in a bleb 

bilayer compared with a purely artificial membrane because of the presence of a variety of 

membrane heterogeneities. 

 The spread in b values from the SPT experiments indicate that heterogeneities exist. These 

may result from unruptured vesicles; membrane heterogeneity (e.g., domains of differing 

compositions); and immobilized or cross-linked proteins. Each of these factors influences the 

diffusion of species in the membrane. Unruptured vesicles prevent bilayer formation at their 

location, creating voids in the SLB. These voids reduce the total free area the probes have to 

diffuse around, thus leading to subdiffusive behavior. We believe that this effect is minor given 

the uniform spread of R18 dye in the bleb bilayer and the near full recovery in fluorescence 

following photobleaching as observed by florescence microscopy.  

Membrane heterogeneity can arise if there are patches of plasma membrane not well mixed 

with the surrounding lipid bilayer, which could reduce diffusion due to different local viscosities. 

Alternatively, membrane heterogeneity could arise from the non-uniform distribution of PEG 

resulting in cushioned bilayer domains and uncushioned domains139.  Both of these situations 

could explain the confined, subdiffusive protein diffusion we observe. However, because the GPI 

protein also shows a significant anomalous diffusive behavior with a very high mobile fraction, 

and they are located predominantly in the upper leaflet (details provided in later section), we 

believe that the more likely cause of the confinement is due to the heterogeneity of the plasma 

membrane itself. Studies of membrane protein diffusivity in cell membranes show that a large 
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fraction of proteins, usually more than half, show confined motion239, thus this critical feature of 

“real” cell membranes appears to be preserved in this platform, even though it is “diluted” with 

extra lipid material from the fusogenic liposomes. 

Protein immobilization results when the extramembranous parts of the protein come into 

contact with the underlying support, as observed when non-PEGylated fusogenic vesicles are 

used to rupture blebs on the support. We note that the PEG cushion that should result from the 

PEGylated fusogenic vesicle formulation used here is expected to be on the order of ~ 6 nm, 

based on deGennes’ theory138. The neon green label of the P2X2 on the cytosolic side is about 4 

nm long. On the other side of the membrane, the extramembranous P2X2 loop extends 7 nm.  

With protein oriented such that the neon green label is between the bilayer and substrate it is 

possible that some proteins are not fully fluidized and still able to interact with the glass surface; 

however, if the proteins are inverted in the bilayer, the much larger extracellular domain would 

contact the support and the P2X2 receptor would not be fluidized at all. While it is appealing to 

consider using higher molecular weight PEGs to accommodate larger proteins, we note that 

increasing the PEG length too much can reduce the fusogenicity of the vesicles and may also 

protrude past the protein and possibly hinder its interaction with extracellular species. To rule out 

protein inversion as a significant cause of immobilization, we conducted experiments to 

determine the orientation of proteins in the SLB derived from cell blebs (next section). We 

should point out that any immobile protein obstacles will act as barriers that hinder the free 

diffusion process as well as a give a hydrodynamic penalty, also leading to anomalous diffusion 

behavior we observe. A final possibility to consider is that some of the proteins are cross-linked 

together by the blebbing chemicals. We also investigated this possibility and report our findings 

in a later section. 
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3.3.3. Orientation of Membrane Proteins in Blebs and SLBs 

Determining the orientation of membrane proteins in our system is useful in two ways. First, 

if there is little leaflet scrambling during the rupture process, one could imagine designing 

experiments based on probing either the extracellular or cytosolic side of the plasma membrane, 

increasing the value of the this system as a cell membrane mimic. Second, this information can 

help us characterize the protein diffusion in the bilayer system and determine the extent to which 

extramembrane domain interaction with the support could be playing a role.  

The vesicle rupture process is still not well understood. There are several theories on the 

mechanism of bilayer formation from lipid vesicles. Two important implications, the 

directionality and degree of lipid scrambling in the bilayer, are controversial. Because the rupture 

process is not known, it follows that the orientation of membrane proteins in the bleb SLB after 

rupture is also unknown. Here, we determine orientation in blebs and resulting bleb bilayers as a 

first step toward characterization of the blebbing process and the vesicle rupture mechanism. We 

expect the orientation of proteins in blebs to be the same as in the cell membrane because blebs 

arise as outward protrusions of the cell membrane, encapsulating cytosol in their lumen217. To 

verify this, we adsorbed blebs to glass slides prior to addition of enzymes to cleave accessible 

protein domains in a manner similar to the fluorescence protease protection assay described by 

Lorenz et al240. Protein domains on the outside of the blebs are accessible, while luminal domains 

are inaccessible to the enzymes. For GPI-YFP, Proteinase K was added which will cleave any 

accessible protein releasing the YFP from its GPI anchor. Since GPI-linked proteins are 

monotopic peripheral membrane proteins, GPI-YFP will only be cleaved by Proteinase K if it is 

on the outer leaflet of the bleb membrane. For P2X2-neon, we added thrombin, a specific 

protease that can cleave a thrombin cleavage site inserted between P2X2 and the neon fusion 
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protein at the N-terminus of the protein. In both of these cases, a signal drop reports on when 

proteins are cleaved as the fluorescent fusion proteins diffuse out of the TIRF field, and can be 

used to interpret protein orientation. To control for photobleaching effects, we performed side-

by-side experiments without enzyme. 

A significant drop in signal of 74% was observed for GPI-YFP blebs (99.9% confidence 

compared to control), but no significant change in signal was detected for P2X2-Neon blebs 

during this 40 minute assay (Fig. 5). This indicates that the GPI-YFP proteins are on the surface 

of the blebs. Since the GPI-YFP proteins are located on the outside of the cell membrane this 

means most of the proteins have the same orientation in the blebs. The thrombin site on the 

P2X2-Neon protein is inaccessible in the blebs, indicating it is in the lumen, matching its 

cytosolic location in cells. Bleb orientation indeed mimics orientation in the cell membrane for 

both of these proteins, as expected.  

To determine the final orientation of proteins in our SLBs, we used the same enzymatic 

assays on bleb SLBs. In this case, the enzymes cannot access protein domains that are 

underneath the bilayer. GPI-YFP signal dropped for almost all particles at the first time point 

after addition of enzyme. The percent change of 95% was significantly different than a control 

without enzyme to 99.9% confidence. P2X2 signal did not change appreciably compared to 

control, although in both control and enzyme tests, a slow signal drop over the time course of the 

experiment was observed. This drop may be attributed to photobleaching, as a similar drop was 

observed in all control experiments. 

Because the result for P2X2 was derived from a lack of significant change in particle counts 

after addition of thrombin, we performed an additional control to verify thrombin activity. 

Following a similar procedure for scrambling proteoliposomes presented by Pace et al216 we 
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found that thrombin could cleave the neon fusion protein off of the P2X2 protein constructs in a 

population of P2X2 proteins in bilayers created from scrambled blebs. We attribute this 

population as having the inverted orientation. The results for the scrambled bleb experiment can 

be found in the Supporting Information. 

Figure 3.5. Determination of protein orientation through fluorescence enzyme accessibility assays. Solid circles 
indicate control experiments; empty circles indicate experiments with enzyme added. Bleb and bilayer orientation 
were determined for GPI-YFP and P2x2-Neon membrane proteins. The signal change in GPI-YFP shows a sharp 
drop after addition of proteinase K with percent change of about 74% for intact blebs and 95% for bilayer. P2X2-
Neon signal after thrombin addition does not change significantly compared to control. GPI-YFP was accessible to 
enzyme in both blebs and bilayers, but the fluorescent N-terminus of P2X2-Neon was not. This indicates that GPI-
YFP is predominantly located in the outer leaflet of the blebs and upper leaflet of the SLB, and P2X2-Neon is 
oriented with its termini extending from the inner leaflet of blebs and large extramembranous loop above the SLB. 

 

For both GPI-YFP and P2X2-Neon, bleb bilayer orientation matches that of the cell and the 

blebs, i.e. the extracellular domains are accessible to the bulk and cytosolic domains are not. We 

conclude that blebs appear to rupture with the luminal sides down towards the glass (see 
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schematic in Fig. 1). This “parachute” mechanism may result in a small patch of the bleb 

inverting where it initially contacts the substrate, but we cannot resolve this with our methods. 

Literature shows that factors that support this mechanism include high surface potential, vesicle 

crowding and vesicle cargo which may play a role in our system. Interestingly, the bleb lumen 

may hold various soluble proteins as cargo which could adsorb to the surface underneath the 

bilayer during rupture. These adsorbed proteins could provide additional passivation of the 

surface and further improve the membrane protein mobility in an analogous manner to Diaz et 

al’s133 BSA passivation layer approach. However, large proteins could also adversely affect the 

bilayer and may be a source of the anomalous diffusion behavior we observe. 

As mentioned above, bilayer formation is an unclear process and while both of these 

membrane proteins demonstrated the same orientation after rupture, it may not be the case for all 

membrane proteins or for bleb lipids. We performed an antibody binding experiment on an 

endogenous transferrin receptor protein in our bleb bilayers and found that it too displayed 

outward-up orientation, though we could not quantify the extent using the antibody binding 

approach alone. This data further supports the parachute mechanism (see Supporting Information 

for additional experimental details). Importantly, this experiment also shows that the PEG 

cushion does not prevent binding of ligands to membrane proteins. Additional experiments are 

required to determine the orientation of other bleb constituents, particularly lipids, and the 

destination of luminal cargo molecules, to develop a more complete picture of the rupture 

process. However these studies are not as straightforward to carry out and interpret due to 

experimental limitations, and thus are beyond the scope of this work. 
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3.3.4 Effect of chemically induced blebbing on protein mobility in SLBs 

Production of cell membrane blebs using chemical induction is an established technique 

for harvesting and studying membrane proteins in vesicles241–243. However for their use in SLBs it 

is important to ensure the chemicals used for blebbing do not adversely affect the protein quality 

particularly in a sensitive application such as tracking mobility. Formaldehyde (FA) (at 4%) is a 

typical non-specific cross-linking reagent, and dithiothreitol (DTT) may reduce disulfides and 

palmitoylated cysteines, which may lead to differences in phase partitioning53,94. Additionally, 

chemical treatment has been found to alter the phase behavior and even compositions of bleb 

membranes103. Thus, to test the effect of chemical induction on bleb bilayer quality, we prepared 

YFP-GPI bleb bilayers using three different bleb preparation conditions: serum-starved (i.e. 

chemical-free) blebbing; standard chemical induction at 0.075% FA (2mM DTT, 25mM FA); 

and high chemical induction at 1.5% FA (40mM DTT, 500mM FA) (Table 1). The amount of 

formaldehyde at the high chemical induction case is still much less than the 4% used for a 

standard fixation protocol, but still may be enough to cause some localized crosslinking244,245 and 

a commensurate reduction in protein mobility due to increased size. 

Table 3.1. Comparison of GPI-YFP protein mobility and diffusivity in bleb bilayers for three different bleb 
induction processes: chemical-free blebbing, 25mM FA 2mM DTT chemical induction (0.075% FA), and 500mM 
FA 40mM DTT (1.5% FA) chemical induction from HeLa cells. Trajectories are grouped by diffusional modes as 
either: confined, quasi-free or convective. 
 

Confined (β < 0.4) Pseudonormal (0.4<β<0.6) Convective (0.6<β) 

Treatment % Mobile % of 
Trajectories 

Diffusivity 
(μm2/s) 

% of 
Trajectories 

Diffusivity 
(μm2/s) 

% of 
Trajectories 

Diffusivity 
(μm2/s) 

GPI-YFP 
Serum Starved 

(0% FA) 
72 84.7 0.54 14.0 0.73 1.3 1.02 

GPI-YFP 
25mM FA 2mM 
DTT (0.075% 

FA) 

95 75.7 0.69 22.9 0.97 1.4 1.26 

GPI-YFP 
500mM FA 
40mM DTT 
(1.5% FA) 

70 83.5 0.55 16.1 0.80 0.4 1.34 
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The 0.075% FA condition resulted in a bleb bilayer with very high protein mobility at 95%. 

Interestingly, both the 0% and 1.5% FA conditions resulted in bilayers with protein mobility 

around 70%. In the 0.075% FA case, the highest percentage of quasi-freely diffusing proteins 

(0.4 ≤ β ≤ 0.6) was found at 23% vs. 14% and 16% for 0% FA and 1.5% FA blebs, respectively. 

The diffusion coefficient for GPI-YFP proteins in the pseudo-normal regime was found to be 

0.97 μm2/s for the standard 0.075% FA chemically-induced blebs, slightly higher than that of the 

other two cases as well (0.73 μm2/s for chemical-free and 0.80 μm2/s for 1.5% FA). Similarly, 

the diffusivity of the confined proteins in the standard chemical case was highest at 0.69 μm2/s as 

compared to 0.54 μm2/s for chemical-free and 0.55 μm2/s for 1.5% FA chemical induction. In all 

cases, there was only a very small fraction (<2%) of proteins showing convective or directed 

motion, potentially reflective of capturing late rupturing blebs, bilayer reorganization or rare 

unruptured blebs rolling on the surface. 

The mobility trend for the 1.5% FA case can be explained as a result of some crosslinking of 

membrane species causing diffusion barriers or even crosslinking of some YFP-GPI reporter 

proteins. For the chemical-free case, one plausible explanation for the lower mobile fraction and 

slightly lower diffusivity is the presence of more unruptured blebs. If the blebs do not fuse into 

the bilayer, then the proteins within them are immobilized, and the blebs themselves act as 

barriers to diffusion in the SLB. We hypothesize that blebs formed from serum starving may not 

be as fusogenic as chemically-induced blebs as a result of their formation process. It is possible 

that the mechanism of formation is different when not chemically induced, resulting in changes 

in bleb composition and size. Evidence to support that bleb formation could be different 

depending on the inducing method comes from light scattering measurements that show 

chemical-free blebs are smaller, with a peak size of about 125 nm, compared to about 200 nm for 
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chemically-induced blebs (see Supporting Information). We note that while the mobile fractions 

from the chemical-free blebs are not as high as those from the standard chemically-induced blebs 

(0.075% FA); they are still high enough to deliver protein to bilayers when blebbing chemicals 

could adversely affect the experiment. In conclusion, using the 0.075% FA blebbing formulation 

does not appear to crosslink proteins or adversely affect membrane protein diffusivity in the final 

bleb bilayers. We would like to point out that alternative bleb preparations exist, e.g. N-ethyl 

maleimide (NEM), but examining them thoroughly is beyond the scope of this work. Future 

studies will report on these results. 

 

3.4 CONCLUSION 

The membrane protein platform described here using cell blebs to deliver species directly to 

a supported lipid bilayer is widely-applicable to the study of membrane proteins derived from 

various mammalian cell hosts, and to membrane spanning proteins as well as peripheral proteins. 

In this work, we addressed several of the chief concerns of membrane protein incorporation into 

SLBs – the immobilizing interactions of the extramembranous domains of the proteins with the 

support and maintaining protein orientation. Our use of PEGylated lipids in the rupture vesicles 

provided enough of a cushion to retain mobility for greater than 50% of the multi-pass 

transmembrane proteins tested. However, this particular cushion may not be universal for all 

proteins and we are currently testing modified cushions to further improve this technique. 

Tethered cushions may provide more even spacing at the cost of some additional bilayer 

resistance125. Including a passivation layer on the glass surface may also improve the mobile 

fraction by preventing irreversible binding of membrane proteins133.  Many other cushioning 

options exist and deserve further study130,131,246,247. 
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The techniques for single particle tracking and theory for membrane protein dynamics have 

seen much development recently. Until now, most of the work has been performed either on 

simplified model probes in artificial membranes or with difficult to interpret cell-based 

measurements of real membrane proteins. This platform enables a crossover of the two methods, 

bringing membrane proteins to the artificial membrane system and opening up a new avenue of 

study using planar characterization tools. To our knowledge, this is the first planar bilayer 

platform to demonstrate mobility and proper orientation of a truly integral transmembrane 

protein of this size, derived directly from cell source without reconstitution. 

The cushioned bleb bilayer provides a simple way to build more biological complexity into 

the supported lipid bilayer model membrane system and addresses the key challenge of 

membrane protein reconstitution. This promotes the use of the rich SLB and SPT toolset to 

answer important elusive questions about membrane proteins. While the focus of this work was 

to characterize the quality of the membrane protein platform by measuring diffusion and 

orientation of proteins, there are many studies in the directions of fundamental protein function 

and biosensing applications that could benefit from using this platform. For example, combining 

this technology with bilayer patterning and other surface assays, it may be possible to reveal 

information about membrane protein compartmentalization, interactions with lipid rafts and 

proteins, oligomeric state kinetics248 and other stochastic level dynamic processes due to the 

capabilities of SPT methods. We foresee use of this platform as a backbone to enable modular 

on-chip assays for membrane proteins. For example, after bleb bilayer formation, proteins could 

be separated by charge177, separated by lipid phase affinity206, or screened for binding interactions 

with drug candidates207. 
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CHAPTER 4 
 
 
A MOLECULAR COMPLETE PLANAR BACTERIAL OUTER MEMBRANE PLATFORM 

 
 
4.1 INTRODUCTION 
 

The bacterial outer membrane (OM) is a distinctive feature of gram-negative bacteria250,251. It 

forms a semi-permeable barrier that protects the bacterium from environmental attack, allows 

essential nutrients to cross the membrane to sustain life, and plays a major role in the virulence 

of pathogenic bacteria. The ability of the OM to prevent the entry of many antibacterial agents, 

especially hydrophobic compounds, is closely related to its structure. The OM is highly 

asymmetric, with the outer leaflet mainly composed of lipopolysaccharides (LPS) and the inner 

leaflet consisting of phospholipids252,253. The tightly packed LPS molecules on the outer leaflet 

give the bacteria structural integrity and form a stable barrier that resists antibacterial 

penetration250,254. In addition to the lipid content of the OM, proteins embedded in this membrane 

also play important biological functions, such as omptins (e.g., ompA) that facilitate signal 

transduction through the cell envelope255 and pore-forming toxins (e.g., ClyA) in the OM that 

perforate and disrupt host cells256. The importance of the OM in these and other important 

biological processes urges the development of tools to (1) understand fundamental biological 

events occurring in the OM257, and (2) study the action of new antibacterial drugs against OM 

components258,259. 

To circumvent the experimental complexity imposed by in vivo systems, we developed a 

versatile model system to study bacterial outer membrane molecules in a convenient planar 

geometry that is compatible with many bioanalytical techniques and high throughput 

microfluidic devices. Supported lipid bilayers (SLBs), are thin planar bilayers that self-assemble 
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during lipid vesicle rupture near a hydrophilic surface260,261, and are one of the most commonly 

used model systems to study cell membranes262. First, SLBs closely resemble cell membranes 

with the ability to protect the hydrophobic portion of membrane species to preserve their 

structure and functionality. Second, SLBs are amenable to surface sensing techniques and 

imaging tools due to their planar geometry, enabling studies of fundamental biological 

interactions between lipid-lipid, lipid-protein170, and pathogen-host36,118,120,261.  

Unfortunately, developing a SLB platform that closely mimics the bacterial OM environment 

is a challenging task for two main reasons. First, it is difficult for negatively charged LPS to 

undergo vesicle fusion on a bare glass to become a planar sheet. Several strategies have been 

reported in literature to overcome this obstacle; such as depositing LPS monolayer on 

alkanethiol-linked gold surface263, or inducing LPS vesicle fusion on positively charged polymer 

polyethylenimine (PEI) supports264. However, these approaches employ surface modification to 

facilitate the formation of LPS monolayer/bilayer, which may result in artifacts due to the strong 

electrostatic/hydrophobic interactions between the modified interface and LPS layer. Alternative 

methods extract lipid materials from bacterial membranes and reconstitute them into vesicles and 

supported bilayers119,265,266. As a result, these supported bilayers contain a mixture of outer and 

inner membrane components with no native proteins incorporated. Detergent reconstitution 

methods are commonly used to generate proteoliposomes, but they may induce denaturation of 

membrane proteins and loss of function. Finally, cell disruption methods and fractionation of 

resultant proteoliposomes with sucrose gradients has been used to isolate bacterial inner 

membrane vesicles and form planar bilayers267. In the end, reconstitution methods of any kind 

highlighted here result in loss of asymmetry of the membrane, which is an important feature of 

the OM. Hence, we sought to develop a simple and detergent-free method to incorporate 
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molecularly complete OMs (i.e., containing lipids, LPS, and proteins) into a supported bilayer 

platform that preserves native asymmetry.  

Our approach for creating an OM-mimetic supported bilayer (OM-SB) involves bacterial 

outer membrane vesicles (OMVs) as the source of OM materials.  OMVs are nano-scale 

vesicles naturally secreted from gram-negative bacteria268. OMVs form during cell growth as the 

OM blebs outward and pinches off resulting in ~20 - 250 nm spheres of OM containing 

membrane-bound proteins and soluble periplasmic components trapped in their lumens268,269. 

Hence, the composition of OMVs reflects components of the OM and periplasm, for example, 

soluble proteins, OM proteins, and LPS. OMVs have been linked to a number of important 

biological processes such as envelope stress270, virulence271–273 and removal of antibacterial 

compounds 274–277. 

In this study, we created an OM-mimic platform by inducing OMVs to rupture into planar 

supported bilayers on glass/SiO2 supports. Unlike pure liposomes, OMVs are difficult to convert 

into supported bilayers via spontaneous vesicle fusion due to their high LPS and OM protein 

content197.  To induce OMVs to fuse, we adapted a method reported previously by our group to 

form proteinaceous bilayers from mammalian cell blebs249. The resulting OM-SBs were studied 

in detail, including bilayer property characterization, protein orientation, and an investigation of 

bilayer formation kinetics using several surface-sensitive techniques: total internal reflection 

fluorescence microscopy, fluorescence recovery after photobleaching (FRAP), and quartz crystal 

microbalance with dissipation (QCM-D). Furthermore, we demonstrate using QCM-D that OM-

SBs facilitate the evaluation of antibacterial drugs by providing details on mechanical property 

changes of membranes upon peptide-OM interactions. Using the OM-SB, we probed the 

antibacterial mechanism of polymyxin B (PMB), a cyclic cationic peptide used for treating gram-



 

99 

negative bacterial infection and endotoxin. The action of PMB on OM-SB was monitored using 

QCM-D in real time, and the data was subsequently fit to a theoretical model to quantify the 

change in mass and viscoelastic properties of OM-SB upon interaction with PMB. Based on the 

results, we validated that PMB interacts with the OM-SB following a mechanism of action that 

has been reported in literature 278, supporting that the OM-SB is a suitable mimic of the bacterial 

membrane surface. However, with QCM-D, additional information can be learned about the 

changes in bacterial membrane properties (e.g., thickness, viscosity, shear modulus) upon 

peptide interaction, which we illustrate and report here for PMB. These mechanical properties 

are important for understanding how the outer membrane is compromised as a first protective 

layer preceding bacterial inner membrane failure. To our knowledge, this work outlines the only 

approach to construct a molecularly complete planar bacteria outer membrane (lipids, LPS, 

proteins, etc.) that preserves the hallmark asymmetry of the structure. By combining OM-SB 

with the appropriate surface sensing techniques, we illustrate the potential of an OM-SB as a 

convenient platform to quantitatively measure antibiotic interactions with bacteria membrane 

surfaces, including disruption kinetics and changes to bacterial membrane properties. Combining 

OM-SB with microfluidic platforms will enable higher throughput screening of compounds 

beneficial for future antibiotic design. Beyond thus, such a complete membrane-scaffold could 

be useful for cell-free studies/applications using expressed membrane proteins in bacterial 

membranes for myriad technological purposes. 

 

4.2 METHODS 

A detailed list of materials and methods used in this study is provided in Appendix A: 

Fluorescence Microscopy, Preparation of Lipid Vesicles for Formation of Supported Lipid 
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Bilayers, PDMS Well Fabrication, Characterization of Diffusion in Supported Lipid Bilayers by 

Flurescence Recovery After Photobleaching (FRAP) and Preparation of glass coverslips used as 

supports for supported bilayers. 

A detailed list of materials and methods used in this study is provided in Appendix B: 

QCM-D modeling to detect adsorbed mass on the quartz sensor, OMV size and surface charge 

characterization, fluorescent labeling of OMVs and liposomes, and Proteinase K susceptibility 

assays for the determination of ClyA-GFP orientation in OM-SB. Other key aspects are 

described next. 

4.2.1 Preparation of bacterial outer membrane vesicles 

OMVs were purified as described in previously published literature279. Briefly, the 

plasmid pClyA-GFP was transformed into the JC8031 hypervesiculating strain of Escherichia 

coli and grown in Luria-Bertani (LB) medium supplemented with chloramphenicol (25 µg/mL) 

at 37˚C280.  Protein expression was induced at an OD600 ~ 0.5 with the addition of L-arabinose 

(0.2% w/v) and allowed to grow for an additional 16 hours. Cells were pelleted at 7500xg for 20 

min at 4˚C and the supernatant was collected and filtered through a 0.02 µm filter. OMVs were 

then isolated from the filtrate via ultracentrifugation at 141,000xg for 3 hours at 4˚C then 

resuspended in fresh buffer composed of 5 mM phosphate buffered saline (PBS) with 150 mM 

NaCl at a pH of 7.4, and stored at -20˚C. OMV protein content was quantified via bicinchoninic 

acid assay (QuantiPro BCA Assay; Sigma) using a BSA protein standard (Sigma). 

4.2.2 Quartz crystal microbalance with dissipation monitoring 

QCM-D was used to quantify the kinetics of various supported lipid bilayers formation. This 

technique measures changes of resonance frequency (Δf) and energy dissipation (ΔD) of an oscillating 

piezoelectric quartz crystal, which is driven by an applied AC voltage. The shift of resonance frequency 

(Δf) reflects the change of adsorbed mass on the quartz crystal sensor. The fundamental frequency (5 
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MHz) together with the third (15 MHz), fifth (25 MHz), seventh (35 MHz), ninth (45 MHz), eleventh (55 

MHz) and thirteenth (65 MHz) overtones were generated and recorded during measurements. 

Simultaneously, shifts of energy dissipation (ΔD) were measured, which characterize the viscoelastic 

properties of the adhered layer to the crystal surface. Please see Appendix B for a detailed description of 

QCM-D models, including Sauerbrey Model281,  One-layer Voigt-Voinova model282 and Two-layer 

Voigt-Voinova model282. 

4.2.2.1 QCM-D experimental setups for supported bilayer formation 

All experiments were measured on QCM-D crystals made of silicon dioxide (QSX303, Q-

Sense, Sweden) using a Q-Sense E1 (Q-Sense, Sweden) instrument. Before measurements, 

crystals were cleaned with Milli-Q water and ethanol, and dried with nitrogen gas. Crystals were 

then cleaned in UV-Ozone Procleaner (Bioforce) for 10 minutes to remove any organic 

contamination. Note that although the crystals chosen here are the most similar material to the 

glass slides used in the microscopic experiments, the bilayer formation kinetics observed using 

QCM-D and fluorescent microscopy may be slightly different due to the variance in the 

elemental composition of surfaces. Measurements were taken under flow conditions. Solution 

was pumped into the chamber by Peristaltic pump (Ismatec Reglo Digital M2-2/12, Q-Sense, 

Sweden). The experimental details are provided below for different bilayer formations: 

4.2.3.2 SLB formation on quartz sensors from pure liposomes.  

PBS buffer was pumped into the system at a flow rate of 100 µL/min for 5 minutes to 

collect the baseline of frequency and energy dissipation shifts (i.e. Δf = ΔD = 0) of the crystal 

itself. Afterward, 500 µL of pure liposome solutions were pumped into the flow chamber under 

100 µL/min. Then, PBS buffer was sent through the chamber at 100 µL/min to wash the bilayer 

to achieve stabilized final frequency and dissipation shifts. 
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4.2.2.3 OM-SB formation on quartz sensors 

PBS buffer was pumped into the system at a flow rate of 100 µL/min for 5 min. Thereafter, 

500 µL OMVs solutions were sent into the flow chamber under 100 µL/min. The solutions were 

circulated in the system until desired values of Δf and ΔD were reached. Then the system was 

rinsed with PBS buffer for 10 minutes to wash out excess OMVs. 500 µL of PEG (5k) 0.5% 

DOPC liposome solution was then pumped into the flow chamber under 100 µL/min until Δf and 

ΔD reached steady state. PBS buffer was then sent through the system to wash the bilayer to 

achieve stabilized final frequency and dissipation shifts. 

After measurements, the system was rinsed with 0.1% sodium dodecyl sulfate (SDS) 

solution, Milli-Q water and ethanol to ensure the removal of any residual materials prior to the 

next experiment. Air was pumped through to dry the tubing and the flow chamber. The crystal 

was removed and cleaned by UV-Ozone for 20 minutes and sonicated for 2 hours at 40 °C. 

4.2.2.4 Peptide interaction with OM-SB on quartz sensor 

To prepare peptide solutions, Polymyxin B sulfate salt (Sigma) was dissolved in PBS buffer 

at the concentrations of 0.1 mg/ml.  Following the formation of OM-SB, peptide solution at 

desired concentration was added in the system. The solution was flown until the signals 

stabilized (~ 1hr), and replaced with a buffer rinse to achieve final stable values of frequency and 

dissipation (~ 30 min). The flow rate was set to 100 µL/min throughout all experiments. 

To better understand the action of polymyxin B on OM-SBs, normalized changes of 

frequency and dissipation at various overtones (3rd, 5th, ..., 13th) upon addition of peptide solution 

were monitored and fit to a two-layer Voigt-Voinova viscoelastic model. Signals of fundamental 

resonance, i.e. F1 and D1, were discarded since they are rather unstable due to edge effects.283 
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4.2.3 Preparation of lipid vesicles  

The lipids used in this study were DOPC (1,2-dioleoyl-sn-glycero-3-phosphocholine) and 

PEG (5K) - PE (1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-[methoxy(polyethylene 

glycol)-5000]). Both lipids were purchased from Avanti Polar Lipids (Alabaster, AL). The 

composition of lipids used was: 0.5 mol% PEG(5K)-PE with 99.5 mol% DOPC. This 

composition was chosen so that the PEG would exist at (or below when mixed with OMVs) the 

mushroom-to-brush transition in the final bilayers to minimize interference with bacterial 

components and binding of peptides in later experiments284. The extension of the PEG chain at 

this composition is approximately 5 nm.134 Lipids were dissolved and mixed in chloroform. 

Chloroform was dried under high purity nitrogen gas and samples were subsequently placed in a 

vacuum desiccator overnight to drive off any remaining chloroform. Lipid films were rehydrated 

in PBS buffer to a final concentration of 2 mg/ml. Lipid solutions were extruded 15 times 

through a polycarbonate filter (Whatman Nucleopore) with 50 nm pore size and sonicated 20 

min before use. 

 

4.3 RESULTS AND DISCUSSION 

4.3.1 Formation of OM-SB from OMVs 

To induce OMVs to fuse to a glass surface, we modified a procedure reported previously by 

our group for the formation of proteinaceous bilayers from mammalian cell blebs219,249. This 

involved first adsorbing OMVs onto the glass followed by addition of PEG (polyethylene 

glycol)-liposomes to the system to catalyze OMV rupture. PEG-liposomes used here are 

composed of pure DOPC phospholipids mixed with a small fraction of PEGylated PE lipids 

containing PEG chains attached on their headgroups. There are several reasons for using PEG-
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attached liposomes. First, PEG cushion underneath the membrane can increase the limited 

aqueous space between the substrate and the lipid bilayer. The expansion of the water gap in 

between the bilayer and the support has been suggested to protect transmembrane proteins from 

denaturing during contact with the substrate and further preserves their functionality,130 which 

promotes the potential use of OM-SBs for bacterial OM protein studies. Second, PEG is a 

hydrophilic polymer and thus closely mimics the hydrophilic structures of carbohydrates 

attached on lipid headgroups in the OM, such as sugar moieties linked to lipid A molecules.  

To visualize the formation of OM-SB, we used fluorescence microscopy. OMVs were first 

labeled with R18, a lipophilic dye that intercalates into membranes. OMV solution was diluted to 

desired concentration in PBS. 50-100 μL labeled OMVs were incubated on a glass slide in a 

PDMS well for 15-20 minutes. OMVs adsorbed to the glass support observable as punctuate 

bright spots in the top image of Figure 4.1a. Following adsorption, excess OMVs in the bulk 

solution were removed by rinsing the well with PBS buffer. OMVs adsorbed on the surface did 

not fuse and rupture into supported bilayers on their own. The immobility of lipids confirmed 

that bilayers were not formed at this stage (further confirmed by FRAP and QCM-D, discussed 

later). 

To induce the OMVs to rupture, 50 -100 μL of PEG-liposomes were added to the PDMS 

well. The rapid formation of SLBs from PEG-liposomes in between the adsorbed OMVs 

catalyzed OMV rupture, most likely due to high edge energies of the SLB patches colliding with 

the adsorbed OMVs. The image series in Figure 4.1a shows that the bright punctuate spots 

originally confined to the adsorbed OMVs had spread throughout the surface uniformly at this 

stage. Diffusion of R18 originating from the membranes of OMVs into the newly formed PEG-

SLBs confirmed the rupture of OMVs.  
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4.4.2 Acoustic property changes during planar bilayer formation  

Quartz crystal microbalance with dissipation (QCM-D) is a technique that measures 

adsorbed mass to surfaces by tracking the change in resonance frequencies of the surface that is 

oscillated via piezoelectric excitation. Additionally, the dissipation feature measures the ability 

of the adsorbed material to dissipate acoustic energy, which can then be correlated to film 

stiffness. Figure 4.1b shows typical QCM-D frequency and dissipation responses and the 

corresponding mass curve of the OM-SBs formation process. First, OMV solution was sent to 

the chamber where OMVs gradually adsorbed on the QCM sensor, as indicated by the reduction 

in frequency and increase in dissipation. The amount of OMVs adsorbed depends on the length 

of time the solution is exposed to the sensor surface and the concentration of OMVs in the 

solution. A more detailed discussion of OMVs adsorption kinetics is provided in supplemental 

information. After the desired amount of adsorbed OMVs was achieved, PBS buffer was pumped 

in the chamber to rinse out unattached OMVs from the chamber. Buffer was then replaced by 

PEG-liposomes solution to induce OMV rupture. The frequency and dissipation changes that 

occur following the liposome solution support that OMVs ruptured upon the addition of PEG-

liposomes, as observed previously monitoring R18 spread. After the frequency and dissipation 

shifts reached plateaus, PBS buffer rinsed out excess PEG- liposomes. Note that the final 

frequency was higher and dissipation was lower than the values before the addition of PEG-

liposomes, indicating that not only PEG-liposomes form SLBs, but OMVs also rupture in the 

process.  
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Figure 4.1. (a) The microscopy images showing the formation process of OM-SBs. OMVs were labeled with 
lipophilic fluorophore, R18, and PEG-liposomes were devoid of fluorescence. The dark lines in the images are 
scratches intentionally made to find the focal plane of bilayer. Intact OMVs labeled with R18 first adsorbed on the 
glass substrate, corresponding to step 2 in Fig. 1b. After the addition of PEG-liposomes, OMVs were induced to 
rupture (step 3), which resulted in the diffusion of R18 fluorophores from OMVs to newly formed bilayers (Fig. 1b, 
step 3). The uniform distribution of the fluorescence indicated the contiguous nature of the OM-SB as well as the 
mobility of the R18 within it (step 4). The images were all taken under 40x magnification. (b) Typical QCM-D 
curves showing the formation process of OM-SB. After initial PBS buffer baselines were achieved (0), OMVs were 
flowed into the chamber and adsorbed on the sensor (1). This step was followed by a PBS buffer rinse to remove 
excess OMVs not absorbed to the surface (2). PEG-liposomes were then sent into the system (3), which formed SLB 
patches and induced adsorbed OMV rupture. A final buffer rinse was made to remove any excess amount of vesicles 
from the system (4). (c) Frequency and dissipation signals were converted to adhered mass values, as shown in the 
lower plot. Changes in the mass on the surface along the formation process were determined using the one-layer 
Voigt-Voinova model (Appendix B).  
 

4.3.3 Diffusivity and mobility of OM-SBs.  

To further assess the mobility of OM-SBs, fluorescence recovery after photobleaching 

(FRAP) was used to measure two-dimensional diffusivity of the supported bilayers. Sample 

preparation and data analysis were performed as described in the Appendix A. Three types of 
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samples were prepared: adsorbed OMVs (before rupture), formed OM-SB, and DOPC with 0.5% 

PEG(5K)-PE SLBs (PEG-SLB). All of the samples were labeled with R18 for performing FRAP 

experiments.  

As shown in Figure 4.2 (a), Sample A contained only intact OMVs and the photobleached 

spot did not recover at all after five minutes. The result was expected since fluorophores are not 

diffusive across adsorbed, unruptured OMVs. Sample B and Sample C were OM-SB and PEG-

SLB, respectively. The diffusivities of sample B and C were around 0.4 µm2/s and 0.5 µm2/s 

respectively. The mobile fractions were both near one, suggesting that lipid mixing between the 

PEG-SLB and OM-SB was complete. 
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Figure 4.2. (a) Microscopic images of fluorescence recovery after photobleaching. (A): Intact OMVs labeled with 
R18. (B): OM-SBs labeled with R18. (C): DOPC with 0.5 mol% PEG(5K)-PE SLBs labeled with R18. The bar 
graph summarizes the diffusivities of these three types of supported bilayers. Note that due to the immobility of 
Sample A, no diffusivity could be determined. (b) Microscopic images of OM-SB expressing ClyA-GFP before (A) 
and after (B) Proteinase K treatment. The intensity of the punctate spots was abolished dramatically after the 
addition of proteinase K, which indicates that the majority of ClyA-GFP face up toward the bulk solution and that 
the orientation of the SB is the same as the OMV and bacterial cell. The bar graph below summarizes the densities 
of bright spots in the images. Multiple runs (n>3) were performed to obtain bilayer diffusivities and particle 
numbers.   
 
4.3.4 Orientation of OM-SBs  

One of the motivations for developing an OM-SB is to use the resulting bilayers as mimics 

for the bacterial OM. Thus, it was imperative to determine the orientation of the resulting bilayer 

after rupture. This characterization is easily carried out using a green fluorescent protein (GFP)-

based fusion protein expressed in the OMVs. Previously, we demonstrated that OMVs can be 

engineered to display recombinant proteins on their exterior by leveraging the vesicle-associated 

hemolysin ClyA as a carrier molecule285. Specifically, a genetic fusion between ClyA and GFP 

(ClyA-GFP) was expressed in hypervesiculating in E. coli cells and observed to localize in 

OMVs with GFP facing the external solution279.  

To determine whether ClyA-GFP in OMVs became incorporated in OM-SB and oriented 

with extracellular side facing toward the bulk, proteinase K (PK) susceptibility experiments were 

performed on OM-SB derived from ClyA-GFP-containing OMVs in the following way. Upon 

exposure to PK, if the GFP proteins were oriented toward the bulk, they would be digested by 

PK and the fluorescence signal would be abolished. Otherwise the GFP would be protected 

beneath the lipid bilayer and resistant to PK treatment285. Figure 4.2(b) is the fluorescence 

microscopy of OM-SB derived from OMVs containing ClyA-GFP under 40x magnification, 

where the bright spots are the fluorescence signals from GFP. These images were analyzed using 

MATLAB (Mathworks) and ImageJ (NIH) for particle number counting. A home-based program 

was used to determine particle locations and numbers based on pixel clusters that meet an 
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intensity cutoff36. We used a fixed particle size in the model, so any larger fluorescent spot, i.e. 

vesicle aggregation or clusters, will be counted as multiple particles depending on the surface 

area.    

Before incubation PK with the OM-SB sample, there were 313 ± 10 particles in a 1,600 𝜇𝑚! 

bilayer area (area shown in Figure 4.2(b)). After the treatment of PK, the majority of the signals 

are eliminated, and the number of the punctate spots dropped to 15 ± 7 particles.  The result 

suggests that greater than 95% of the GFP were oriented facing the bulk phase and 

proteolytically digested by PK in the solution. This protein orientation reflects that in the intact 

bacterial OM, as well as the orientation in the bacterial membrane itself. Note that the OM-SB in 

this experiment was created from pure DOPC liposomes without any PEG. The replacement was 

made as a precaution to remove the possibility that outward-facing PEG molecules adjacent to 

the bilayer might hamper PK ability to interact with the transmembrane proteins140 and bias the 

results.  

 

4.3.5 Kinetic analysis of adsorbed OMVs to OM-SB transition 

With the ability to control the amount of OMVs adsorbed on the surface, we investigated 

the relationship between the adsorbed amount of OMVs and the quality of the resultant OM-SB; 

that is, the variation in the % of OMVs that rupture overall. A higher OMV rupture percentage 

indicates that fewer OMVs remain intact, which then results in higher OM-SB quality (fewer 

defects), and vice versa. To assess OM-SB quality, we first developed a method to estimate the 

surface coverage of adsorbed OMVs, the theoretical mass of supported bilayers from 100% 

OMVs, and the theoretical mass of OM-SBs. We then applied these analyses to calculate the 

OMV rupture percentage and assess the role of surface coverage on OM-SB quality. 
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Estimation of the surface coverage of OMVs adsorbed on the sensor. To estimate the coverage of 

OMVs on the sensor, we formed a saturated monolayer of adsorbed, intact OMVs on the surface. 

The QCM-D curves in Figure B2 (Appendix B) show the mass at saturation of adsorbed OMVs 

(𝑀!"#$) is approximately 12000 ng/cm2, which represents the maximum mass (jamming mass) 

for random sequential adsorption of OMVs on the surface. A detailed discussion of OMV 

adsorption kinetics is presented in the Appendix B. Thus, the surface coverage of unruptured 

OMVs (𝜃) can be estimated as a function of mass of adsorbed OMVs (𝑀!"), saturation mass of 

adsorbed OMVs (𝑀!"#$) and the jamming limit of spheres on a 2D plane (~54%)286: 

𝜃 =
!"##  !"  !"#$%&'"  !"#$  ( !"

!"!)

!"#$%!"#$%  !"##  !"  !"#$%&'"  !"#$  ( !"
!"!)  

!.!"

= !.!"×!!"
!!"#$

     (4.1) 

Note that the expression shown in eq. (4.1) is only valid under the assumption that the 

acoustic mass from QCM-D (𝑀!" ,𝑀!"#$%) is proportional to the biomolecule mass, i.e. 𝑀!" ∝ 

Number of OMVs adsorbed.  However, the amount of coupled water may change with number 

of OMVs adsorbed and hence the acoustic mass obtained from QCM-D may not truly reflect the 

amount of OMVs adsorbed on the surface. To correct the error caused by the assumption, we 

applied a theoretical model proposed by Bingen et al (2008)287 along with a three-dimensional 

COMSOL Multiphysics model to quantify the variation of solvation at different OMV surface 

coverage  The simulated results can then be implemented to correct the surface coverage 

calculated using eq. (4.1) (Appendix B).  All the calculations below were performed based on 

the corrected OMV surface coverage.  

Estimation of theoretical mass of supported bilayer made only from OMVs. In the next step, we 

estimate the theoretical mass of lipid bilayer composed of 100% of OMVs (OMV-SB). It is not 

feasible to experimentally measure the mass of a pure OMV-SB since OMVs do not readily self-
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assemble into supported bilayers on their own. Assumptions can be made to estimate the mass of 

OMV-SB as follows. The acoustic mass of OMV-SB is composed of the lipid mass, the protein 

mass, and the mass of solvent coupled to them. Kaufmann et al119 reported that the mass of 100 

wt% POPC SLB was 464 ng/cm2 and the mass of a SLB consisting of 90 wt% POPC and 10 

wt% E. coli wild type LPS was 563 ng/cm2. Since bacterial outer membranes contain 

approximately 1:1 of phospholipids to LPS (ratio by weight), we assumed the mass of lipids and 

their coupled solvent was approximately 960 ng/cm2. 

The other contribution in OMV-SB mass is from membrane proteins. OMVs contain 

approximately 9:1 of lipids and proteins by weight, based on the BCA essay and Bradford 

protein assay (data not shown). Therefore we assumed that the mass of membrane proteins and 

their coupled solvents is one tenth of the lipid mass, 96 ng/cm2. Note that we may be slightly 

underestimating the mass of the solvent coupled with membrane proteins here since proteins may 

possess higher amount of solvent than lipids. We then combined both masses and the mass of 

OMV-SB, MOMV-SB, was determined to be 1075 ng /cm2.  

Estimation of theoretical mass of OM-SBs. We then applied the analyses above to estimate the 

theoretical mass of OM-SB, MOM-SB,T, representing the mass of a complete bilayer with all OMVs 

and PEG-liposomes ruptured. MOM-SB,T is composed of the mass of OMV-SB (MOMV-SB) and PEG-

SLB (MPEG-SLB = 722±5 ng/cm2 ) as a function of OMV surface coverage (𝜃) and area correlation 

coefficient κ : 

𝑀!"!!",! = 𝑀!"#!!"×κ𝜃 +𝑀!"#!!"#×(1− κ𝜃)     (4.2) 

κ   = !"#$%&'  !"#!  !"  !"#$"!%&  !"#$
!"#$%&'%(  !"#!  !"  !"#!$%!#&'  !"#$

= !!!!

!!!
= 4   

The coefficient κ illustrates the surface area changes of OM material on the support due to 

bilayer expansion upon vesicle rupture.     
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Calculation of OMV rupture percentage. In the last step, we gathered all the information 

obtained above to calculate OMV rupture percentage. Ideally, if all adsorbed OMVs and PEG-

liposomes ruptured, the experimental mass of OM-SB, MOM-SB,EXP, should be identical to the 

theoretical mass, MOM-SB,T. However, depending on the surface coverage of OMVs (𝜃), some 

amount of OMVs may not rupture, which then makes MOM-SB,EXP different from MOM-SB,T. 

To determine the role of surface coverage of OMVs (𝜃) in shifting the OMV rupture 

percentage, we first analyzed the composition of the experimental mass of the OM-SB, MOM-

SB,EXP as follows: 

𝑀!"!!",!"# = (1− 𝑃)×𝑀!" + κ  𝑃𝜃×𝑀!"#!!" +𝑀!"#!!"#×(1− (1− 𝑃)𝜃 − κ  𝑃𝜃)    (4.3) 

𝑊ℎ𝑒𝑛  𝑃   → 1,𝑀!"!!",!"#   ≅   𝑀!"!!",! 

Where P is OMV rupture percentage. The first term is given by the mass of non-ruptured OMVs. 

The second term is the mass of bilayer from the ruptured OMVs, and the last term indicates the 

mass of bilayer from PEG liposomes. Since all the variables are known except the rupture 

percentage (P), we can calculate its value from equation (4.3).  

Figure 4.3 (a) reports the results of OMV rupture percentage (P) along with the 

corresponding OMV surface coverage (𝜃), showing the trend of lower rupture percentage for 

higher surface coverage. The inverse relation between the rupture percentage and OMV coverage 

is as expected. Lower coverage indicates higher PEG-SLB, which then increases the possibility 

for adsorbed OMVs to rupture upon the contact with fluidic PEG-SLB. Moreover, it is less likely 

for PEGylated vesicles to get in and land on the spaces in between the intact OMVs at higher 

surface coverage. We concluded from the above analysis that fewer OMVs adsorbed on the 

surface would result in better OM-SB qualities, that is fewer defects, and thus there is always a 

trade-off between the amount of OMVs adsorbed to obtain decent OM-SB quality with 
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incorporating a significant amount of OMV-originated materials into it. 

 Based on the study of estimated OMV rupture percentage reported in Figure 4.3a, we 

have further calculated the corresponding amount of final OM component incorporated in OM-

SB, as shown in Figure 4.3b. Our calculation suggests that at lower OMV surface coverage 

(<10%), the amount of OM material in OM-LB increases as more intact OMVs are introduced in 

the system. When OMV surface coverage exceeds ~ 10%, the amount of OM materials that can 

be incorporated in the platform roughly levels out to 22-25%.  Although beyond the scope of 

this study, we believe it may be possible to increase the amount of OM materials incorporated in 

OM-SB using several physicochemical approaches.  By optimizing temperature, pH (especially 

acidic condition)288, liposome compositions and liposome sizes, we can potentially improve the 

quality of OM-LB with more OMV catalyzed to rupture and fuse.  

 
 
Figure 4.3 (a) The relationships of OMV surface coverage and the estimated OMV rupture percentage. The black 
dash line was a linear regression line with correlation factor, R2, to be 0.82 . (b). The relationships of OMV surface 
coverage and the estimated OM material incorporated in OM-SB. Note that OMV coverage correlates to the 
footprint of intact OMV before rupturing. For instance, 9% OMV coverage with ~ 60% ruptured percentage 
corresponds to ~ 22% OM material in OM-SB.  
 
Kinetics of OMV rupture catalyzed by the addition of PEG-liposomes.  Following the analysis 

of bilayer properties, orientation, and quality, we further analyzed QCM-D curves to characterize 
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OM-SB formation kinetics. As shown in Figure 4.1c, the mass curve displays four stages: OMVs 

adsorption (1), PBS rinse (2), PEG liposomes incubation (3) and final buffer rinse (4). To study 

how OM-SB forms upon the addition of PEG liposomes, we focus on the third stage since it 

reveals detailed information about the planar bilayer formation process.  

Upon the addition of PEG vesicles, the mass dramatically increased due to the adsorption of 

PEG vesicles on the surface in between OMVs. The critical coverage was soon reached and PEG 

vesicles began to rupture, as indicated by the decrease in mass. The decrease in mass was mainly 

due to the release of buffer from the internal lumens of both the PEG vesicles and OMVs. From 

a series of experiments, we observed that the trend of the decrease in mass is highly dependent 

on the OMV surface coverage(𝜃). When OMV surface coverage is low (Fig. 4A), the negative 

mass shift presents two-regime kinetics, where the mass first dramatically decreases and 

continues to drop at a slower rate until it reaches steady state. As OMV surface coverage 

increases (Fig. 4B) only one-regime kinetics is observed with the loss of the first rapid decrease 

in mass.  
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Figure 4.4 The mass curves of the formation process of OM-SBs with (A) lower OMV coverage (3.2%) and (B) 
higher OMV coverage (13.4%). (A) At lower OMV coverage, the rupturing process presents two-regime kinetics, 
the mass first dramatically decreases (PEG-dominating regime) and then transitions to a slower rate of decay (OMV-
dominating regime). (B) At higher OMV coverage, only one-regime kinetic (OMV-dominating regime) is observed: 
the initial quick drop is no longer distinguishable. (C) A proposed scheme of OM-SB formation mechanism. OMVs 
first adsorbed on the substrate and remained in vesicle form. PEG-liposomes were then added to the system, which 
rapidly adhered to the surface and formed PEG-SLB in between OMVs. The newly formed PEG-SLB induces OMV 
rupturing and spread on the surface, which results in the formation of OM-SB. Note that the components of the 
OMV are not drawn to scale, but simplified to illustrate the mechanism of OM-SB formation. 
 

One of the possible mechanisms to explain the observations is that the first regime, which is 

only present when OMV surface coverage is low, indicates that the dominating mechanism 

initially is the formation of bilayer from the PEG vesicles (PEG-dominating regime). The 

following slower negative mass shift suggests that the newly formed PEG bilayer then catalyzes 

OMVs to rupture, which is the rate-determining step in the second kinetic regime (OMV-

dominating regime).  

When working with low OMV surface coverage, there is a larger surface area for PEG 

vesicles to adsorb, rupture and form bilayer sheets, and this PEG bilayer formation process is 
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less likely to be affected by the adsorbed OMVs.  Therefore, it is not surprising that the PEG 

bilayer formation phase is distinguished from the OMV rupture phase in the curve. As OMV 

surface coverage increases, the surface area for PEG liposomes to form bilayer is limited, which 

makes pure PEG bilayer formation no longer significant enough to be observed alone. The 

higher amount of adsorbed OMVs force the immediate interaction of the small PEG SLB patches 

with unruptured OMVs and catalyze them to rupture.  Throughout the entire process there are 

no distinguishable kinetic phases, but a single convolution of both types together, resulting in a 

general slowdown of the overall kinetics due to the slower kinetics of OMV rupture. The 

proposed OM-SB formation scheme described above is summarized and illustrated in Figure 

4.6c  

Based on the proposed formation mechanism, we built a kinetic model to describe the OMV-

dominating regime to understand how OMVs were catalyzed to rupture via their contact with the 

edge of PEG bilayer: 

OMV + PEG-SLB  à OM-SB+ Mass loss due to release of luminal solution     (4.4) 

By hypothesizing equation (4.4) as a Poisson process, we fit the corresponding rate equation, a 

single exponential equation (4.5), to the normalized OMV-dominating regime, which represented 

the cumulative mass lost due to the release of encapsulated solution in OMVs: 

𝑃𝑟𝑜𝑏𝑎𝑏𝑖𝑙𝑖𝑡𝑦  𝑜𝑓  𝑟𝑒𝑎𝑐𝑡𝑖𝑜𝑛 = 𝑘 ∙ exp −𝑘𝑡 , 𝑘 = 𝑟𝑎𝑡𝑒  𝑐𝑜𝑛𝑠𝑡𝑎𝑛𝑡 

𝐶𝑢𝑚𝑢𝑙𝑎𝑡𝑖𝑣𝑒  𝐷𝑖𝑠𝑡𝑟𝑖𝑏𝑢𝑡𝑖𝑜𝑛  𝐹𝑢𝑛𝑐𝑡𝑖𝑜𝑛 = 1− exp  (−𝑘𝑡)      (4.5) 

To define the location of the OMV-dominating regime, we followed the principles described 

next. We found qualitatively from a series of experiments that two-phases regimes occurred 

whenever surface coverage  (𝜃) was lower than 10%, and we defined the OMV-dominating 

regime by finding location that gave the best least-squares fit of equation (4.5). For surface 

Poisson Process 
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coverage (𝜃) higher than 10%, the mass curve starting from the maximum value till the plateau 

was seen as the OMV-dominating regime. 

Figure 4.5 shows the relation of the rate constant, k, and OMV surface coverage, 𝜃. When 𝜃 

< 17%, the values of k were around 2×10-3 to 4×10-3 (1/s), showing no strong dependence on the 

surface coverage. However, once OMV surface coverage increased above 17%, k dropped 

significantly. The decrease in k at high surface coverage conditions may originate from the dense 

packing of OMVs. As 𝜃 increases, it is highly probable that OMVs are close enough together to 

limit the likelihood of OMVs contacting the PEG bilayer that have already formed. When OMVs 

no longer have access to freely associate with PEG bilayers, OMV rupture rate slows down and 

the rate constant k drops. 

 

Figure 4.5 The rate constant k under different OMVs surface coverage.  

 

 

4.3.6 Application of OM-SB: sensing anti-microbial peptide activity.  

The most valuable characteristic of OM-SB system is its native-like bacterial OM bilayer 

environment in the geometry of a planar sheet that couples well to analytical tools. Thus, OM-

SBs open up many possibilities for investigating bacterial OM biological functions, especially its 
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role in protecting gram-negative bacteria from its environment i.e., antibacterial compounds. 

OM-SBs have great potential to test how bactericidal antibiotics disorganize/disrupt the highly 

ordered OM to kill gram-negative bacteria, which can be used as a basis for a new generation of 

antibiotic design.   

In this study, we demonstrate how OM-SB is applied to probe the antimicrobial mechanism 

of polymyxin B (PMB), an amphipathic peptide composed of a cationic cyclic portion (a net 

charge of +5) and a hydrophobic fatty acyl tail. PMB is primarily used for treating gram-negative 

bacterial infection and endotoxin. The mechanism of action of PMB has been investigated since 

1970s and because it has been studied extensively, PMB is a great candidate to test our OM-SB 

system against to ensure our system recapitulates known results and therefore is an effective, 

functional model of the OM surface. It is believed that PMB molecules specifically bind to lipid 

A molecules in a one to one ratio289 and the binding is generally described as following a two-

step mechanism. The polar portions of PMB first interact with the anionic lipid A head groups 

through electrostatic attractions, which allows the aggregation of PMB on OM surfaces. These 

electrostatic interactions further promote the insertion of PMB’s fatty acyl chains due to their 

hydrophobic interaction with the lipid A tails.290–293 The PMB-lipid A binding further alters 

membrane permeability by destabilizing the tight packing of adjacent lipid A fatty acyl chains to 

disrupt OM integrity.  

To clearly elucidate the mechanism of PMB towards OMs, various techniques have been 

applied to determine the binding kinetics of PMB-lipid A complexes. For instance, Thomas et 

al263,294,295 first reported the kinetics of each elementary step involved in the binding process using 

surface plasma resonance and stopped flow spectrofluorometry. However, to our knowledge, no 

kinetic evaluation of how the mechanical properties of the bacterial membrane change upon the 
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binding of PMB has been reported.  In this work, by monitoring the interaction of PMB and 

OM-SB using QCM-D, we are able to extract additional information on how bound mass and 

viscoelastic properties of OM vary during the interaction with PMB.  

QCM-D has been used extensively to study antimicrobial peptide interaction with model 

membranes due to unique insights it provides into structural/conformational information of 

membrane-peptide complexes283,296,297. However, these studies were performed on simple 

artificial bilayers composed of phospholipids like POPC/DOPC, or biomimetic bilayers 

mimicking bacterial inner membrane (IM).  Due to the difficulty of LPS vesicles to fuse into a 

supported bilayer119, to our knowledge, no QCM-D studies have been developed to study 

peptide-OM interaction. Since LPS is central to the mechanism of PMB action, investigating 

antimicrobial mechanism on OM-SB using QCM-D fills this gap in the literature. 

To explore the interaction between PMB and OM-SB in a quantitative way, we fit the QCM-

D responses using a two-layer Voinova viscoelastic model282. Most of the peptide-QCM studies 

use the Sauerbrey relation to directly correlate the frequency shifts to mass changes. However, as 

previously stated, OM-SB is a highly viscoelastic film (∆𝐷   ≫   10!!) so that a viscoelastic 

model must be applied for an accurate estimation of mass and viscoelastic properties of the 

system. The one-layer model relies on the assumption that the entire system is a homogeneous 

viscoelastic film attached to the surface, so the fitted results of film mass, viscosity, and shear 

modulus represent a general picture of the mechanical properties of the whole layer. However, 

OM-SB is a heterogeneous film and we want to examine the detailed structural events occurring 

at different locations in the membrane. That is, for PMB binding/insertion kinetics, a two-layer 

model must be applied to distinguish mechanical property changes of the top layer (membrane 

surface at the interface with the bulk) from the bottom layer (the rest of the membrane). A 
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detailed simulation scheme has been described in the Methods section. 

Before investigating PMB activities, first we must define the location of the interface in 

between the layers. By fitting the frequencies and dissipations of all overtones at initial time 

point to the model, we extract the information of thickness, viscosity, and shear modulus of both 

films. The simulated thicknesses of the top layer and the bottom layer are 3.6 ± 0.41 nm and 11.7 

± 3.40 nm, respectively. The model also yields a viscosity of 1.12 ± 0.17 cp and a shear modulus 

of (4.3±   1.4)  ×10! Pa for the top layer, and a viscosity of 1.34 ± 0.14 cp and a shear modulus 

of (4.6±   0.4)  ×10! Pa for the bottom layer.  

Based on the simulated results obtained from the two-layer model, the top layer extends from 

the headgroup of the upper leaflet to the PEG chain, and the rest of OM-SB then belongs to the 

bottom layer (as shown in Figure 4.6a). Note that the PEG globular diameter is about 5 nm at this 

PEG density and the typical thickness of a lipid only bilayer is on order of 4 nm, so the model 

predictions fall within a reasonable range. The estimated thicknesses of both films also 

correspond well with the viscoelastic information obtained from the model. The viscoelastic ratio, 

tan  (𝛿), of the top layer is about ten times smaller than the bottom layer, indicating the top film 

is particularly stiff compared to the rest of the system. The stiffness of the top portion is probably 

a result of dense packing of LPS molecules due to lateral interactions of sugar units and 

headgroups. This integrity further imposes steric constraints to the PEGlyated lipids and restricts 

the motion of the PEG chain above the bilayer as well.  The rigidity of the LPS layer above the 

bilayer mechanically distinguishes the top glycosylated layer from the rest of the membrane 

bilayer.  
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Figure 4.6 The illustration of (a) OM-SB and (b) the complex of OM-SB-PMB. Based on the simulated result of 
two-layer Voigt-based model, a guideline (dot line) was drawn to indicate the interface of film 1 and film 2. OM-SB 
contains both native OM lipids and a variety of OM proteins. 
 

An overall QCM-D response of OM-SB formation along with PMB addition is presented in 

Figure B5. The qualitative shifts of frequency and dissipation upon the addition of PMB solution 

are magnified in Figure 4.7a, and 4.7b. To rule out the possibility that non-specific artifacts 

(PMB to PEG-SLB) are present, negative control experiments were performed to confirm that no 

signal was detected with the addition of PMB to simple PEG-SLB (Appendix B). We noticed that 

the frequency and dissipation kinetics are highly overtone-dependent. The lower-order overtones 

show decrease in frequency signals while the higher-order overtones exhibit a slight increase. 

The dissipation shifts grow for all overtones, and the increasing amount is in a descending order 

from low to high overtones. To further understand the physical meaning behind these responses, 

we fitted the frequency and dissipation data to the two-layer Voinova model and extracted the 

information of how viscosity, shear modulus, and thickness of both layers evolve along with the 

addition of PMB (Fig. 7, c-h). These simulation results not only reveal important clues on the 

antimicrobial mechanism of PMB, but also provide a qualitative view of how PMB alters the 
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OM-SB structure and mechanical properties. 

First we pay our attention to the quick increase in thicknesses of both layers upon the 

addition of PMB. The increased thicknesses of both layers are probably a result of PMB-LPS 

complexes. Upon the introduction of PMB into the system, PMB molecules quickly bind to LPS 

(lipid A) and further penetrate into the bilayer with the hydrophobic tails inserted into LPS acyl 

chains. Since PMB-LPS complexes span across the layer-layer interface, the effective 

thicknesses grow for both the top and bottom films. The fitted changes of viscosity and shear 

modulus in both layers also support the proposed mechanism.  

The aggregation of PMB on the bilayer surface and the tightly bound of PMB-LPS impose 

steric constrain to the top layer, resulting in the increase of shear modulus and viscosity of the 

top layer.  Conversely, the shear modulus and viscosity of the bottom layer both dropped along 

with the OM-SB-PMB interaction. The insertion of PMB molecules disrupts the integrity of the 

bilayer and transforms the membrane to be more permeable to the bulk fluid. As a consequence, 

more solvent molecules are entrapped within the membrane, which lowers the shear modulus and 

viscosity of the bottom layer. 

The above antimicrobial mechanism study successfully demonstrates that OM-SBs are a 

useful model that closely mimics OMs of bacteria, and it can be utilized as an in vitro platform to 

capture antibiotic mechanism of PMB. With the appropriate analysis, we are able to monitor how 

bilayer mechanical properties (thickness and viscoelasticity) evolve dynamically at different 

locations within the membrane.  This detailed mechanistic information can be applied to 

propose antimicrobial mechanism of PMB, which turns out to correspond well with the existing 

studies (binding and insertion) in the literature for this compound. In addition, this platform 

serves as a unique tool to quantitatively report the mechanical property changes of the membrane 
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itself induced by antimicrobial activity, which is not available by using other techniques.  

 

Figure 4.7 The experimental (a) frequency and (b) dissipation kinetics and the simulated results (black dot line) 
derived from two-layer Voinova model. As PMB introduced it to the system, the viscosity (c) and shear modulus (d) 
of the top layer (film 2, red) increase as PMB molecules bind with LPS and aggregate on the surface, and thus the 
mass of top layer (thickness (e)) also increases.  Upon the binding with LPS, PMB molecules further penetrate into 
the bilayer and disrupt it integrity, which then result in the decrease of bottom layer’s (film 1, blue) viscosity (f) and 
shear modulus (g). The mass of the bottom layer (h) increases due to PMB binding and insertion. The simulation 
results were carried out using three individual experiments and the standard deviations are shown as the blue regions.   
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4.4 CONCLUSION 

In this work, we developed an in vitro supported bilayer platform (OM-SB) directly from 

outer membrane vesicles (OMVs) of E. coli that closely mimics the outer membrane of these 

gram-negative microbes, including their native lipid and protein content, and preservation of the 

asymmetry of the membrane. Our approach, in contrast to reconstitution methods, overcomes the 

difficulty of incorporating OM lipids and proteins into a planar geometry while preserving native 

orientation and structure of membrane molecules.  

The advantage of the planar OM-SB is its capability of being investigated by surface 

sensitive techniques.  In this study, we combined both fluorescence microscopy and QCM-D to 

quantitatively characterize the OM-SB compositions and formation kinetics. We then 

demonstrated that the OM-SB is capable of recapitulating the mechanism of antibacterial agents 

using a well-study antimicrobial peptide, Polymyxin B, for an illustration. By elucidating the 

frequency and dissipation shifts measured using QCM-D with two-layer mechanical models, we 

provide new information as well about the changes in bacterial membrane mechanical properties 

during antibacterial action. We conclude that PMB binds to and aggregates on the OM-SB 

surface and destabilizes membrane integrity by further insertion throughout the bilayer. 

Extending similar studies to other antibiotic compounds using the OM-SB and surface analysis 

techniques like QCM-D, we believe this platform can offer many insights into understanding 

antibiotic kinetics for future drug design and screening host-pathogen interactions to facilitate 

bacterial vaccination development.  
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CHAPTER 5 
 
 

OUTLOOK 

Several in vitro methods that advance the characterization of lipid-protein interaction are 

presented and discussed in this thesis.  Model membranes, supported lipid bilayers especially, 

provide simple solutions to the complexity of cell-based systems. This work has centered on the 

idea of expanding the current simple SLB systems with increased complexity and biological 

relevance.  The ultimate goal of this research is to use such a system to offer new insight into 

the interaction of a broad range of membrane proteins with their lipid environment. This 

emerging technique possesses significant advantages over traditional tools because it preserves 

the key biologically relevant components in a simplified model while circumventing several 

drawbacks associated with the current methods.  

One of the significant features of the SLBs model developed in this work is its capacity to 

capture the heterogeneity of a native cell membrane. With the ability to control the spatial 

location and lipid compositions of the supported bilayers, we patterned two-phase coexistent 

SLBs inside a microfluidic and introduced the target membrane species within it. The device was 

used to quantify the partitioning of targeted biomolecules based on their chemical affinity for the 

particular lipid domain.  We have demonstrated that this device is capable of providing insight 

into how structural factors, membrane compositions, and environmental factors influence 

partitioning. The platform can also be applied to serve as a two-phase lipid bilayer extraction 

channel to separate or enrich the membrane species within heterogeneous SLBs. A drag force 

due to the hydrodynamic bulk flow of the buffer solution was applied to move the SLBs, and the 

moving SLBs convect the species along the microchannel, while those species also gradually 

diffuse and partition into the lipid phases they have the most affinity for.  
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Another important advancement outlined in this thesis is the development of membrane 

protein delivery into the lipid bilayers. The traditional methods of delivering proteins into SLBs 

are often associated with low yield protein purification and difficult reconstitution processes.  

Also, these methods are often detergent mediated; thus they require careful optimization of 

conditions for the protein of interest and may cause changes to the protein conformation. In light 

of these challenges, we have developed a simple and universal technique to incorporate a board 

range of membrane proteins into SLB models: delivery of membrane proteins via cell derived 

bleb fusion. Adsorbed blebs rupture, forming a bilayer, when additional fusogenic lipid vesicles 

are added. This platform has enabled us to study viral fusion, which requires membrane protein 

receptors in a mobile lipid bilayer. To use this system to study lipid–protein interactions, we 

require 1) mobile membrane proteins that do not interact with the support and 2) correct protein 

orientation such that the extracellular portions of membrane proteins are exposed towards the 

bulk. By incubating blebs with PEGylated liposomes, a cushioned bleb bilayer can be generated 

and this approach results in more membrane protein mobility. We have also conducted a 

thorough characterization to define the orientation of proteins in SLBs using enzyme assays 

where we confirmed that bleb fusion is following a parachute mechanism and protein orientation 

is preserved.  

Besides simply introducing targeted membrane proteins in SLBs, this methodology also 

provides the benefit of building a molecularly complete platform to closely mimic a specific type 

of cell environment. In Chapter 4, we developed a SLB platform directly from outer membrane 

vesicles (OMVs) of E. coli, and this OM-like supported bilayer (OM-SB) exhibits the 

physiochemical characteristics of the bacterial outer membrane from which the OMVs are 

derived.  This approach overcomes the difficulty of incorporating OM lipids and proteins into 
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SLBs, which often requires laborious purification and reconstitution steps.  Also, these native 

OM materials are in their native conformations and orientation, so the asymmetry of the OM 

membrane is preserved.  These features allow for the interrogation of cellular membrane 

components using surface sensitive techniques that are otherwise impossible to apply to live 

cells. We have demonstrated the utility of the OM-SB platform by quantitatively measuring 

antibiotic interactions between OM-SBs and an antimicrobial peptide using QCM-D and 

fluorescence microscopy. This proof-of-concept work suggests that we can apply our biomimetic 

OM-SB system to the study of cell surface interactions via surface analysis techniques to 

characterize cellular surface properties, investigate antibiotic kinetics, guide drug discovery and 

investigate host-pathogen interactions. 

Future work on this project could involve combining the platform along with other 

techniques to open the platform to have a broader impact on assessing various biological 

processes. Currently, we have ongoing collaboration with the Owens Groups in Ecole Nationale 

Supérieure des Mines, CMP-EMSE. We are interested in combining the proteinaceous SLB 

platform with organic electrochemical transistors (OECT) to investigate activities of ion channel 

embedding in proteinaceous supported bilayer. Organic electrochemical transistors (OECTs) are 

organic electronic devices that have been extensively developed as biosensors to study biological 

events due to their tunable and flexible properties298.  OECT can effectively record and amplify 

changes in ion flux through the biomaterials of interest to unravel the fundamental bioelectrical 

mechanism. We aim to develop novel biosensors by coupling proteinaceous supported bilayers 

with OECTs to monitor electrical readout of targeted ion channels in real time. 

The challenge of developing such a system lies in assembling a proteinaceous supported 

bilayer on a conducting polymer film, which is the active material in OECTs. The polymer film 
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in this case is poly(3,4-ethylenedioxythiophene) doped with poly(styrenesulfonate) 

(PEDOT:PSS). A supported bilayer is easily formed on smooth and hydrophilic substrates like 

glass or mica. However, forming a bilayer on a rougher and less hydrophilic polymeric film is 

challenging and requires optimization and characterization. To overcome this difficulty, we need 

to engineer the compatibility of the bilayer to the polymer film. The transformation of liposomes 

self-assembling to a supported bilayer is mainly governed by van der Waals and electrostatic 

interactions in between liposomes and the support. The lack of these attractive forces will result 

in the failure of bilayer formation. Two strategies will be applied to enhance the attraction of 

liposomes and the polymer surface. First, we will focus on the optimizing the polymer surface 

through both chemical modification and physical preparation so that its structure and surface 

properties are best suited for vesicle fusion to occur.  Second, we will alter liposomes 

composition to enhance the interactions between the polymer and lipids. For example, we can 

incorporate positive lipids to increase the electrostatic forces with the negatively charged 

PEDOT:PSS surface. Other possibilities are to enhance interactions with chemical modifications 

that bridge the polymer surface and lipids through engineered binding interactions and reactive 

groups.  

Along with the direction to apply the technique to characterize various aspects of 

membrane proteins, we are also working on improvement of the current platform to broaden up 

its accessibility. One of the obvious aspects is to optimize the formation process of proteinaceous 

SLBs to induce more cell blebs/OMVs to undergo vesicle fusion. With the current technique, the 

amount of cell vesicles that can be incorporated in is limited.  In chapter 4 we have found that 

the relation of the vesicle surface coverage and vesicle rupture percentage inversely proportional. 

That say, it is not plausible to introduce targeted membrane proteins in abundance using the 



 

130 

developed procedure and an optimization must be performed to remove the limitation.  

This limitation may pose restrictions to the potential applications of the technology. For 

instance, one application we have started to pursue is looking into the interactions of targeted 

membrane proteins with local lipid domains. We proposed to combine the developed techniques 

discussed in Chapter 2 and Chapter 3 to create a two-phase coexistent proteinaceous SLBs in a 

microfluidic device.  We plan to first pattern lipid raft on one side of the channel and form 

fluidic supported lipid bilayers containing target membrane proteins adjacent to lipid raft. Such a 

device can be applied to 1) identify the partitioning of membrane proteins to understand how 

they are sorted/organized with lipid raft, and also 2) probe protein activity levels as a function of 

bilayer compositions to unravel the impact of lipid-protein interaction to biological processes.  

However, we found that single particle imaging in a two-phase SLB system is much more 

challenging than expected. In preliminary work, we have noted that the amount of membrane 

proteins is low, which prevents high-quality protein imaging. This is probably because the 

population of membrane proteins originating from the fluidic SLBs is diluted as proteins 

partition into lipid raft.  A signal drop is also observed, which may be attributed to 

photobleaching as protein partitioning takes up to a few hours to reach stable state.  To remove 

this limitation, current procedure will have to be modified to improve membrane vesicle rupture 

upon the addition of liposomes to introduce more membrane materials in the SLB platform. This 

modification can be addressed through several aspects such as: liposomes composition 

optimization, buffer salt concentration, incubation temperature or cushion strategy.  

While membrane proteins have long been the focus of studies aimed at understanding 

biological function in the cell, lipids are only starting to become appreciated for their role in 

regulating membrane protein functions.  Therefore, few platforms and approaches have been 
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developed to directly assess lipid-protein interactions and determine their regulatory roles in 

cellular activities.  So far, most of the work has been performed either in complex in vivo 

environments that prevent identification of individual cellular activities, or simplified artificial 

membrane platforms that lack biological relevance. The techniques described in this thesis have 

removed the complexity of real cells while preserving the heterogeneous nature of membrane 

environment and native membrane proteins’ structures /functions.  The platform bridges the 

two distinct methodologies in the current field and serves as a novel membrane model that 

expands the characterization of lipid-protein interactions.  
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Appendix A 

1. Fluorescence Microscopy 

Unless noted otherwise, images shown in this dissertation were obtained using an 

inverted Zeiss Axiovert Observer.Z1 fluorescence microscope equipped with α Plan-

Apochromat objectives, a Hamamatsu EM-CCD camera (ImageEM, model C9100-13, 

Bridgewater, NJ), and X-Cite® 120 microscope light source (Lumen Dynamics Group Inc., 

Canada). Different filter cubes were used to collect the fluorescence:  ET GFP filter cube 

(49002, c106273, Chromatech Inc.) was used to collect the fluorescence emitted from GFP and 

BODIPY fluorophores; ET MCH/TR filter cube (49008, c106274, Chromatech Inc.) was used to 

collect the fluorescence emitted from octadecyl rhodamine (R18) and Alexa 594 fluorophores.  

 

2. Preparation of Lipid Vesicles for Formation of Supported Lipid Bilayers 

Lipids were dissolved and mixed in chloroform and methanol at the desired compositions. 

The solution was dried under high purity nitrogen gas to remove the solvent. The dried samples 

were subsequently placed in a vacuum desiccator overnight to drive off any remaining 

chloroform. Lipid films were then rehydrated in PBS buffer (5 mM phosphate buffered saline 

with 150 mM NaCl at a pH of 7.4) to a final concentration of 2 mg/ml. Lipid solutions were 

extruded 15 times through a polycarbonate filter (Whatman Nucleopore) with 50 nm pore size 

and sonicated 20 min before use. Lipids contain high amount of PSM and cholesterol may be 

heated during the extrusion and sonication process to achieve uniform vesicle sizes. All vesicles 

were on the order of 100 nm in diameter as measured by dynamic light scattering measurements 

(Zetasizer Nano, Malvern Instruments, Worcestershire, UK). 
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3. PDMS Well Fabrication 

PDMS monomer and crosslinker were mixed in a ratio of 10:1. After being stirred and 

degased, the mixture was poured in a Petri dish and baked at 85°C overnight. The thin sheet of 

PDMS was then cut into small pieces such that they fit over the glass coverslips. Each piece had 

a hole punched at the center of diameter ~ 1 cm. The PDMS piece was attached on a clean glass 

coverslip to form a well to hold various solutions used here. 

 

4. Characterization of Diffusion in Supported Lipid Bilayer by Fluorescence Recovery After 

Photobleaching (FRAP) 

To examine the diffusivity of biomolecules within the supported lipid bilayers, FRAP 

experiments were performed using an inverted Zeiss Axiovert Observer. Z1 fluorescence 

microscope. The microscope was coupled with a α Plan-Apochromat 20x objective, a CCD 

camera (Hamamatsu ImageEM, model C9100-13, Bridgewater, NJ), a microscope light source 

(X-Cite 120, Lumen Dynamics Group Inc., Canada) and a Argon-Krypton tunable laser (CVI 

Melles Griot, model 643-AP-A01). The appropriate wavelength for each labeled species was 

chosen to photobleach the SLB with a ~10 μm diameter spot under 40x objective by the laser for 

3 seconds. The fluorescence intensity of the bleached spot as it recovers with time was recorded 

for 15 minutes and determined after background subtraction and normalization to reduce artifacts 

resulting from background photobleaching,. The recovery data was then fit by following the 

method of Soumpasis198. The equation used to calculate the diffusivity is, , where w is 

the full width at half-maximum of the Gaussian profile of the focused laser beam and t1/2 is the 

characteristic diffusion time.   € 

D =
w2

4t1/ 2
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5. Preparation of glass coverslips used as supports for supported bilayers.  

Glass coverslips were used as the substrate for supported lipid bilayers for fluorescence 

studies. 25 mm x 25 mm glass coverslips (No. 1.5, VWR) were cleaned in piranha solution for 

10 min. Piranha solution consists of 45 ml 50% wt H2O2 (Sigma) and 105 ml H2SO4 (BDH 

chemicals). After cleaning, glass coverslips were rinsed with copious amounts of deionized water 

for 30 min. Deionized water was generated by an Ultrapure water system (Siemens Purelab). 

Clean glass coverslips were stored in deionized water and dried with nitrogen gas before each 

use.  

6. Measuring partitioning behavior of biomolecules in heterogeneous bilayers 

To better optimize the design of the extraction channel for desired separation efficiency, a 

thorough study on how various lipid phases impact the partitioning kinetics of membrane-bound 

species is necessary. Biological studies suggest that the partitioning behavior of biomolecules 

into or out of a particular lipid phase (lipid raft or liquid-disordered) is regulated by several 

factors, such as species properties and bilayer rigidity41. To study these impacts on partitioning, 

we measure the overall intrinsic partitioning (at equilibrium) of Alexa 594-GM1 and Bodipy-

DHPE in two types of heterogeneous bilayer systems: POPC system and DOPC system. For 

POPC system, these compositions are 70/20/10 molar ratio of POPC/PSM/Chol, denoted as ld, 

POPC, phase, and 60/40 molar ratio of PSM/Chol, denoted as lo, POPC phase. For DOPC system, 

these compositions are 63/30/7 molar ratio of DOPC/PSM/Chol, denoted as ld, DOPC, phase, and 

10/40/50 molar ratio of DOPC/PSM/Chol, denoted as lo, DOPC phase. We found that the distinct 

preferences of the two biomolecules toward lipid raft demonstrate great examples of the 

partitioning behaviors of raftophilic and raftophobic membrane species.  
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 The main difference in between the two heterogeneous bilayer systems used in this study 

is the bilayer order of lipid rafts compared to its coexisted liquid-disordered phases. We first 

examined the order of bilayers in each phase by measuring its lateral diffusivity. Table A1 shows 

the diffusivities of Alexa-594 GM1 and BODIPY-DHPE in liquid-disordered phases and lipid rafts 

in both POPC-based and DOPC-based systems. The ratio of the diffusivities in liquid-disordered 

phases and lipid rafts indicates the difference of bilayer rigidity of lipid rafts over liquid-

disordered phase. The result suggests that POPC system is considered to be “more 

heterogeneous” than DOPC system, thus we expect that the partitioning behaviors of 

biomolecules in POPC system will be more distinct due to the significant difference of bilayer 

rigidity between lipid raft and liquid-disordered phases.  

Table A1. Average diffusivities of both Alexa-594 GM1 and BODIPY-DHPE in various lipid phases 

Diffusivity ( μm2/s) POPC ld POPC lo ld / lo DOPC ld DOPC lo ld / lo 

BODIPY DHPE 0.85±0.09 0.10±0.02 8.7 1.10±0.20 0.25±0.05 4.4 
Alexa 594-GM1 0.94±0.21 0.10±0.01 9.4 1.39±0.09 0.25±0.04 5.8 

 

To further quantify the partitioning behaviors of biomolecules in two-phase coexistent 

bilayers, we define the partitioning coefficient, k as the ratio of the concentration in the lipid 

ordered phase (lo) region over the concentration in the lipid disordered phase region (ld) after the 

system has reached equilibrium, as shown below: 

                                 𝑘 = !!"
!!"

                               (Eq. A1) 

Clo and Cld are the concentration of biomolecules in the lipid ordered phase region and lipid 

disordered region, respectively. At equilibrium, Clo and Cld should remain constant and the 

concentration in the transition zone (TZ) varies linearly in this region, as shown in Figure. A1.   
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The reported K values for both Alexa-594 GM1 and BODIPY-DHPE are listed in Table A2. The 

results suggest that both biomolecules present more distinct partitioning in lipid raft/liquid-

disorder phase in POPC system, which indicates that order of lipid bilayer is an important factor 

that decides the extent of biomolecules partitioning in a specific lipid phase. 

   

 

  

 

 

 

Figure A1. The illustration of concentration (red line) change in the transition zone (TZ) in between bulk raft and 
bulk liquid-disordered phase. The partitioning coefficient, k, is defined as the ratio of concentration in lipid ordered 
phase (lipid raft) over liquid-disordered phase.  
 
Table A2. Reported values of partitioning coefficient, k, of Alexa-594 GM1 and BODIPY-DHPE in both systems. 

Partitioning coefficient, k BODIPY DHPE Alexa 594-GM1 

POPC-based system 0.6 1.96 

DOPC-based system 0.81 1.27 
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Appendix B 

1. Materials and Methods. 

1.1 QCM-D modeling to detect adsorbed mass on the quartz sensor.  

QCM-D is a well-known technique to detect the adsorbed mass, ∆𝑚,  on the crystal 

surface118. Several models have been developed to investigate mass and viscoelastic properties of 

the adsorbed film by fitting resonant frequency and dissipation signals:  

• Sauerbrey Model 

If the adsorbed film is rigid enough, which indicates that ΔD is smaller than  1x10-6 Hz, the 

Sauerbrey equation can be applied to obtain the adhered mass, ∆𝑚: 

∆𝑚 = 𝐶!
∆!!
!

     (1) 

∆𝑚 is the adsorbed mass on the crystal surface, 𝐶! is a constant ( -17.7 !"
!"!∙  !"

 for crystal 

with f = 5 MHz), and ∆𝑓! is the shift of frequency at z overtone (z = 1, 3, 5 , 7, 9, 11, 13). The 

Sauerbrey equation describes the linear relationship between the adsorbed mass and the change 

of resonant frequency for rigid adhered layers.  

• One-layer Voigt-Voinova model 

If the adhered layer is “soft” (ΔD > 1×10!!Hz), the Sauerbrey equation is no longer valid. 

Instead, the Voigt-Voinova model is usually used to model the adsorbed mass along with several 

mechanical properties of the adlayer. The Voigt-Voinova model treats the adlayer and the rigid 

crystal as a coupling of a spring and a dashpot, with the assumptions of uniform adlayer 

thickness, uniform adlayer density, homogeneous viscoelastic properties and a no slip, 

Newtonian liquid in the bulk. The model includes four mechanical effects of the adlayer: 

thickness, density, shear elasticity and viscosity, and the equations are shown as following: 



 

138 

∆𝑓   ≈   − !
!!!!!!

ℎ!𝜌!𝜔 − 2ℎ!
!!
!!

! !!!!

!!!!!!!!!
       (2) 

∆𝐷   ≈    !
!!"!!!!

2ℎ!
!!
!!

! !!!
!!!!!!!!!

    (3) 

tan 𝛿 = !"
!

   (4) 

Where 𝜌! ,𝜌! are the density of the crystal and film, ℎ! , ℎ! are the thickness of the crystal and 

film, 𝜒 is the ratio of the storage modulus and the loss modulus, and 𝛿 is the penetration depth.  

tan 𝛿  represents the ratio between the viscosity and shear modulus, which reflects the 

viscoelasticity of material. The smaller value of tan 𝛿  indicates a more rigid material attached 

on the crystal, and vice versa.  

We used the Voigt-Voinova model built in the commercial software, Q-tool, to obtain the 

adsorbed mass on the sensor since most of the data shown in this study contained the shift of 

dissipations   (ΔD)  much greater than 1×10!!𝐻𝑧 . Two overtones of frequency shifts and 

dissipation changes, (∆𝑓!,∆𝐷!,∆𝑓!,∆𝐷!), were fitted to the Voigt-Voinova model to generate 

the information of thickness (ℎ!), shear elasticity and viscosity. The parameters used in the 

software were: film density (𝜌!): 1100 kg/m3, fluid density: 1000 kg/m3, fluid viscosity: 0.001 kg 

m-1s-1.  The mass of the adsorbed film is the product of the film thickness and density: 

∆𝑚 = ℎ!×𝜌!    (
!"
!"!)     (5) 

• Two-layer Voigt-Voinova model282 

If the adhered layer is predominately heterogeneous, a two-layer Voigt-Voinova model can 

be applied to capture the detailed viscoelastic properties of different layered films (Fig. 1 (b)).  

For two thin viscoelastic adhered layers in a bulk fluid, the changes in frequency and dissipation 

at various overtones are: 
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∆𝑓   ≈   −
1

2𝜋𝜌!ℎ!
ℎ!𝜌!𝜔 − 2ℎ!

𝜂!
𝛿!

! 𝜂!𝜔!

𝜇!! + 𝜔!𝜂!!!!!,!

          (6) 

∆𝐷   ≈   
1

4𝜋𝑓𝜌!ℎ!
2ℎ!

𝜂!
𝛿!

! 𝜇!𝜔
𝜇!! + 𝜔!𝜂!!!!!,!

        (7) 

By fitting frequency shifts and dissipation changes at various overtones 

∆𝑓!,∆𝐷!… .∆𝑓!",∆𝐷!"  to two-layer Voigt-Voinova model, viscoelastic properties 

(𝜂!, 𝜂!, 𝜇!, 𝜇!)  and film thickness (ℎ!, ℎ!) of both top and bottom layers can be extracted.  The 

fitting process was performed using an optimization tool of a commercial software package 

(MATLAB 8.3, The MathWorks Inc., Natick, MA, 2014a).  Matlab’s fmincon function was 

performed to find the minimum of the following constrained nonlinear multivariable function: 

𝐹 𝜂!, 𝜂!, 𝜇!, 𝜇!, ℎ!, ℎ! = ∆𝑓!
!"# − ∆𝑓!!"#!$#"%&'

! +!!!,!…!"        ∆𝐷!
!"# − ∆𝐷!!"#!$#"%&'

!        (8)  

Due to the nonlinear nature of the F function, various sets of fitted parameters were found, 

indicating the existence of multiple local minimums.  To determine the most appropriate 

solution, we constrained the range of the viscoelastic parameters and film thickness to conform 

to physical constraints: 8.9×10!!𝑃𝑎 ∙ 𝑠 ≤ 𝜂 ≤ 1×10!!𝑃𝑎 ∙ 𝑠 , 10!𝑃𝑎 ≤ 𝜇 ≤ 5×10!𝑃𝑎 , 

1!!𝑚 ≤ 𝜇 ≤ 1!!𝑚 . Within the range specified, one specific set of fitted parameter was 

determined by the fitting tool to reach a global minimum. The density for both of the films was 

assumed to be 1100 kg/m3. 

 

1.2 OMV size and surface charge characterization.  

The size and zeta potential of OMVs and pegylated liposomes in PBS buffer were 

measured by dynamic light scattering and electrophoresis (Malvern). The size distributions and 

zeta potential measurements are provided in the Supplementary Information.  
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1.3 Fluorescent labeling of OMVs and liposomes.  

In order to visualize the formation of bacteria-like SLBs and to measure the diffusivities 

of the subsequent bilayers, OMVs were first fluorescently labeled with Octadecyl Rhodamine 

(R18). R18 is a red-emitting fluorophore (Molecular Probes, Eugene, OR), which intercalates 

into membranes. 300 µL of OMV solution was incubated with 1 µL 0.18 mM R18 in a bath 

sonicator (Model # BD2500A-DTH; VWR) for 15-20 min on the lowest setting. The solutions 

were then centrifuged (Eppendorf, Centrifuge 5451C, Hauppauge, NY) through a G-25 spin 

column for 2 min to remove excess free R18.  

 

1.4 Formation of SLB from pure liposomes.  

SLBs self-assemble on clean glass by the vesicle fusion method114. Liposome solutions 

were added to a PDMS well and incubated for 10-15 min. PBS buffer was used to rinse the 

samples after incubation to remove excess lipid vesicles. In order to visualize the SLB formation 

and measure the mobility of lipids, liposomes (or OMVs) were labeled with R18 prior to bilayer 

formation, using the labeling procedure described above.  

 

2. OMV size and surface charge characterization 

The size and zeta potential of OMVs and pegylated liposomes in PBS buffer were 

measured by dynamic light scattering and electrophoresis. The size distributions of OMVs and 

DOPC with 0.5 mol% PEG (5k)-PE liposomes are plotted in Figure B1a, which shows that both 

vesicles are similar sizes with average hydrodynamic diameters around 70-100 nm. The zeta 

potential results (Fig. B1b) show that OMVs are more negatively charged than DOPC with 0.5 
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mol% PEG (5K)-PE liposomes in PBS. The negative charge of OMVs results from negatively-

charged lipopolysaccharides, which makes up approximately 30 wt% of bacterial outer 

membrane, as well as protein content. We also used a ZetaSizerNano (Malvern) to determine 

concentration of the native OMV samples. Duplicate runs (n>3) were performed on each sample 

and three samples were measured.  We found the correlation of OMV protein content (BCA 

assay) and particle number to be 1𝜇g protein /109 particles. Figure B1c shows an example of 

concentration measurement using an OMV sample with 1.6 �g/mL protein concentration (BCA 

assay), with the average particle concentration to be 1.58  ×10! ± 1.27×10!particles /mL. 

 
Figure B1. (a) Distribution of particle diameters and (b) zeta potential of OMVs and DOPC with 0.5 mol% 
PEG(5K)-PE liposomes in PBS buffer solution. Particle size distribution was determined by dynamic light scattering 
and zeta potential was obtained using electrophoresis. The buffer conditions were 5 mM phosphate buffered saline 
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(PBS) with 150 mM NaCl at a pH of 7.4. (c) Particle concentration profiles for OMVs with 1.6 �g/mL protein 
concentration.  
3. OMV adsorption measurement using QCM-D 

To estimate the surface coverage of OMVs, we formed a saturated monolayer of intact OMVs on 

the sensor and monitored the adsorption process using QCM-D.  The QCM-D measurement and 

the corresponding mass curve are shown in Figure B2. 

 

Figure B2. Typical result of a QCMD OMV adsorption experiment. While flowing, OMVs gradually adsorbed on 
the sensor, indicated by declined frequency and increased dissipation, and formed an unruptured OMV monolayer. 
The signals of frequency and dissipation were converted to mass curve (b) by fitting with one-film Voigt-Voinova 
model. 
 
4. OMV surface coverage discussion 

The surface coverage calculation performed using eq. (1) in the main text was based on one 

simple assumption that the acoustic response obtained from QCM-D is proportional to the 

biomolecule mass. Note that acoustic response from QCM-D (𝑀!"#) is the combination of both 

dry biomolecule mass (𝑀!) and the coupled water mass (𝑀!): 

𝑀!"# = 𝑀! +𝑀!               (9) 

By assuming 𝑀!"# is proportional to 𝑀!, we are stating that the hydration level, H, remains 

constant regardless of molecular level of OMV: 
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𝐻 = 1− !!
!!"#

=   𝑐𝑜𝑛𝑠𝑡𝑎𝑛𝑡     (10) 

𝜃! =
!.!"×!!"#

!!"#,!"#
      (eq. (4.1), Chapter 4) 

𝜃! denotes the surface coverage calculated based on constant hydration (H) assumption. This 

assumption provides us a simple way to estimate OMV surface coverage, rupture percentage, 

and hence, the bacterial contents in OM-SB. However, previous literature has shown that this 

assumption is not valid under all circumstances. Cho et al. (2009)286 have used complementary 

acoustic (QCM-D) and optical (SPR) techniques to monitor the hydration level of lipid vesicles 

adsorbed on a Au sensor. Their results suggest that the coupled water content per lipid vesicle 

varies at different adsorption stages. The hydration level stays high at low surface coverage and 

gradually decreases as more materials adsorbed on the surface. By assuming constant hydration 

level at all times, we will overestimate the biomolecular mass at low surface coverage, which 

will effectively distort the OMV rupture percentage calculation.  

To further correct the artifacts caused by the assumption (eq (10)), we applied the theoretical 

model developed by Bingen et al (2008)287 to describe the solvation of OMV at different surface 

coverage. Bingen and colleagues developed pyramid models to simulate the adsorption of 

vesicles on a QCM sensor. By assuming the space occupied by a vesicle with the solvent coupled 

to it to be a truncated pyramid, they were able to calculate the hydration level (H) as a function 

of surface coverage and parameters that describe the adsorbed vesicles:  

𝐻 = !!!!!!!!

!!!!(!!!!
!!!!!!!)

                (11) 

𝑣 = 𝑓𝑢𝑛𝑐(𝜃, 𝑟, 𝑧, 𝑙)           (12) 

𝑀! is the molecular weight of the vesicle,  𝜌!!! and 𝜌! are the density of buffer and particles, 

respectively. v is the average volume of the vesicle and its coated solvent, which is a function of 
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surface coverage (𝜃) and parameters (z, r, l) describing the dimensions of the adsorbed vesicles.  

z is the height of the adsorbed vesicle, while r and l are the dimensions characterize the footprint 

of the truncated pyramid. To apply this theoretical model to describe the adsorption of OMVs, 

we first need to obtain the following properties for the adsorbed OMVs:  𝑀!, 𝜌!, z, r, and l.  

We estimated 𝑀! and 𝜌! of the OMV to be 40,000 kDa and 1100 g/cm3, assuming vesicle size 

in a range of with 70-100 μm and membrane thickness of 5 nm.  We also estimated z, the height 

of the adsorbed vesicles, to be 110 μm based on the estimated thickness of OMV adsorbed 

monolayer from the Voigt viscoelastic model. However, we have very limited information on 

how to predict r and l, the other two dimensions describing the footprint of the adsorbed OMVs. 

To overcome this barrier, we developed a three-dimensional COMSOL model to simulate OMV 

adsorption kinetics and further determine the parameters r and l. Note that while COMSOL 

model can successfully predict OMV surface coverage at different time courses, the model was 

developed under the assumption that vesicles were uniformly distributed. By not taking into 

account the random spatial distribution of adsorbed OMVs, we may miss significant OMV 

adsorption kinetics. This limitation motivates us to first fit the COMSOL simulation result in the 

“uniform adsorption” pyramid model (model 2 in Bingen et al) to determine parameters r and l. 

We then fit all the parameters to the modified pyramid model with random adsorbent distribution 

(model 3 in Bingen et al) to estimate the relationship of hydration level and surface coverage. 

 
 
4.1 OMVs adsorption on QCM-D sensor simulated using COMSOL 
 
4.1.1 Model development 

I. Geometry 

In the QCM-D system, the SiO2 sensor (inner diameter 11 mm) was mounted in the liquid cell 
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chamber (height 0.4 mm), and the chamber volume is around 40  𝜇𝐿. The geometry of the system 

is shown in Figure B3. 

   

Figure B3: The geometry of the QCM-D flow chamber. The bottom surface is the adsorption surface site that 
generates frequency and dissipation changes. The OMVs solution were sent to the chamber through inlet and flowed 
out from outlet. 
 
II. Physical Models 

Three physical models were chosen in this study: Laminar flow (3D), transport of diluted species 

(3D), and surface reaction (2D). First, laminar flow physics was solved with stationary study, 

and the resulting 3D velocity profiles were input to transport of diluted species and surface 

reaction physics. The transport and surface reaction physics were solved in a time-dependent 

manner. 

Physics 1: Laminar Fluid Flow 

The flow in the chamber is laminar flow (Re ~ O(1)) and governed by Navier-Stokes equation: 

𝜌𝑢 ∙ ∇u = ∇ ∙ −𝑝𝐼 + 𝜂 ∇u+ ∇u ! − !!
!

∇ ∙ u I      (13) 

∇ ∙ 𝜌𝑢 = 0             (14) 

Inlet!

Outlet!
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0.4 

0!
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𝑢  is solution velocity !
!

.  𝜌  (density !"
!!     ) and 𝜂  (viscosity !"

!∙!
) are built-in 

properties of water at 24 ℃. 𝑃 is the pressure (𝑃𝑎). 

The boundary conditions are: 1) Inlet: constant flow rate, 100 μL/min. 2) Outlet: P = 1 atm. 3) 

Walls: no flow, and the initial condition is: 𝑢 = 0 (no flow at time zero).  

The resulting continuous flow profiles are shown in Figure B4. The solution flowed in and 

exited out from the chamber at the velocity of 100 μL/min. The simulated results suggest that the 

flow rate experiences significant drop: 1) from the inlet/outlet to the center and 2) from the top to 

down along the z direction.  This steady-state, unperturbed laminar flow profile was then used 

in the following studies to simulate OMVs adsorption on the sensor.  

 

Figure B4. (Left)  The magnitude of velocity field of the zx surface and the streamlines in the chamber. (Right) 
The magnitude of velocity field along (x = -5.5 mm, y = 0 mm) to (x = 5.5 mm, y = 0 mm) at different z slices, 
which corresponds to the surface showed in Figure 2. z ranges from 0.01 mm, 0.1 mm, 0.2 mm, 0.3 mm, and 0.4 
mm. 
 

Physics 2: Mass Transport in the stream 

The governing equation of the transport of free OMVs (V) in the solution is described as below: 

!!!
!"
+ ∇ ∙ −𝐷!∇𝐶! + 𝑢 ∙ ∇𝐶! = 0      (15) 

where 𝐷! is the diffusivity  (  !
!

!
) and 𝑢 is the velocity vector (  !

!
  ) .  
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The boundary conditions are: 1) Inlet: 𝐶! = 𝐶!!, where 𝐶!! was the solution concentration 

sent to the chamber. From t = 0 to t = 5 mins, the OMVs solution was fresh (𝐶!!  = 0.01 mg/ml). 

For t > 5 mins, since the OMVs solution was recycled to the chamber, 𝐶!!  was the outlet 

concentration, 𝐶!"#. 2) Outlet: 𝑛 ∙ −𝐷!∇𝐶! = 0. 3) Reactive sensor surface: 𝑁! = −𝑅!". 4) 

Other impenetrable surfaces: 𝑛 ∙ −𝐷!∇𝐶! + 𝐶!𝑢 = 0 . The initial condition was 𝐶! = 0 , 

which means that the concentration of the bulk at the beginning of the process was set to zero. 

Physics 3: Surface Reaction 

The governing equation for OMVs adsorbed on the surface can be expressed as below, including 

OMV surface diffusion and the adsorption reaction: 

!!!
!"
+ ∇ ∙ −𝐷!∇𝐶! = 𝑅!"             (16) 

where 𝐶! is the concentration of the adsorbed OMVs, 𝐷! is the surface diffusivity and 𝑅!" is 

OMV adsorption rate. If the surface diffusion was assumed to be zero, the governing equation 

for the surface concentration can be written as: 

!!!
!"
= 𝑅!"              (17) 

Free OMVs (V) in the solution could adsorb on the surface site (S) on the QCM-D sensor 

irreversibly: 

𝑉 + 𝑆
!!" 𝑉𝑆        (18) 

Where VS represents the OMVs adsorbed on the surface. The rate of adsorption can further be 

defined as: 

𝑅!" = 𝐾!"𝐶!Γ!(1− 𝜃)      (19) 

𝐶!  
!"
!!  is the concentration of free OMVs in the solution on the surface, Γ! is the total active 

binding site for OMVs (mg/m2), and    𝜃 is the surface fraction of 𝑉𝑆. Since both 𝐾!"  𝑎𝑛𝑑  Γ! 
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are unknowns in this study, we further combine these two parameters to one unknown constant A: 

𝑅!" = 𝐴𝐶! 1− 𝜃        (20) 

𝐴 = 𝐾!"Γ! 

By integrating eq. (16) and (20), the material balance for the adsorbed OMVs on the surface can 

be written as: 

!!!
!"
= 𝐴𝐶! 1− 𝜃                  (21) 

 

4.1.2 COMSOL Simulation results and discussion 

The constraint for the simulation model is that simulated surface coverage should saturate at the 

same time point as the experimental surface coverage, which is around t = 1600 sec under the 

given flow rate and solution concentration. By tuning the unknown parameter A in eq. 12, we are 

able to determine the surface coverage profile to reach saturation at the desired time. As shown 

in Figure B5, the experimental surface coverage data calculated based on the assumption (eq.(2)), 

θH, is higher than the simulated result, θCOMSOL. This finding corresponds well with the proposed 

mechanism from the literature: the biomolecular mass will be overestimated at low surface 

coverage if hydration is considered to be constant. Fig. S3 also depicts the deviation of these two 

coverage profiles over the time course. 

By expressing eq. 11 as eq. (22): 

                           𝜃  !"#$% = 𝜃!
!!!

!!!!"#
                    (22) 

we can then fit the relationship of θH and θCOMSOL to the “uniform adsorption” pyramid model 

(model 2 in Bingen et al) to determine the parameters r and l. The best fits are shown in Figure 

B5a and r and l are determined as 35 nm and 24.6 nm respectively.  Finally, we fitted r and l to 

simulate the adsorption of OMVs by a random sequential adsorption (RSA) following a Monte 
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Carlo algorithm299. The relationship between surface coverage θmodel, RSA and θH can then be 

computed (Fig. S5b) and used to correct the artifacts caused by the assumption (eq. (10)). 

 

Figure B5. (a) The surface coverage from: (purple) the calculation using the experimental QCM-D data based on 
the assumption described in eq.10, and (blue) the simulation result using COMSOL model. (b) (blue) The 
relationship of θH versus θCOMSOL and (red) the fitting results showing the relationship of θH and θmodel. (c) The final 
correlation curve used to correct the θH and θmodel, RSA.  
 
 
5. QCM-D responses of all the overtones for OM-SB formation and the following polymyxin B 

interaction 

We performed QCM-D experiments to monitor the interaction of polymyxin B towards OM-SB, 

ranging from the 3rd to 13th overtones.  The QCM-D measurements including OM-SB formation 

and the following polymyxin B interaction are shown in Figure B7. 
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Figure B6. The 3rd to 13th overtones QCM-D responses for OM-SB formation and the following polymyxin B 
interaction. (Left) Normalized frequency response and (Right) the corresponding dissipation shifts. 
 
 
 
B6. The QCM-D control experiment of adding polymyxin B to PEG-SLB 

To exclude the possibility that non-specific artifact of polymyxin B to PEG-SLB are present, we 

performed QCM-D experiments to confirm that no signal was detected with the addition of PMB 

to PEG-SLB.  

 
Figure B7. The QCM-D measurement showing PMB has no effect on PEG-SLB at the giving PMB concentrations. 
PEG-SLB was first formed (1) and PMB solution was then added into the system (2).  The PMB concentrations 
range from: 0.001mg/ml, 0.01mg/ml, 0.05mg/ml, and 0.1mg/ml; each batch of solution was followed for 30 
minutes. (a) Normalized frequency response and (b) the corresponding dissipation shifts. 
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