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The catalyzed oxidation reactions by horseradish peroxidase (HRP) comprise a
conversion of the ferric state of the heme to the ferryl heme by hydrogen peroxide
(H2O2). However, studies barely investigate the effect of other components in the
reaction mixtures on HRP function. Thus, we desire to investigate the HRP-catalyzed
oxidation reactions in exposure to histidine (His). Herein, we report the first use of His
and HRP to initiate the photocatalytic oxidation reactions without the exogenous
addition of hydrogen peroxide. We demonstrate that the oxidation reactions of organic
molecules proceed 2-times faster using HRP/His system in comparison with HRP/H2O2
system. During this work, we noticed that non-aromatic amino acids are fluorescent in
solid state. We also demonstrate that the polymorph A crystal of L-His contains
hydrophobic domains within the structure’s interior, which can serve as vehicles for the
highly efficient entrapment and transport of hydrophobic small molecules.
Despite the importance of H2O2 in the HRP-catalyzed reactions, the detection and
quantification of low concentrations of H2O2 is still limited using current methods. In
this regard, we demonstrate that high-valent iron-oxo intermediates of HRP are well
suited to detect ultratrace amount of H2O2 impurities in alcohols in the range of 0.001–
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1000 µM using just a UV/Vis spectrophotometer. We monitor the optical spectra of low
concentrations of HRP (0.1-1 µM) for the red shift in the Soret and Q-band regions upon
the addition of alcohols, as well as the reversibility of this shift to the original
wavelength over time due to the spontaneous decay of ferryl intermediates to the ferric
state.
The motivation for this thesis lie in an industrially-funded project on Cheddar cheese.
The aim of this project was to obtain white whey from the yellow whey proteins
recovered from the Cheddar cheese making process without using oxidative agents. To
address this issue, we conducted several experiments which resulted in all fascinating
chapters of this thesis based on our observations, while none of them solved the
problem. Thus, we designed microcapsules, which release the cargo only when exposed
to lipase during the ripening step, selectively coloring the cheese matrix and obtaining
the white whey.
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CHAPTER 1
INTRODUCTION
1.1.The conceptual origin and motivation
The story of my thesis on horseradish peroxidase (HRP) begins with a result from an
industrial project on Cheddar cheese funded by National Dairy Council (NDC).1 The
project was on presenting an alternative method to obtain the white whey proteins from
the yellow-colored whey proteins recovered from the Cheddar cheese making process.
This yellow color of whey proteins from the Cheddar cheese making process is due to
the presence of annatto.1-2 Annatto is a common yellowish-red colorant used in the
production of Cheddar cheese. This colorant is extracted from Bixa orellana L. seeds
and is composed of two main carotenoids, the oil-soluble bixin and water-soluble
norbixin.3 A fraction of Annatto used in the production of Cheddar cheese is transferred
to whey. The carryover colorant in whey negatively impact the visual quality of the
resultant powder, and could induce allergic responses, which is a concern when the
powder is to be used as an ingredient in other products, such as infant formula and food
supplements.2 Current strategy used by dairy industries is based on chemical methods
(bleaching with hydrogen peroxide or benzoyl peroxide), with additional operational
costs and quality concerns. These chemical methods harness the native lactoperoxidase
system of milk to decolor yellow whey proteins recovered from colored Cheddar
cheese.4 Lactoperoxidase catalyzes the formation of thiocyanate radicals in milk upon
the addition of hydrogen peroxide, which reacts with the heme center of lactoperoxidase
to form ferryl intermediates.5-6 These thiocyanate radicals are subsequently quenched
by carotenoids, disturbing their conjugated double bonds7-8 and decoloring the
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carotenoids in ~30 minutes due to the loss of visible light absorption by their conjugated
π-system.9-10 The carotenoids may eventually decompose to carbonyl products
including aldehydes and ketones, resulting in oxidized flavors development in bleached
whey.11 Some unsaturated decomposition products of annatto can also react with whey
components, for instance, 3-acetylacrylic acid reacts with cysteine.12 These reactions
decrease the nutritive value of final whey protein product.2 Moreover, the resulted whey
protein concentrate and powder after bleaching using these oxidizing agents has a higher
concentration of compounds from lipid oxidation than untreated samples, which
negatively affect sensory attributes.2 Considering the nutritional and functional value of
whey proteins, and increased demand for these compounds by food and pharmaceutical
industries, different methods have been investigated to reduce the amount of carryover
colorant in the resultant whey protein powder.8, 13-14 Current strategies used by the dairy
industry or that have been proposed to address this issue are based on physical (e.g.,
microfiltration),13 enzymatic (e.g., using lactoperoxidase),8 and chemical methods (e.g.,
discoloration/bleaching with hydrogen or benzoyl peroxide).14
Our primary mission to solve this issue and find an alternative method to obtain the
white whey was to extract annatto from the colored whey using a food-grade solvent,
ethanol. However, upon the addition of ethanol we observed the whey to turn white in
less than 5 s without the addition of any exogenous oxidizing agent. This observation
sparks our attention to question if the addition of ethanol causes the oxidation of
carotenoids in the presence of whey proteins. Thus, we thoroughly studied the catalyzed
oxidation of carotenoids by lactoperoxidase in the presence of ethanol (Chapter 2).15
The results of this study showed that the heme in lactoperoxidase is affected by ethanol.
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Thus, we proposed two hypothesis: first, ethanol can bind to the iron at the heme center
of lactoperoxidase; second, ethanol can cause a conformational change in the enzyme
in the way that the distal histidine at the top of heme center can bind to the iron at the
heme center. We decided to use HRP to investigate these hypothesis because of its
availability and the similarity of its heme structure to the heme structure of
lactoperoxidase. We tested our first hypothesis, investigating the effect of ethanol on
HRP. The results showed that ethanol contains adventitious amount of H2O2, which is
not detectable by the current available methods such as hydrogen peroxide test strips.
We showed that this adventitious amount of H2O2 was the reason for catalysis of
oxidation reactions of carotenoids in the presence of heme-containing enzymes, such as
lactoperoxidase and HRP. Our study resulted in presenting a new method to identify
ultratrace amount of H2O2 in alcohols (Chapter 3). In parallel to test of the first
hypothesis, we also examined the second hypothesis. We added exogenous histidine
solution to the HRP to investigate the binding of histidine to the iron at the heme center.
Despite our hypothesis, histidine could not react with the iron at the heme center.
However, we demonstrate that histidine initiate a new photocatalytic pathway of HRP
without the addition of exogenous H2O2 (Chapter 4). The study on HRP/histidine
system also resulted in two new discoveries: first, the crystallization-induced
fluorescence of amino acids in the crystalline solid state (Chapter 5); second, the Lhistidine crystals contain hydrophobic domains within the structure’s interior, and can
serve as vehicles for the highly efficient entrapment and transport of hydrophobic small
molecules (Chapter 6).16 None of these studies can address the issues associated with
obtaining the white whey protein from the yellow whey recovered from the Cheddar
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cheese making process. However, the last study on the entrapment of hydrophobic small
molecules in L-histidine crystals motivated us to propose a microencapsulation
technique as an alternative to obtain the white whey. Thus, we present a natural and
simple

enzyme-responsive

core−shell-structured

microcapsule

to

encapsulate

carotenoids in the core and control their release only when exposed to lipase. Since
lipases are mainly found in cheese curds during cheese ripening, we apply the platform
to selectively deliver the color to the cheese curd by lipase-triggered release, leaving the
whey proteins colorless (Chapter 7).17 Although we started from Cheddar cheese, we
could propose the special capabilities of HRP in this work, which can expand its
application in immunochemistry,18 diagnostic assays,19 chemical reactions,20
bioremediation,21 and fuel cells.22

1.2.The mechanism of HRP in oxidation of organic substrates
Peroxidases are oxidoreductase enzymes that exhibit a crucial protective effect in
preventing oxidative damage of cellular components caused by hydrogen peroxide
(H2O2).23 Horseradish peroxidase (HRP) is one of the most extensively used peroxidases
in immunochemistry, diagnostic assays, chemical reactions, and bioremediation.24-27
The broad application range of HRP is due to its ability to translate catalysis into an
electrochemical signal, as well as its stability and commercial availability.28 HRP is able
to catalyze the heterolytic cleavage of the peroxidic bond in H2O2 and form a highvalent iron-oxo (ferryl heme) intermediate of the enzyme (compound I).29-32 In
compound I, the iron at the heme center is oxidized from FeIII to FeIV=O, and the
porphyrin or an amino acid in the side chain of HRP is oxidized to a radical.33 Thus,
4

compound I oxidizes two molecules of substrate through two consecutive single
electron reactions to form compound II, and finally reduced back to the Fe III state
(Scheme 1.1).33-39 These compound I and II are the crucial intermediates in a diverse
group of catalytic heme enzymes and are involved in many processes, including drug
metabolism and other important oxidation reactions.40

Scheme 1.1. a) The crystal structure of horseradish peroxidase, isozyme C (PDB entry
1ATJ).41 b) Active site of horseradish peroxidase based on the crystal structures of HRP
isozyme C (PDB entry 1ATJ).41 c) Reactions catalyzed by horseradish peroxidases
using hydrogen peroxide (H2O2). The catalytic cycle begins with compound I formation.
Compound I recovers the resting state via the peroxidatic reaction, in which compound
I sequentially reacts with two molecules of a one-electron donating substrate (e.g.,
ABTS), passing through another intermediate named compound II.

The active sites of peroxidases are generally accessible to solvent molecules, thus it is
believed that water molecules play a key role in catalysis.38, 42 Studies have suggested
that the mechanism of compound I formation includes the catalytic distal His, which
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shuttles a proton from the iron-linked peroxide oxygen atom to the distal peroxide
oxygen atom. This proton-transfer is mediated by a water molecule and promotes the
heterolytic fission of the O-O bond.43-44 Thus, one can imagine the importance of the
solvent used in the reactions catalyzed by HRP. Moreover, two key catalytic residues in
the distal heme pocket are involved in peroxide activation and the two-step mechanism
of compound I formation, including (1) charge stabilization of the enzyme-substrate
precursor complex by Arg 38 and (2) acid-base catalysis by His 42. These two residues
catalyze the proton transfer between the oxygen atoms of heme-bound H2O2 and
polarize the O-O bond.39 The polar character of Arg 38 may facilitate the access of the
H2O2 molecule to the heme and/or provide an electrostatic interaction with the incoming
peroxide, which may also induce the deprotonation of H2O2 at neutral pH.45 Studies also
show that Arg 38 not only modulates the formation of compound I by facilitating the
binding of H2O2 to the heme, but also changes the reactivity of both compound I and
compound II.45 However, the exact role of His 42 and Arg 38 has not been resolved,
and the exact nature of the reducing substrate binding site of HRP is still not known.
Blumberg, et al.

46

have shown the optical spectra of the ferryl heme intermediate of

HRP, which has a Soret of 418 nm and two Q-bands of 528 nm and 553 nm (Figure 1.1,
A). Ascorbate peroxidase also shows almost the same features for the ferryl intermediate
(Figure 1.1, B).
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Figure 1.1. A) Optical spectra of the ferryl intermediate of HRP, generated through the
addition of H2O2,46 B) Optical spectra of the ferryl intermediate of ascorbate peroxidase
generated through the addition of H2O2.47
Previous studies of HRP and H2O2 have also characterized the formation of compound
I using electron paramagnetic resonance (EPR), and show that HRP with H2O2 generates
a broad EPR signal characteristic of compound I, oxyferryl porphyrin π-cation radical
(g = 2.0, Figure 1.2, A-D).39 This signal must have arisen from a radical cation located
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more than ∼10 Å from the iron because it was relatively easily saturated and remained
observable above 40 K (Figure 1.2, Ab).39

Figure 1.2. A) EPR spectra of (a) compound I formed after 2 s reaction of HRP with
stoichiometric H2O2; (b) the intermediate formed after 15 s reaction of HRP with an
excess amount of H2O2 in 10 mM phosphate buffer, pH 7.0.39 B) EPR spectra of HRP
compound I at different pHs (8.1, 11.0, and 11.4). The spectrum (c) is entirely due to
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low spin heme iron with principal g value = 2.0.46 C) EPR spectra of a solution of
ascorbate peroxidase (black line), and compound II with the expected high-spin and
low-spin (blue lines, g= 2.69, g= 2.22, g= 1.79),47 D) EPR spectrum of cytochrome c
peroxidase (Ccp) products. a, Ccp-H2O2 product.48

The rate of oxidation reaction by HRP has been shown to decrease with increasing
concentrations of alcohols, such as ethanol.49-51 Alcohols have also been shown to have
a significant influence on heme protein electrostatic interactions and stability depending
on the alcohol’s concentration and chain length.52 For example, low concentrations of
ethanol (<1 M) enhance the heme protein stability,53-54 while the same concentration of
alcohols with higher hydrocarbon content increases partial protein denaturation through
disorganization of the enzyme’s hydrophobic interior domains.53, 55 The arguments are
emerging in the mechanistic discussions of this system as to whether the reason for
decreasing the rate of oxidation reactions should rather be described as a competitive
inhibitory effect of alcohol through weak binding to the iron at the heme center or its
binding to the protein moiety.49, 51, 56-57 Many results concerning the decrease in rate of
oxidation reactions by peroxidases in the presence of alcohols have been interpreted in
terms of the viscosity and dielectric constant of the medium,49, 51, 58 which affect the
hydrogen-bonding network and transport of H2O2 to the enzyme’s catalytic active site.41,
59-63

Thus, another long-standing controversy among scientists is whether the formation

of compound I through the reaction of H2O2 with Fe(III) at the heme center of HRP is a
diffusion-controlled reaction.49, 64
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CHAPTER 2
CATALYZED OXIDATION OF CAROTENOIDS BY LACTOPEROXIDASE IN
THE PRESENCE OF ETHANOL1

ABSTRACT

The discovery of the lactoperoxidase system as a biocatalyst in milk was a landmark
finding. The activation of this system using hydrogen peroxide (H2O2) raised hopes for
oxidation of various organic substrates. The involvement of lactoperoxidase system in
the catalyzed-oxidation of carotenoids in the whey proteins, and the effect of various
solvents on carotenoids’ oxidation reaction rate has been studied. However, there is no
evidence for this reaction without the addition of oxidizing agents, such as peroxides.
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Here, we reveal that carotenoids are oxidized through the addition of just ethanol in the
presence of lactoperoxidase. The oxidation of carotenoids through this exquisite
strategy is ~360-times faster than harnessing the lactoperoxidase system in whey
proteins via the addition of hydrogen peroxide. Bearing in mind that ethanol is not an
oxidizing agent, this observation suggests a potential paradigm shift in our
understanding of lactoperoxidase and catalyzed oxidation in biochemical systems.

2.1. INTRODUCTION
Several reports have proposed that carotenoids can boost antioxidant functions, the
immune system,65-67 and protect living organisms against photodynamic damage68-69
through the quenching of free radicals.66,

68

Upon this quenching reaction, the

carotenoids become oxidized and decolored due to the disturbance of their conjugated
polyene chains.68, 70-71 The rate of these oxidation reactions is dependent on the polarity
of the solvents in the reaction mixture72-74 and the type of free radicals encountered,
which can be formed via different methods, such as chemical and enzymatic reactions.
For instance, lactoperoxidase catalyzes the formation of thiocyanate radicals in milk
upon the addition of hydrogen peroxide, which reacts with the heme center of
lactoperoxidase to form ferryl intermediates.5-6 These thiocyanate radicals are
subsequently quenched by carotenoids, disturbing their conjugated double bonds7-8 and
decoloring the carotenoids due to the loss of visible light absorption by their conjugated
π-system.9
The food industry harnesses this behavior of the native lactoperoxidase system of milk
to decolor yellow whey proteins recovered from colored Cheddar cheese.4 The yellow
color of whey proteins is due to the partitioning of the annatto carotenoids to the whey
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proteins, which are used to color Cheddar cheese (Figure S2.1).75 The presence of these
carotenoids in the whey proteins, however, is not industrially desired due to the
unpleasant appearance of whey proteins, which limits their application in other food
products.2, 17 To utilize the lactoperoxidase system in the decoloration of carotenoids in
yellow whey, hydrogen peroxide is added to the colored whey proteins, which contain
native lactoperoxidase enzyme and thiocyanate.76 The reaction of hydrogen peroxide
with lactoperoxidase leads to the formation of thiocyanate radicals, which are quenched
by the annatto carotenoids, norbixin and bixin, decoloring them in ~30 minutes.10
In this work, we report the discovery that the addition of just ethanol to yellow whey
proteins catalyzes the oxidation of the annatto carotenoids (Scheme 2.1a) and results in
a white whey ~360-times faster compared to the lactoperoxidase system activated via
the addition of hydrogen peroxide (Scheme 2.1b). To understand this effect, we compare
the carotenoid oxidation products extracted from ethanol-treated (ETW) and hydrogen
peroxide-treated colored whey proteins (HTW) using direct analysis in real time mass
spectrometry (DART-MS). Based on these results and additional observations with
UV/Vis spectroscopy, high performance liquid chromatography (HPLC), colorimetry,
and the relative oxidation times, we hypothesize that the addition of ethanol to the whey
proteins leads to a radical reaction that can be quenched via the carotenoids. After
comparing the lactoperoxidase activity, the oxidation rate of 2,2′-azino-bis(3ethylbenzthiazoline-6-sulfonic acid) (ABTS), the redox potential, and Fouriertransform infrared (FTIR) spectra of the ETW and HTW samples, we postulate that
lactoperoxidase is implicated in this intriguing oxidation of carotenoids upon the
addition of ethanol. To confirm our postulation, we also examine the decoloration of
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pure norbixin in the presence of pure lactoperoxidase upon the addition of ethanol. Since
ethanol is a convenient solvent used in biological systems and can be evaporated from
the reaction mixture without any harmful residual, we believe that exploring this
observation can greatly expand our understanding of oxidation reactions in biochemical
systems.

Scheme 2.1. a) Schematic of carotenoid decoloration through the addition of ethanol to
whey proteins and the hypothetical involvement of whey proteins containing
lactoperoxidase. b) Schematic of carotenoid decoloration through the addition of
hydrogen peroxide to whey proteins via the involvement of the lactoperoxidase system.

2.2. MATERIALS AND METHODS
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2.2.1. Materials
Pure 200 proof ethanol was purchased from KOPTEC (PA, US), while lyophilized
powder of lactoperoxidase from bovine milk (essentially salt-free), sodium citrate, 2,2′azino-bis (3-ethyl-benzthiazaoline-6-sulfonic acid) (ABTS), n-hexane, acetone,
acetonitrile, diethyl ether, and formic acid were purchased from Sigma-Aldrich (St.
Louis, MO, US). Chloroform and methanol were purchased from Fisher Scientific
(Waltham, MA, USA). Glacial acetic acid was purchased form Merck Millipore
corporation (MA, US). Hydrogen peroxide (30% solution) was purchased from
Anachemia (Que, Canada). Norbixin and bixin were kindly provided by the Chr. Hansen
Laboratory A/S, Denmark. Diafiltered colored whey protein samples were kindly
provided by Cabot cheese, Agri-Mark, Inc., Middlebury, Vermont.

2.2.2. Decoloration of carotenoids by the addition of either ethanol or hydrogen
peroxide
Decoloration was conducted on liquid colored whey using different concentrations of
ethanol (10–30%, v/v) at pH= 6.3. The purpose of this experiment was to identify the
optimum concentration of ethanol to obtain white whey. The colored whey was also
diluted with the same concentrations of deionized water to correct the dilution factor in
control samples. The obtained white whey was compared to the decolored whey using
250 ppm hydrogen peroxide and colored whey (control).

2.2.3. Extraction and quantification of norbixin from whey proteins
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Norbixin was extracted8 and quantified by HPLC. Briefly, 0.6 g of colored whey sample
was diluted with 6 mL of water. Then, 3 mL absolute ethanol, 3 mL chloroform, and 1
mL glacial acetic acid (1% w/v) were added to the previous solution. The sample was
centrifuged at 16,500 g for 10 min at 4 °C and the bottom chloroform layer containing
the annatto was collected. Solid-phase extraction (SPE) was performed to filter and
purify the extracted annatto using a strata NH2 SPE cartridge (Sep-Pak Vac,
Waters). The extraction was done inside the SPE cartridge placed in a 12 port SPE
vacuum manifold (Avantor, J.T.Baker, PA, US). To condition the column, 4 mL of nhexane was used and 1 mL of the collected aliquot from the previous step was
transferred onto the conditioned SPE column. The column was rinsed with 2.5 mL of a
1:1 n-hexane and diethyl ether solution and 1 mL of acetone. The annatto was eluted
with 2 mL of a 7:3 solution of methanol and glacial acetic acid. The samples were
quantified by HPLC. An Agilent 1200 LC System with a Binary SL Pump & Diode
Array Detector, Shodex RI-501 Refractive Index Detector (single channel), and an
Agilent 1100 Column Compartment (G1316) was utilized to carry out the analysis. An
isocratic mobile phase (7:3, acetonitrile: water with 0.1% (w/v) formic acid) was used
at a flow rate of 1 mL/min with a binary pump. The sample (15 µL) was injected into
the column (CORTECS C18 Column, 2.7 µm, 4.6 mm×100 mm, Waters, MA, US),
which was heated to 40 °C. The sample was sent through a photodiode array detector.
A standard curve was created by preparing a serial dilution of norbixin aqueous
solutions and monitored at the maximum wavelength of 460 nm.

2.2.4. Assessment of the whey proteins by UV-VIS spectrophotometry
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The absorbance of the whey protein samples was measured using UV-Vis
spectrophotometry (UV-Vis Spectrophotometer UV-2600, Shimadzu Scientific
Instruments/ Marlborough, Massachusetts–USA) at a wavelength range between 200
nm and 800 nm.

2.2.5. Color analysis
The color of the liquid and solid whey protein samples was measured using a Chroma
Meter CR-400 (Konica Minolta Sensing Inc., Japan) and reported in terms of lightness
(L*) and blue-yellow (b*) values.77

2.2.6. Direct Analysis in Real Time Mass Spectrometry (DART-Mass)
A DART Standardized Voltage and Pressure (SVP) ion source (Ionsense Inc. Saugus,
MA) was coupled to a triple quadrupole ThermoFinnigan TSQ Discovery MAX mass
spectrometer (Waltham, MA) by a Vapur® interface (Ionsense Inc. Sangus, MA). The
source was controlled by the DART-SVP web-based software, which was operated at
300 ⁰C with helium as the carrier gas. The MS was operated in full scan, positive ion
mode with high purity nitrogen gas with a scan width of 0.10, scan time of 0.10 s and
scan modes over a mass range of 30–500 m/z. Samples were introduced to the DART
source drop-wise, by a glass pipette.

2.2.7. Lactoperoxidase activity
The assay for lactoperoxidase activity was performed based on the oxidation of the
synthetic substrate ABTS.78 Briefly, 4 ml of 1.73 mM ABTS in 0.1 M sodium citrate
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buffer (pH = 5.5) was mixed with 140 μL of 5.35 mM H2O2 and 10 μL of sample. The
linear increase in the absorbance at 405 nm was measured at 25 ºC in 1 s intervals for
300 s. The slope ΔA/Δt (a.u./min) times 11.15 was equal to the lactoperoxidase activity
(U/ml).78

2.2.8. Fourier Transform Infrared Spectroscopy (FTIR)
FTIR spectra of the freeze-dried whey protein samples were investigated in the region
from 4000 to 400 cm-1 (120 scans, resolution of 2 cm-1) using a IRAffinity-1S Fourier
Transform

Infrared

Spectrophotometer

(Shimadzu

Scientific

Instruments/

Marlborough, MA).

2.2.9. Cyclic voltammetry
Cyclic voltammetry (CV) studies on the colored whey proteins and ethanol-treated
colored whey protein (ETW) were carried out at scan rates of 0.1 V/s using an Autolab
PGSTAT302N (Metrohm Autolab B.V., Netherlands). Carbon paste screen-printed
electrodes (DRP-110) were purchased from Dropsens (Spain).

2.2.10. Assessment of the pure lactoperoxidase upon the addition of ethanol
The UV/Vis spectrum of lactoperoxidase (5 µM) after treatment with ethanol was
compared to the untreated lactoperoxidase (control). To simulate the colored whey
protein system, 950 µL of pure lactoperoxidase from bovine milk (0.5 µM) in 0.1 mM
potassium phosphate buffer (pH= 6.0) was added to 50 µL of pure norbixin solution
(0.002 g/mL). Then, 300 µL ethanol (equivalent to 30% v/v) was added to the
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lactoperoxidase/norbixin solution and the UV/Vis spectra were compared with the
ethanol-treated norbixin and untreated norbixin (control).

2.3. RESULTS AND DISCUSSION
The story begins with a landmark result demonstrating that the addition of ethanol
decolors the annatto carotenoids in colored whey proteins (pH= 6.3) recovered from the
Cheddar cheese making process.1 Our primary mission by the addition of ethanol was
to extract annatto from the colored whey using a food-grade solvent to obtain a white
whey. However, upon the addition of ethanol we observed the whey to turn white in less
than 5 s without the addition of any exogenous oxidizing agent (Scheme 2.1a). This
observation sparks our attention to question if the addition of ethanol causes the
oxidation of carotenoids in the presence of whey proteins. After optimizing the process,
we demonstrate that the addition of 30% (v/v) ethanol to colored whey proteins decolors
the carotenoids in less than 5 s. In contrast, the addition of 250 ppm hydrogen peroxide
to the same proteins decolors the carotenoids in ~30 minutes (Scheme 2.1b), which is
in agreement with the results of other studies.79 The lactoperoxidase activity decreases
through the addition of higher ethanol concentrations (>30% v/v). Moreover, the
composition analysis of ethanol-treated whey protein for calcium, iron, copper, and total
nitrogen content does not show any significant difference in comparison with the
colored whey protein (control) (Table S2.1). Interestingly, the excess addition of
hydrogen peroxide to the colored whey does not accelerate the rate of oxidation of the
carotenoids to the order of seconds. It has also been reported that the decoloration of
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carotenoids becomes less effective at high concentrations of hydrogen peroxide due to
the inactivation of the peroxidase.80
We then studied the ETW and HTW to determine any difference between the samples.
HPLC analysis indicates that the concentration of norbixin in the ETW sample decreases
approximately 7% more than the corresponding concentration in the HTW (Figure
2.1a). Hydrogen peroxide treatment shows a 38% decrease of norbixin in the colored
whey after ~30 min, while the addition of ethanol to the colored whey decreases the
norbixin by ~45% in less than 5 s. The colorimetry results also show a significant
increase in lightness (L*) and a significant decrease in yellowness (b*) of the colored
whey proteins treated with ethanol in comparison with hydrogen peroxide and the
untreated colored whey protein (control) (Figures 1b, & S2).

Figure 2.1. A) HPLC results of the norbixin concentration (µg/mL) in the colored whey
treated with either 250 ppm hydrogen peroxide or 30% (v/v) ethanol in comparison with
the untreated colored whey (control). B) The b*-value (yellowness) of the colored whey
treated with either 250 ppm hydrogen peroxide or 30% (v/v) ethanol in comparison with
the untreated colored whey (control).
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To explore the unexpected effect of ethanol addition on carotenoid oxidation, we
investigate the effect of ethanol on aqueous solutions of annatto carotenoids over a wide
pH range. The results show that the addition of ethanol to the solution of annatto
carotenoids in the pH range of 2–12 does not decolor them, and the slight color change
is due to the dilution with 30% ethanol (Figure S2.3). We also show that ethanol addition
does not decolor the carotenoids in the presence of casein proteins (Figure S2.4), which
raises our curiosity as to the role of the whey protein components in the oxidation
reaction of carotenoids upon ethanol addition. The UV/Vis spectra of the colored whey
proteins illustrate the elimination of the annatto carotenoid peaks in the range of 400–
500 nm upon the addition of ethanol to the colored whey proteins (Figure 2.2a). We also
compare the carotenoids’ oxidation products found in the ETW and HTW samples using
DART-MS and compare the results to the untreated colored whey control (Figure 2.2
(b-g)). Norbixin (Figure 2.2b) and bixin (Figure 2.2c) contain nine conjugated double
bonds in their molecular structure, which are disturbed by the oxidation reactions with
ethanol or hydrogen peroxide. A decrease in the intensity of the annatto carotenoids’
main fragment (150 m/z) (Figure S2.5) and another dominant fragment (243 m/z)
(Figure S2.6) in the ETW in comparison with the HTW sample illustrates that the
annatto carotenoids are converted to other species in the ETW more effectively than the
HTW (Figure S2.6). Based on the appearance of two fragments (359 m/z and 341 m/z)
originating from either norbixin or bixin in the ETW and HTW (Figure S2.7), we
propose their possible molecular structures (Figure 2.2, d-g), which illustrate a
disturbance of the carotenoids’ conjugated π-systems through the reduction of a mere
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single double bond in the middle of the carotenoid molecule (Figure 2.2d & 2.2e), which
is sufficient to cause its decoloration. The proposed structures also demonstrate the
addition of hydroxyls to the carotenoid molecules in both the ETW and HTW samples
(Figure 2.2, d-g). Figure 2.2 (f-g) shows the proposed structure of carotenoid molecules
with the hydroxyl groups added to their structures in both the ETW and HTW, which
can be formed one step before the formation of single bond in the middle of carotenoid
molecule.
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Figure 2.2. a) UV/Vis spectra of the colored whey proteins treated with ethanol and
H2O2 in comparison to the untreated colored whey protein control. b) The molecular
structure of norbixin and c) bixin. d) The proposed structure of the main fragment (359
m/z) originating from norbixin through the decoloration of whey proteins using ethanol
or hydrogen peroxide. e) The proposed structure of the main fragment (359 m/z)
originating from bixin through decoloration of whey proteins using ethanol or hydrogen
peroxide. f) The proposed structure of fragment (341 m/z) originating from norbixin
through the decoloration of whey proteins using ethanol or hydrogen peroxide. g) The
proposed structure of fragment (341 m/z) originating from bixin through decoloration
of whey proteins using ethanol or hydrogen peroxide.

To investigate the effect of ethanol on whey proteins, we measure the lactoperoxidase
activity. Lactoperoxidase contains a heme group in the catalytic domain,81-82 which is
covalently bound to the polypeptide chains.21-23 In the presence of hydrogen peroxide,
the heme center of lactoperoxidase reacts with hydrogen peroxide and produces an
active ferryl intermediate of the enzyme.83 These intermediates oxidize organic
molecules, such as carotenoids, and ABTS, which is a substrate to assay the
lactoperoxidase activity (Figure S2.8).84 The oxidation rate of ABTS is directly
proportional to the lactoperoxidase activity. Using this assay, we demonstrate that the
addition of ethanol decreases the rate of ABTS oxidation significantly (Figure 2.3a),
and subsequently causes a sharp decrease in lactoperoxidase activity (Figure 2.3b). The
voltammogram obtained from the ETW sample indicates the formation of new species
with higher oxidative potentials upon the addition of ethanol in comparison with the
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voltammogram of the control colored whey (Figure 2.3c). A shift to the higher oxidative
potentials (from 0.55 V to 0.65 V) in the cyclic voltammograms (Figure 2.3c) may be
due to the attachment of a ligand to the heme center and subsequent change of the iron
oxidation state from Fe(III) to Fe(IV).85 Moreover, the FTIR spectrum in the range of
1680–1630 cm-1 for the ETW sample is blue-shifted to a higher energy level in
comparison with the HTW and the colored whey protein control (Figure 2.3d). The
vibrational infrared absorption shifts are associated with the change of heme’s redox
potentials.86 The region of 1680–1630 cm-1 belongs to the carbon-carbon double bonds
in the alkenes, which can be found in the heme structure of the lactoperoxidase. Studies
report that the bands in the range of 1626–1613 cm-1 are assigned to porphyrin skeletal
and vinyl modes in cytochrome b559.86 Thus, the upshifted peaks to the higher energy
upon the addition of ethanol, specifically the peak shifted from 1646 cm-1 to 1649 cm-1,
as well as the increase in cyclic voltammetry oxidation potential, may be associated with
the formation of an oxidized form of lactoperoxidase (Figure 2.3d). This oxidized form
of lactoperoxidase can be created through the attachment of a ligand to the vacant 6th
coordination site of the heme. The ligand, which competes with hydrogen peroxide to
attach to the iron, inhibits the formation of the ferryl intermediate and disrupts ABTS
oxidation. This hypothesis can explain our previous observation of a decrease in the rate
of ABTS oxidation and lactoperoxidase activity upon the addition of ethanol (Figures
3a, & 3b).
Moreover, previous studies have assigned the peaks at 1656 and 1641 cm-1 to peptide
C=O mode(s) in cytochrome b559, and speculate that these signals reflect the change in
strength of a hydrogen bond formed between the histidine ligand(s) and the polypeptide
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backbone upon oxidation-reduction of the cytochrome b559.86 Thus, we believe that the
slight blue shift in the range of 1676–1663 cm-1 in the FTIR spectra caused by the
addition of ethanol may be due to the change in the pattern of hydrogen bonds formed
between the heme and polypeptide chain ligands of lactoperoxidase (Figure 2.3d). The
FTIR results also show a peak at 2349 cm-1, which is only formed in HTW (Figure
S2.9). This peak is associated with the production of carbon dioxide in HTW, which
may be due to different mechanisms of carotenoid oxidation upon the addition of
hydrogen peroxide compared to ethanol. Moreover, the presence of carbon dioxide in
HTW can produce off-flavors in the whey protein.
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Figure 2.3. A) Rate of ABTS oxidation in the lactoperoxidase assay with hydrogen
peroxide. B) Lactoperoxidase activity (%) of the untreated and ethanol-treated colored
whey. C) Cyclic voltammetry of colored whey proteins in comparison to the whey
proteins treated with ethanol. D) FTIR spectra of the colored whey proteins treated with
ethanol and hydrogen peroxide in comparison with the control.

To confirm our hypothesis on the formation of an oxidized form of lactoperoxidase, we
compare the UV/Vis spectra of pure lactoperoxidase from bovine milk with the ethanol-
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treated lactoperoxidase (Figure 2.4a). In native lactoperoxidase, the Soret band appears
at 412 nm with the Q-band maxima at 497 nm

87

. The addition of ethanol to the

lactoperoxidase solution (5 µM) in 0.1 M potassium phosphate buffer (pH 6.0) causes a
red shift in the Soret band to 430 nm with a shoulder at 350 nm, and the appearance of
Q-bands at 536 nm, and 566 nm (Figure 2.4a). It has been previously reported for
lactoperoxidase and other heme-containing peroxidases that the 350 nm shoulder in the
Soret peak and the red shift in Soret and Q-bands are indicative features of ferryl
intermediates

46, 87-89

. We also simulate the decoloration of carotenoids in the whey

proteins containing lactoperoxidase (~0.5 µM) upon the addition of ethanol using the
pure solution of lactoperoxidase (0.5 µM) and norbixin. The results show that just
ethanol does not decolor the norbixin (Figure 2.4b). However, the addition of ethanol
(30%, v/v) to the norbixin in the presence of lactoperoxidase results in the decoloration
of norbixin (Figure 2.4b), which can be due to the oxidation of norbixin by ferryl
intermediates of lactoperoxidase.
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Figure 2.4. a) UV-Vis absorbance spectra of native lactoperoxidase (5 μM) in 0.1 M
potassium phosphate buffer (pH 6.0), and upon the addition of ethanol. b) The UV-Vis
absorbance spectra of ethanol-treated solution of norbixin containing lactoperoxidase in
comparison with untreated norbixin, and ethanol-treated solution of norbixin without
lactoperoxidase.

2.4. CONCLUSION
In conclusion, adding 30% (v/v) ethanol oxidizes annatto carotenoids in the presence of
lactoperoxidase. This intriguing strategy catalyzes the oxidation of the carotenoids 360times faster than hydrogen peroxide/lactoperoxidase oxidation and results in the
conversion of more carotenoids to other colorless species and white whey proteins.
Since ethanol is not an oxidizing agent, exploring the mechanism of the carotenoid
catalyzed-oxidation reaction upon the addition of ethanol to the lactoperoxidase may
have a prominent influence on the biochemistry of peroxidases. Ongoing work is
focused on proposing a novel mechanism for the oxidation reactions of other organic
molecules in a pure peroxidase system upon the addition of ethanol.

2.5. SOPPORTING INFORMATION
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Figure S2.1. Schematic of Cheddar cheese production, colored using annatto
carotenoids.

Figure S2.2. a) L* (lightness) and b) b* (yellowness) values of the colored whey treated
with 250 ppm hydrogen peroxide, different ethanol concentrations, and water to correct
the dilution factor.
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Figure S2.3. Ethanol addition to the annatto carotenoid solution at a pH range of 2–12.

Figure S2.4. The addition of ethanol to annatto carotenoids and casein, indicating a
lack of color change and coagulation of casein upon addition of ethanol.
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Figure S2.5. The DART-MS spectrum of the annatto, and a proposed structure for its
main peak at 150 m/z.
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Figure S2.6. DART-MS spectra of the colored whey proteins treated with a) ethanol
(30%, V/V) and b) hydrogen peroxide (250 ppm).
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Figure S2.7. DART-MS spectra of the colored whey proteins treated with a) 30% (V/V)
ethanol and b) 250 ppm hydrogen peroxide. c) Control, untreated colored whey
proteins.

Figure S2.8. Schematic of the lactoperoxidase activity assay.
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Figure S2.9. a) FTIR spectra of the ETW and HTW in comparison with the colored
whey control. b) The peak at 2349 cm-1 associated with CO2 in the FTIR spectrum of
HTW in comparison with ETW and the colored whey control.

Table S2.1. Composition analysis of the colored whey proteins.
Components
ETW
HTW
Calcium (%)
0.59
0.57
Iron (ppm)
15
11
Copper (ppm)
8
3
Total Nitrogen (%)
13.27
13.30

Colored Whey Control
0.58
13
6
13.36
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CHAPTER 3
HIGH-VALENT IRON-OXO COMPOUND OF HORSERADISH PEROXIDASE AS
A CRITICAL INTERMEDIATE FOR THE DETECTION OF ULTRATRACE
AMOUNT OF HYDROGEN PEROXIDE IN ALCOHOLS

ABSTRACT
Despite the importance of hydrogen peroxide (H2O2) in initiating oxidative damage and
its connection to various diseases, the detection and quantification of low concentrations
of H2O2 (<10 µM) is still limited using current methods, particularly in non-aqueous
systems. Most of these techniques require the synthesis and fabrication of sensors to
probe H2O2 using complex, expensive instrumentation. We are interested in developing
a simple, fast, and inexpensive method to detect and quantify H2O2 in both aqueous and
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non-aqueous systems, including alcohols. In this regard, we demonstrate that highvalent iron-oxo intermediates of horseradish peroxidase (HRP) are well suited to detect
ultratrace amount of H2O2 impurities in alcohols in the range of 0.001–1000 µM using
just a UV/Vis spectrophotometer. We monitor the optical spectra of low concentrations
of HRP (0.1-1 µM) for the red shift in the Soret and Q-band regions upon the addition
of alcohols, as well as the reversibility of this shift to the original wavelength over time
due to the spontaneous decay of ferryl intermediates to the ferric state. We confirm the
formation of ferryl intermediates using electron paramagnetic resonance (EPR) and
cyclic voltammetry (CV). Integrating heme chemistry and the oxidation of ABTS (2,2'Azinobis [3-ethylbenzothiazoline-6-sulfonic acid]-diammonium salt), we also quantify
H2O2 impurity of alcohols in the range of 0.1–1000 µM. Thus, ferryl intermediates of
HRP are potential candidates for the detection and quantification of H2O2 in alcohols at
ppb levels through a simple UV/Vis spectrophotometric method.

3.1. INTRODUCTION
Hydrogen peroxide (H2O2) is an essential oxygen metabolite in living systems and
serving as a messenger in cellular signal transduction.90 The overproduction of H2O2
from the mitochondrial electron transport chain results in oxidative stress, causing
functional decline in organ systems.91 Such oxidative stress over time is also connected
to various diseases, including cancer,92 cardiovascular disorders,93 and Alzheimer’s and
related neurodegenerative diseases.94 Moreover, H2O2 and its derivatives are strong
oxidative agents employed in many industrial and medical processes, such as the
synthesis of organic compounds and disinfection.95-96 The significant impact of H2O2
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on a variety of oxidative damage mechanisms,

97-98

environmental hazards,96, 99 and

human health100-101, as well as its application in biosensing,102 provide motivation to
develop a sensitive and selective diagnostic method for detecting and quantifying H2O2,
particularly at low concentrations.
Over the past several decades, many H2O2 sensing techniques have been devised
based

on

spectrophotometry,103-104

fluorescence,101,

105

chemiluminescence,106

enzymatic, and electrochemical methods.107-111 One of the most extensively used
enzymatic systems for H2O2 sensing is horseradish peroxidase (HRP)-H2O2.24-27, 110-111
The broad application of HRP in H2O2 sensing is due to its ability to translate catalysis
into an electrochemical signal, as well as its stability and commercial availability.28 HRP
is able to catalyze the heterolytic cleavage of the peroxidic bond in H2O2 and form a
high-valent iron-oxo (ferryl heme) intermediate of the enzyme (compound I).29-32 In
compound I, the iron at the heme center is oxidized from FeIII to FeIV=O, and the
porphyrin or an amino acid in the side chain of HRP is oxidized to a radical.33 Thus,
compound I can oxidize two molecules of a substrate, such as ABTS, through two
consecutive single electron reactions to form compound II, before finally reducing back
to the FeIII state.33-40
Most HRP-based methods, however, are limited by some serious disadvantages,
such as environmental instability, complex fabrication design, tedious immobilization
procedures, and high cost.104, 107 Moreover, most of these methods are only efficient for
H2O2 detection in aqueous media and encounter low efficiency and sensitivity in other
organic solvents, such as alcohols. For example, the partial oxidation of primary or
secondary alcohols due to autoxidation results in the production of H2O2, which
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produces an aldehyde or ketone as a coproduct.112 Since alcohols are commonly applied
in various chemical and enzymatic reactions, the presence of an adventitious amount of
H2O2 can interfere with reaction cascades.1 Therefore, providing a selective, rapid,
convenient, and low cost analytical method for detection and quantifying H2O2 in
alcohols is of great interest.
Here, we report a simple spectrophotometric method to detect and quantify H2O2
in alcohols at ppb levels through the direct detection of the ferryl intermediate of HRP.
In this manner, we are able to detect adventitious amount of H2O2 in alcohols, such as
ethanol, glycerol, 2-chloroethanol, and isopropanol. In this method, we monitor the red
shift in the Soret and Q-band regions of the HRP’s optical spectrum upon the addition
of alcohols to the HRP aqueous solution at pH 6.0. The red shift of the Soret band from
402 nm to 418 nm with a shoulder at 350 nm, and the appearance of two Q-bands at 527
nm and 557 nm are indicative of the formation of the ferryl intermediates of HRP, which
can be formed only in the presence of H2O2 impurity.46, 88-89 Furthermore, we monitor
the reversibility of the red shifts over time to their original wavelengths as an indication
of the spontaneous decay of the ferryl intermediates to the ferric state, distinguishing
these red shifts from possible solvatochromic shifts. Using this method, we can
efficiently detect ppb levels of H2O2 (0.001-1000 µM) in the alcohols, where it is barely
possible to detect this amount of H2O2 using other common methods, such as hydrogen
peroxide test strips. We characterize the ferryl intermediates and their decay to ferric
heme upon the addition of alcohols to HRP using UV/Vis spectrophotometry and
confirm their presence using electron paramagnetic resonance (EPR) and cyclic
voltammetry (CV). Furthermore, we quantify H2O2 in alcohols based on the oxidation
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of the ABTS substrate using low concentrations of HRP (0.1-1 µM) in the range of 0.11000 µM. This demonstration suggests the importance of monitoring the ferryl
intermediates for the detection and quantification of H2O2 impurity in alcohols at ppb
levels using a simple, cost-effective, and accurate method.

3.2. MATERIALS AND METHODS
3.2.1. Materials
The salt-free, lyophilized powder of HRP isozyme C type VI-A (950-2000 units/mg
solid), monobasic and dibasic potassium phosphate (≥ 98%), potassium ferricyanide (≥
99.0%), and ABTS (≥ 98%) were purchased from Sigma Aldrich (St. Louis, MO).
Hydrogen peroxide (30% w/w solution) was purchased from Anachemia (Que, Canada).
Pure 200 proof ethanol was purchased from KOPTEC (PA, US) and glycerol was
purchased from Mallinckrodt Chemicals (Wilkes-Barre, PA). Other alcohols including
isopropanol, methanol, 2-mercaptoethanol, 2-chloroethanol, 2,2-dichloroethanol, 2,2,2trichloroethanol, trifluoroethanol, and ethylene glycol were purchased from Sigma
Aldrich (St. Louis, MO).

3.2.2. Detection of H2O2 through the Analysis of the Ferric State of HRP and its
Ferryl Intermediate Using UV/Vis Spectrophotometry
The aqueous solution of HRP at three different concentrations (0.1 M, 1 M, and 10 M)
was prepared in potassium phosphate buffer pH 6.0. Ethanol containing H2O2 at
different concentrations (0.001 µM, 0.01 µM, 0.1 µM, 1 µM, 10 µM, 100 µM, 1000
µM, and 104 µM) were prepared through serial dilution of the 105 µM stock solution of
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H2O2 in ethanol. The HRP solution (500 µL) was treated with 500 µL of different
solutions of H2O2 in ethanol to form ferryl intermediates. The UV/Vis absorption
spectra of the ferryl intermediates were recorded using UV/Vis spectrophotometry
(UV−vis Spectrophotometer UV-2600, Shimadzu Scientific Instruments/Marlborough,
MA) in the range of 200–800 nm. The spectra were investigated at the Soret and Q-band
regions.

3.2.3. Analysis of the Ferric State of HRP and its Ferryl Intermediate Using Cyclic
Voltammetry
The CV data was collected using a BASi EC Epsilon potentiostat. The reference
electrode was a silver wire immersed in a saturated solution of KCl, the counter
electrode consisted of a platinum wire coil with 10 cm length, and the working electrode
was a glassy carbon electrode of 0.3 mm diameter. The working electrode was polished
to a mirror-like finish on a pad with 0.3 µm alumina and deionized water, and then
sonicated for 30 s in deionized water. The platinum counter electrode was burned with
a butane flame for 30 s. The reference electrode solution was made fresh for every
measurement and at the end of each experiment, a small amount of potassium
ferricyanide was added as an internal reference. Anhydrous nitrogen gas was purged
through the HRP solution for at least 10 minutes prior to analysis.

3.2.4. Analysis of the Ferric State of HRP and its Ferryl Intermediate Using EPR
EPR

spectra were

recorded

on

a

Bruker

EMX

(BRUKER,

Billerica,

MA) spectrometer at a frequency of 9.24 GHz under standard conditions in 4
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mm ID quartz tubes. A liquid helium cryostat ESR-10 (Oxford Instruments Ltd,
England) was used to stabilize the temperature at 12 K. The spectra were recorded with
a modulation amplitude of 8G and microwave power of 625 µW.

3.2.5. Quantification of H2O2 through the Oxidation of ABTS
The H2O2 was measured spectrophotometrically based on the oxidation of the substrate,
2,2′-Azino-bis(3-ethylbenzothiazoline-6-sulfonic acid) diammonium salt (ABTS), in
the presence of HRP using UV/Vis spectrophotometry (UV−vis Spectrophotometer
UV-2600, Shimadzu Scientific Instruments/ Marlborough, MA). Briefly, 50 µL of
ABTS (2 mM, 20 mM) in 0.1 M potassium phosphate buffer (pH 6.0) was mixed with
50 μL of HRP (0.1 µM, 1 µM, and 10 µM) and 50 μL of alcohols containing different
concentrations of H2O2 (0.001 µM, 0.01 µM, 0.1 µM, 0.5 µM 1 µM, 10 µM, 50 µM,
100 µM, 500 µM, and 1000 µM). The linear increase in the absorbance at 420 nm (λmax
of the oxidized product of ABTS) was recorded at 25 ºC. Three main formulas were
derived from the linear fits and were used to measure the H2O2 impurity in alcohols.

3.2.6. Statistical Analysis
Data were subjected to analysis of variance (ANOVA) using SPSS software package
version 15.0 for Windows. All measurements were performed in triplicate. Mean
comparisons were performed using the post hoc multiple comparison Duncan test to
examine if differences were significant at P < 0.05.

3.3. RESULTS AND DISCUSSION
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We used common hydrogen peroxide test strips to detect any impurity of H2O2 in
ethanol, the minimum detectability of which is 30 µM H2O2 (Figure 3.1a, i). The results
showed no hydrogen peroxide in ethanol (Figure 3.1a, ii). We prepared different
concentrations of H2O2 in both water and pure ethanol, and compared the color of
hydrogen peroxide test strips in exposure to these solutions (Figure 3.1a, iii). The results
showed the test strips can barely detect H2O2 in ethanol at low concentrations (< 100
µM), and cannot accurately quantify the concentrations of H2O2 (<1 mM) (Figure 3.1a,
iii). Thus, we aim to develop an accurate method to detect and quantify the H2O2
impurity of alcohols.
Studies have shown that the optical spectra of the resting state of HRP (FeIII) has
a Soret band of 402 nm and a Q-band of 497 nm, while the ferryl heme intermediate of
HRP (FeIV=O) has a Soret of 418 nm and two Q-bands of 527 nm and 557 nm (Figure
3.1b).46, 88-89 We hypothesized that these indicative peaks could be used to detect the
H2O2 impurity of alcohols and developed a simple spectrophotometric method utilizing
HRP to detect and quantify H2O2 based on the formation of ferryl intermediates (Figure
3.1c).46
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Figure 3.1. a) The detection and quantification of H2O2 according to the reference
colors using H2O2 test strips: i) reference colors with a detection limit of 30 µM; ii)
examination of ethanol for H2O2 impurity using the test strip; iii) comparing the
detection limit of H2O2 in ethanol and water using the test strips. b) The UV/Vis spectra
of the resting state of HRP (control), in comparison with its ferryl intermediates,
compound I and compound II). c) The schematic of HRP (PDB code: 1ATJ), and its
heme structure in the resting state and ferryl intermediate upon reacting with H2O2.

We added different concentrations of H2O2 in ethanol to the aqueous solution of
two different HRP concentrations, 1 and 10 µM, and investigated the red shifts relevant
to the formation of ferryl intermediates. Surprisingly, the results showed that 1 µM HRP
can detect lower concentrations of H2O2 impurity in ethanol (0.001 µM) by making a
red shift in the Soret band from 402 nm to 404 nm (Figure S3.1a-b), while 10 µM HRP
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can detect higher concentration of H2O2 impurity of ethanol (10 µM) by making a red
shift in the Soret band from 402 nm to 404 nm (Figure 3.2, a-f). The 1 µM and 10 µM
HRP solutions cause a red shift from 402 nm to 418 nm upon the addition of 100 and
1000 µM H2O2 in ethanol, respectively (Figure S3.1a-g and Figure 3.2a-h). Both HRP
concentrations show Soret bands shift to 418 nm at higher concentrations of H2O2 in
ethanol (Figure S3.1h,i and Figure 3.2i), and only 1 µM HRP is able to detect low
concentrations of H2O2 impurity of ethanol (e.g. 0.001 µM). Thus, we suggest to use 1
µM HRP for detection of high and low H2O2 impurity of ethanol in the range of 0.0011000 µM.
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Figure 3.2. UV/Vis spectra of the 10 µM HRP upon the addition of H2O2 in ethanol at
different concentrations, including a) 0 µM, b) 0.001 µM, c) 0.01 µM, d) 0.1 µM, e) 1
µM, f) 10 µM, g) 100 µM, h) 1000 µM, and i) 104 µM. The wavelengths associated to
Soret bands are shown in green.

The red shifts correlated to the ferryl intermediates can be distinguished easily
from solvatochromic shifts. First, it is noteworthy that the addition of higher
concentrations of ethanol containing H2O2 impurity do not increase the red shift to more
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than 418 nm (Figure 3.3a). Second, the ferryl intermediates of HRP are not
thermodynamically stable and decay spontaneously (Figure 3.3b).33, 113 Thus, the red
shifts of the ferryl intermediates would be reversible. These two characteristics of the
red shifts correlated to the ferryl intermediates can distinguish them from
solvatochromic shifts. Even at lower concentrations of H2O2 impurity of ethanol, the
red shift can reach 418 nm upon the titration of the HRP solution (either 1 µM or 10
µM) with more ethanol, which adds more H2O2 to the system (Figure 3.3c, d). However,
over time (~2 h) the Soret band moved back to 402 nm, showing that the ferryl
intermediates decay to ferric state. Treating HRP with different ethanol concentrations,
we show that the time for the ferryl intermediates of HRP to decay to 402 nm increases
from 2 h for 10% ethanol to 2.5 h for 20% ethanol (containing 80 µM H2O2) in the
reaction mixture (Figure 3.3e, f). This increase in the decay time is because of the
addition of more H2O2 in the reaction mixture along with the ethanol, which makes it
possible for each molecule of HRP to produce ferryl intermediates for longer time. Thus,
the ferryl intermediates are accumulating in the reaction mixture for longer time, and
subsequently, the shifts come back to the original wavelength in longer time.

46

Figure 3.3. a) The change in the wavelength of the Soret band through the titration of
HRP (1 μM and 10 μM) with ethanol containing 80 µM H2O2. b) The schematic for the
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decay of ferryl intermediates to the ferric state. c) Titration of HRP (1 μM) with ethanol
containing 80 µM H2O2 to achieve a redshift of 418 nm. d) Titration of HRP (10 μM)
with ethanol containing 80 µM H2O2 to achieve 418 nm. e) The reversibility of the red
shift from 418 nm to 402 nm over 2 h for HRP treated with 10% (V/V) ethanol
containing 80 µM H2O2. f) The reversibility of the red shift from 418 nm to 402 nm
over 2.5 h for HRP treated with 20% (V/V) ethanol containing 80 µM H2O2.

We investigated the detection of H2O2 impurity in a few different alcohols using
our system. The UV/Vis spectra show that the Soret band of HRP red shifts to 418 nm
upon the titration of HRP solution with ethanol, glycerol, isopropanol, and 2chloroethanol, with a shoulder at 350 nm, as well as Q-bands at 527 nm and 557 nm
(Figure S3.2a-d). However, methanol, 2,2-dichloroethanol, 2,2,2-trichloroethanol,
trifluoroethanol, 2-mercaptoethanol, and ethylene glycol do not show any red shift in
the Soret band or Q-band of HRP (Figure S3.3), suggesting they do not contain any
detectable H2O2 impurity. Interestingly, when ferryl intermediates decay to the ferric
state over time, HRP can show the same red shift from 402 nm to 418 nm upon the
second addition of these alcohols (Figure S3.4). Thus, the HRP can be used as a
recyclable method to detect H2O2 impurities.
Previous studies on HRP and H2O2 have shown that the ferryl intermediates of
HRP formed through the reaction of ferric state of HRP and H2O2 are EPR-silent and
generate only a broad EPR signal characteristic of the oxyferryl porphyrin π-cation
radical (g = 2.0).39, 46-48 EPR spectra for HRP treated with ethanol (Figure 3.4) and
glycerol (Figure S3.5) containing H2O2 impurity confirm the formation of ferryl
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intermediates, which are also shown in the UV/Vis spectra shown earlier (Figure S3.2ab). The initial formation of an EPR-silent intermediate upon the reaction of ferric HRP
with alcohol molecules over short timescales (30 s) shows that the ferric signals in native
HRP (control) (Figure 3.4a and S3.5a) disappear in the high-spin region of heme while
a new resonance is observed in the region of the low spin heme (g = 2.0) arisen from a
radical cation located on the heme (Figures 3.4b and S3.5b). These EPR spectra of the
intermediates formed upon the addition of impure ethanol and glycerol to HRP are also
in agreement with previous reports of EPR analysis of ferryl intermediates upon the
addition of H2O2 to HRP, ascorbate peroxidase, and cytochrome C peroxidase.46-48
Examining the EPR spectra for one hour, we found that the features of the high spin
ferric heme (FeIII) begin to reappear over time, while the organic radical signal decays
in the low-spin region (Figure 3.4c-e, and Figure S3.5c-e). Thus, we also confirmed the
decay of the ferryl intermediates through the reversibility of the EPR signals at both
high-spin and low-spin regions.
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Figure 3.4. a) EPR spectra of the native HRP (control) at both high-spin and lowspin regions. b, c, d, e) EPR spectra of the HRP upon the addition of ethanol
containing H2O2 impurity at 0.5 min, 15 min, 30 min, and 60 min, respectively.
The spectra were collected at 12 K and 625 μW.

We also confirmed the formation of the ferryl intermediate (Fe IV=O) and its
decay to FeIII using CV. The voltammogram of the HRP solution shows the appearance
of a reduction peak associated with the ferryl intermediate upon the addition of ethanol
containing 80 µM H2O2 (Figure 3.5a), which is the same as the reduction peak appeared
upon the addition of H2O2 aqueous solution to HRP (Figure 3.5b). The intensity of this
reduction peak increases upon the addition of more ethanol percentage (v/v) containing
80 μM H2O2 impurity (Figure 3.5c). The decay of the ferryl intermediate over time is
also shown by the decreasing peak intensity over 10 minutes (Figure 3.5d). This result
is in agreement with the decay of the FeIV=O intermediate demonstrated in the UV/Vis
spectra (Figure 3.3e-f) and EPR spectra (Figure 3.4a-e), and the formation of ferryl
intermediates upon the reaction of heme and H2O2.113
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Figure 3.5. Electroreduction catalysis by HRP (control, black) upon treatment
(red) with a) ethanol containing 80 μM H2O2 and b) aqueous solution of H2O2
(80 μM). c) The increase of intensity of the reduction peak upon the addition of
more ethanol percentage (v/v) containing 80 μM H2O2 impurity. d) The decrease
of the intensity of the reduction peak over a 10 min period for HRP treated with
ethanol containing 80 µM H2O2 impurity. Cyclic voltammograms were
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measured in N2-saturated potassium phosphate buffer (0.1 M, pH 6.0) at a scan
rate of 100 mV sec−1.

In order to quantify the detected H2O2 impurity in alcohols, we use
ABTS as an organic substrate in the aqueous solution of HRP (pH 6.0). ABTS
can donate electrons to ferryl intermediates of HRP (Figure 3.6a, i). ABTS,
which has been widely used in the literature to measure HRP activity, changes
from white to blue-green in color upon oxidation, and the intensity of this color
can be easily measured by UV/Vis spectrophotometry (Figure 3.6a, ii).
Measuring the color intensity of ABTS (2 mM and 20 mM) after 30 minutes
after the reaction with HRP (0.1 µM, 1 µM, and 10 µM) and ethanol containing
different concentrations of H2O2 impurity, we optimized the best concentrations
for measuring each range of H2O2 impurity. Our results show different trends at
different ranges of H2O2 impurity based on the HRP and ABTS concentrations.
Using both 2 mM and 20 mM ABTS solutions, all HRP concentrations result in
a linear and significantly increasing trend for the absorption of ABTS in the
range of 1–1000 µM H2O2 impurity in ethanol (Figure 3.6b-d and Figure S3.6ac). However, the 1 µM and 10 µM HRP do not show a significant increasing
trend in the range of 0–1 µM H2O2 impurity in ethanol (Figure 3.6c,i and d,i,
and Figure S3.6b,i and c, i ). Figure 3.6b, i illustrates that at 20 mM ABTS
solution, 0.1 µM HRP shows significant increasing absorption along with the
concentration of the H2O2 impurity of ethanol in the range of 0–1 µM. The 2
mM ABTS, however, is not appropriate for measuring the H2O2 impurity of

53

ethanol in the range of 0–1 µM due to the non-significant change of absorption
along with the concentration of the H2O2 impurity of ethanol (Figure S3.6a,i).
Thus, we suggest using 0.1 µM HRP in a solution of 20 mM ABTS to quantify
the H2O2 impurity in alcohols in the ranges of 0–1000 µM.
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Figure 3.6. a, i) The schematic of the oxidation of ferric heme to ferryl intermediates
and subsequent reduction to ferric heme using electron transfer to oxidize ABTS. ii) A
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96-well plate containing HRP and ABTS upon the addition of alcohols with different
concentrations of H2O2. b) UV/Vis absorbance at 420 nm of 0.1 µM HRP, c) 1 µM HRP,
and d) 10 µM HRP reacted with 20 mM ABTS at different ranges of H2O2 impurity of
ethanol (i: 0–1 µM, ii: 1–100 µM, and iii: 100–1000 µM).

Since the slope of the graphs for ABTS absorption versus H2O2 concentration in the
range of 0-1000 μM follows a step gradient, we propose three formulas to measure the
accurate level of H2O2 impurity in alcohols in the range of 0-1 μM, 1-100 μM, and 1001000 μM, individually (Table S3.1). These formulas are derived from the linear fits
based on the UV/Vis absorbance of ABTS at 420 nm for three ranges of 0–0.3 a.u., 0.3–
1 a.u., and 1–4 a.u. Using these formulas based on the absorbance of ABTS, we
successfully measured the H2O2 impurity in a few common primary and secondary
alcohols (Table S3.2).

3.4. CONCLUSION
We demonstrate that ferryl intermediates of HRP are potential candidates for the
detection and quantification of H2O2 in alcohols at ppb levels through a simple UV/Vis
spectrophotometric method. We measured the red shift in the Soret band in the optical
spectra of the HRP from 402 nm up to 418 nm upon the addition of alcohols, and
characterized the reversibility of this shift to 402 nm over time. Using this method, we
can efficiently detect and quantify ppb levels of H2O2 in alcohols, where it is barely
possible using other common methods such as hydrogen peroxide test strips. The EPR
spectra and CV results confirm the formation and spontaneous decay of ferryl
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intermediates upon the reaction of ferric state of HRP and H2O2. We also successfully
detected an adventitious amount of H2O2 in alcohols, such as ethanol, glycerol, 2chloroethanol, and isopropanol. This demonstration suggests a simple, cost-effective,
and accurate method for the detection and quantification of ultratrace amount of H2O2
impurity in alcohols using UV/Vis spectrophotometry, which enables the use of this
method in biological and chemical applications.

3.5. SUPPORTING INFORMATION
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Figure S3.1. UV/Vis spectra of 1 µM HRP upon the addition of H2O2 in ethanol at
different concentrations, including a) 0 µM, b) 0.001 µM, c) 0.01 µM, d) 0.1 µM, e) 1
µM, f) 10 µM, g) 100 µM, h) 1000 µM, and i) 104 µM. The wavelengths associated to
Soret bands are shown in green.

Figure S3.2. UV/visible absorption spectra of HRP after treatment with a) ethanol, b)
glycerol, c) 2-chloroethanol, and d) isopropanol, containing adventitious amounts of
H2O2.
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Figure S3.3. UV/visible absorption spectra of HRP after treatment with a) ethylene
glycol, b) methanol, c) 2-mercaptoethanol, d) 2,2-dichloroethanol, e) trifluoroethanol,
and f) 2,2,2,-trichloroethanol.

Figure S3.4. The red shifts upon a) the first addition of ethanol and b) the second
addition of ethanol after the decay of the ferryl intermediate formed from the first
addition of ethanol.
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Figure S3.5. a) EPR spectra of the native HRP (control) at both high-spin and
low-spin regions. b, c, d, e) EPR spectra of the HRP upon the addition of glycerol
containing H2O2 impurity at 0.5 min, 15 min, 30 min, and 60 min, respectively.
Spectra were collected at 12 K and 625 μW.

Figure S3.6. UV/Vis absorbance of 2 mM ABTS at 420 nm at different ranges of H2O2
impurity of ethanol (i: 0–1 µM, ii: 1–100 µM, and iii: 100–1000 µM) using HRP
concentrations of a) 0.1 µM, b) 1 µM, and c) 10 µM.
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Table S3.1. The formulas to measure the impurity of H2O2 in alcohols based on the
absorbance range of ABTS.
2
Formula No.
Formula
Range of ABTS Range of H2O2
R
absorbance (a.u) impurity (µM)
1

y= 0.081𝑥 + 0.13

0.97

0-0.3

0-1

2

y= 0.005𝑥 + 0.20

0.99

0.3-1.0

1-100

3

y= 0.003𝑥 + 0.37

0.99

1.0-4.0

100-1000

Table S3.2. Quantification of H2O2 impurity in common primary and secondary
alcohols.
Alcohol
ABTS absorbance (a.u.)
Applied Formula H2O2
No.
impurity
(µM)
Ethanol

0.600± 0.013

2

79.9

Glycerol

0.279± 0.003

1

1.8

Benzyl alcohol

3.479± 0.003

3

1036.4

2-Chloroethanol

1.844± 0.026

3

491.4

1-Butanol

0.187± 0.005

1

0.7

1-Hexanol

0.304± 0.004

1

2.1

1-propanol

0.191± 0.002

1

0.8

Isopropanol

0.136± 0.008

1

0.1
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CHAPTER 4
THE MOLECULAR MECHANISM OF PHOTOCATALYTIC REACTIONS BY
HORSERADISH PEROXIDASE IN THE PRESENCE OF HISTIDINE

ABSTRACT
Oxidation reactions catalyzed by horseradish peroxidase (HRP) involve the conversion
of ferric heme to the ferryl state by hydrogen peroxide (H2O2). As a result, HRP is
typically considered unreactive without the presence of H2O2. Herein, we report the first
use of histidine (His) and HRP to initiate photocatalytic oxidation reactions without the
exogenous addition of H2O2. We demonstrate that the oxidation reactions of norbixin
(NBX) molecules proceed 1.7-times faster using this HRP/His system in comparison
with HRP/H2O2. Most importantly, we also demonstrate that new species of NBX
breakdown products are formed using HRP/His. In this work, we investigate the key
65

steps of the HRP mechanism in the presence of His using electron paramagnetic
resonance,

liquid

chromatography-mass

spectrometry,

and

ultraviolet-visible

spectrophotometry. Bearing in mind that H2O2 is normally thought indispensable for
initiating the oxidation reactions of HRP, this work suggests a potential paradigm shift
in our understanding of potential HRP mechanisms in the catalysis of biochemical
reactions. The use of His, a natural essential amino acid, to mediate the formation of
ferryl heme intermediates suggests that the HRP/His system could serve as a natural
catalyst for applications in photochemistry and bioelectrocatalysis.

4.1. INTRODUCTION
Horseradish peroxidase (HRP) plays a protective role in preventing oxidative damage
of cellular components caused by H2O2, which is naturally produced as a byproduct of
aerobic metabolism 29. HRP catalyzes the heterolytic cleavage of the peroxidic bond in
H2O2 to form a high-valent iron-oxo (ferryl heme) intermediate of the enzyme
(compound I) (Figure 4.1a) 29-32. In compound I, the iron at the heme center is oxidized
from FeIII to FeIV=O, and the porphyrin or an amino acid in the side chain of HRP is
oxidized to a radical 33 (Figure 4.1b). Thus, compound I oxidizes two molecules of the
organic substrate through two consecutive single electron reactions to form the second
catalytic intermediate, compound II, and finally reduces back to the Fe III state

33-40

(Figure 4.1b). The heterolytic cleavage of the peroxidic bond prevents the accumulation
of reactive oxygen species in cells and also regulates their concentration in cellular
signaling pathways

114

. Inspired by this naturally occurring mechanism, a broad range

of applications has been developed using HRP to catalyze the oxidation reactions of
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various organic molecules with H2O2 as HRP’s specific oxidant

28, 115

. This heme-

containing peroxidase is currently one of the most extensively used enzymes in
immunochemistry, diagnostic assays, chemical reactions, and bioremediation 24-27. Low
levels of H2O2, however, can induce oxidative damage to the enzyme or other
components of a biochemical system 116-117.
Rather than using H2O2 to generate ferryl intermediates of the heme, we sought to
introduce a more biocompatible and rapid strategy for the oxidation of organic
molecules by HRP. For our design, we drew inspiration from the well-studied function
of the distal histidine (His42) in HRP. Previous studies have suggested that the
protonated form of His42 plays a critical role in the activation of compound II and hemelinked ionization 118-119. The hydrogen bond between the Nε- proton of the imidazolium
side chain of His42 and the oxygen atom of the ferryl heme determines the reactivity of
compound II 118-119.
In this study, we explored the ability of HRP to catalyze oxidation reactions of organic
molecules only in the presence of His molecules (Figure 4.1c). We chose norbixin
(NBX) as a model organic substrate, and investigated the oxidation mechanism of this
HRP/His system using electron paramagnetic resonance (EPR), liquid chromatographymass spectrometry (LC-MS) and ultraviolet-visible (UV/Vis) spectrophotometry. Our
study demonstrates that HRP can catalyze the oxidation of organic molecules in the
presence of just His without the addition of H2O2. Furthermore, the speed of the
oxidation reaction is increased by a factor of 2 using HRP/His system compared to
HRP/H2O2 system. We also demonstrate that natural daylight and oxygen are crucial to
induce the catalytic reactivity of this HRP/His system; thus, we propose a photocatalytic
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pathway for HRP to form ferryl intermediates in the presence of His, opening myriad
potential applications in catalysis of chemical reactions.

Figure 4.1. a) The schematic of HRP structure (left) and a close-up view of the heme in
the active site of HRP (right). b) The mechanism of HRP for the formation of ferryl
intermediates in the presence of H2O2. c) The photocatalytic pathway of HRP to form
ferryl intermediates in the presence of His.

4.2. MATERIALS AND METHODS
4.2.1. Materials
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Lyophilized powder of HRP isozyme C type VI-A, monobasic and dibasic potassium
phosphate, potassium ferricyanide, 2,2′-azino-bis(3-ethylbenzothiazoline-6-sulfonic
acid) diammonium salt (≥ 98%), histidine (≥ 99%), and DMPO (≥ 97%) were purchased
from Sigma Aldrich (St. Louis, MO). Hydrogen peroxide (30% w/w solution) was
purchased from Anachemia (Que, Canada). NBX was kindly provided by the Chr.
Hansen

Laboratory

A/S,

Denmark.

D 2O

(D,

99.9%)

was

purchased

from Cambridge Isotope Laboratories (Andover, MA).

4.2.2. Purification of HRP
An aqueous solution of HRP (12 mg/mL) in 0.1 M potassium phosphate buffer (pH 6.0)
was prepared. The protein solution was applied to a Superdex 200 prep grade gel
filtration column (XK26/70, GE Healthcare Life Sciences) at a 2.5 mL/min flow rate.

4.2.3. Preparation of reaction mixtures
A solution of 60 μM HRP was prepared in 0.1 M potassium phosphate buffer (pH 6.0).
10 μL of this HRP solution was then added to 50 μL of NBX aqueous solution (5.26
mM). To this mixture, 100 μL of aqueous solution of 0.2 M His in milli-Q water was
added. This HRP/His system was compared with the system containing HRP solution,
to which 10 μL solution of 60 μM H2O2 was added, and 90 μL milli-Q water was added
to correct the dilution factor. We used a 1:1 mole ratio for the amount of H2O2 and HRP
used. Both HRP/His and HRP/H2O2 systems were also compared with the mixture of
NBX/HRP without His, and NBX/His without HRP solutions, as well as NBX (control),
keeping the same dilution factors. Both systems were stored at different conditions,
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including light/aerobic, dark/aerobic, and light/anaerobic at room temperature. To
provide anaerobic conditions, all solutions were bubbled with N2 gas and mixing was
performed in an anaerobic glove box containing N2 gas. All experiments with dark
conditions were covered by aluminum foil, while the ones under light were exposed
under natural daylight.

4.2.4. Kinetic studies on the oxidation of NBX using HRP/His and HRP/H2O2 systems
A solution of 60 μM HRP was prepared in 0.1 M potassium phosphate buffer (pH 6.0).
HRP solution (10 μL) was added to 50 μL NBX aqueous solution (5.26 mM). The
UV/Vis absorption of NBX at 450 nm was recorded upon the addition of 100 μL
aqueous solution of 0.2 M His to the mixture of HRP and NBX and at different time
intervals up to 25 h. This system was compared with the UV/Vis absorption of NBX
upon the addition of 10 μL of 60 μM H2O2 and 90 μL milli-Q water at different time
intervals up to 25 h. The curves were fitted to obtain the order and the rate constants of
the reactions (k).

4.2.5. Conformation Analysis Using UV/Vis Spectrophotometry
UV/Vis absorption spectra of the native HRP (10 μM) and HRP treated with aqueous
solution of His (0.2 M) were obtained using UV/Vis spectrophotometry (UV−vis
Spectrophotometer UV-2600, Shimadzu Scientific Instruments/Marlborough, MA) in
the scan range of 200–800 nm. The spectra were recorded immediately upon the
addition of 500 μL His solution to 500 μL HRP solution in potassium phosphate buffer
(pH 6.0).
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4.2.6. Analysis of HRP/His system using EPR Spectroscopy
The EPR spectra were recorded on a Bruker EMX (BRUKER, Billerica,
MA) spectrometer at a frequency of 9.24 GHz under standard conditions in 4
mm ID quartz tubes. A liquid helium cryostat ESR-10 (Oxford Instruments Ltd,
England) was used to stabilize the temperature at 12 K. Spectra were recorded with a
modulation amplitude of 8G and microwave power of 625 µW. To investigate the effect
of light on only the His solution in the presence of oxygen, the aqueous solution of His
(0.2 M) was irradiated using an intense source of light (1000-Lumen Portable Work
Light, Model WL160203, 120V, 13W) in a box.

4.2.7. Analysis of the oxidized products of NBX using LC-MS
The samples were analyzed using a Thermo LTQ Linear Ion Trap with an electrospray
ionization (ESI) source and an Agilent 1100 high-performance liquid chromatography
(HPLC) on the front end (Thermo Fisher Scientific, Waltham, MA). ESI source
parameters were negative ionization, capillary temperature of 325 °C, sheath gas flow
20, and capillary voltage 4.5kV. Samples were separated using a Waters Cortecs C18
2.7 μm 4.6 x100 mm column at room temperature. The isocratic run used a mobile phase
consisting of 80 % A) 0.1% formic acid in water and 20 % B) acetonitrile with a flow
rate of 0.4 ml/ min and a total run time of 20 minutes. MS2 mode was used to quantify
masses 154 m/z, 323 m/z, 342 m/z, and 379 m/z with a mass isolation window of 4 mass
units and a collision energy of 35 Act Q of 0.250 and activation time (ms) of 30 for all.
The concentration of residual NBX in the HRP/His and HRP/H2O2 systems was
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compared with the NBX control, monitoring the area under the curves for the selected
reaction monitoring (SRM) scans related to each analyte to the total area of the MS1
scans. The peak areas were calculated using Thermo Excalibur software.

4.3. RESULTS AND DISCUSSION
We began our investigation by studying the ability of HRP to catalyze the oxidation of
an organic substrate without the addition of H2O2. We first tested whether NBX (Figure
4.2ai), as a model organic substrate, could be oxidized in the presence of only His
(Figure 4.2aii), only HRP (Figure 4.2aiii), and both HRP and His (Figure 4.2aiv) in
potassium phosphate buffer at pH 6.0 and room temperature. Interestingly, our results
show that under these conditions the NBX is oxidized in the presence of the HRP/His
system, decoloring the normally yellow color of the NBX (Figure 4.2aiv). The UV/Vis
spectrum of the NBX features three indicative peaks (Figure 4.2b, black line) in the
wavelength range of 400–500 nm, which disappear in the presence of the HRP/His
system under natural daylight/aerobic conditions (Figure 4.2b, red line). However, NBX
is not oxidized in the presence of just HRP (Figure 4.2b, green line) or His (Figure 4.2b,
blue line) under the same conditions. We examined the oxidation of NBX using the
HRP/His system under other conditions, including dark/aerobic, and light/anaerobic and
found that NBX is not oxidized by HRP/His when either light or oxygen is absent
(Figure 4.2c).
We also observed that the oxidation of NBX by the HRP/His system follows a
second-order reaction (Figure 4.2d). The rate constant (k) of the oxidation reactions of
NBX using HRP/His and HRP/H2O2 were determined by fitting the progress curves for
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the NBX concentration versus time based from the UV/Vis absorption of NBX at 450
nm at different time intervals (Supplementary Figure 4.1). These curves fitted to the
second order equations yield rate constants of 0.2 M-1s-1 and 0.1 M-1s-1 with good quality
(R2 = 0.9918 and R2 = 0.9685) for the HRP/His and HRP/H2O2 systems, respectively
(Figure 4.2d). Remarkably, the rate constant for the oxidation of NBX using the
HRP/His system (without the addition of any H2O2) is 2-times faster than the HRP/H2O2
system. Moreover, the LC-MS mass spectra show that the mass peak corresponding to
NBX at 379 m/z decreases down to 33% and 58% of the original amount upon treatment
with the HRP/His and HRP/H2O2 systems, respectively (Figure 4.2e). Additionally,
upon the oxidation of NBX using both systems, a new peak emerges at 323 m/z
associated with an oxidized product of NBX (Supplementary Figure 4.2a), the
concentration of which using the HRP/His system is 32 times more than the HRP/H2O2
system (Figure 4.2e). The proposed structure of this oxidized product of NBX is shown
in Supplementary Figure 4.2a. The oxidation reaction of NBX using only the HRP/His
system also results in the appearance of another peak at 342 m/z (Figure 4.2e), and its
proposed structure is shown in Supplementary Figure 4.2b. Supplementary Figure 4.3ab shows the MS3 spectra of further oxidized products of NBX that originate from the
peak at 342 m/z upon the treatment with HRP/His system. These intriguing results
support our hypothesis that HRP could take a detour of photocatalysis in the presence
of His to induce oxidation reactions of organic molecules without the exogenous
addition of H2O2.

73

Figure 4.2. a) Digital images of the NBX (i) in the presence of only His (ii), only HRP
(iii), and the combined HRP/His system (iv). b) The UV/Vis spectra of the NBX control
and after treatment with the HRP/His system, only His, and only HRP, under
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light/aerobic conditions. c) Aerobic/dark and anaerobic/light conditions for NBX
treated using the HRP/His system in comparison with the untreated NBX control. d)
Rate constants of the catalyzed oxidation of NBX using the HRP/His system in
comparison with HRP/H2O2 system. e) Mass spectra peak area (%) of the NBX (gray)
at 379 m/z after treatment with the HRP/His (red) and HRP/H2O2 systems (green), and
the resulting oxidized products of NBX at 323 m/z and 342 m/z.

Supplementary Figure 4.1. The concentration of NBX (mg) at each time interval in the
HRP/His and HRP/H2O2 systems.
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Supplementary Figure 4.2. a) The mass spectra from the LC-ESI-MS2 analysis of the
oxidized product of NBX with a peak at 323 m/z and its proposed structure formed upon
the treatment by the HRP/His and HRP/H2O2 systems. b) The mass spectra from the
LC-ESI-MS2 analysis of the oxidized product of NBX with 342 m/z and its proposed
structure formed only upon the treatment by the HRP/His system.
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Supplementary Figure 4.3. a) The mass spectra from the LC-ESI-MS3 analysis of the
oxidized product of NBX at 296 m/z and its proposed structure, originating from the
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peak at 342 m/z upon the treatment by the HRP/His system. b) The mass spectra from
the LC-ESI-MS3 analysis of the oxidized product of NBX at 254 m/z, originating from
the peak at 342 m/z upon the treatment with the HRP/His system.

Because these results identify the oxidization reaction of NBX using the
HRP/His system as a photocatalytic reaction in aerobic conditions, we were curious as
to how the molecular mechanism of HRP was initiated without the addition of H2O2.
Previous studies have shown that His molecules are oxidized upon exposure to UV or
visible light in the presence of oxygen and a suitable photosensitizer

120-121

. They

suggested that the imidazolium ring of His is potentially converted into a cycloperoxide
(Figure 4.3a) in the presence of light and oxygen.
To test the formation of cycloperoxide intermediates (Figure 4.3a) upon the
oxidation of His in the presence of oxygen under light, we irradiated an aqueous solution
of His by light and investigate its EPR spectra in the presence of the spin trap 5,5dimethyl-1-pyrroline N-oxide (DMPO). The result shows a spectrum (Figure 4.3b, red)
similar to a 12-line EPR spectrum previously reported for the peroxide radical adducts
120-125

. However, the irradiated His molecules do not show any EPR lines without the

DMPO spin trap (Figure 4.3b, blue line). Thus, based on EPR results (Figure 4.3a-b)
and previous reports on the photooxidation of His

120-121

, we suggest that the

imidazolium ring of His can be converted into a cycloperoxide in the presence of light
and oxygen (Figure 4.3a), and this oxidation reaction can be accelerated in the presence
of a photosensitizer, such as the heme molecule in HRP 126.
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Figure 4.3. a) The proposed mechanism of His conversion to a cycloperoxide in the
presence of light and oxygen. b) The EPR spectra of irradiated His in the presence (red
line) and absence of DMPO (blue line), in comparison with the non-irradiated His
control (black line).

Since HRP is naturally structured to capture peroxides, we hypothesize that the
cycloperoxide intermediate of His molecules formed in the presence of oxygen under
light can react with the FeIII at the heme center of HRP and form ferryl intermediates
containing FeIV (Figure 4.4a). We examined this hypothesized mechanism using
UV/Vis and EPR spectroscopy. Studies have shown that the optical spectra of the resting
state of HRP (FeIII) has a Soret band at 402 nm and a Q-bands at 497 nm

46, 88-89

. The

formation of the ferryl intermediate of HRP is indicated by the red shift of the Soret
band from 402 nm to 418 nm with a shoulder at 350 nm and the appearance of two Qbands at 527 nm and 557 nm, which are typically formed upon the reaction of HRP with
H2O2 46, 88-89. Similarly, we demonstrate that the addition of an aqueous solution of His
to HRP in potassium phosphate buffer at pH 6.0 under light/aerobic conditions causes
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a red shift in the Soret band to 418 nm with a shoulder at 350 nm, and the appearance
of Q-bands at 527 nm, 557 nm, and 655 nm (Figure 4.4b). Therefore, we believe the
HRP reacts with the cycloperoxide of His and forms the ferryl intermediate, as proposed
in Figure 4.4a.
Previous studies on the HRP/H2O2 system have shown that the ferryl
intermediates of HRP are EPR-silent and generate only a broad EPR signal
characteristic of the oxyferryl porphyrin π-cation radical (g = 2.0)

39, 46-48

. Figure 4.4c

and Figure 4.4d-e illustrate the EPR survey scan and the short scans, respectively, for
the HRP/His systems under light/aerobic and light/anaerobic conditions in comparison
with the native HRP control. We freeze-quenched the HRP solutions upon the addition
of His molecules in a short time (30 s) to detect any probable ferryl intermediates formed
in the system (Figure 4.4c-e). The results show that in the presence of HRP/His system
under aerobic/light conditions, the ferric signals in the native HRP control (Figure 4.4cd, black lines) decrease in the high-spin region of heme while a new resonance is
observed in the region of the low spin heme (g = 2.0) that arises from a potential radical
cation located on the heme (Figure 4.4c and 4.4e, red lines). However, the EPR spectrum
for HRP treated with His molecules under anaerobic/light conditions does not show the
appearance of any new resonance at g = 2.0 (Figure 4.4c and 4.4e, blue lines). We did
not observe any EPR-silent spectra upon the addition of His molecules to HRP. We
hypothesize that this result is due to the affinity of the imidazole ring of His to the heme
center, which causes a decrease in the high spin features of heme in the HRP/His system,
even under light/anaerobic conditions (Figure 4.4c-d, blue lines). The EPR spectra of
the intermediates formed upon the addition of His molecules to the HRP solution under
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aerobic/light conditions are also in agreement with previous reports of the EPR analysis
of ferryl intermediates upon the addition of H2O2 to HRP, ascorbate peroxidase, and
cytochrome C peroxidase 46-48.
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Figure 4.4. a) The proposed schematic for the reaction of FeIII at the heme center of HRP
with the cycloperoxide of His and formation of ferryl intermediates. b) The UV/Vis
spectra of the HRP/His system under aerobic/light conditions (red line), HRP/His
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system under anaerobic/light conditions (green line), and HRP/His system under
aerobic/dark conditions (blue line) in comparison with the native HRP control under
aerobic/light conditions (black line). c) The survey scan of EPR and d) the short scan of
the high-spin region between 800 G and 2000 G, and e) the short scan of the low-spin
region between 3300 G and 3400 G for the HRP treated with His molecules under
light/aerobic (red line) and light/anaerobic (blue line) conditions in comparison with the
native HRP (black line).

Based on the results obtained from the EPR, LC-MS, and UV/Vis spectra, we propose
a mechanism for the photocatalytic pathway of HRP in the presence of His, catalyzing
the highly efficient oxidation reactions of organic molecules (Figure 4.5). This
mechanism demonstrates the formation of cycloperoxide intermediate of His molecules
in the presence of oxygen and light, which are immediately captured by HRP to form
the ferryl intermediates of the heme. These ferryl intermediates are able to oxidize
organic substrates, such as NBX, in the reaction mixture. Previous studies have
suggested that His42 in the HRP/H2O2 system plays a critical role in activation of the
peroxide and the formation of ferryl intermediates of the heme 118-119, in which this His
residue catalyzes the proton transfer between the oxygen atoms of the heme-bound H2O2
and polarizes the O-O bond 39. Moreover, the hydrogen bond between the Nε- proton of
the imidazolium side chain in His42 and the oxygen atom of the ferryl heme determines
the reactivity of compound II

118-119

. We believe that the cycloperoxide of the His

molecule can easily transfer the electron from the Nε- proton to the oxygen atom of the
heme-bound cycloperoxide of His to facilitate the heterolytic cleavage of the O-O bond.
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Thus, we hypothesize that the reason behind the faster oxidation of NBX by the
HRP/His system in comparison with the HRP/H2O2 system is due to the faster formation
of the ferryl intermediates of heme in the HRP/His system, which can subsequently
oxidize the organic substrates faster and reduce back to the ferric state of HRP.

Figure 4.5. The proposed mechanism for the photocatalytic pathway of HRP to form
ferryl intermediates in the presence of His under aerobic/light conditions, initiating the
highly efficient oxidation of organic molecules.

4.4. CONCLUSION
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We demonstrate that HRP can catalyze the oxidation of organic molecules in the
presence of His molecules 2-times faster than the traditional HRP/H2O2 system. This
HRP/His system is highly efficient under natural light and oxygen, however, these two
key factors are critical to initiate the oxidation reactions. We probed the mechanism of
how the HRP/His system oxidizes NBX, as a model organic substrate, and propose a
new photocatalytic pathway for HRP to form ferryl intermediates. Our findings suggest
that the His molecules are oxidized to cycloperoxide intermediates in the presence of
light and oxygen, and this reaction can be facilitated by the heme group of HRP as a
photosensitizer. The HRP captures the cycloperoxide to form ferryl intermediates of the
heme, enabling the oxidation of organic substrates in the reaction mixture. We
hypothesize that HRP/His system is faster because the cycloperoxide of His is more app
to polarize the O-O bond in comparison with H2O2, expediting the formation of ferryl
intermediates and the subsequent oxidation of organic substrates. This photocatalytic
pathway of HRP can open potential applications, particularly in bioelectrocatalysis and
catalysis of chemical reactions.

4.5. SUPPLEMENTARY INFORMATION
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Figure S4.1. The concentration of NBX (mg) at each time interval in the HRP/His and
HRP/H2O2 systems.
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Figure S4.2. a) The mass spectra from LC-ESI-MS2 analysis of the oxidized product of
NBX with 323 m/z and its proposed structure formed upon the treatment with HRP/His
and HRP/H2O2 systems. b) The mass spectra from LC-ESI-MS2 analysis of the oxidized
product of NBX with 342 m/z and its proposed structure formed only upon the treatment
with HRP/His system.
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Figure S4.3. a) The mass spectra from LC-ESI-MS3 analysis of the oxidized product of
NBX with 296 m/z and its proposed structure originated from the peak at 342 m/z upon
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the treatment with HRP/His system. b) The mass spectra from LC-ESI-MS3 analysis of
the oxidized product of NBX with 254 m/z originated from the peak at 342 m/z upon
the treatment with HRP/His system.
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and advice from Alireza Abbaspourrad. Alireza Abbaspourrad supervised the project.
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CHAPTER 5
STRUCTURAL CHEMISTRY ENABLES FLUORESCENCE OF AMINO ACIDS
IN THE CRYSTALLINE SOLID STATE

ABSTRACT
Nonaromatic luminogens have recently emerged as highly attractive materials for
biological imaging and sensing applications, due to their good hydrophilicity and
biocompatibility. Here, we report that natural, nonaromatic and aromatic amino acids,
including L-histidine, L-glutamine, L-isoleucine, L-asparagine, L-valine, L-threonine,
and L-methionine, exhibit crystallization-induced emission. The crystalline state of
these amino acids shows a wide range of fluorescence emission, in striking contrast to
barely any emission in solution phase. We determined the atomic structure of these
amino acids in crystalline state using X-ray crystallography. The structural analysis
implies that the compact interactions through the hydrogen bonding network of the
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crystallized amino acids potentially restrict intramolecular rotations and vibrations and
thus enhance the radiative transitions in the crystalline state. Because these
noncovalent interactions can be easily modulated by varying the chemical
environment, this phenomenon of crystallization-induced emission may represent a
general strategy to induce the fluorescence from weakly or non-emissive nonaromatic
molecules.

5.1. INTRODUCTION
The chemistry of the last century has largely focused on covalent bonding, while that of
the present century is more likely to focus on noncovalent bonding and its fascinating
effects on the physicochemical properties of the resulting material.127 Noncovalent
interactions, such as hydrogen bonding, π-π stacking, and cation-π interactions, occur
ubiquitously in solid-state materials, biological structures, and organic molecules.128-129
These noncovalent interactions are well known to induce luminescence for both
macromolecules and small molecules.130-133 For example, aromatic organic molecules,
which are able to absorb photons and suppress nonradiative relaxation via their
noncovalent interactions in rigid structure, have been widely studied as luminogens.134136

In contrast, nonaromatic organic systems have not been extensively studied due to

the belief that their flexible structures can induce frequent vibrations and rotations that
enable nonradiative relaxation to dominate. However, recently several groups have
reported nonaromatic polymers and biomacromolecules that displayed fluorescent
emission

in

their

aggregated

form

or

solid

state,137-140

confirming

that

photoluminescence does not require aromatic groups. For example, the fluorescence of
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proteins lacking aromatic rings is attributed to electron delocalization through a dense
network of intramolecular and intermolecular hydrogen bonds.141-143 Moreover, it is
thought that the fluorescence of nonaromatic polymers does not originate from a specific
unit, but rather from interactions among polymer chains.136, 144-147 In these systems,
multiple intrachain interactions, such as n–π and π–π coupling, in rigid conformations
can inhibit molecular motion and prevent nonradiative relaxation, resulting in the
enhanced intensity of fluorescence emission.136
For a time, the existence of amino groups in the structure of these nonaromatic
systems was also considered to play an essential role in their fluorescence emission.136
However, polymers without an amino group have recently been reported as fluorescent
in the solid state.148 This observation suggests that the intra/interchain interactions
originate from carbonyl groups (C=O) as the source of π electrons, together with oxygen
(O) as the source of n electrons can also result in fluorescence.148 Thus, three kinds of
inter or intrachain interactions, including hydrogen bonding, π–π, and n–π coupling, in
nonaromatic materials have been suggested to contribute to fluorescence emission of
nonaromatic organic systems in the rigid conformation. These nonaromatic luminogens
are highly suitable for biological applications due to their biocompatibility, good
hydrophilicity, and ease of preparation.149 The present nonaromatic organic luminogens
are synthetic polymers and/or are in the category of biomacromolecules. Therefore,
introducing natural nonaromatic organic small molecules with fluorescent emission in
crystalline form is remarkable, and can make extraordinary progress in the biological
applications.
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Here, we demonstrate that both aromatic amino acids, such as L-histidine, and
nonaromatic amino acids, such as L-glutamine, L-isoleucine, L-asparagine, L-valine, Lthreonine, and L-methionine, show fluorescence emission upon crystallization in the
solid state, a remarkable phenomenon that has not been previously reported. We form
the crystals of natural amino acids via antisolvent crystallization and investigate their
unit cell and macrostructure using single crystal X-ray crystallography, X-ray powder
diffraction (XRD), and scanning electron microscopy (SEM). We also demonstrate that
the fluorescent lifetimes of these amino acids are different, being potentially dependent
on the density of the hydrogen bonding network, π-π, and n-π coupling as well as the
macrostructure of the amino acid crystals. Bearing in mind that the above mentioned
amino acids are not fluorescent in solution,150-151 this observation suggests a potential
paradigm shift in our understanding of the crystallization-induced fluorescence
emission of organic molecules.

5.2. MATERIALS AND METHODS
5.2.1. Preparation of the amino acid crystals
Amino acid solutions (30 mg/mL), including L-histidine (≥99%), L-glutamine, Lisoleucin, L-asparagine, L-valine, L-threonine, and L-methionine (>98%, SigmaAldrich) were prepared individually by dissolving the amino acid powder in milli-Q
water using a vortex mixer at ambient temperature in a Corning® 15 mL centrifuge tube
with a closed cap. Then, 3 mL of 200 proof ethanol (KOPTEC, PA, US) was added to
3 mL of the aqueous solution of amino acid as an antisolvent. The amino acid crystals
were collected after 6 hours.
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5.2.2. Characterization
Unit cell data for the amino acid crystals were collected on a Rigaku Synergy XtaLAB
diffractometer. Morphologies of the crystals were observed using a Zeiss 710 Laser
Scanning Confocal Microscope with a 25x/0.8 NA oil immersion objective (Carl Zeiss
Microscopy, Thornwood, NY), an inverted optical microscope (DMIL LED, Leica)
connected to a fast camera (MicroLab 3a10, Vision Research), and SEM (JCM-6000
Benchtop scanning electron microscope, software version 2.4 (JEOL Technics Ltd.,
Tokyo, Japan)). Moreover, the Zeiss 710 confocal microscope was equipped with lasers
at 405 nm, 488 nm, 561 nm, and 633 nm, and the spectral detector allows the collection
of a series of emission wavelengths with lambda scan mode. XRD measurements were
performed using a Bruker D8 Advance ECO powder diffractometer (MA) operated at
40 kV and 30 mA (Cu Kα radiation). The crystals were scanned at room temperature
from 2θ = 10−60° under continuous scanning in 0.02 steps of 2θ min−1.
The lifetime of the amino acid crystals was investigated through time-correlated
single photon counting fluorescence measurements (TCSPC), which were carried out
using ~120 fs pulses at 800 nm delivered at an 80 MHz repetition rate from a SpectraPhysics Mai-Tai Ti:S laser equipped with DeepSee dispersion compensation. The Ti:S
laser was coupled to a Zeiss 880 laser scanning microscope which was used to locate
and focus on the crystals. Two-photon generated epi-fluorescence was separated from
the excitation using a 670 nm long pass dichroic filter, which directed the emission to a
GaAsP photomultiplier tube after passing through a broad blue band-pass filter
(BGG22, Chroma Technology Corp, VT). The laser power was attenuated using a near
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infrared (NIR) Acousto Optic Modulator (AOM) to keep the photon detection rate to
less than 0.2% of the repetition rate to avoid photon pile-up. An instrument response
function (IRF) was acquired using a Z-cut quart crystal and used for fitting the TCSPC
data. Time-correlated photon counts were acquired using a high-resolution TCSPC
module (SPC-830, Becker & Hickl GmbH) and fit to a bi-exponential decay curve,
convolved with the IRF, using the SPCImage software package (Becker & Hickl
GmbH). The NaCl salt crystals were used as a negative control for the lifetime
measurements. The weighed mean lifetime was calculated using the following formula:
(𝑎1 × 𝜏1 ) + (𝑎2 × 𝜏2 )
(𝑎1 + 𝑎2 )

5.3. RESULTS AND DISCUSSION
In many cases, luminogens are highly emissive only in dilute solutions but are
nonemissive in the solid state152-153 where molecules may experience strong π−π
stacking interactions that lead to quenching.154 In contrast, there are other small
molecules that show induced emission in their solid state.136,

155

In solution, these

molecules experience dynamic intramolecular motion that annihilate their excited state
nonradiatively. However, in the solid state the molecules cannot pack through a π−π
stacking process due to the restricted intramolecular motions.152-153 Here, we
demonstrate crystallization-induced emission in amino acid crystals (Figure 5.1, a-b).
The crystals of seven amino acids, including L-histidine, L-glutamine, L-isoleucine, Lasparagine, L-valine, L-threonine, and L-methionine were prepared through antisolvent
crystallization (see the Methods for more details). Briefly, an aqueous solution of each
amino acid was prepared and then ethanol was added as an antisolvent, resulting in the
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formation of the amino acid crystals (Figure 5.1a). Since most of these amino acids are
nonaromatic, very little attention has been paid to their photophysical properties in
crystalline form. However, we found that these amino acids have a natural fluorescence
emission in their crystalline state that ranges widely from blue to green and red when
excited at 405 nm, 488 nm, and 561 nm under confocal laser scanning microscopy
(CLSM; Figure 5.1c, Figure 5.2, a-b (i), and Figures S5.1–S5.5). We note that none of
these amino acids are fluorescent in solution (data not shown). The amino acid crystals
display different fluorescence emission intensities with maximum emission at 498 nm
upon excitation at 405 nm, except L-methionine, which features a maximum emission
at 459 nm when excited at 405 nm (Figure S5.6).
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Figure 5.1. a) Schematic representation for the fluorescence of amino acids in the
crystalline solid state in comparison with the non-fluorescence aqueous solution of
amino acids. b) Schematic representation of Jablonski diagram for fluorescence. c)
CLSM images of the amino acid crystals: i) L-histidine, ii) L-glutamine, iii) Lisoleucine, iv) L-asparagine, v) L-valine, vi) L-threonine, and vii) L-methionine,
showing their bright fluorescence emission in a wide range, including blue (414–459
nm, first column), green (500–559, second column), and red wavelengths (587–673,
third column). The fourth column shows the bright field images of the amino acid
crystals.
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Figure 5.2. The fluorescence of a) L-His crystals, and b) L-isoleucine crystals. i) The
confocal lambda scan of crystals excited at 405 nm, 488 nm, and 561 nm. The numbers
on each image correspond to the emission wavelengths. ii) The fluorescent life-time of
crystals at room temperature. The red lines represent the biexponential fits to the
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experimental data points (black lines). iii) The residuals of fluorescent life-time of
crystals fitted to a bi-exponential decay curve.

Figure 5.2, a-b (ii) and Figure S5.7 illustrate the decay of the excited state using
single photon counting fluorescence measurements of the amino acid crystals. This
decay is fitted perfectly with a double exponential model yielding two fluorescence
lifetimes for each individual amino acid (Table 5.1, Figure 5.2, a-b (iii), and Figure
S5.8). The weighed mean lifetimes for the L-histidine, L-glutamine, L-isoleucine, Lasparagine, L-valine, L-threonine, and L-methionine crystals are 2.20 ns, 2.53 ns, 2.76
ns, 5.38 ns, 6.52 ns, 4.90 ns, and 3.91 ns, respectively (Table 5.1). We observed no
fluorescence lifetime for NaCl crystals (negative control) (Table 5.1). Figure S5.9 also
shows the fluorescence lifetime imaging (FLIM) results of a L-histidine crystal that has
been color-coded according to the weighed mean lifetime.

Table 5.1. The fluorescence lifetimes and weighed mean lifetimes of the seven amino
acid crystals.
Mean
I
a1 (%) τ1 (ns) a2 (%) τ2 (ns) χ2
lifetime
(ns)
56.51 0.67
43.48 4.19
1.32
2.20
L-Histidine
34.91 4.24
1.46
1.95
Deuterated L-Histidine 65.08 0.73
77.93 0.85
22.06 8.49
1.18
2.53
L-Glutamine
59.75 0.79
40.25 5.69
1.07
2.76
L-Isoleucine
87.39 0.9
12.61 36.40 0.97
5.38
L-Asparagine
9.57
5.02
90.42
6.68
2.29
6.52
L-Valine
61.02 1.31
21.07 19.46 1.29
4.90
L-Threonine
66.54 1.25
33.46 9.19
1.01
3.91
L-Methionine
0.12
0.02
99.87 0.02
1.08
0.02
NaCl (Control)
The interplay between chemistry and crystallography is in fact the interrelationship between the molecular properties and supramolecular assembly of
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molecules. Therefore, we were interested to investigate the supramolecular assembly of
these amino acids in the crystalline structure. We determined the structure of amino acid
crystals by single crystal X-ray crystallography. The unit cell data of our crystals were
consistent with previous studies of these materials (Figure 5.3, a-d (i) and Figure
S5.10).156-162 Our X-ray crystallography indicate the L-histidine, L-glutamine, Lasparagine, and L-threonine crystals are in the orthorhombic P212121 space group and
with Z= 4 molecules in the unit cell (CIF codes 1206541, 155068, 1103695, and
1060965, respectively) (Figure 5.3, a-b, d (i), and Figure S5.10 b). The crystals of Lisoleucine, L-valine, and L-methionine are in the P21 space group and also with Z= 4
molecules in the unit cell (CIF codes 126824, 1208817, and 1207980, respectively)
(Figure 5.3c (i) and Figure S5.10 a, c).
The crystalline structure of the amino acid molecules are formed through the
interactions between molecules directed by intermolecular forces.163 The energetic and
geometric properties of these intermolecular forces and their influence on the
intramolecular forces, however, are much less understood than those of classical
chemical bonds.163 One of the strongest interactions is the hydrogen bond, which is
holding the organic molecules together in a crystalline structure.164 The X-ray
crystallography results reveal the hydrogen bonds in the amino acid crystals (Figure 5.3,
a-d (i) and Figure S5.10). We measured the length and number of hydrogen bonds in
the crystal unit cells to compare the density of the hydrogen bonding network for these
seven amino acids. Table S5.1 shows that L-asparagine features the maximum number
of hydrogen bonds (8) in its unit cell, while the minimum number of hydrogen bonds
(3) was observed for L-threonine and L-glutamine. The length of the hydrogen bonds
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range from 2.6–3.0 Å (Table S5.1). So short is this distance that it is very reasonable to
assume that such molecular contact is rare in a non-condensed solution state of amino
acids.
Short-distance interactions in the crystal structure of organic compounds hinder
intramolecular motions and vibrations and clearly indicate a definite electronic
interaction between the atoms.152 Thus, the non-radiative energy loss in the excited state
is reduced and enhances the photoluminescence character of the organic compound. 152
To confirm the effect of the hydrogen bonding network on the fluorescence emission of
the amino acid crystals, we prepared deuterated L-histidine crystals as a model of amino
acid incapable of forming hydrogen bonds (Figure S5.11), and compared the lifetime
with the original L-histidine crystals (Table 5.1). The deuterated L-histidine crystals
show a lifetime of 1.95 ns and the original L-histidine crystals show a lifetime of 2.20
ns (Table 5.1). This change in the fluorescent lifetime indicates that the hydrogen
bonding network due to close packing can contribute to the fluorescence emission of
these nonaromatic and aromatic amino acids in crystalline form.
Figure 5.3, a-d (ii) and Figure S5.12 show the X-ray powder diffraction spectra
of these seven amino acids in addition to their spacefil models in the crystalline state.
The spacefil models also show the molecular packing of the amino acids, highlighting
the extremely close contact between the carbonyl and amino moiety of the neighboring
molecules (Figure 5.3, a-d (ii) and Figure S5.12). The n and π electrons of these
functional groups can enable electron delocalization between these units due to the
effective orbital overlap made possible at the close intermolecular distance.136, 147 Such
electron delocalization by n–π and π–π coupling in the rigid conformation of
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nonaromatic systems can allow the suppression of nonradiative processes and
stabilization of the excited states in nonaromatic amino acid crystals. Moreover,
according to recent studies on luminescent small molecules, such rigid structures in the
crystalline state are capable of restricting vibrational/rotational movements during the
electronic transitions and thus alter their optical properties.136,

152-153

Therefore, we

anticipate that the restriction of the rotation/vibration due to the close packing of amino
acids,154, 165 the stronger intramolecular n-π and π-π coupling interactions,136 and the
hydrogen bonding network in the crystalline state (compared to the solution state) may
all account for the fluorescence emission of the amino acids.152-153, 163, 166-167 The same
phenomenon, interactions conducted by carbonyl and amino moieties, has been
suggested to explain the fluorescence properties of poly(amido amine) (PAMAM) in its
aggregated state.147
It has recently been shown that the optical properties of organic crystals are
intimately linked to their crystal macrostructure and the relative spatial arrangement of
those molecules across many length scales within the crystal.168 This phenomenon may
explain the different fluorescence emission intensities that we observed for the amino
acid crystals depending on their molecular structure (Figure 5.2, a-b, Figures S5.1–
S5.5). Thus, we investigate the macrostructural differences in the amino acid crystals
using scanning electron microscopy (SEM) to better understand how it may affect their
optical behavior (Figure 5.3 and Figure S5.13). The SEM images demonstrate
differences between the macrostructures of the amino acid crystals. However, we could
not find any specific relationship between these macrostructures and the amino acids’
fluorescence emission intensity. This study sheds light on a general strategy to induce
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the fluorescence of nonaromatic compounds by taking advantage of the readily available
non-covalent interactions in the assembled crystalline form.

Figure 5.3. The structure of a) L-histidine, b) L-glutamine, c) L-isoleucine, and d) Lasparagine. i) The crystalline structure of amino acids with their intermolecular
hydrogen bonds as determined by single crystal X-ray crystallography. ii) XRD spectra
of the crystals. iii) SEM images of the crystals.
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5.4. CONCLUSION
Due to the application of long lived luminescent solid organic materials in
electroluminescent devices, sensors, and cell imaging there has been a resurgent interest
in the past few years towards the development of new organic molecules with room
temperature fluorescence in the solid state.153, 169 In this work, we demonstrate that pure
crystals of L-histidine, L-glutamine, L-isoleucine, L-asparagine, L-valine, L-threonine,
and L-methionine amino acids are fluorescent at room temperature, while none of these
molecules are fluorescent in solution. Crystal structure, an emergent property, is not
simply related to molecular structure.170 In this work, we confirm this statement and
anticipate that the restriction of intramolecular motion and electronic interactions
among electron-rich groups in amino acids favored by their close proximity in the
crystalline state are the most important factors for observing fluorescent amino acid
crystals. However, we note that a conformation may also be responsible for the
differences observed in the fluorescence emission intensity of these aromatic and
nonaromatic amino acids. With the understanding that active intramolecular motion can
effectively dissipate exciton energy, while restricted intramolecular motions can
activate radiative transitions, numerous opportunities can be explored. Indeed, the
principle of crystallization-induced emission may trigger new developments in an array
of fields, ranging from bioimaging, chemosensing, optoelectronics, and stimuliresponsive systems.17, 152, 171-172

5.5. SUPPORTING INFORMATION

106

Figure S5.1. The confocal lambda scan of L-glutamine crystals excited at 405 nm, 488
nm, and 561 nm.
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Figure S5.2. The confocal lambda scan of L-asparagine crystals excited at 405 nm, 488
nm, and 561 nm.
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Figure S5.3. The confocal lambda scan of L-valine crystals excited at 405 nm, 488 nm,
and 561 nm.
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Figure S5.4. The confocal lambda scan of L-threonine crystals excited at 405 nm, 488
nm, and 561 nm.
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Figure S5.5. The confocal lambda scan of L-methionine crystals excited at 405 nm, 488
nm, and 561 nm.
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Figure S5.6. The emission spectra of amino acid crystals: a) L-histidine, b) Lglutamine, c) L-isoleucine, d) L-asparagine, e) L-valine, f) L-threonine, and g) Lmethionine.
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Figure S5.7. The fluorescent life-time of amino acid crystals at room temperature: a)
L-glutamine, b) L-asparagine, c) L-threonine, d) L-methionine, and e) L-valine. The red
lines represent the biexponential fits to the experimental data points (black lines).
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Figure S5.8. The residuals of fluorescent life-time of amino acid crystals fitted to a biexponential decay curve: a) L-glutamine, b) L-asparagine, c) L-threonine, d) Lmethionine, and e) L-valine.
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Figure S5.9. FLIM data of a histidine crystal. The image is color-coded by the weighed
mean lifetime, showing that the value varies across the crystal surface. The histogram
shows the distribution of lifetimes of all the pixels measured.

Figure S5.10. The crystalline structure of amino acids with their intermolecular
hydrogen bonds: a) L-valine, b) L-threonine, and c) L-methionine.

Figure S5.11. a) The FTIR spectra of the L-histidine and deuterated L-histidine crystals
in the range of 400-4000 cm-1. b) A close-up view of (a) in the range of 400-1400 cm-1.
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Figure S5.12. XRD spectra for the crystals of a) L-valine, b) L-threonine, and c) Lmethionine.

Figure S5.13. SEM images of amino acid crystals: a) L-valine, b) L-threonine, and c)
L-methionine.
Table S5.1. The number and length of the hydrogen bonds in the unit cells of the amino
acid crystals.
Amino acids
Number of H-bonds Length of H-bonds (Å)
7
2.8, 2.8, 2.8, 2.8, 2.8, 2.8, 3.0
L-Histidine
3
2.8, 2.9, 2.9
L-Glutamine
5
2.8, 2.8, 2.8, 2.8, 2.8
L-Isoleucine
2.8, 2.8, 2.8, 2.8, 2.8, 2.8, 2.9, 2.9
L-Asparagine 8
5
2.8, 2.8, 2.8, 2.9, 2.9
L-Valine
3
2.6, 2.8, 3.0
L-Threonine
2.8, 2.8, 2.8, 2.9, 2.9
L-Methionine 5
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CHAPTER 6
L-HISTIDINE CRYSTALS AS EFFICIENT VEHICLES TO DELIVER
HYDROPHOBIC MOLECULES16

ABSTRACT
L-Histidine (L-His) molecules can form highly ordered fluorescent crystals with
tunable size and geometry. The polymorph A crystal of L-His contains hydrophobic
domains within the structure’s interior. Here, we demonstrate that these hydrophobic
domains can serve as vehicles for the highly efficient entrapment and transport of
hydrophobic small molecules. This strategy shows the ability of L-His crystals to
mask the hydrophobicity of various small molecules, helping to address issues related
to their poor solubility and low bioavailability. Furthermore, we demonstrate that we
can modify the surface of these crystals to define their function, suggesting the
significance of L-His crystals in designing site-specific, and bioresponsive platforms.
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As a demonstration, we use L-His crystals with loaded doxorubicin featuring
hyaluronic acid covalently bonded on the crystal surface, controlling its release in
response to the hyaluronidase (HAase). This strategy for entrapment of hydrophobic
small-molecules suggests the potential of L-His crystals for targeted drug-delivery
applications.

6.1. INTRODUCTION
The clinical use of various potent, hydrophobic molecules is often hampered by
their poor water solubility.173 Low water solubility results in poor absorption as well as
low biodistribution and bioavailability of hydrophobic therapeutics upon oral
administration.174 Moreover, low water solubility causes drug aggregation upon
intravenous administration, which is associated with local toxicity and lowered systemic
bioavailability.175-176 For example, doxorubicin (DOX) is a widely used hydrophobic
anticancer drug with excellent anti-neoplastic activity against a multitude of human
cancers.177 However, its clinical use is hindered by acute side effects, such as vomiting,
bone marrow suppression, and drug-induced irreversible cardiotoxicity.178-179
These challenges have driven the development of drug-delivery systems to
increase the efficacy of hydrophobic therapeutics through improved pharmacokinetics
and biodistribution.180 A wide variety of scaffolds, such as liposomes181 and stimuliresponsive polymeric particles,17,

182

have been explored, either covalently or

noncovalently conjugating hydrophobic drugs with these systems.180 Despite significant
advances in the development of such drug carriers, there remain a few problems that
have resulted in therapeutic failure, including the lack of site-specificity,183 low
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biocompatibility,184 and inefficient drug entrapment within the carriers.185 Moreover,
covalent attachment in some cases requires chemical modification, which can reduce
the efficiency of drug release or incomplete intracellular processing of a prodrug
compound.186 These strategies also involve additional complexities associated with
mass production difficulties and cost. Thus, the fabrication of biocompatible platforms
that can overcome these limitations remains an important yet unmet need.
Here, we demonstrate that L-histidine (L-His) crystals can function as efficient
vehicles to entrap hydrophobic free drugs, such as DOX, as well as other hydrophobic
small molecules, including Nile red, β-carotene, and pyrene (Figure 6.1a, b). The
noncovalent inclusion of such hydrophobic molecules inside the hydrophobic domains
within the interior of the polymorph A crystal structure of L-His suggests the capability
for efficient drug transport and release, avoiding prodrug processing issues. As an
essential amino acid, L-His crystals also have the advantage of being biocompatible and
feature the ability to load a large quantity of hydrophobic molecules. Furthermore, we
have recently discovered the natural fluorescent properties of L-His crystals (the results
of which will be reported elsewhere), which suggests their potential as traceable
compounds inside biological systems.
In this study, we further demonstrate that L-His crystals can be chemically
modified at the surface to provide preferential biological targeting to the desired site of
action (Figure 6.1c). By covalently cross-linking hyaluronic acid (HA) to the surface of
L-His crystals (HA-His crystals), we show that hyaluronidase (HAase) is able to
hydrolyze the HA on the HA-His crystals, allowing the L-His crystals to dissolve in an
aqueous matrix and release encapsulated small molecules, such as DOX, to a desired
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site. This scaffold provides highly efficient noncovalent inclusion of hydrophobic
molecules or active drugs with excellent biocompatibility and efficient bioresponsive
drug release. Moreover, the HA-His crystals are potentially site-specific, making them
excellent candidates for targeting CD44-receptors overexpressed on tumors, and thus
enhancing the permeability of anticancer drugs.

Figure 6.1. Schematic representation for the preparation of L-His crystals loaded with
DOX molecules. b) CLSM images of i. L-His crystal emitted with green color, ii. DOX
with red color in L-His crystal. c) Schematic representation for the preparation of L-His
crystals surface-modified with tumor-specific HA for the targeted delivery of
hydrophobic DOX molecules.

6.2. MATERIALS AND METHODS
6.2.1. Preparation and characterization of the L-His crystals with entrapped small
molecules
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A 30 mg/mL solution of L-His (≥ 99%, Sigma-Aldrich) was prepared by
dissolving L-His powder in milli-Q water using a vortex mixer at ambient temperature
in a Corning® 15 mL centrifuge tube with a closed cap. Then 500 μL of the aqueous
solution of L-His and 500 μL of 200 proof ethanol (KOPTEC, PA, US) were added to
200 μL of the small molecule solution (2 mg/mL). The small molecules used in this
study were Nile red (> 98%, Sigma-Aldrich), pyrene (> 98%, Sigma-Aldrich), βcarotene (> 97%, Sigma-Aldrich), and doxorubicin HCl (DOX, > 98%, Fluka, Mexico
City, Mexico). The solution was vortexed for 15 s and kept static at ambient
temperature. After 3 h, crystals were collected and washed with ethanol to remove the
free small molecules from the surface of the crystals and the supernatant was collected
to measure the concentration of non-entrapped small molecules using HPLC. An
Agilent 1200 LC System with a Binary SL Pump & Diode Array Detector, Shodex RI501 Refractive Index Detector (single channel), and an Agilent 1100 Column
Compartment (G1316) was utilized to carry out the analysis. Each individual sample of
small molecules was quantified based on an optimized method reported in the literature
for β-carotene,187 Nile red,188 pyrene,189 and DOX.190 The entrapment efficiency of the
crystals was calculated by subtracting the concentration of the non-entrapped small
molecules in the supernatant from the primary amount of small molecules, as follows in
equation 1:
Entrapment efficiency (%) =

𝑀0−𝑀𝑠
𝑀0

∗ 100

(1)
in which M0 is the primary concentration of small molecules used in the formulation,
and MS is the concentration of non-entrapped small molecules in the supernatant.
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L-His crystal controls were prepared using the same procedure, but without the
addition of small molecules. Unit cell data for the L-His crystals were collected on a
Rigaku Synergy XtaLAB diffractometer. The morphologies of the crystals were
observed using a Zeiss 710 Laser Scanning Confocal Microscope (Carl Zeiss
Microscopy, Thornwood, NY), an inverted optical microscope (DMIL LED, Leica)
connected to a fast camera (MicroLab 3a10, Vision Research), and an SEM (LEO Zeiss
1550 FESEM (Keck SEM) and Zeiss Gemini 500). All SEM images were obtained
under high vacuum mode without sputter coating. XRD measurements were performed
using a Bruker D8 Advance ECO powder diffractometer (MA) operated at 40 kV and
30 mA (Cu Kα radiation). The crystals were scanned at room temperature from 2θ =
10−60° under continuous scanning in 0.02 steps of 2θ min−1.

6.2.2. Synthesis of thiolated HA (SH-HA)
Sodium hyaluronate (> 43% Glucuronic Acid, Bulk Supplements, Henderson, NV,
USA) was used after being dialyzed against distilled water, followed by lyophilization.
L-cysteine methyl ester was synthesized to protect the carboxyl groups of L-cysteine
using a previously described method.191 The covalent attachment of L-cysteine methyl
ester to sodium hyaluronate was achieved through the formation of amide bonds
between the primary amino groups of the cysteine methyl ester and the carboxylic
groups of hyaluronate. To synthesize SH-HA, we used a method previously reported in
the literature.192 Briefly, sodium hyaluronate (2.5 mmol) was dissolved in 100 mL of
distilled

water,

to

which

N-(3-Dimethylaminopropyl)-N′-ethylcarbodiimide

hydrochloride (EDC) (0.5 mmol, > 98%, Sigma-Aldrich) and cysteine methyl ester (2.5
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mmol) were added under slow stirring. The pH was adjusted to 5.3 by the addition of 1
M NaOH. After incubating the solution for 5 h, the solution was transferred to dialysis
membrane discs (MWCO 3.5 kDa, Thermo Scientific) and dialyzed three-times against
1% NaCl for three days, and finally against distilled water for one day. The solutions
were then freeze dried to obtain a white solid and investigated by FTIR in the region
from 4000 to 400 cm−1 (120 scans, resolution of 2 cm−1) using an IRAffinity-1S FTIR
spectrophotometer (Shimadzu Scientific Instruments/Marlborough, MA).

6.2.3. Synthesis of thiolated histidine methyl ester (SH-HME)
Histidine methyl ester (HME) was synthesized using a previously described method.191
The SH-HME was synthesized by reacting HME (1 mmol) with 2-iminothiolane
hydrochloride (0.4 mmol, > 98%, Sigma-Aldrich) in PBS (50 mL; pH 7.4) for 12 h at
room temperature. After washing the SH-HME using deionized water, the solution was
lyophilized to obtain a powder of SH-HME.

6.2.4. Synthesis of HAase-responsive, HA-modified histidine crystals with entrapped
DOX (HA-His crystals)
After synthesizing the L-His crystals with entrapped DOX, as described in the first
section of the Methods, SH-HME (0.01 g) was added to the crystal dispersion, followed
by the addition of 200 μL ethanol to start growing the SH-HME crystals on the surface
of the L-His crystals to form thiolated histidine crystals (SH-His crystals). The SH-His
crystals were incubated at room temperature for 3 h. Next, SH-HA (0.03 g) was added
to the SH-His crystal dispersion, and the pH was adjusted to 8 with 1 M NaOH. Then,
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50 μL of chloramine T solution (50 mM in PBS buffer, pH 7.4, > 98%, Sigma-Aldrich)
was added, based on a previously reported method,193 to induce thiol-mediated
conjugation of the SH-HA onto the SH-His crystals. After 1 h incubation at room
temperature, the resulting HA-modified histidine crystals (HA-His crystals) were
collected from the falcon tubes by centrifugation at 1000 ×g for 5 minutes, washed with
ethanol, freeze-dried, and stored at 4 °C.

6.2.5. In Vitro Enzyme-Triggered Drug Release of DOX-Loaded HA-His crystals
HAase-triggered drug release profiles of the DOX-loaded HA-His crystals were
monitored using HPLC. The DOX-loaded HA-His crystals were incubated with
different concentrations of HAase in an acetate buffer (pH = 4.3, 37 ℃) for 72 h. To
measure the drug release profiles of DOX, we used HPLC and attained the data at
predetermined time points after incubating the DOX-loaded HA-His crystals with
acetate buffer. Supernatants were used to measure the drug release profiles using a
dialysis method. In brief, lyophilized HA-His crystals (5 mg) were dispersed in 1 mL of
acetate buffer (pH = 4.3, 37 °C) containing different concentrations of HAase (0 U/mL,
1 U/mL, and 10 U/mL). The dispersed HA-His crystals were transferred to Spectra/Por®
regenerated cellulose dialysis tubes (molecular weight cutoff = 10000, Float A lyzer)
immersed in 15 mL of acetate buffer (pH = 4.3, 37 °C) containing 1.6% Triton X-100
and gently shaken at 37 °C in a water bath at 100 rpm. The medium was replaced with
fresh medium at predetermined time points. The cumulative release of DOX was
calculated as follows in equation 2:
Cumulative release (%) = (Mt / M∞)*100
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(2)

in which Mt is the amount of DOX released from the crystals at time t, and M∞ is the
amount of DOX in the crystals.

6.2.6. Statistical analysis
The results were subjected to analysis of variance (ANOVA) using SPSS software
package version 15.0 for Windows. All measurements were performed in triplicate.
Mean comparisons were performed using the post hoc multiple comparison Duncan test
to determine if differences were significant at P < 0.05.

6.3. RESULTS AND DISCUSSION
In addition to its well-known roles as an electrophilic acid, L-His features two nitrogen
atoms, designated as Nδ1 and Nε2, in its heterocyclic imidazole system, which serve as
hydrogen bond acceptor and hydrogen bond donor, respectively.194-196 To synthesize LHis crystals we performed antisolvent crystallization, adding ethanol as the antisolvent
to an aqueous solution of L-His at a 1:1 volume ratio (Figure 6.2a). We note that the
size of the crystals can be tuned from the sub-micron to micron scale, depending on the
crystal growth time and antisolvent.197 The L-His crystals display bright emission at 500
nm (405 nm excitation), which we attribute to suppressed nonradiative decay by
intramolecular motion due to the close molecular packing of the crystal (the
fluorescence properties of the L-His crystals will be reported elsewhere).
We also investigate the powder X-ray diffraction (XRD) pattern of L-His
crystals. The diffraction peaks of the L-His crystal was in good agreement with the
simulated diffraction peaks of the crystal from the Cambridge Crystallographic Data
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Center (CCDC, CIF code 1206541) (Figure 6.2b). We measured the unit cell data of the
resulting pure L-His crystals and found they were consistent with a previous study of LHis by Madden, et al.
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(CIF code 1206541) (Figure 6.2c). X-ray crystallography of

our L-His crystals showed a mixture of the stable polymorph A with the orthorhombic
space group P212121 and Z= 4 molecules in the unit cell, and the metastable polymorph
B with the majority being polymorph A. The relative fractions of these polymorphs can
be tuned by changing the supersaturation ratio of L-His in aqueous solution, as has been
shown in previous studies.197,
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When the L-His molecules arrange in the stable

polymorph A crystals, they orient imidazole rings in the vicinity of each other, creating
a hydrophobic domain within the structure (Figure 6.2c).
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Figure 6.2. a) Fluorescence microscopy images of L-His crystals. b) The simulated and
experimental XRD patterns of the pure L-His crystals. c) Ball and stick representation
of four L-His molecules arranged in the polymorph A with the orthorhombic space
group P212121, showing the hydrophobic domain surrounded by imidazole rings of the
L-His molecules. d) Ball and stick representation for the unit cell of crystals formed
after loading the small molecules, showing two L-His molecules with monoclinic space
group P21.

The structure of the L-His crystals therefore features several hydrophobic
interior domains while displaying a hydrophilic exterior. To determine whether we
could use these hydrophobic domains to entrap small molecules with a high entrapment
efficiency, we chose three different hydrophobic guest compounds as fluorescent probes
(Nile red, pyrene, and β-carotene) and two hydrophilic compounds (fluorescein
isothiocyanate (FITC) and norbixin) for comparison. Adding the small molecules
individually to aqueous solutions of L-His and subsequent mixing with ethanol, we then
collected the resulting L-His crystals after 3 hours. X-ray crystallography of the L-His
crystals loaded with small molecules showed the change of crystal’s space group from
orthorhombic space group P212121 (Z= 4) to the monoclinic space group P21 (Z= 2) in
the unit cell (Figure 6.2d). We also observed the materials using optical, scanning
electron (SEM), and confocal laser scanning microscopy (CLSM; Figure 6.3a–d). The
hydrophilic small molecules (FITC and norbixin) were not observed entrapped inside
the L-His crystals, instead remaining in solution (data not shown). However,
fluorescence by the hydrophobic β-carotene, Nile red, and pyrene compounds was
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observed inside the crystals (Figure 6.3, a-d, iv). These observations demonstrate the
entrapment of these molecules in the L-His crystals with entrapment efficiencies of ~
96%, 62%, and 87%, respectively, as determined using high-performance liquid
chromatography (HPLC; see Methods). These results indicate that the L-His crystals
are specific for the entrapment of hydrophobic small molecules. We believe that the
inclusion of such hydrophobic small molecules inside the L-His crystals is noncovalent
in nature, driven by hydrophobic interactions, hydrogen bonding, and π-π stacking200201

between the imidazole rings of the L-His molecules and the aromatic regions and/or

double bonds of the hydrophobic small molecules. The entrapment efficiency may
depend on the molecular structure of the small molecules and their ability to fit inside
the L-His crystal structure.
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Figure 6.3. a) Pure L-His crystals; the green color in part iv represents the pure L-His
crystals. b) β-carotene-entrapped L-His crystals; the green color represents the L-His
crystals and the orange color represents β-carotene. c) Nile red-entrapped L-His
crystals; the green color represents the L-His crystals and the red color represents Nile
red. d) Pyrene-entrapped L-His crystals; the green color represents the L-His crystals
and the blue color represents pyrene. First column (i): digital images; second column
(ii): optical microscopy images; third column (iii): SEM images; fourth column (iv):
CLSM images. Scale bars: 100 μm.
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The CLSM imaging results of the loaded L-His crystals along the z optical axis
(z-stack) indicates that the localization of the hydrophobic small molecules occurs at
the central plane of focus (Figure 6.4). Figure 6.4 demonstrates the entrapment of
hydrophobic Nile red (Figure 6.4a, b) and pyrene (Figure 6.4c) inside the L-His crystals
from different dimensional perspectives. Figure 6.4 verifies that the fluorescent signal
of the β-carotene (Figure 6.4d-f) and Nile red (Figure 6.4g-i) is indeed localized within
the structure of the L-His crystals. The entrapment of small molecules inside the
fluorescent L-His crystals not only offers the whole system a hydrophilic surface, which
can address the challenges of poor solubility and distribution of hydrophobic small
molecules in biological systems, but also provides protection and controlled release of
the entrapped small molecules.
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Figure 6.4. a) CLSM imaging data collected at different dimensions of the L-His
crystals, confirming the localization of the hydrophobic Nile red inside the L-His
crystals. b) Ortho demonstration of L-His crystals with entrapped Nile red. c) Ortho
demonstration of L-His crystals with entrapped pyrene. d) The CLSM imaging data of
L-His crystals with entrapped β-carotene in 2D. e, f) The CLSM imaging data of L-His
crystals with entrapped β-carotene in 2.5D, with intensity on the Z-axis. g) L-His
crystals with entrapped Nile red in 2D. h, i) L-His crystals with entrapped Nile red in
2.5D, confirming the localization of the hydrophobic small molecules inside the L-His
crystals. The green and blue colors represent the L-His crystals, and the orange and red
colors represent the β-carotene, pyrene, and Nile red, respectively. Scale bars: 100 μm.

We also investigated XRD pattern of the L-His crystals loaded with the different
small molecules. Figure 6.5a illustrates the XRD patterns of the pure small molecules
(Figure 6.5a, black lines), pure L-His crystals (Figure 6.5a, red lines), a dry mixture
made of the L-His crystals with the powders of the various small molecules (Figure
6.5a, blue lines), and the small molecule-loaded L-His crystals (Figure 6.5a, green
lines), made as previously described. A characteristic powder diffraction peak of
polymorph A appears at 2θ~ 19° (Figure 6.5a, red lines). The XRD analysis of crystals
obtained from small molecule-loaded L-His crystals (Figure 6.5a, green lines) yields a
different XRD pattern in comparison with the pure L-His crystals (Figure 6.5a, red
lines). The XRD patterns of the L-His crystals loaded with β-carotene and Nile red show
an increase in the intensity of the peaks at 2θ~ 22° and 24°, respectively, while the XRD
pattern of the pyrene-loaded L-His crystals remains similar to the pure L-His crystals
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(Figure 6.5a, i-iii, green lines). The changes in the peak intensities indicate the change
of electron density inside the unit cell and where the atoms are located,202 and can be
influenced by the inclusion of hydrophobic small molecules. This result is in good
agreement with the results of single crystal X-ray crystallography, showing the change
of L-His crystals’ unit cell upon the loading of small molecules (Figure 6.2c, d). The
dominant peaks of the pure small molecules at 2θ~ 19°, 13°, and 12° for β-carotene,
Nile red, and pyrene, respectively (black lines), disappear in the small molecule-loaded
crystal samples (green lines), which confirms the loading of the small molecules inside
the structure of the L-His crystals. In contrast, for the manual dry mixture of the L-His
crystals and small molecules (blue lines), the XRD patterns are different and the
dominant peaks of the small molecules at 2θ~ 19°, 13°, and 12° for β-carotene, Nile red,
and pyrene remain (Figure 6.5a, i-iv).
Due to the exceptional ability of L-His crystals to fluoresce and entrap
hydrophobic small molecules within their hydrophilic structure, we applied these
crystals to entrap DOX, a highly hydrophobic chemotherapeutic, to address its poor
solubility, which can cause cardiotoxicity and lowered systemic bioavailability.179
Figure 6.1b shows the L-His crystals loaded with DOX, featuring an entrapment
efficiency of 55%. The XRD patterns of the L-His crystals loaded with DOX show an
increase in the intensity of the peak at 2θ~ 32° (green line), indicating the change of
electron density inside the unit cell is potentially influenced by the inclusion of DOX
molecules (Figure 6.5a, iv).
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Figure 6.5. a) X-ray diffraction patterns of the L-His crystals with entrapped small
molecules (green lines) in comparison with the L-His crystals (red lines), the small
molecules (black lines), a mixture of L-His and the small molecules (blue lines), and
surface-modified L-His crystals with entrapped small molecules (pink lines) for i) βcarotene, ii) Nile red, iii) pyrene, and iv) DOX. b) SEM images of the L-His crystals
before surface modification; c) magnification of b. d) The L-His crystals after chemical
surface modification through disulfide bonds with HA; e) magnification of d, with the
inset showing a further-magnified image. f) The L-His crystals after surface
modification through manual mixing of the crystals with HA solution; g) magnification
of f.

We also demonstrate that the surface of these L-His crystals can be chemically
modified to make them site-specific for targeted drug delivery to a specific site of action.
Here, we modify the surface of the L-His crystals loaded with DOX using hyaluronic
acid (HA) (Figure 6.1c). HA is a natural, non-toxic and biodegradable acidic
135

polysaccharide composed of N-acetylglucosamine and D-glucuronic acid disaccharide
units.203 HA can serve as an active targeting ligand with high binding affinity to cellmembrane-bound CD44 receptors,183 which are found on the surface of several
malignant tumor cells.204-206 We propose to modify L-His crystals with HA to enhance
the specificity of the L-His crystals to deliver DOX to tumor cells and decrease the
chance of cytotoxicity and the drug’s uptake by normal cells. More importantly, HAase,
which plays a significant role in tumor growth, invasion, and metastasis, is widely
distributed in the acidic tumor matrix and cleaves internal β-N-acetyl-D-glucosamine
linkages in the HA.206 HAase is increased in various malignant tumors, including head
and neck, colorectal, brain, prostate, bladder, and metastatic breast cancers.207 HA binds
to the receptor (CD44) on the surface of the cancer cell and is then cleaved by HAase.207
We hypothesized that this enzyme could be used to hydrolyze HA on the surface of HAHis crystals, allowing the L-His crystals to dissolve in the aqueous matrix and efficiently
release the entrapped DOX.
To modify the surface of L-His crystals with HA, we first modified the surface
of the L-His crystals with thiolated histidine methyl ester (SH-HME), and then crosslinked the SH-HME with thiolated hyaluronic acid (SH-HA) through the formation of
disulfide bonds (Figure 6.1c, see Methods for more details). Figure S6.1 (a) shows the
schematic illustration for the synthesis of SH-HA, SH-HME. The comparison between
Fourier transform infrared (FTIR) spectra of HA and SH-HA shows a significant
decrease of the peak at 1610–1620 cm-1 associated with the HA carboxyl groups,
confirming the formation of SH-HA (Figure S6.1, b). Figure S6.1 (c) shows the
formation of disulfide bonds between SH-HA and SH-HME. The L-His crystals are
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smooth before surface modification (SEM images, Figure 6.5b, c). The chemical
modification of the L-His crystals through the formation of disulfide bonds between
SH-HME and SH-HA forms a uniform layer of HA on the surface of the L-His crystals
(Figure 6.5d, e). In contrast, applying HA solution directly to the surface of the L-His
crystals does not result in a uniform layer on the crystal (Figure 6.5f, g). Surface
modification of the L-His crystals with HA also changes the XRD pattern, showing two
dominant peaks at 2θ~ 33° and 46° (Figure 6.5a, iv, pink line).
We compared the release behaviors of DOX from the HA-His crystals after
incubation with and without HAase (Figure 6.6, a-b). Figure 6.6a illustrates that the HAHis crystals start to disintegrate in the presence of HAase after 4 h. In vitro release
experiments revealed that less than 35% of DOX is released from the HA-His crystals
after 72 h in phosphate buffer, whereas 84% of DOX is released during that same time
in the presence of 1 U/mL HAase (Figure 6.6b). In the presence of 10 U/mL HAase, the
release rate is accelerated and 86% of DOX is released in 40 h (Figure 6.6b). This result
indicates that the HA-His crystals incubated with HAase markedly increase the release
of DOX. Thus, HA-His crystals can potentially bind to CD44 receptors on the surface
of tumor cells, enhancing the cellular uptake, and then release entrapped DOX upon
degradation by HAase to the intracellular compartments of tumors, increasing apoptosis
of tumor cells (Figure 6.6c).
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Figure 6.6. Enzymatic degradation of HA-His crystals in the presence of 1 or 10 U/mL
HAase at 37 °C. a) Schematic of HA-His crystals that can be degraded by HAase, and
digital images of the HA-His crystals after four hours without the presence of HAase
(control, i) and in the presence of HAase (ii). b) Cumulative release of DOX from HAHis crystals. c) Schematic of the enhanced delivery of hydrophobic chemotherapeutics
by the HA-His crystals for cancer therapy: (i) HA-His crystals accumulate in the tumor;
(ii) HA-His crystals are internalized by the CD44 receptors on the tumor cells; iii)
HAase leads to the degradation of HA on the crystal surface, dissolving the crystals;
and iv) release of the hydrophobic chemotherapeutics over time to cause the tumor cell
death.
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6.4. CONCLUSION
In this work, we demonstrate the entrapment of hydrophobic small molecules inside the
hydrophobic domains of L-His crystals, providing a potential biocompatible platform
for protecting hydrophobic drugs. Since the entrapment of hydrophobic small molecules
is at the molecular level, the entrapment efficiency is relatively high and possibly
depends on the molecular structure of the small molecules. The modification of the LHis crystals at the surface using polymers and/or hydrogels could enable intracellular
trafficking and site-specific delivery of hydrophobic therapeutics, providing a drugdelivery system with targeting features. For example, the L-His crystals with HA
covalently bonded to their surface and loaded with DOX are able to target tumor cells
and control the release of DOX in response to HAase overexpressed in these cells. The
composition of the surface can be controlled and tuned for optimization with other
enzymes and physiological media. Releasing the entrapped hydrophobic drugs as the
HA-His crystals are degraded and dissolved in the aqueous media can also reduce the
chance of local toxicity to normal cells due to drug aggregation. The successful
entrapment and targeted release of hydrophobic small molecules in HA-His crystals
suggests further study is warranted to probe the possible implementation of amino acid
crystals in promoting the delivery of hydrophobic therapeutics with low solubility
and/or delivery of a combination of hydrophobic drugs to treat multidrug resistance.
This strategy helps to address issues related to the poor solubility and low bioavailability
of such molecules. These L-His crystals can also be investigated in terms of improving
the imaging and tracking of entrapped therapeutic agents due to the crystals’ natural
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fluorescence properties. However, further research and in vivo studies are essential
before the potential of HA-His crystals in cancer therapy can become a reality.

6.5. SUPPORTING INFORMATION

140

141

Figure S6.1. a) Schematic illustration for the synthesis of SH-HA (i), and SH-HME (ii).
b) The Fourier transform infrared (FTIR) spectra of HA and SH-HA, showing a
significant decrease of the peak at 1610–1620 cm-1 associated with the HA carboxyl
groups, confirming the formation of SH-HA. c) The formation of disulfide bonds
between i and ii, and formation of iii.
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CHAPTER 7
CONTROLLING THE RELEASE FROM ENZYME-RESPONSIVE
MICROCAPSULES WITH A SMART NATURAL SHELL17

ABSTRACT
We design a natural and simple core-shell structured microcapsule, which releases its cargo only when
exposed to lipase. The cargo is entrapped inside a gel matrix, which is surrounded by a double layer shell
containing an inner solid lipid layer and an outer polymer layer. This outer polymer layer can be designed
according to the intended biological system and is responsible for protecting the microcapsule architecture
and transporting the cargo to the desired site of action. The lipid layer contains natural ester bonds, which
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are digested by lipase, controlling the release of cargo from the microcapsule core. To demonstrate the
feasibility of this approach, our model system includes the colorant bixin entrapped inside a κ-carrageenan
gel matrix. This core is surrounded by an inner beeswax-palmitic acid layer and an outer caseinpoloxamer 338 layer. These fabricated microcapsules are then applied into Cheddar cheese, where they
selectively color the cheese matrix.

7.1. INTRODUCTION
Armed with a better understanding of various responsive mechanisms in biological
systems, researchers have developed innovative delivery platforms with smart materials
that are sensitive to specific stimuli.172,

182, 208-211

Application of these platforms

demands a biocompatible structure with the ability to communicate with cells, improve
the anti-inflammation capability, and prevent the formation of biofilms or fibrosis.212213

Although significant progress has been made in biopolymeric or liposomal

encapsulation systems,181,

214-219

there are critical limitations in synthesizing

biocompatible capsules with highly controllable architectures and release mechanisms
in complex biological systems.
Owing to the varied roles that enzymes have in different biological processes,
enzyme-associated platform designs have recently become an emerging strategy for
controlled delivery and release.213 For example, the incorporation of ester bonds in the
structure of the carriers can target esterases for site-specific release.213 However, the
incorporation of these enzyme-specific moieties in the platform requires organic
synthesis steps, which are usually intricate, expensive, and time-consuming.
Consequently, there is opportunity for designing simple, cost-effective platforms that
respond to a specific enzyme and actuate a controlled release pattern.
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In this study, we present a simple microcapsule design containing an enzymatically
degradable shell, which provides the release of encapsulated compounds in response to
lipase. This microcapsule can also transport its cargo to the desired region of the
biological system without being affected by environmental conditions. We fabricate the
microcapsules using a triple oil-in-water-in-oil-in-water (o/w/o/w) microemulsion. The
microcapsule core contains oil-soluble cargo in a κ-carrageenan gel matrix. Meanwhile,
the microcapsule shell contains an inner lipid layer and an outer polymer layer. Using
natural lipids containing ester bonds in the lipid layer of the microcapsule shell, we
fabricate microcapsules that specifically release their content in the presence of lipase.
The polymer layer is engineered according to the biochemical environment of the
biological system and guarantees the transportation and distribution of microcapsules to
their desired site. This delivery platform could be used in different industrial and
biological applications.
To demonstrate the performance of these microcapsules, we select Cheddar cheese as
a model system. Lipases are mainly found in cheese curds during cheese ripening and
are responsible for producing short-chain fatty acids which contribute to the flavor.
Thus, we apply this platform to selectively deliver the color to the cheese curd by lipasetriggered release, leaving the whey colorless. To achieve this, oil-soluble bixin is
incorporated into a κ-carrageenan gel matrix. The lipid layer of the microcapsule shell
contains beeswax-palmitic acid. The ester bonds in this lipid layer are broken by lipase
during cheese ripening and color is released from the microcapsules to the cheese
matrix. The polymer layer consists of casein and poloxamer 338, which is vulnerable to
protease and can be disintegrated by rennet during the coagulation step of the cheese145

making process. The presence of casein in the polymer layer also guarantees the
transport of microcapsules to the cheese curd along with the other casein molecules of
the milk. Thus, the encapsulated color is delivered primarily to the cheese curd and the
recovered whey proteins remain white. Since the current industrial method to eliminate
the yellow color of Cheddar cheese whey is using the oxidizing agents, such as hydrogen
peroxide, obtaining the white whey through this enzyme-responsive microcapsules
approach is of significant interest to the food industry. Exploiting this approach, we
recover the white whey without using any oxidizing agents and enhance the nutritive
value and flavors in the white whey.

7.2. MATERIALS AND METHODS
7.2.1. Materials
Oil-soluble bixin was provided by Chr. Hansen Laboratory A/S, Denmark. Beeswax
was donated by Strahl & Pitsch Inc. (West Babylon, NY, US). Soy lecithin was donated
by ADM (Decatur, IL, US). κ-Carrageenan was provided by Tic Gums, Inc. (Belcam,
MD, US). Lipase (~150,000 FIP/g) was donated by Mak Wood Inc. (Grafton, WI, US).
Triton X-100 was purchased from Fisher Scientific (Nepean, ON, Canada). Sodium
caseinate and Poloxamer 338 (Pluronic® F108) were purchased from Sigma-Aldrich
(St. Louis, MO, US).

7.2.2. Preparation of color-loaded microcapsules
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Microcapsules were prepared using a microemulsion dilution method. Different
formulations were examined to prepare the microcapsules (Table S7.1), and the best
formulation was selected. The best formulation was prepared in the following manner:
briefly, oil-soluble bixin (50%, w/w) was dispersed in an aqueous solution of κcarrageenan (1%, w/w) and Triton X-100 (10%) under stirring to prepare an oil in water
(o/w) single emulsion. This single emulsion was then added dropwise to the lipid oil
phase at 64 ºC containing a mixture of palmitic acid, beeswax, and soy lecithin (2:1:0.1)
under vigorous stirring to prepare an o/w/o microemulsion. This o/w/o double emulsion
was dispersed in a secondary aqueous solution (15:100, double emulsion : secondary
aqueous solution), containing sodium caseinate (3.3%, w/w) and poloxamer 338 (1%,
w/w) using a high-shear homogenizer (VWR 200 Homogenizer Unit, Randor, PA,
USA) at 15000 rpm for 5 minutes in an ice bath (3 ºC). This o/w/o/w triple
microemulsion was spray-dried at an outlet temperature of 50 ºC, inlet temperature of
160 ºC, and flow rate of 3 L/h (Labplant Spray Dryer SD-Basic, Labplant, UK, Ltd.
North Yorkshire, UK). The lipid phase was solidified at 3 ºC and form a lipid layer.
Following the spray-drying step, a polymer layer of casein-poloxamer was formed on
top of the lipid layer (Figure S7.1).

7.2.3. Characterization of microcapsules
Optical microscopy
Optical images were obtained using an inverted optical microscope (DMIL LED,
Leica) connected to a fast camera (MicroLab 3a10, Vision Research).
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Scanning electron microscopy
Scanning electron microscopy (SEM) was conducted to characterize the surface
morphology of the microcapsules. The samples were mounted on alumina stubs using
double adhesive tape and coated with gold for 30 seconds. Then, the samples were
observed using a JCM-6000 Benchtop Scanning Electron Microscope, software version
2.4 (JEOL Technics Ltd., Tokyo, Japan).

Cryo-scanning electron microscopy (Cryo-SEM)
Using cryo-SEM images, the structure of the microcapsules was assessed. Cryo-SEM
experiments were performed using a Quorum P3010 system (Qurorum Technologies,
Newhaven, UK). The samples were plunge-frozen in liquid nitrogen, transferred under
vacuum to the P3010, and coated with gold-palladium for 30 seconds. Samples were
maintained at -165 ºC in the preparation chamber. The samples were transferred to the
focused ion beam (FIB) to take images at -165 ºC.

Zeta-potential
The zeta-potential was determined with a NanoZS90 zeta-sizer (Malvern 142
Instrument Ltd., UK) with a He/Ne laser (λ = 633 nm) at a fixed scattering angle of 90°
at 25 (± 0.1). The zeta potential values were automatically calculated from the
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electrophoretic mobility based on the Smouluchowski model.220 All measurements were
performed in triplicate and reported as averages thereof.
Size
Images of the samples were obtained using an inverted optical microscope (DMIL
LED, Leica) and analyzed with ImageJ (Version 1.4.3.67) to measure the average
particle size.

X-ray diffraction
X-ray diffraction (XRD) measurements were performed using a Bruker D8 Advance
ECO powder diffractometer (MA, USA). The generator was operated at 40 kV and 30
mA (Cu Ka radiation). Samples were scanned at room temperature from 2 = 2º to 45º
under continuous scanning in 0.02 steps of 2 min-1.

Encapsulation efficiency and release kinetics
Microcapsules were centrifuged (10 minutes, 4 ºC, 17000g) and the non-encapsulated
free color was measured in the supernatant. The pellet was dissolved in 1 mL acetone,
vortexed, centrifuged (10 minutes, 4 ºC, 17000g) and the encapsulated color was
measured using UV-VIS spectrophotometry (UV-Vis Spectrophotometer UV-2600,
Shimadzu Scientific Instruments/ Marlborough, Massachusetts–USA) at a wavelength
of 452 nm for bixin. The standard bixin curve was obtained through the color solutions
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in a concentration gradient, and used to convert absorbance to concentration. The
encapsulation efficiency (EE%) was calculated using the following equation:

Encapsulation efficiency (%) =

The color in the pellet
∗ 100
The color in the pellet + The color in the supernatant

In addition, the release of color from the microcapsules was studied in citrate-phosphate
buffer with a pH of 6.0, containing lipase (100 mg/ml), protease (50 mg/ml), a
combination of lipase (100 mg/ml) and protease (50 mg/ml), and no enzyme (control)
at a temperature of 26 ºC. The released color from the microcapsules was measured in
the supernatant using UV-VIS spectrophotometry at different time intervals (0, 3, 8, and
14 days).

7.2.4. Employing the microcapsules in the Cheddar cheese making process
Simulation of Cheddar cheese making process
The microcapsules (0.01 g) were added to whole milk (20 ml), and the pH was
adjusted to 4.6 to precipitate casein. Then, the system was heated to 60 ºC for 30 minutes
and centrifuged at 15000g to separate the casein curd from whey proteins in the
supernatant. The supernatant was freeze-dried to obtain the white whey, and the curd
was transferred to the wells of a 24-well microplate to simulate the ripening step. To
simulate the ripening process, the pH of the curd was adjusted to 6.0, then lipase (50
mg) was added to the curd. The curd was then incubated at 26 ºC for 14 days.

Color measurements of the colored cheese
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The color of the Cheddar cheese samples was measured using a Chroma Meter CR400 (Konica Minolta Sensing Inc., Japan) and reported in terms of lightness (L*), red–
green (a*), and blue–yellow (b*). 77

Fourier Transform Infrared Spectroscopy of the colored cheese
The Fourier transform infrared spectroscopy (FTIR) spectra of the microcapsules in
the Cheddar cheese were investigated in the region from 4000 to 400 cm-1 (120 scans,
resolution of 2 cm-1) using a IRAffinity-1S FTIR spectrophotometer (Shimadzu
Scientific Instruments/ Marlborough, Massachusetts-USA).

7.2.5. Statistical analysis
Data were subjected to analysis of variance (ANOVA) using SPSS software package
version 15.0 for Windows. All measurements were performed in triplicate. Mean
comparisons were performed using the Post Hoc Multiple Comparison Duncan test to
examine if differences were significant at P < 0.05. A two-sample t-test was used to
compare the samples that contained microcapsules with the samples without
microcapsules (control) at 95% confidence interval using Microsoft Excel.

7.3. RESULTS AND DISCUSSION
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We design a novel enzymatically-triggered microcapsule with a core-shell structure
(Fig. 7.1). The microcapsule shell contains both a lipid layer (composed of beeswax,
palmitic acid, and lecithin) and a polymer layer (made of casein and poloxamer 338)
(Figure 7.1). The lipid layer contains ester bonds, which is disintegrated in response to
lipase. The lipid layer can be designed using lipids with different numbers of ester bonds
and hydrocarbon chain lengths to control their availability to lipase in different
biological systems. The polymer layer is engineered according to the environment of
the biological system and guarantees the transportation and distribution of
microcapsules to the desired site or step in a biological system. In this work, the
microcapsule core contains a single emulsion of a lipophilic compound – bixin as our
model system – in an aqueous solution of κ-carrageenan (Figure 7.1). κ-carrageenan
contains ester sulfate groups and 3,6-anhydrogalactose221 and forms a strong thermoreversible gel through a coil-helix conformational transition, which may be
accompanied by aggregative interactions between the ordered molecules, leading to the
formation of an infinite biopolymeric network.222 The incorporation of κ-carrageenan
in the microcapsule core provides a gel matrix at ambient temperature, which prevents
the movement of the entrapped bixin molecules due to the high gel viscosity.
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Figure 7.1. Schematic of the enzymatically-triggered microcapsules and their
controlled-release by lipase.
Accordingly, we prepare a triple o1/w1/o2/w2 microemulsion to achieve this
architecture, in which o1 is the oil solution of bixin, w1 is κ-carrageenan, o2 is palmitic
acid, beeswax and lecithin, and w2 is casein and poloxamer 338. The lipid phase is
solidified at ambient temperature and form the lipid layer of the microcapsule shell
(Figure 7.1). The casein and poloxamer around this lipid layer form a polymer layer on
top of the lipid layer (Figure 7.1) after the spray-drying step. During spray-drying, the
outlet temperature is set to 50 ºC (below the melting point of beeswax and palmitic acid)
to avoid probable bixin leakage from the microcapsules. Therefore, the microcapsule
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lipid layer remains solid and intact during the spray-drying process, while a layer of
casein and poloxamer deposits on top of the lipid layer.
In this study, lipid layer positioning on the amorphous gel matrix results in a high
encapsulation efficiency (81.8 ± 1.4%) of the microcapsules, as well as protection of
the microcapsule architecture against undesired conditions, such as changes in pH,
temperature, and ionic strength. Beeswax contains ester bonds in its molecular
structure,223-224 and these ester bonds are broken down by lipase225 into very long chain
fatty alcohols and fatty acids. These long chain fatty alcohols decrease plasma
cholesterol in humans.225 The major component of beeswax is triacontanyl palmitate,226
which breaks down to palmitic acid and triacontanol by lipase (Figure S7.2).
Studies suggest that triacontanol decreases low-density lipoprotein (LDL) cholesterol
levels and raises high-density lipoprotein cholesterol levels.227 Thus, using beeswax in
the microcapsule shell does not interfere with the safety of the biological system.
Besides improving the nutritional value of the biological system, the degradation of
beeswax by lipase loosens the microcapsule shell structure and releases its cargo to the
system. Recent studies report the use of short peptide sequences as linkers in the
structure of liposome, which are cleaved by matrix metalloproteinases.228-229 Similarly,
porous silica nanoparticles230 or liposomes231 with a coating of protease-sensitive
polymer are used for triggered release. In this study, casein and poloxamer 338 form a
polymer layer of the microcapsule shell after the spray-drying step.
The rationale behind emulsifying bixin (oil) in water containing k-carrageenan to
prepare the initial single emulsion was to use k-carrageenan as a gelling and protecting
154

agent, which prevents the coalescence and merging of bixin droplets (oil) with the third
layer (palmitic acid and beeswax) upon emulsification. Therefore, upon injecting the
heated (above the melting point of the wax and the gelling point of the carrageenan)
double emulsion o/w/o (bixin/ k-carrageenan/ beeswax and palmitic acid) into the water
continuous phase at 3 ºC and applying 15000 rpm, the o/w/o double emulsion breaks up
into smaller droplets in a short time, and concurrently the internal phases become solid.
This means that within the first couple of seconds k-carrageenan forms a gel and
beeswax becomes solid, which prevents merging of the internal bixin oil with the
beeswax, and therefore this strategy provides a method to obtain a triple o/w/o/w
emulsion with a high yield.
Almost 95% of the resulting microcapsules are in the size range of 3–9 μm with a zeta
potential of -6.8 ± 0.7 mV, which are physicochemically stable in the biological system
(Figure S7.3). We next investigate the XRD spectra of the microcapsules and
microcapsule shell materials (Figure 7.2). Pure palmitic acid and beeswax exhibit
crystalline structures and sharp peaks, while lecithin shows a broad peak at a lower 2
value. However, the peaks for pure palmitic acid, beeswax, and lecithin do not
superimpose completely with those for microcapsules containing a mixture of these
materials in their shell. External factors, such as temperature, pressure, and impurity,
can strongly influence crystal structure.232 Therefore, the microcapsules may have a
different polymorphism compared with the bulk materials. Moreover, surfactant can
also influence the crystal behavior of lipids.233 The peaks at 2 = 22º and 24º,
corresponding to both palmitic acid and beeswax, the peak at 2 = 18º, corresponding
to lecithin, and the peak by long spacing at 2θ = 7º, corresponding to pure palmitic acid,
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are superimposed with those of the microcapsules. Beeswax molecules can be
incorporated into the crystal lattice of palmitic acid in the microcapsule shell containing
~67% palmitic acid. The microcapsules feature a lower crystallinity degree than pure
palmitic acid, beeswax, and lecithin. The reduction in the proportion of crystalline to
amorphous phases in the microcapsule shell implies a greater amorphous phase content
in the microcapsules’ shell, which can be positioned on top of the amorphous κ-
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carrageenan gel matrix in the microcapsule core without any difficulty (Figure 7.2).
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Figure 7.2. X-ray diffraction spectra of the microcapsules and shell materials.
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The microcapsules observed using a light microscope exhibit a spherical shape with
a lighter shade in the aqueous core and a darker shade in the shell (Figure 7.3a),
confirming the core-shell structure of the microcapsules The SEM images of the
microcapsules reveal the non-smooth surface of the spherical microcapsules (Figures.
7.3b and 7.3c). This non-smooth and non-uniform surface of the microcapsules is
formed due to rapid cooling of the lipid shell, composed of palmitic acid and beeswax,
during the homogenization step in the ice-bath. This rapid solidification of the lipids in
the microcapsule shell can be ascribed to roughness observed on the surface of the
microcapsules, as well as to the large size and high polydispersity of the microcapsules.
Other studies have also shown that time and temperature are two main parameters that
determine the shape and smoothness of the particles.234 Figures 7.3d, e, & f show the
cryo-SEM images of the microcapsules cross-sectioned using a focused ion beam. This
structure is attributed to the method that we use to prepare the microcapsules. The
microcapsule shell with a thickness of ~1 μm surrounds the core of the microcapsules.
The swirling patterns observed in the cross-section of the microcapsule core
demonstrates the presence of the aqueous gel matrix of κ-carrageenan, which is
structurally looser than the solid lipid shell and becomes frozen quickly by liquid
nitrogen during the sample preparation for cryo-SEM imaging. The presence of small,
dark droplets in this core structure shows the bixin entrapped in the κ-carrageenan gel
matrix. Additional images of the microcapsules can be found in the Supporting
Information (Figure S7.4).
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Figure 7.3. Microscopy images of the microcapsules taken using (a) light microscopy
and (b, & c) SEM images of microcapsules;(d–f) Cryo-SEM of microcapsule crosssectioned by focused ion beam.

Figure 7.4 shows the release of bixin from the microcapsules when exposed to lipase
and protease enzymes. Following exposure, the results show a significant increase in
bixin release from the microcapsules exposed to enzymes in comparison with the control
(no enzymes; Figure 7.4a). The microcapsules exposed to lipase, and a combination of
lipase and protease show significantly higher release in comparison with the
microcapsules exposed to protease. However, there is no significant difference between
the release of bixin from the microcapsules exposed to lipase and those exposed to the
combination of lipase and protease. This result indicates the key role of lipase in the
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disintegration of the microcapsule shell and the resulting bixin release. The release (%)
of bixin from the control microcapsules increases over time, while the release (%) from
the microcapsules exposed to enzymes shows a different pattern (Figure 7.4b). In the
first three days of storage, the release (%) from the microcapsules exposed to the
combination of lipase and protease is more than the release (%) from the microcapsules
exposed to only lipase and only protease, respectively. Between the third to eighth days
of storage, however, the release (%) from the microcapsules exposed to enzymes
decreases. In the time between the eighth to fourteenth days of storage, the release (%)
for the microcapsules exposed to enzymes increases again (Figure 7.4b). Thus, the
enzymes change the profile of bixin release from the microcapsules and accelerate the
release in the first three days of storage (Figure 7.4b). A study reports an increase in the
released cargo from protease-responsive colloidal mesoporous silica shortly after the
addition of trypsin.235 This system is used to close the pore system of colloidal
mesoporous silica with the avidin–biotin system, and to release the loaded molecules
subsequently by enzymatic hydrolysis of the caps.235
The release kinetic of the microcapsules can be controlled by internal phase
composition, the solid lipid layer composition and the thickness of lipid or polymer
layer. For example, we can increase the ratio of the beeswax in the lipid layer to delay
the hydrolysis of the lipid layer by lipase. In addition, we can decrease the thickness of
the polymer layer (casein) to hasten the degradation of this layer by protease.
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Figure 7.4. Bixin release patterns from the microcapsules when exposed to lipase and
protease over 14 days. (a) Bixin concentration (mg/ml) in the medium. (b) Release (%)
of bixin from the microcapsules.

This microcapsule design can be applied in the Cheddar cheese-making process to
selectively color the cheese curd matrix. Using this platform, we obtain white whey
from the Cheddar cheese making process without the addition of external bleaching
agents (Figure 7.5). The microcapsules are not affected by the alteration of temperature,
ionic strength, or pH of the cheese during the process, and deliver the colorant to the
cheese ripening step (Figure 7.5). The presence of casein in the polymer layer of the
microcapsule shell helps the microcapsules to be coagulated with the other casein
molecules in the milk during the coagulation step of cheese making process (Figure 7.5).
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Figure 7.5. Simulation of the Cheddar cheese-making process for whole milk
containing the enzymatically-triggered microcapsules.
The casein layer of the microcapsules is degraded through the cheese-making process
by endogenous or exogenous proteases in the system, bringing the lipid layer of the
microcapsule to the interface, as the microcapsules reach the cheese ripening step. The
casein may also increase the yield of the Cheddar cheese, because it is coagulated in the
curd along with the other casein molecules. Therefore, microcapsules do not enter the
whey, and the whey stays colorless. The microcapsules localized in the cheese curd need
a release mechanism to color the cheese curd selectively. We benefit from the ripening
step as a turning point of the cheese-making process, in which the immature cheese turns
to a matured and flavored cheese. One of the main flavor forming pathways in cheese
during ripening involves lipolysis by lipases. These lipases can originate from milk, the
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starter lactic acid bacteria, non-starter lactic acid bacteria, and exogenous enzymes.236
Studies show that the addition of phospholipase to milk prior to cheese manufacturing
enhances lipolysis and improves the cheese flavor.237
The lipid layer of the microcapsule shell is specifically broken down by these
endogenous and exogenous lipases during cheese ripening (Figure 7.1) and selectively
colors the cheese matrix. To simulate the cheese making-process, we add the
microcapsules to whole milk. Figure 7.5 shows the results of this simulated cheese
making process for whole milk containing microcapsules. The components of the
microcapsule shell and the density of the microcapsules are responsible for directing the
microcapsules just to the curd. Supporting information (Table S7.1) shows the other
formulations of the microcapsules that we tested, containing casein in the microcapsule
shell. Although these other formulations contain casein, they are not able to partition
into the curd. Instead, they float on the surface of the whey supernatant (Figure S7.5).
The best formulation for our color partitioning uses palmitic acid and beeswax (2:1)
as the lipid layer of the microcapsule shell, as well as casein and poloxamer 338 in the
protein-polymer layer. We also simulate the cheese-ripening step by adjusting the pH
of the curd to 6.0, which is similar to the pH of Cheddar cheese just before ripening
step. We add the lipase to the curd and incubate it at 26 ºC for 14 days, and investigate
the effect of lipase on the microcapsules and the release of color to the curd. Supporting
information (Figure S7.6) shows the curd with lipase in comparison to the curd without
lipase after 14 days incubation. The curd without lipase shows the microcapsules
coagulated and creamed up on the surface of the curd, because the microcapsules are
not broken by lipase. The curd with lipase, however, does not show any sign of the
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microcapsules creaming, because the lipase breaks down the shell and releases the color
uniformly to the curd.
Figure 7.6 shows the FTIR spectra for the curd with and without lipase after one day
incubation at 26 ºC. There are two peaks in the region between 1000 and 1300 cm-1
which are indicative of C-O bonds of esters. Both of these peaks show a lower intensity
for the microcapsules triggered with lipase in comparison to the control (without lipase).
This result proves the breakdown of ester bonds by lipase in the microcapsule shells. In
addition, the peaks in the region between 1735 and 1750 cm-1 are diagnostic peaks for
the carbonyl group of esters. The results show a lower intensity of the peaks at this
region for the microcapsules triggered with lipase. The peaks in the region between
1705 and 1720 cm-1, however, show a higher intensity in the microcapsules triggered
by lipase in comparison to the control. The decrease in the carbonyl group of esters and
increase in the carbonyl group of carboxylic acids confirm de-esterification of the
beeswax in the microcapsule shells by lipase and the formation of carboxylic acid in the
curd.
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Figure 7.6. FTIR spectra of the cheese curd with and without lipase after one day
incubation at 26 ˚C.
The major component of beeswax is triacontanyl palmitate, a wax ester, which during
the de-esterification reaction by lipase breaks down to long hydrocarbon chain alcohol
and acid (Figure S7.2). These are not volatile and do not interfere with the cheese flavor.
Since breakdown of ester bonds in the microcapsules’ shell structure loosens the shell,
the entrapped bixin is released from the microcapsules and colors the curd selectively
and uniformly. Therefore, we expect to see an increase in the redness of the curds after
14 days incubation. Table 7.1 shows the L*, a*, and b* values of the cheese curd with
lipase-triggered microcapsules. The lightness of the curd decreased significantly, while
the redness of the curd increased significantly over the 14-day incubation period at 26
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ºC. This shows that the color intensity increases in the curd containing lipase-triggered
microcapsules during ripening.

Table 7.1. L*, a*, and b* values for the cheese curd containing lipase-triggered
microcapsules at 26 ˚C.
Day(s)

L*

a*

b*

1

54.92+ 6.27 a

23.20+ 0.79 a

40.72+ 8.40 a

3

47.03+ 2.31 b

23.51+ 0.41 b

43.39+ 4.65 a

7

46.99+ 1.01 c

25.79+ 1.94 c

43.90+ 4.17 a

14

41.37+ 7.41 d

26.82+ 1.93 d

43.76+ 3.37 a

Equal lower case in the same column does not differ statistically at a 5% level by the t-test.

7.4. CONCLUSIONS
An innovative microencapsulation design with an enzymatically controlled release is
demonstrated, providing a controlled-release platform for the targeted delivery and
release of color. We present this microcapsule design as an alternative method to isolate
white whey from the Cheddar cheese-making process without the addition of external
bleaching agents. The microcapsule shells are broken down during cheese ripening by
lipases in the cheese curd and are shown to release the color evenly throughout the curd.
The presence of casein, in combination with the other components in microcapsule
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architecture, directs the microcapsules to partition into the cheese curd and prevents
them from being distributed into the whey.
In this work, the microcapsule shell is designed using compounds that naturally
contain ester bonds. In future applications, this design could incorporate other
compounds that are artificially modified to contain ester bonds. Thus, the composition
of the shell is controllable and tunable, and can be optimized238 to use with other
enzymes in other food systems or physiological media.
Additionally, this platform can be modified for further applications, such as targeted
delivery of hydrophobic drugs. This enzyme-responsive platform can reduce the
interference of lipase function on the oral bioavailability of hydrophobic drugs. For
instance, increasing the beeswax ratio in the lipid layer of the microcapsule shell can
guarantee the specificity of the cargo release, mostly in the presence of lipase. The
lipase-degradable lipid layer of the microcapsule shell can reduce the inherent
limitations of slow and incomplete dissolution of poorly water soluble drugs and
facilitate the formation of solubilized fragments from which absorption may occur. If
such methodologies and platforms can be developed, it may then be possible to
formulate bio-responsive platforms that offer substantial bioavailability advantages in a
commercially relevant manner.

7.5. SUPPORTING INFORMATION
Table S7.1. Different formulations for microcapsules preparation
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Formulation

Core
oil phase

O/W
Surfactant

Aqueous phase

Oil phase

Aqueous phase

-

Beeswax

Casein/starch/chitosan

Surfactant

No.
1

Bixin

-

2

Bixin

Triton X-100

κ-Carrageenan

Beeswax

Casein/poloxamer 338

Soy
lecithin

3

Bixin

Triton X-100

κ-Carrageenan

Carnauba
wax

Casein/poloxamer 338

Soy
lecithin

4

Bixin

Triton X-100

κ-Carrageenan

Beeswax/
palmitic acid

Casein

Soy
lecithin

5

Bixin

Triton X-100

κ-Carrageenan

Beeswax/
palmitic acid

Casein/poloxamer 338

Soy
lecithin

Figure S7.1. The schematic of spray-drying setup.
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-

Figure S7.2. Proposed mechanism for de-esterification of triacontanyl palmitate by
lipase
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Figure S7.3. Size distribution of microcapsules.
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Figure S7.4. Additional Light microscopy (top) and electron microscopy (bottom)
images of microcapsules.

Figure S7.5. Simulation of Cheddar cheese making process for whole milk containing
microcapsules obtained from different formulations

Figure S7.6. Cheese curd containing microcapsules after 14 days incubation at 26 ˚C;
right: with lipase, left: without lipase (control)
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CHAPTER 8
CONCLUSION AND FUTURE DIRECTIONS
Our primary mission to find an alternative method to obtain the white whey was to
extract annatto from the colored whey using a food-grade solvent, ethanol. However,
upon the addition of ethanol we observed the whey to turn white in less than 5 s without
the addition of any exogenous oxidizing agent. This observation sparks our attention to
question if the addition of ethanol causes the oxidation of carotenoids in the presence of
whey proteins. Thus, we thoroughly studied the catalyzed oxidation of carotenoids by
lactoperoxidase in the presence of ethanol.15 Adding 30% (v/v) ethanol oxidizes annatto
carotenoids in the presence of lactoperoxidase. This intriguing strategy catalyzes the
oxidation of the carotenoids 360-times faster than hydrogen peroxide/lactoperoxidase
oxidation and results in the conversion of more carotenoids to other colorless species
and white whey proteins. Since ethanol is not an oxidizing agent, exploring the
mechanism of the carotenoid catalyzed-oxidation reaction upon the addition of ethanol
to the lactoperoxidase may have a prominent influence on the biochemistry of
peroxidases. We chose horseradish peroxidase. The results showed that the heme in
horseradish peroxidase is affected by ethanol. Thus, we proposed two hypothesis: first,
ethanol can bind to the iron at the heme center of lactoperoxidase; second, ethanol can
cause a conformational change in the enzyme in the way that the distal histidine at the
top of heme center can bind to the iron at the heme center. We decided to use HRP to
investigate these hypothesis because of its availability and the similarity of its heme
structure to the heme structure of lactoperoxidase. We tested our first hypothesis,
investigating the effect of ethanol on HRP. The results showed that ethanol contains
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adventitious amount of H2O2, which is not detectable by the current available methods
such as hydrogen peroxide test strips. We showed that this adventitious amount of H2O2
was the reason for catalysis of oxidation reactions of carotenoids in the presence of
heme-containing enzymes, such as lactoperoxidase and HRP. Our study resulted in
presenting a new method to identify ultratrace amount of H2O2 in alcohols. We
demonstrated that ferryl intermediates of HRP are potential candidates for the detection
and quantification of H2O2 in alcohols at ppb levels through a simple UV/Vis
spectrophotometric method. We measured the red shift in the Soret band in the optical
spectra of the HRP from 402 nm up to 418 nm upon the addition of alcohols, and
characterized the reversibility of this shift to 402 nm over time. Using this method, we
can efficiently detect and quantify ppb levels of H2O2 in alcohols, where it is barely
possible using other common methods such as hydrogen peroxide test strips. The EPR
spectra and CV results confirm the formation and spontaneous decay of ferryl
intermediates upon the reaction of ferric state of HRP and H2O2. We also successfully
detected an adventitious amount of H2O2 in alcohols, such as ethanol, glycerol, 2chloroethanol, and isopropanol. This demonstration suggests a simple, cost-effective,
and accurate method for the detection and quantification of ultratrace amount of H2O2
impurity in alcohols using UV/Vis spectrophotometry, which enables the use of this
method in biological and chemical applications.
In parallel to test of the first hypothesis, we also examined the second hypothesis. We
added exogenous histidine solution to the HRP to investigate the binding of histidine to
the iron at the heme center. Despite our hypothesis, histidine could not react with the
iron at the heme center. However, we demonstrate that histidine initiate a new
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photocatalytic pathway of HRP without the addition of exogenous H2O2. We
demonstrate that HRP can catalyze the oxidation of organic molecules in the presence
of His molecules 2-times faster than the traditional HRP/H2O2 system. This HRP/His
system is highly efficient under natural light and oxygen, however, these two key factors
are critical to initiate the oxidation reactions. We probed the mechanism of how the
HRP/His system oxidizes NBX, as a model organic substrate, and propose a new
photocatalytic pathway for HRP to form ferryl intermediates. Our findings suggest that
the His molecules are oxidized to cycloperoxide intermediates in the presence of light
and oxygen, and this reaction can be facilitated by the heme group of HRP as a
photosensitizer. The HRP captures the cycloperoxide to form ferryl intermediates of the
heme, enabling the oxidation of organic substrates in the reaction mixture. We
hypothesize that HRP/His system is faster because the cycloperoxide of His is more app
to polarize the O-O bond in comparison with H2O2, expediting the formation of ferryl
intermediates and the subsequent oxidation of organic substrates. This photocatalytic
pathway of HRP can open potential applications, particularly in bioelectrocatalysis and
catalysis of chemical reactions.
The study on HRP/histidine system also resulted in new discoveries: first, the
crystallization-induced fluorescence of amino acids in the crystalline solid state. Due to
the application of long lived luminescent solid organic materials in electroluminescent
devices, sensors, and cell imaging there has been a resurgent interest in the past few
years towards the development of new organic molecules with room temperature
fluorescence in the solid state.153, 169 In this work, we demonstrate that pure crystals of
L-histidine, L-glutamine, L-isoleucine, L-asparagine, L-valine, L-threonine, and L-
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methionine amino acids are fluorescent at room temperature, while none of these
molecules are fluorescent in solution. Crystal structure, an emergent property, is not
simply related to molecular structure.170 In this work, we confirm this statement and
anticipate that the restriction of intramolecular motion and electronic interactions
among electron-rich groups in amino acids favored by their close proximity in the
crystalline state are the most important factors for observing fluorescent amino acid
crystals. However, we note that a conformation may also be responsible for the
differences observed in the fluorescence emission intensity of these aromatic and
nonaromatic amino acids. With the understanding that active intramolecular motion can
effectively dissipate exciton energy, while restricted intramolecular motions can
activate radiative transitions, numerous opportunities can be explored. Indeed, the
principle of crystallization-induced emission may trigger new developments in an array
of fields, ranging from bioimaging, chemosensing, optoelectronics, and stimuliresponsive systems.17, 152, 171-172
Second, the L-histidine crystals contain hydrophobic domains within the structure’s
interior, and can serve as vehicles for the highly efficient entrapment and transport of
hydrophobic small molecules. We demonstrate the entrapment of hydrophobic small
molecules inside the hydrophobic domains of L-His crystals, providing a potential
biocompatible platform for protecting hydrophobic drugs. Since the entrapment of
hydrophobic small molecules is at the molecular level, the entrapment efficiency is
relatively high and possibly depends on the molecular structure of the small molecules.
The modification of the L-His crystals at the surface using polymers and/or hydrogels
could enable intracellular trafficking and site-specific delivery of hydrophobic
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therapeutics, providing a drug-delivery system with targeting features. For example, the
L-His crystals with HA covalently bonded to their surface and loaded with DOX are
able to target tumor cells and control the release of DOX in response to HAase
overexpressed in these cells. The composition of the surface can be controlled and tuned
for optimization with other enzymes and physiological media. Releasing the entrapped
hydrophobic drugs as the HA-His crystals are degraded and dissolved in the aqueous
media can also reduce the chance of local toxicity to normal cells due to drug
aggregation. The successful entrapment and targeted release of hydrophobic small
molecules in HA-His crystals suggests further study is warranted to probe the possible
implementation of amino acid crystals in promoting the delivery of hydrophobic
therapeutics with low solubility and/or delivery of a combination of hydrophobic drugs
to treat multidrug resistance. This strategy helps to address issues related to the poor
solubility and low bioavailability of such molecules. These L-His crystals can also be
investigated in terms of improving the imaging and tracking of entrapped therapeutic
agents due to the crystals’ natural fluorescence properties. However, further research
and in vivo studies are essential before the potential of HA-His crystals in cancer therapy
can become a reality.
None of these studies can address the issues associated with obtaining the white whey
protein from the yellow whey recovered from the Cheddar cheese making process.
However, the last study on the entrapment of hydrophobic small molecules in Lhistidine crystals motivated us to propose a microencapsulation technique as an
alternative to obtain the white whey. Thus, we present a natural and simple enzymeresponsive core−shell-structured microcapsule to encapsulate carotenoids in the core
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and control their release only when exposed to lipase. Since lipases are mainly found in
cheese curds during cheese ripening, we apply the platform to selectively deliver the
color to the cheese curd by lipase-triggered release, leaving the whey proteins
colorless.17 An innovative microencapsulation design with an enzymatically controlled
release is demonstrated, providing a controlled-release platform for the targeted delivery
and release of color. We present this microcapsule design as an alternative method to
isolate white whey from the Cheddar cheese-making process without the addition of
external bleaching agents. The microcapsule shells are broken down during cheese
ripening by lipases in the cheese curd and are shown to release the color evenly
throughout the curd. The presence of casein, in combination with the other components
in microcapsule architecture, directs the microcapsules to partition into the cheese curd
and prevents them from being distributed into the whey. In this work, the microcapsule
shell is designed using compounds that naturally contain ester bonds. In future
applications, this design could incorporate other compounds that are artificially
modified to contain ester bonds. Thus, the composition of the shell is controllable and
tunable, and can be optimized238 to use with other enzymes in other food systems or
physiological media. Additionally, this platform can be modified for further
applications, such as targeted delivery of hydrophobic drugs. This enzyme-responsive
platform can reduce the interference of lipase function on the oral bioavailability of
hydrophobic drugs. For instance, increasing the beeswax ratio in the lipid layer of the
microcapsule shell can guarantee the specificity of the cargo release, mostly in the
presence of lipase. The lipase-degradable lipid layer of the microcapsule shell can
reduce the inherent limitations of slow and incomplete dissolution of poorly water
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soluble drugs and facilitate the formation of solubilized fragments from which
absorption may occur. If such methodologies and platforms can be developed, it may
then be possible to formulate bio-responsive platforms that offer substantial
bioavailability advantages in a commercially relevant manner.
Although we started from Cheddar cheese, we could propose the special capabilities of
HRP in this work, which can expand its application in immunochemistry,18 diagnostic
assays,19 chemical reactions,20 bioremediation,21 and fuel cells.22
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