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ABSTRACT 

 

HOW MICROVESICLES ARE “BUDDING” INTO THE CANCER 

CONVERSATION: THE ROLE OF GLYCOCALYX-INDUCED MEMBRANE 

BENDING 

LaDeidra Monét Roberts, Ph.D. 

Cornell University 2019 

 

Cancer intercellular communication has long been recognized to occur by direct 

cell-to-cell contact as well as local paracrine signaling between cancer and normal cells.  

However, tumor-derived extracellular vesicles (EVs), which are lipid bilayer vesicles 

released from cancer cells, can travel long distances in the body and cytosolically deliver 

oncogenic cargos, such as DNA, RNA, and proteins, to normal cells and contribute to 

tumor progression and metastases.  Microvesicles, a specific EV subtype, directly shed 

from the plasma membrane, but how this occurs is not fully elucidated.   To help address 

this, there is a need for consistent convention and methodology to clearly differentiate 

and fully characterize subtypes of EVs to understand their contributions in cancer and 

what direct cancer-related paradigms impact their expression. 

Here, we assess a range of techniques commonly used for detection of EVs to 

confirm reliable methods for characterization of vesicles.  We combined scanning 

electron microscopy and cryo-transmission electron microscopy for visualization of 

EVs along with nanoparticle tracking analysis for diameter distributions and 

quantification.  We found these methods to be reliable in characterizing and 



 

differentiating EV subtypes. 

We then used these techniques along with our genetically encoded toolbox of 

synthetic to native glycocalyx biopolymers to understand the role of the glycocalyx in 

membrane bending and microvesicle biogenesis.  We demonstrate that molecular 

crowding on the plasma membrane by flexible glycocalyx biopolymers allows 

membrane bending to occur.  Moreover, in coordination with the actin cytoskeleton, 

glycocalyx biopolymers induce membrane bending required for generation of shapes, 

including tubules and pearling instabilities that are consistent with microvesicles.  Next, 

we explored properties that were found to be important for inducing membrane bending 

and MV shedding.  Particularly, we found that the MV shedding was dependent on the 

flexible polymer domain.  Further, we investigated whether extracellular cues such as 

physical confinement modulates MV shedding. Ultimately, these studies highlight the 

glycocalyx from a biophysical perspective in understanding microvesicle biogenesis in 

cancer.  Thus, these key insights can potentially lead to new targeted therapeutic 

approaches in the mitigation of cancer metastasis.  
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CHAPTER 1 

INTRODUCTION 

1.1 Overview 

                 Cell-to-cell communication has been largely associated with secretion of extracellular 

soluble factors and/or receptor-ligand interactions between close-proximity cells for signaling 

and development in healthy tissues and beyond to organs and the entire body.  More recently, 

literature has reported a new form of intercellular communication known as extracellular vesicles 

(EVs), which are lipid bilayer vesicles that contain cargos for long-range delivery to recipient 

cells. 

           The mechanisms of these emerging intercellular communication mediators are not solely 

interesting because of their capability of trafficking cargos at a long-range distance; they are also 

interesting because, apart from their signaling counterparts, such as filopodia and lamellipodia, 

which rely on cell surface signal transduction, these new structures leverage the cellular 

membrane to allow cytosolic delivery of cargo between cells.  One of the extracellular vesicle 

subtypes known as exosomes has been established in following the endocytic-multivesicular 

body (MVB) pathway  (Denzer et al., 2000). However, the mechanism of biogenesis of another 

extracellular vesicle sub-type known as microvesicles (MVs) and their characterization has been 

mostly elusive. 

          In this dissertation chapter, I discuss historically relevant and current knowledge in the 

field of extracellular vesicles to emphasize that MV biogenesis is still not clearly established. 

This introduction serves to support findings in chapters to follow, which will largely re-visit 

information initially presented in this introductory chapter. 



 

2 

1.2 A Brief Perspective: Extracellular Vesicles in Intercellular Communication 

           The first reporting of extracellular vesicles was in 1967 where they were initially described 

as “particle dust”, observed within plasma and serum and concluded to be platelet-derived, as 

well as noticeably distinguishable from platelets themselves (Wolf, 1967).  Moreover, these 

particles could be sedimented for isolation and ultimately, they were concluded to possess 

platelet capabilities when supplemented in fresh platelet-deficient serum (Wolf, 1967). Electron 

micrographs interestingly showed what was described as “non-terminal and terminal bud-like 

expansions” and “bizarre shapes” that were measured as 200-500 angstroms (20-50 nm) and 

what was deemed as “clusters” were measured to be up to 1 micron (Wolf, 1967).  Following 

these studies, the blood coagulation field continued to find that these microparticles contained 

cargo, contractile proteins, and, even interestingly, tumor cell studies revealed that they 

promoted coagulant activity (Crawford, 1971; Dvorak et al., 1983, 1981; Webber and Johnson, 

1970).   

        Later, in 1978, spleen and lymph node cultures from a patient with Hodgkin’s disease 

presented with “pleomorphic particles…attached to the cell membrane…and observed 

intracellularly or lying in the extracellular spaces” (Friend et al., 1978). In 1980, their metastatic 

potential came to the forefront when fusion of isolated vesicles from poorly metastatic and 

highly metastatic B16 melanoma cell lines fused with lung cells where metastases was observed 

from the highly metastatic-derived vesicles (Poste and Nicolson, 1980).  

1.3 Characterization of Extracellular Vesicles: Distinction and Function  

        Following these initial findings, characterization of these particles was still not clearly 

elucidated.  However, in 1981, a study on ecto-5’-nucleotidases from normal and cancer cell 

lines revealed what was stated throughout the study as “microvesicles” with average diameter of 
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500 to 1000 nm, which contained these same enzymes within their vesicular structure and coined 

in the conclusions in the study as “exosomes”(Trams et al., 1981).  Later, studies regarding the 

transferrin receptor in the maturation process of sheep- and avian-derived reticulocytes to 

erythrocytes revealed ~50 nm diameter vesicles that formed during the multivesicular body 

(MVB) pathway (Pan et al., 1985).  These same vesicles originated from exocytosis from 

reticulocytes and released transferrin receptor lost from the membrane as well as encompassed 

cargoes related to being reticulocyte-derived (Johnstone et al., 1991, 1987; Pan et al., 1985).  

Amid many of these initial major developments in trying to understand extracellular vesicles in 

the early 2000s, specific subtypes known as exosomes and microvesicles, among other names in 

literature, throughout the years have been convoluted due to reporting of different size 

distributions and specific cell types that they were initially thought to originate from solely 

(Cocucci and Meldolesi, 2015; Di Vizio et al., 2009) .  Still, extracellular vesicles have been 

determined to be released from many different cell types and implicated in a range of both 

physiological and pathological applications (Becker et al., 2016a; Desrochers et al., 2016a; Furie 

and Furie, 2004a; Minh T N Le et al., 2014; McDaniel et al., 2013; Menck et al., 2015; 

Nakamura et al., 2015a; Tannetta et al., 2014a; Van Doormaal et al., 2009; Yuana et al., 2013a).   

In the cancer field, they are primarily associated with intercellular communication by horizontal 

transfer of oncogenic cargo to recipient cells in promoting a metastatic niche and associated with 

poor patient prognosis (Antonyak et al., 2011; Antonyak and Cerione, 2014; Becker et al., 

2016a; Clancy et al., 2015; D’Souza-Schorey and Clancy, 2012; Kirby et al., 2014; Li et al., 

2012; Menck et al., 2017; Ozawa et al., 2018; Rak, 2010; Simpson and Heldin, 2014). Presently, 

the differentiation of both subtypes has been based on their currently reported size ranges and 

biogenesis (Antonyak and Cerione, 2015). Specifically, exosomes range from 50-150 nm and 
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follow the endocytic-MVB pathway where it fuses with the plasma membrane intracellularly 

before being secreted into the extracellular space (Denzer et al., 2000). Microvesicles are larger 

particles ranging from 200 nm to up to 1-µm diameter in size and their biogenesis occurs by 

budding or fission directly from the cellular membrane (Antonyak et al., 2011; Menck et al., 

2017; V. Muralidharan-Chari et al., 2010).  Cargo within these vesicles has been reported to 

include, but not limited to, proteases, EGFRvIII (Al-Nedawi et al., 2008), IL-6, TGF-B1, β1 

integrin,  and MT1-MMP among others that have been implicated in neoplastic transformation 

(Antonyak and Cerione, 2014; Clancy et al., 2015; Muralidharan-Chari et al., 2009). Sources 

suggest that cargoes within these particles may be cell dependent. Modulation of these particles 

have been also associated with RhoA and actin cytoskeleton as well as coating proteins such as 

ARF6 (Muralidharan-Chari et al., 2009).  Although it is known that microvesicle biogenesis 

occurs from shedding from the plasma membrane, the specific mechanism of their biogenesis is 

still not clearly understood. 

1.4 Protein-Protein Crowding Induces Membrane Bending 

In formation of microvesicles from direct shedding from the plasma membrane, bending 

is required for generating curvature.   For bending a pure lipid bilayer, the energy cost of 

membrane bending into a vesicle has been estimated to be 500kBT, which produces ~25 ATP, 

therefore it is highly improbable that it can occur spontaneously on its own (Phillips et al., 2010; 

Stachowiak et al., 2013). Membrane bending has been mostly associated with three canonical 

theories: (1) Generation of membrane bending through intrinsically curved proteins, such as 

BAR, AP180, & Epsin proteins (2) Coating proteins causing oligomerization and (3) 

Wedge/insertion theory where amphipathic helices from proteins are inserted into the membrane 

and increase the surface area of the membrane through packing defects, thereby inducing 
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membrane deformation and bending (Stachowiak et al., 2013, 2012; Zimmerberg and Kozlov, 

2006). However, recent literature has shown that the insertion theory does not achieve sufficient 

membrane coverage in order to induce membrane bending (Stachowiak et al., 2010). When the 

membrane deforms away from the asymmetry in the lipid bilayer, it is highly energetically 

unfavorable and requires an active driver to help in two aspects: (1) extra mechanical energy 

because of decrease in surface area on the membrane as well as (2) an increase in pressure to 

allow the process to occur (Derganc et al., 2013; D’Souza-Schorey and Clancy, 2012; Huttner 

and Zimmerberg, 2001; Lenz et al., 2009; Stachowiak et al., 2013). A key finding has suggested 

that steric congestion from protein-protein crowding on the cellular membrane induces pressure 

causing curvature (Decher et al., 1989; Guigas and Weiss, 2016; Stachowiak et al., 2010). The 

mechanism of membrane bending has been shown to be independent of what protein is expressed 

and it is not necessarily intrinsic to the nature of the protein itself as originally believed (Busch et 

al., 2015; Stachowiak et al., 2010). This suggests that the difference in balance between lateral 

pressures could potentially guide different membrane shape changes where spontaneous 

curvature and tubulation has been shown.  Moreover, protein interactions have been found to be 

dependent on intrinsic properties, such as density, size, length and charge of the proteins 

(Hiergeist and Lipowsky, 1996; Stavans, 2002; Tsafrir et al., 2001; Werner and Sommer, 2010).  

1.5 The Glycocalyx & Membrane Bending in Microvesicle Biogenesis: A Biophysical 

Approach 

The glycocalyx is a structure that resides on the outer cellular membrane that houses 

decorated sugar-rich glycoproteins, lipids, extracellular domains of cell surface receptors, and 

oligosaccharides among other macromolecules which have been known to occupy 30-50% of the 

membrane (Alberts, B. Johnson, A. Lewis, J. Raff, M. Roberts, K. Walter, 2008; Guigas and 
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Weiss, 2016; Hiergeist and Lipowsky, 1996). It was first introduced in 1940 with suggestion of a 

thick layer of proteins adsorbed to the surface of blood cells and altering permeability in frog 

edema (Danielli, 1940).  Traditionally, it has been commonly believed that the glycocalyx’s main 

functions were solely for protection of the cell through surface recognition and cell interactions 

(Alberts, B. Johnson, A. Lewis, J. Raff, M. Roberts, K. Walter, 2008; Decher et al., 1989). 

However, overexpression of intrinsic biopolymers of the glycocalyx have long been implicated 

in many different types of cancer, such as lung, pancreatic, ovarian, and breast, thus being linked 

to  promoting growth and survival of carcinoma-laden cells (Bennett Jr. et al., 2001; Ferguson et 

al., 2009; Hattrup and Gendler, 2008; Mulshine et al., 2010; Paszek et al., 2014; Snyder et al., 

2015; Tarbell and Cancel, 2016). One prominent biopolymer of the glycocalyx structure whose 

overexpression has been associated with epithelial cancers is a glycoprotein known as Mucin-1 

(Muc1). Muc1 is an O-linked glycosylated transmembrane protein through initiation with an N-

acetylgalactosamine (GalNAc) on the hydroxyl group from either a serine or threonine linkage 

where sugars continue to be added until they are terminated with a sialic acid to cap the glycan 

structures on the protein rigid backbone (Ferguson et al., 2009). Physiologically, transmembrane 

mucins such as Muc1 are localized to the apical surface of epithelial cells; however, in cancer, 

loss of polarity causes aberrant expression on the basolateral cellular membrane (Hattrup and 

Gendler, 2008; Kufe, 2009). Prior literature has associated the various domains of Muc1, such as 

both its cytoplasmic and oligomerization domain in cancer cell signaling pathways previously 

thus rendering it as an oncoprotein (Kharbanda et al., 2014; Kufe, 2013; Panchamoorthy et al., 

2011; Raina et al., 2015). Apart from abnormal overexpression of glycocalyx biopolymers, 

cancer cells possess significantly different O-linked glycosylation profiles than normal cells, 

such as immature truncation of O-glycosylation such as Tn and sTn antigen (Hofmann et al., 
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2015; Ju et al., 2014, 2013, 2008; Radhakrishnan et al., 2014; Stolfa et al., 2016).  Abnormal 

expression of other glycocalyx biopolymers other than MUC1, such as podocalyxin (Podxl), a 

sialomucin, and the oligosaccharide hyaluronic acid (HA), have been associated with poor 

prognosis in breast cancer patients (Ferguson et al., 2009; Hattrup and Gendler, 2008; Kufe, 

2009; Paszek et al., 2014; Radhakrishnan et al., 2014; Raina et al., 2015; Snyder et al., 2015; 

Van Elssen et al., 2010). 

Regarding membrane bending, the densely packed nature of the glycocalyx and size of 

macromolecules within the structure, entropic entanglements and repulsive interactions 

contribute to the entropy of the collective structure and, as a result, changes in the membrane. 

Given all of these interesting findings, the glycocalyx has been largely overlooked despite being 

attached to the cellular membrane, providing the membrane with its surface properties, and 

reported as associated with induction of plasma membrane shape changes and organelles (Decher 

et al., 1989; Koistinen et al., 2015; Kultti et al., 2006; Lin et al., 2014; Nielsen et al., 2007).  

Recently, glycocalyx biopolymers, such as HA, PODXL, and the heavily glycosylated 

extracellular matrix metalloproteinase inducer (EMMPRIN), have been postulated to induce 

microvesicles to bud from plasma membrane and present on their surface (Hara et al., 2010; 

Menck et al., 2015; Rilla et al., 2013). 

Overall, this dissertation explores a holistic approach to traditional methods of isolation 

and characterization of MVs is discussed to truly validate and differentiate from their 

extracellular vesicle counterparts.  We also identified and discussed physical principles of the 

glycocalyx in a potential mechanism of MV shedding.  Lastly, regulation of the glycocalyx 

through is explored to mediate MV shedding, thus enhancing the glycocalyx’s role in cancer 

progression. Lastly, we explored extracellular physical cues as a cancer paradigm in the 
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contribution to MV shedding.  From this work, it will significantly contribute to the extracellular 

vesicle and cancer field to gain a deeper understanding of the biogenesis and functionality of 

MVs as a potential target for attenuation and therapeutic intervention in mitigation of cancer 

progression and metastases.  

1.6 Aims & Organization of this Dissertation 

The overall motivation of this dissertation is to elucidate the role of the glycocalyx in 

microvesicle biogenesis as well as external factors that may influence this interaction, 

specifically in a contextual framework of physical confinement within tumor tissues. Herein, 

results from initially proposed aims are presented in this dissertation as chapters as follows: 

 In Chapter 2, we leveraged findings from our engineered glycocalyx cell lines to examine a 

multifaceted approach of commonly used techniques for both visual and analytical 

characterization of extracellular vesicle subtypes, exosomes and microvesicles.  Using both 

conventional and cryo-electron microscopy in combination with nanoparticle tracking analysis, 

we highlight the need of how each respective method complements each other in improving 

characterization and validation of exosomes and microvesicles.  Overall, this work contributes an 

interesting perspective in order to lay the foundation for consistent characterization across future 

studies within the extracellular vesicle community for full understanding of their roles in both 

physiological and pathological contexts moving forward. 

Using these methods, in Chapter 3, our work demonstrates that glycocalyx biopolymers 

promote membrane bending in in silico and in vitro in both synthetic lipid vesicles and 

genetically encoded engineered cell lines that are designed to overexpress synthetic, semi-native, 

and native biopolymers that have been associated with cancer, such as Mucin-1 and hyaluronic 

acid.  We also observed this same phenomenon in cancer cell lines that have high endogenous 
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expression of these biopolymers, which confirms our findings in a physiological context.  Most 

notably, this work is the first, to our knowledge, to find that microvesicle induction is driven by 

glycocalyx biopolymers, even in cancer cell lines.  This work is also the first, to our knowledge, 

to implicate the glycocalyx and protein-protein crowding, in general, in the direct mechanism of 

membrane bending in microvesicle shedding.    

             In Chapter 4, we delineate the coupling of cancer cell physical confinement and the 

glycocalyx in microvesicle shedding.  We suggest that physical confinement provides external 

pressure on the crowded glycocalyx and further enhances membrane bending, thus enhancing 

microvesicle shedding even above volumes from our results in Chapter 3.  Overall, this work 

strives to provide an intrinsic cancer hallmark to provide a link of extracellular factors that 

contribute to mediating microvesicle shedding in cancer.  In Chapter 5, conclusions and future 

directions for moving this project beyond this dissertation work are provided.  Finally, 

experimental protocols are provided as appendices. 
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CHAPTER 2 

A COMPARATIVE ANALYSIS OF TECHNIQUES USED TO INVESTIGATE 

EXTRACELLULAR VESICLE CHARACTERIZATION 

Jade M. Noblea, LaDeidra Monét Robertsb, Netta Vidavskyc, Aaron E. Chiou, Claudia 

Fischbach, Matthew J. Paszek, Lara A. Estroff, and Lena F. Kourkoutis 

This chapter is adapted with elements from a manuscript currently in preparation for Journal of 

Structural Biology. 
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vesicles via nanoparticle tracking analysis. J.M.N. conducted cryogenic transmission 

electron microscopy.  

 

2.1 Abstract 

 

As interest in the role of extracellular vesicles in cell-to-cell communication has risen, so 

has the use of microscopy and analytical techniques to assess their formation, secretion, and 

morphology. The limitations of each technique when used in isolation, however, prevent 

comprehensive analysis of these phenomena. Assessing the strengths and limitations of the 

different techniques can inform how to pair them in a complimentary way to better understand 

the mechanistic pathway of vesicle secretion into the extracellular environment. In this study, we 

evaluate the complementary capabilities of fluorescence microscopy, scanning electron 

microscopy (SEM), and cryo-SEM for understanding the formation and shedding of vesicles 

from human breast cell lines, parental and hyaluronan synthase 3-(HAS3) overexpressing 

MCF10A cells grown directly on transmission electron microscopy (TEM) grids. Cells imaged 

with conventional and cryo-SEM exhibit distinct morphologies due to the sample preparation 
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processes for each technique. While cryo-SEM preserves the cells in their hydrated state, tubular 

structures protruding from the surfaces of both cell lines are flattened during the blotting and 

freezing process. For HAS3-MCF10A cells, vesicles were present along the length of membrane 

protrusions, which were visible in both conventional SEM and cryo-SEM. Once completely shed 

from the cells, extracellular vesicles can be characterized using nanoparticle tracking analysis 

(NTA) and cryo-TEM, which provides high resolution information about individual particles. 

The size distributions obtained by each technique were different not only in the range of vesicles 

analyzed but also in the relative proportion of smaller to larger vesicles. These differences are 

attributed to the presence of biological debris in the media, which is difficult to differentiate from 

vesicles in NTA. Furthermore, we demonstrate that cryo-TEM can be used to distinguish 

between vesicles distinct in surface structure, thereby providing a path to identifying size 

distributions of vesicle subpopulations. Our study emphasizes the necessity of pairing several 

techniques to provide a complete profile of extracellular vesicle characterization. 

2.2 Introduction 

 

Cellular communication plays a fundamental role in various physiological processes, 

most notably the maintenance of normal cellular function within healthy tissues. Canonically, 

cellular communication has been thought to primarily occur between neighboring cells, where 

uptake of secreted soluble factors or receptor-ligand interactions from donor cells leads to 

downstream signaling for a specific desired response from the recipient cell.  However, recent 

literature has found that cells release a variety of membrane-bound structures into the 

extracellular environment known as extracellular vesicles (EVs), which have been shown to play 

a key role in long-range cell-to-cell communication by delivering specific cargos to other cells or 

the extracellular space (Antonyak et al., 2011; Yuana et al., 2013b). Two subtypes of EVs are 
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exosomes and microvesicles (MVs), which are currently differentiated by their size and mode of 

biogenesis, which are still not clearly established. From what is known currently, exosomes are 

secreted via exocytosis from endosomal multivesicular bodies (MVB) and are typically ~50-100 

nm in diameter. Microvesicles, on the other hand, are directly shed from the plasma membrane 

(Muralidharan-Chari et al., 2010) and are comparatively larger (~200 nm-1 µm). EVs have been 

found to be released by cells under both physiological, including embryogenesis and 

reproduction (Desrochers et al., 2016b; Tannetta et al., 2014b) and muscle regeneration 

(Nakamura et al., 2015b), as well as pathological conditions, including thrombosis and tumor 

metastasis (Becker et al., 2016b; Furie and Furie, 2004b; György et al., 2011; Le et al., 2014; van 

der Pol et al., 2012).  Despite their prevalence in the body and involvement in multiple biological 

processes, relatively little is known about the full characterization of these vesicles, specifically 

their exact sizes and morphology. 

In order to better understand the function of EVs as well as accurately detect them, 

instrumentation and consistent isolation techniques that can accurately capture these structures 

are required, especially without disturbing the morphology and nature of cells as well as the EVs 

themselves. The formation of EVs is associated with structural modifications in the cell’s plasma 

membrane, a nanoscale phenomenon best assessed with high-resolution imaging methodologies 

(van Niel et al., 2018). Techniques, such as scanning electron microscopy (SEM), provide such 

resolving power together with relatively large fields of view and are routinely used for cell 

imaging. Biological samples prepared for conventional SEM are chemically fixed and 

dehydrated, often introducing artefacts. For soft matter materials with high water content, a 

viable alternative to SEM is cryo-SEM. In this technique, samples are preserved in a near-native 

state through vitrification, and imaged with cryo-SEM under cryogenic conditions (Dubochet 
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and McDowall, 1981). Although used extensively to understand plant structure and physiology, 

cryo-SEM has been recently adopted to examine cancer cell morphology and EV shedding 

(Charuvi et al., 2016; Cochard et al., 2000; Koifman et al., 2017; McCully et al., 2009; Utsumi et 

al., 1998).  

Analysis of EV size, concentration, and composition is also performed through various 

analytical techniques. In particular, Nanoparticle Tracking Analysis (NTA) determines the 

diameters of EVs by measuring the diffusion constants of suspended particles in Brownian 

motion and solving the Stokes-Einstein equation to determine their hydrodynamic diameters 

(Soo et al., 2012). Transmission electron microscopy (TEM) in comparison allows for 

characterization of both the size and morphology of individual isolated vesicles. For instance, a 

range of morphologies have been reported for MVs (Issman et al., 2013), including “cup-shaped” 

vesicles observed using conventional TEM (van Niel et al., 2018). Enhanced confidence in the 

presence and morphology of MVs has been achieved with preservation of EVs in a near-native 

state using vitrification (van Niel et al., 2018). Because the structures of frozen vesicles are 

directly interpretable, cryo-TEM is becoming more commonplace for analyzing EVs. Both NTA 

and cryo-TEM analysis of EVs involve harvesting of vesicles from cell cultures, followed by 

possible further purification before analysis. The methods used for EV isolation and sample 

preparation may additionally impact which EV subtypes are ultimately collected for analysis as 

well as their observed morphologies. Therefore, comparison of these analytical techniques is 

necessary for a holistic approach to explore EV-related phenomena. 

In this study, we leveraged current knowledge in mechanisms and characterization to 

guide us in comparing commonly used techniques for analyzing EVs— SEM, and cryo-SEM—

in their ability to characterize cell morphology and EV development and NTA and cryo-TEM in 
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their ability to characterize EVs that had been released.  

2.3 Materials and Methods 

Cell lines and culture 

MCF10A cells were obtained from ATCC (Manassas, VA). MCF10A cells were cultured in 

DMEM/F12 basal media supplemented with 5% horse serum, 20 ng/mL EGF, 10 µg/mL insulin, 

500 ng/mL hydrocortisone, 100 ng/mL cholera toxin, and penicillin/streptomycin. Modified 

MCF10A cells were produced through lentiviral transfection of a tetracycline-inducible vector as 

described previously (Shurer et al., 2014; Shurer et al., 2019).  Modified MCF10A cells were 

produced through lentiviral transfection with a pLV TetOn HAS3 vector (Shurer et al., 2019).  

All cell lines were maintained at 37°C and 5% CO2. 

 

 

 

 

 

 

 

 

 

Cell culture on TEM grids  

 All grid handling was carried out inside glass-bottom dishes (MatTek, 35-mm dish diameter, 20 

mm glass) under sterile conditions. Quantifoil R1/4 holey carbon 200 mesh gold TEM grids 

(Quantifoil Micro Tools, Jena, Germany) were glow discharged for 10 seconds to improve 

Fig. 2.1. On-grid cell culture set up and confocal imaging for on-grid validation. 

(A) Bright-field image of cells seeded on fibronectin-coated gold TEM grid in a cell 

culture dish (arrow represents cells on the carbon support film).  (B) Brightfield 

image of cells grown uniformly on the grid, including in the electron-transparent grid 

squares. (C) Fluorescent confocal image showing cells grew in the grid squares for 

imaging. 
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hydrophilicity. Grids were then sterilized in 70% ethanol and washed with DI water three times. 

For fibronectin coating, grids were incubated with 30 μg/mL human fibronectin reconstituted in 

DI water, 37°C, for 2 hours. After coating, grids were washed with DI water three times, followed 

by washing with culture media and incubation in culture media for 1 hour. HAS3 cells and Control 

cells were plated at a density of 150,000 cells/mL of media with 2 mL applied to each dish. Cells 

were induced with 1 μg/mL doxycycline for 48 hours (Fig. 2.1). 

 

Fluorescence labeling and imaging 

Grids were washed twice with PBS buffer and fixed with 10% formalin at room temperature for 

20 minutes. The formalin was aspirated, and grids were washed three times for 2 minutes each 

with PBSX (0.05% TritonX in PBS). Fluorescence staining solutions DAPI (1:5000) and 

Phalloidin Alexa Fluor 488 (1:200) in 1% BSA/PBS were prepared and kept covered with 

aluminum foil. Grids were immersed and incubated in the fluorescence staining solutions at 

room temperature for 1 hour, followed by two washes with PBS. Grids were imaged under PBS 

using a Zeiss LSM 710 Confocal Microscope with 40x water immersion objective, and 405 nm 

(DAPI) and 488 nm (Alexa Fluor 488) lasers with pinhole of 36.2 μm and emission wavelengths 

of 452.5 nm and 562.5 nm. Z stacks were acquired with 0.46 μm intervals and were processed 

using ImageJ.  

 

SEM imaging 

Cells were fixed on TEM grids using Trump’s fixative (4 mL 10x PBS, 10 mL 16% PFA, 4 mL 

10% GA, 22 mL ddH2O). First, grids were rinsed with Trump’s fixative at 37°C, which was 

aspirated immediately. Fresh Trump’s fixative was added at 37°C and grids were stored at 4°C 
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overnight before aspiration. Grids were then immersed in 1% osmium tetroxide in 0.05 M 

cacodylate buffer on ice for 40 minutes. Cacodylate buffer was added in excess for 10 minutes 

and aspirated. Fresh buffer was added for another 10 minutes. This process was repeated twice. 

Grids were washed with 25% and 50% EtOH on ice for 10 minutes, followed by 70% EtOH 

overnight. Grids were washed with 95%, 100%, 100% EtOH on ice for 10 minutes each before 

undergoing critical point drying (CPD). Samples were coated with Au-Pd (at 10 mA for 15 

seconds) and imaged in a Mira3 FESEM (Tescan, Czech Republic). High-resolution images were 

acquired at 5 keV and a 3 mm working distance with the in-beam secondary electron detector. 

Brightness and contrast were adjusted using Adobe Photoshop to optimize visibility of cellular 

features.  

 

Extracellular vesicle isolation  

All cell lines were grown to high confluency at 10,000 cells/cm2 in T-150 flasks for 42 hours and 

induced as described above.  Cells were rinsed with PBS twice before being serum starved for 6 

hours to avoid contamination of nascent exosomes from serum.  Following serum starvation, 

media was harvested and clarified by centrifugation at 600 x g for 5 minutes, then 2 mL of media 

was collected and spun at 600 x g for 5 minutes. 1.5 mL of media was collected as the final 

volume for experiments.  Cells were detached and combined with any detached cells due to 

doxycycline induction and counted to obtain the concentration of cells for calculating the 

extracellular vesicle production rate (vesicles/cell/6 hours). 

 

Nanoparticle Tracking Analysis (NTA) 

To quantify extracellular vesicles released from the cells, clarified harvested media was analyzed 
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using the Nanosight NS300 nanoparticle tracking analysis instrument (Malvern).  Imaging was 

performed for 60 s with 5 captures per sample.  Particles were analyzed using Malvern 

Nanoparticle Tracking Analysis Software.  Following particle tracking captures, samples were 

recovered from the device post-NTA for correlative analysis by cryo-TEM. 

 

Plunge-freezing vitrification 

For analysis of cells cultured on grids, grids were lifted out of cell culture dishes, blotted from 

the reverse side and immediately plunged into a liquid ethane/propane mixture cooled to liquid 

nitrogen temperature using a custom-built vitrification apparatus (MPI, Martinsried, Germany).  

For analysis of isolated extracellular vesicles, 3-5 μL of harvested media were pipetted onto 

holey carbon 200 mesh copper grids (Quantifoil Micro Tools, Jena, Germany) with hole sizes of 

~2 μm. The grids were blotted from the reverse side and immediately plunge-frozen as described 

above. The plunge-frozen grids were stored in sealed cryo-boxes in liquid nitrogen until used. 

 

Cryo-SEM 

Cryo-immobilized cells on TEM grids were imaged in a FEI Strata 400S DualBeam FIB/SEM 

system equipped with a Quorum PP3010T cryo-FIB/SEM system that enables cryogenic 

experiments. First, grids were heated from -150°C to -100°C for 20 minutes and then -90°C for 1 

minute to allow for ice sublimation and to expose the cell surfaces. Grids were then sputter 

coated with Au-Pd at 10 mA for 10 seconds in the Quorum preparation chamber. High-resolution 

images were acquired at -165°C, 3 keV and 68 pA and a working distance of 7 mm with a 

secondary electron Everhart-Thornley Detector (ETD). Brightness and contrast were adjusted 

using Adobe Photoshop to optimize visibility of cellular features.  
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Cryo-TEM 

Cryo-TEM was performed on a Titan Themis (Thermo Fisher Scientific, Waltham, MA) 

operated at 300 kV in energy-filtered mode equipped with a high brighteness field-emission gun 

(XFEG), and a 3838x3710 pixel Gatan K2 Summit direct detector camera (Gatan, Pleasanton, 

CA) operating in counted, dose-fractionated mode. Images were collected at defoci between -1 

and -3 μm. Images were binned by 2, resulting in pixel sizes of 0.51-1.09 nm. 

 

2.4 Results and Discussion 

 

Leveraging the mechanism of microvesicle shedding to assess both conventional and cryo-

scanning electron microscopy in understanding visualization 

Historically, extracellular vesicles (EVs) have been primarily visualized by conventional 

transmission electron microscopy (TEM) since their discovery in the late 1960s (Wolf, 1967).  

Traditionally, to observe gross membrane morphology and structure of biological samples, 

scanning electron microscopy (SEM) has been used recently to capture EVs both on the cellular 

surface and post-isolation (Nanou et al., 2018; Wu et al., 2015). From recent work, it has been 

shown that protein-protein crowding from the glycocalyx modulates membrane bending and 

shapes, such as in the formation of microvesicles (Shurer et al., 2019).  It has also been shown 

previously that overexpressing hyaluronic acid synthase-3 (HAS3), an isoform synthase that is 

responsible for production of intermediate-to-high molecular weight HA, in stably modified cell 

lines possessed interesting membrane protrusions as well as vesicle buds on the plasma 

membrane compared to control cells in conventional SEM (Rilla et al., 2013).  For these reasons, 

we chose to use genetically modified cells that overexpress HAS3 in order to validate the 

presence of MVs on the membrane as seen previously (Koistinen et. al, 2015; Rilla et al., 2013; 

Shurer et al., 2019). Following the re-plating of cells onto grids before analysis, it was important 
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to consider that during any step in this process, cells may undergo non-physiological structural 

modifications. To remove intermediate sample processing steps, HAS3 and Control cells were 

cultured directly onto fibronectin-coated gold TEM grids for 48 hours. Cells grew uniformly in 

areas coated with fibronectin, both on and off the grid (Fig. 2.1A, B). To assess whether the 

morphology of cells was altered following culture onto TEM grids, we stained for filamentous 

actin (F-actin).  We found that cells cultured onto grids were similar to cells cultured on 

traditional substrates, such as glass or polystyrene as confirmed through fluorescent microscopy 

(Fig. 2.1C).  

Chemically fixed cells on grids imaged with conventional SEM were flattened with 

tubular extensions protruding from the cell surfaces of both HAS3 and Control cells (Fig. 2.2A, 

C). Cells on grids observed with cryo-SEM appeared rounded with fewer obvious protrusions 

(Fig. 2.2B, D). Tubular extensions are present in the cryo-SEM images, however, these 

extensions on the cell surface lay flat against the grid. Even though the morphology of cells is 

somewhat different between the two methods, extensions, although collapsed, are still prominent 

in HAS3 cells, confirming that they are not a fixation artefact (Fig. 2.2D). The roundedness or 

flatness of cells cannot be attributed to variation in adhesion between cell types, as both HAS3 

and the Control cells are adherent.  Instead, we hypothesize that the morphological differences of 

cells observed in conventional and cryo-SEM are both the consequences of the sample 

preparation process for each technique.  Although Control cells also have tubular extensions, 

they are both shorter and less numerous (Fig. 2.2A) than the extensions seen in HAS3 cells (Fig. 

2.2C).  
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In conventional SEM, cells are dehydrated during the chemical fixation process, and the lack of 

water content may cause cells to appear flatter than if they were preserved in a liquid-hydrated 

state.  On the other hand, filter paper-blotting, required to reduce the amount of solution prior to 

plunge-freezing for cryo-SEM likely affects the extensions on the cell surface, causing them to 

lie flat on the grid, thereby possibly underestimating the amount of tubules (Fig. 2.2B, D) on the 

surface as compared to conventional SEM (Fig 2.2A, C). Consequently, choosing the appropriate 

technique depends on what features of the cell are of interest, but each come with their own 

limitations. If imaging delicate structures, such as cell tubular extensions, such as filopodia or 

Fig. 2.2. Cell morphology of HAS3 and MCF10A control cells 

imaged by conventional and cryo-SEM.  (A) Conventional 

SEM imaging of chemically-fixed MCF10A cells.  (B) Cryo-SEM 

image of frozen-hydrated MCF10A cells. (C) HAS3 cells 

prepared for SEM with longer tubular extensions of cells 

compared MCF10A controls. (D) HAS3 cells prepared for cryo-

SEM also show tubular extensions (black arrows), but they appear 

flattened. 
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microvilli, then conventional SEM is the method of choice, with the caveat that the chemical 

fixation, dehydration, and coating must be carefully considered as they might negatively 

influence morphologies of these structures.  However, blotting and in preparation for plunge-

freezing might cause deformation of extended structures of interest and could be optimized for 

samples in future studies without blotting (Arnold et al., 2017). Taken all together, we confirmed 

morphologies that have been shown previously and suggest that a reasonable approach is to use 

both techniques, leveraging the strengths of one approach to compensate for the limitations of 

another. We further assess techniques that provides the capability to directly validate the 

presence of MVs post-shedding from the plasma membrane.  In terms of visualizing the presence 

of microvesicles on the plasma membrane as well as membrane protrusions, spherical features 

consistent with previous studies (Shurer et al., 2019) are observed on the surfaces of HAS3 cells 

as compared to Control cells, which were not found to possess MVs on their tubular extensions 

(Fig. 2.3A; Fig. 2.2A). Although dimensionally consistent with MVs (Fig. 2.3B, C), further 

investigation of these structures with high-resolution imaging techniques are necessary for a 

positive identification and validation.  HAS3 cells show a high intensity of actin expression 

when compared to the control (Fig. 2.3D, E).  The higher intensities in HAS3 cells are attributed 

to an increased density of actin microfilaments contained within tubular extensions protruding 

from the cell surface (Fig. 2.2B, C; Fig. 2.3D, E).  These structures are thin finger-like and no 

wider than 100-200 nm in diameter (Fig. 2.3B-C). 
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Comparison of cryo-TEM and NTA in extracellular vesicle expression and diameter distributions 

Results from both conventional and cryo-SEM and fluorescence microscopy provided 

insight in the surface morphology of cells revealing membrane protrusions and microvesicles 

around the cellular membrane.  The vast majority of studies, however, that capture exosome 

secretion and microvesicle release from the plasma membrane by post-isolation.  Moreover, 

SEM does not provide the resolution to distinguish microscopic structural features on the surface 

of vesicles, which is an unmet need since microvesicles do not currently possess any markers for 

Fig. 2.3. Cell membrane protrusions and vesicular structures imaged by 

complementary techniques. (A) Tubular extensions from HAS3 cells 

containing spherical along their lengths Conventional SEM image of 

membrane projections and microvesicles.  Measured vesicles are highlighted 

in (B). (C) Diameter distribution of vesicular structures along the length of 

membrane extensions from HAS3 cells with most vesicles are being 

dimensionally consistent with microvesicles. Confocal fluorescence 

microscopy shows a high intensity of actin expression in HAS3 cells (D) 

relative to MCF10A control (D), consistent with the presence of numerous 

long tubular extensions in HAS3 cells. 
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detection.  Cryo-TEM has the potential to fill the gap as it offers high spatial resolution and the 

ability to image EVs preserved in a near-native state using vitrification, thereby enhancing 

confidence in the presence and morphology of MVs compared to traditional approaches using 

chemical fixation (van Niel et al., 2018).  Here, EVs isolated from cells were analyzed by cryo-

TEM and Nanoparticle Tracking Analysis (NTA), which tracks the Brownian motion of particles 

to obtain the size range of particles as well as their concentration at the various size ranges 

(Dragovic et al., 2011; Soo et al., 2012) (Fig. 2.4A).  NTA is useful because it overcomes 

sampling limitations of imaging techniques, especially for samples with low vesicle 

concentrations due to dilution in the sample preparation (Kim et al., 2019).  NTA offers EV 

quantification on a more feasible time scale as well as desirable sampling.  

Control cells shed a low number of EVs (Fig. 2.4A), consistent with literature reports that 

non-tumorigenic/parental cells do not shed EVs in high proportions as compared to malignant 

cell types (D’Souza-Schorey and Clancy, 2012).  In contrast, HAS3 cells released approximately 

twice as many vesicles than MCF10A cells as shown previously (Shurer et al., 2019) (Fig. 2.4A). 

Further, for direct comparison between NTA and cyo-TEM of EVs secreted and/or shed by the 

cells, we recovered vesicles post-NTA for imaging.  As a control to ensure that NTA sample 

flow through the device did not influence our data, we also compared to samples that were not 

analyzed by NTA and found no difference in the limited sample size of comparison in cryo-TEM 

(data not shown).  
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When preparing samples for analysis with cryo-TEM, we discovered that vesicles from 

MCF10A control cells did not always adhere uniformly and densely onto the TEM grid. 

Coupling comparatively lower EV concentration from Control cells as expected (D’Souza-

Schorey and Clancy, 2012) combined with lower adhesion to the TEM grid, there were sparse 

populations of EVs on the grids and lower sample statistics in Control samples.  Therefore, cryo-

TEM analysis of vesicle diameters was performed solely on EVs isolated from HAS3 cells.  

Cryo-TEM revealed that the EVs from HAS3 cells were heterogeneous in both shape and 

diameter (Fig. 2.4B-D).  

Interestingly, vesicles historically designated as MVs, based on current reporting of size 

distributions of 200 nm-1 µm, contained surface structure, while exosomes (50-100 nm) did not 

(Fig. 2.4B-D). This differences in surface structure might be attributed to the differences in the 

biogenesis pathways of exosomes and MVs.  Specifically, MVs might adopt their parental cell’s 

glycocalyx while shedding from the cell’s plasma membrane, while exosomes, which are 

endosomally trafficked and secreted from the cell through exocytosis, may have different surface 

structure. Information about the vesicle surface structure provided by cryo-TEM can be used in 

Fig. 2.4. Extracellular vesicle post-isolation concentration and morphology. (A) 

Mean overall particle concentration from nanoparticle tracking analysis (NTA) of EVs 

(diameter: 200-1000 nm) shed and/or secreted from HAS3 and MCF10A control cells. 

Error bars represent standard error of the mean (n=3). (B-D) Cryo-TEM of frozen-

hydrated vesicles post-isolation of HAS3 cells shows heterogeneity in vesicle shape and 

size.  Additionally, larger HAS3 vesicles have prominent surface structure (B-C, 

arrows), while smaller vesicles have either less or no such surface structure (D).  
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conjunction with particle size measurements to differentiate between subpopulations of EVs.  

Because the native structure remains unaltered, we expect cryo-TEM to provide an accurate 

analysis of vesicle diameters, which can be used for a comparison with NTA data.  Therefore, 

EVs were recovered following NTA and subsequently plunge frozen for imaging and analysis by 

cryo-TEM.  In terms of particle distributions, EVs from HAS3 cells collected by NTA and cryo-

TEM have a few points of commonality. The concentration of vesicles decreases with increasing 

sizes in both distributions (Fig. 2.5A). Besides this consistency, the size distributions are not as 

similar as we expected. Data from the NTA tracked particles ranging from 20-1000 nm in 

diameter with peaks around 50 nm (Fig. 2.5A). In our analysis of vesicles from cryo-TEM, we 

differentiated exosomes and microvesicles in our size distributions based on their currently 

reported size distributions with exosomes (~50-100 nm) and microvesicles (~200 nm -1 µm) to 

be consistent with our interpretation from NTA. The distribution of vesicles identified with cryo-

TEM is broader, ranging from 20-1275 nm in diameter. The strongest peak in the cryo-TEM 

distribution is around 75 nm, but larger MVs comprised a great proportion of vesicles in the 

cryo-TEM data, resulting in a broader tail in the size distribution (Fig. 2.5B). 
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Vesicles less than 100 nm accounted for 45% of all vesicles tracked by NTA, but only 

32% of vesicles detected with cryo-TEM. The NTA diameter distribution is artificially truncated 

due to the sensitivity of detectable diameter range of the instrument. The upper range of 

accurately detectable particles is ~1000 nm, and particles larger than this are usually excluded 

from analysis.  Moreover, Brownian motion limits the maximum size of detectable particles. As 

vesicles become too large, their Brownian motion becomes difficult to track over reasonable 

acquisition times, therefore the software either fails to detect these particles or measures them 

with high inaccuracy (Yang et al, 2014). To address this, Cryo-TEM overcomes this 

disadvantage by not excluding vesicles with larger diameters but confirms that the proportion of 

HAS3 vesicles greater than 1000 nm is still negligible. For instance, the largest particles tracked 

by NTA in this study were 997.5-1000 nm in diameter and comprised only 3% of all vesicles 

analyzed. Similarly, vesicles larger than 1000 nm accounted for only 4% of all vesicles observed 

with cryo-TEM.   

The origin of the discrepancies between the NTA and cryo-TEM data could be attributed 

Fig. 2.5. HAS3 vesicle size distribution measured by NTA and cryo-TEM. The size 

distribution of vesicles tracked with (A) NTA is noticeably different than the 

distribution of vesicles observed with cryo-TEM (B). Most notably, larger vesicles 

comprise a greater proportion of vesicles captured by cryo-TEM (n=642) than NTA 

(n=3).  
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to several factors, necessitating the need to complement the techniques when possible. The cryo-

TEM size distribution exhibits a lower signal-to-noise due to lower sample statistics. Despite the 

low-throughput nature of the technique, we believe the number of vesicles collected by cryo-

TEM (n = 642) was sufficiently high to use as a comparison to NTA data. However, a larger data 

set would undoubtedly provide a more refined result. Debris in the cell media likely influences 

the distribution of particle diameters in the NTA data. Post-NTA cell media examined with cryo-

TEM shows the presence of a large amount of debris of varying sizes (Fig. 2.6A, B). NTA tracks 

any material that diffuses and has a refractive index (Filipe et al., 2010). The software also 

assumes that the particles are spherical and derives a hydrodynamic diameter for both vesicular 

and non-vesicular material. This analysis means that, in NTA, it is difficult to reliably 

differentiate between vesicles and debris within a solution, and the diameters of any particle that 

moves within the solution is recorded. This lack of discrimination between populations could 

explain the difference in the relative proportions of smaller to larger vesicles in the NTA and 

cryo-TEM data. Superficially, most of the post-NTA debris appears larger than the sizes of 

exosomes but appear to contain aggregates of smaller structures that are about the size of 

exosomes (Fig. 2.6A). It is not clear, but we hypothesize that these structures could have 

possibly aggregated after NTA and before vitrification.  Still, NTA and cryo-TEM can be used in 

combination to address limitations of each respective technique. 
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2.5 Conclusions 

          This study compared the use of confocal microscopy and both conventional and cryo-SEM 

in order to validate morphology of the cells as well as conferral of structures dimensionally 

consistent with MVs on membrane protrusions in cells as previously described. Additionally, we 

used NTA and cryo-TEM to compare size distributions from each technique, but most 

importantly, validate the presence and structure of EVs from sample suspensions. Our results 

highlight that there is no specific workhorse technology that can provide a comprehensive 

analysis of cell morphology and EV presence and morphology. The limitations of one technique, 

however, can be compensated by the merits of the respective additional techniques that we 

explored here. Conventional SEM captures 3D projections and spherical structures coming from 

the plasma membrane, but the cells are desiccated during the sample preparation process, which 

alters their near-native state. Cryo-SEM preserves the water content of these cells but can affect 

the structure of delicate projecting features and cause them to be collapsed.  NTA provides a 

general idea of the distributions of vesicles in a given suspension, but cryo-TEM can 

Fig. 2.6. Presence of debris in post-NTA analyzed HAS3 cell 

media. (A) Cell media contained both vesicles (A, red arrow) and 

debris (A, B, blue arrows). Debris varied in size. (B) There is also the 

possibility that the debris imaged in cryo-TEM were once smaller 

particles that aggregated after NTA analysis and vitrification. 
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differentiate between vesicles and debris, as well as probe vesicle morphology and surface 

structure. The choice of whether to use NTA or cryo-TEM to profile EVs depends on the 

question under examination. NTA is the more suitable technique when one wants to compare the 

relative concentrations of vesicles that are released from cells of interest. NTA is also useful 

when high-throughput information of a high concentration of vesicles is desired. Finally, NTA is 

useful when the majority of the particles are less than 1000 nm in diameter, especially in 

polydisperse samples. Cryo-TEM is the more useful technique when imaging either very small or 

very large populations of vesicles, particularly those near the detection range of NTA 

instruments. Cryo-TEM can visualize surface morphology, making it the method of choice for 

distinguishing between subpopulations of vesicles. Finally, cryo-TEM is more useful when 

examining media that is contaminated with other non-vesicular components, such as those 

produced during the isolation process.  

Together, the two techniques reveal both the relative size distribution from respective 

samples and the morphology of isolated vesicles.  The combination of glycocalyx engineering 

and multiple microscopy techniques reported here provide a technical roadmap for 

differentiating between exosome and microvesicle populations, based upon more detailed data 

than just size.  In-depth characterization of each EV subpopulation is beneficial for better 

understanding of the roles of each in pathological and physiological state. Finally, these results 

lay the groundwork for development of future techniques to directly visualize holistically. 

Overall, our study reaffirms the necessity of a multiplatform approach that can help 

experimentalists better characterize EV presence, size and morphology, as well as ability of 

certain cells to release them in a way that the respective techniques could not do individually. 
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CHAPTER 3 

PHYSICAL PRINCIPLES OF MEMBRANE SHAPES REGULATION BY THE 

GLYCOCALYX 

Carolyn R. Shurer†, Joe C. Kuo†, LaDeidra Monét Roberts†, Jay G. Gandhi, Marshall J. 

Colville, Thais A. Enoki, Hao Pan, Jin Su, Jade M. Noble, Michael J. Hollander, John P. 

O’Donnell, Rose Yin, Kayvon Pedram, Leonhard Möckl, Lena F. Kourkoutis, W. E. Moerner, 

Carolyn R. Bertozzi, Gerald W. Feigenson, Heidi L. Reesink, and Matthew J. Paszek 

 

This chapter is adapted from the manuscript published in Cell, which is the original 

source of this work.  With co-first authorship, results from this publication contributes to 

multiple bodies of work.  In lieu of this, it is important to highlight that these results are 

significantly important to this dissertation because it provides a theoretical as well as biological 

framework for linking cell surface molecular crowding in the glycocalyx to membrane bending 

as the potential direct mechanism of microvesicles.  As motivation, many studies have postulated 

that certain molecular markers are involved in microvesicle induction, including actin as well as 

coating proteins; however, the physical principles on how membrane bending occurs to allow the 

phenomena of microvesicle shedding to occur is currently not established.  Thus, the results 

expounded upon in the following manuscript in this chapter is necessary to be considered for the 

fundamental hypothesis of this dissertation work.  
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microscopy and analysis. C.R.S. produced recombinant Muc1 and J.P.O performed SEC-MALS. 

J.G.G. and M.J.P. constructed the model. H.L.R. harvested equine synovial tissue. J.S. and 

H.L.R. prepared equine synoviocytes. 

 

3.1 Abstract  

 

Cells bend their plasma membranes into highly curved forms to interact with the local 

environment, but how shape generation is regulated is not fully resolved. Here we report a 

synergy between shape-generating processes in the cell interior and the external organization and 

composition of the cell-surface glycocalyx. Mucin biopolymers and long-chain polysaccharides 

within the glycocalyx can generate entropic forces that favor or disfavor the projection of 

spherical and finger-like extensions from the cell surface. A polymer brush model of the 

glycocalyx successfully predicts the effects of polymer size and cell-surface density on 

membrane morphologies. Specific glycocalyx compositions can also induce plasma membrane 

instabilities to generate more exotic undulating and pearled membrane structures and drive 

secretion of extracellular vesicles. Together, our results suggest a fundamental role for the 

glycocalyx in regulating curved membrane features that serve in communication between cells 

and with the extracellular matrix.  

3.2 Introduction  

 

Tubular and spherical extensions of the plasma membrane play vital roles in human 

development and everyday cellular functions. While curved membrane protrusions have long 

been recognized to increase cell-surface area for secretion, absorption, and receptor-mediated 

communication, modern research has provided compelling examples of more diverse and 

sophisticated functionalities (Marshall, 2012). For instance, membrane projections are generated 

by embryonic cells to pinpoint delivery of morphogens at distant sites in developing tissues 

(Bischoff et al., 2013; Kornberg and Roy, 2014) and also by native and engineered immune cells 
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for antigen surveillance (D’Aloia et al., 2018; Jung et al., 2016). Deregulation of membrane-

shape generating processes can contribute directly to disease progression. Notably aggressive 

tumor cells extend abundant membrane tubules for adhesion and long-rang intercellular 

communication, project spherical blebs to generate friction for amoeboid migration, and generate 

spherical microvesicles at the plasma membrane for long range delivery of cargoes (Antonyak et 

al., 2011; Becker et al., 2016; Bergert et al., 2015; Friedl and Wolf, 2010; Kramer and Nicolson, 

1979; Liu et al., 2018; Lou et al., 2012). 

 Forces originating from cytoskeletal dynamics are posited to generate membrane curvature for 

the diverse spherical and tubular structures on the cell surface. Polymerizing cytoskeletal 

filaments are envisioned to push out at discrete points along the plasma membrane for extension 

of microvilli, cilia, filopodia and other finger-like projections (Footer et al., 2007; Gupton and 

Gertler, 2007; Mogilner and Rubinstein, 2005; Peskin et al., 1993). Contraction of the 

cytoskeleton generates the hydrostatic pressure for spherical expansion of the membrane during 

bleb formation (Charras et al., 2005). The physical dynamics that bend sub-regions of the plasma 

membrane into microvesicles remain poorly understood; however, reports have implicated the 

actin cytoskeleton in their biogenesis (Tricarico et al., 2017). 

While the cell-surface glycocalyx is not featured in canonical models of membrane shape 

regulation, correlations abound between glycocalyx composition and cell-surface morphology in 

both normal and disease states. Polypeptide and sugar co-polymers called mucins are frequently 

anchored at high densities on the surfaces of epithelial microvilli (Hattrup and Gendler, 2008; 

Kesavan et al., 2009; Kesimer et al., 2013), cilia (Button et al., 2012), and filapodia (Bennett Jr. 

et al., 2001). Hyaluronan polymers densely coat the microvilli of oocytes and mesothelium 

(Evanko et al., 2007; Makabe, S. et al., 2006). Chains of sialic acid and hyaluronan decorate the 
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highly curved surfaces of neuronal axons (Fowke et al., 2017; van den Pol and Kim, 1993; 

Zhang et al., 1992). T-cells and dendritic cells exhibit coincident changes in membrane 

tubularization and mucin expression upon maturation (Agrawal et al., 1998; Cloosen et al., 2004; 

Jung et al., 2016; Pilon et al., 2009). Tumor cells frequently produce an abundance of mucins 

and hyaluronan on their cell surface (Kufe, 2009; Turley et al., 2016), and the expression of these 

polymers has been linked to their unique membrane features, such as extensive microvilli 

(Koistinen et al., 2015; Polefka et al., 1984). Mucins and hyaluronan polymers are also densely 

arrayed on the surfaces of enterocytes, reactive astrocytes, dendritic cells, and tumor cells, and 

these cells commonly secrete high levels of vesicles (Cloosen et al., 2004; Gangoda et al., 2015; 

McConnell et al., 2009; Paszek et al., 2014; Pelaseyed et al., 2014; Tricarico et al., 2017). While 

the ubiquity of these correlations suggests a possible causal relationship between glycocalyx 

polymer composition and plasma membrane morphologies, a specific mechanism of action has 

not been delineated. 

Mucins and long-chain polysaccharides are anchored to the membrane such that long 

polymer chains or loops are expected to extend from the cell surface (Hattrup and Gendler, 2008; 

Lee et al., 1993). The ensemble resembles a well-studied structure in polymer physics called a 

brush, where polymers are grafted on one end to a surface (Chen et al., 2017). Polymer brush 

theory has long recognized that steric interactions in a densely crowded brush restrict the number 

of molecular configurations each polymer can explore, thereby increasing the free energy of the 

system through reduced entropy (de Gennes, 1980b). Similar to the thermodynamic basis of gas 

pressure, the entropic penalty associated with molecular crowding can generate pressure on the 

anchoring surface (Hiergeist and Lipowsky, 1996a; Lipowsky, 1995a; Stachowiak et al., 2012). 

Experimental studies with synthetic polymers have confirmed that the pressures generated by 
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these unstructured macromolecules are sufficient to deform flexible lipid membranes (Busch et 

al., 2015a; Evans and Rawicz, 1997; Hansen et al., 2003; Kenworthy et al., 1995). However, 

whether biopolymers in the glycocalyx might regulate plasma membrane morphologies through 

a similar mechanism remains largely untested. 

3.3 Results 

 

Glycocalyx polymers and membrane morphology: 

Guided by the framework of polymer brush theory, we hypothesized that glycocalyx 

polymers may generate an entropic bending force to favor the formation of curved membrane 

structures. As a corollary to this hypothesis, we envisioned that emergent membrane structures 

could be tuned through rational manipulation of the glycocalyx. 

To test these hypotheses, we evaluated a genetically encoded library of native, semi-

synthetic, and rationally designed mucin polymers of varying size, backbone sequence, and 

membrane anchorage (Fig. 3.1A). Polymers considered included the 42 native tandem repeats 

(TR) of Mucin-1 (Muc1-42TR), the serine and threonine-rich polymer domain of Podocalyxin 

(Podxl; S/T-Rich), and a new synthetic mucin that we 

rationally designed based on a consensus mucin O-glycosylation sequence, PPASTSAPGA 

(Rational) (Fig. 3.1A). 

Each polymer domain was fused to the native Muc1 transmembrane anchor with the 

cytoplasmic tail deleted (ΔCT) or the native mucin transmembrane anchor with a membrane-

proximal green fluorescent protein for imaging (GFP-ΔCT; Fig. 3.1A). The cytoplasmic tails of 

the native membrane anchors were deleted to limit intracellular signal transduction by the 

mucins. We also created mucin chimeras with a synthetic 21-amino acid transmembrane domain 

(TM21) to rule out that any observed effects of mucin expression could be attributed to the  
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native mucin transmembrane domain and membrane-proximal sequences (Fig 3.1A). 

Each mucin expressed well on the cell surface (Fig. A.1A-C). The mucin polymer backbones 

were heavily glycosylated with O-linked sugar side chains to form the bottlebrush molecular 

structures that define mucins (Fig. A.1B, C). 

Figure 3.1. Flexible glycocalyx polymers induce membrane projections. See also Figure A.1. 

(A) Schematic and table illustrating the genetically encoded biopolymers that were constructed 

and used throughout this work. The gene library encoded native and synthetic mucins comprised 
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of a central polypeptide core, sugar side chains linked to serine (S) and threonine (T) residues, and 

a transmembrane anchor. (B) Quantification of membrane tube density in epithelial cells. Mucin 

polymers induce dramatic tubularization compared to wild-type (Control) cells and compared to a 

similarly sized biopolymer composed of EGF-like repeats from Notch1 and the Muc1 

transmembrane anchor with GFP reporter (EGF-repeats GFP-ΔCT) cells. Number of cells 

analyzed is shown on the x-axis for each condition. Box notches here and elsewhere indicate 95% 

confidence intervals. (C) Scanning electron microscopy (SEM) images showing membrane 

morphologies of cells expressing the indicated biopolymer. (D) Labelled glycans and membrane 

morphologies resolved with single molecule localization microscopy in Muc1-42TR ΔCT 

expressing cells before and after mucin backbone digestion with the StcE mucinase. Images are 

shown as 2D color-coded histograms of localizations with 32 nm bin width. (E) Representative 

confocal images of GUVs with and without anchorage of recombinant Podocalyxin. (F) (left) 

Cartoons of Muc1 GFP-ΔCT polymers of varying length, as indicated by the number of tandem 

repeats (TR). (right) Flow cytometry data showing similar cell-surface expression levels of 

indicated mucins using a GFP-binding nanobody, n = 3, > 40,000 cells per population. (G) 

Representative SEM images of cells described with varying number of TR. (H) Quantification 

membrane tube density for mucin with various TRs, significance compared to 42TR. *** p < 

0.001, ns – not significant (post-hoc student's two-tailed t test). 

 

When expressed at high levels on the epithelial cell-surface, each of the long-chain 

mucins triggered a dramatic tubularization of the plasma membrane (Fig. 3.1B, C). The 

phenotype was observed whether the mucin polymers were tethered to the membrane by a 

native-mucin transmembrane domain or synthetic membrane anchor (Fig. 3.1B, C; Compare 

ΔCT, GFP-ΔCT, and TM21). All of the mucin polymer domains were expected to be 

unstructured due to their high proline content and densely clustered serine and threonine sites for 

O-glycosylation. To test whether a more rigid, folded protein construct of comparable size to the 

mucins could induce a similar phenotype, we created a chimeric glycoprotein through fusion of 

the native Muc1 transmembrane anchor with repeating units of highly stable, EGF-like motifs 

from the ectodomain of human Notch1 (Kovall et al., 2017; Weisshuhn et al., 2016). The 

expressed Notch1 chimera was similar in molecular weight to fully glycosylated Muc1. 

However, the more rigid glycoprotein was largely ineffective at inducing membrane 

tubularization (Fig. 3.1B, C, and A.1B). We confirmed that the library of mucin constructs and 
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chimeras were all expressed at similar levels on the cell surface, ruling out that the differences in 

membrane phenotype could be attributed to differential expression (Fig. A.1C). 

We tested whether enzymatic digestion of the mucin-rich glycocalyx would destabilize 

the curved membrane features and revert tubularization. Glycans on live Muc1-42TR GFP-ΔCT-

expressing cells were labelled and imaged with single molecule localization microscopy (Möckl 

et al., 2018). The tubulated morphology of these cells was lost upon treatment with the specific 

mucin backbone-digesting enzyme called secreted protease of C1 esterase inhibitor (StcE) from 

enterohemorrhagic E. coli (Malaker et al., 2018) (Fig. 3.1D). 

The rapid reversibility of the membrane morphologies following mucin digestion argued 

against excess membrane surface area as the underlying mechanism through which glycocalyx 

biopolymers exert control over cell-surface shapes. As an additional control, we conducted a 

standard transferrin-receptor internalization assay to evaluate the effects of mucin expression on 

endocytosis and recycling, which are key mechanisms of plasma membrane area regulation in 

cells. We found that Muc1 expression did not have a significant effect on transferrin endocytosis 

(Fig. A.1D, E). We also found that mucin glycocalyx biopolymers could induce spontaneous 

curvature in model membrane systems that lack the machinery for active regulation of surface 

area and surface tension. Notably, the S/T-rich polymer domain of Podxl triggered extension of 

spherical and tubular membrane structures when anchored to the surface of giant unilamellar 

vesicles (GUVs) (Fig. 3.1E and A.1F). 

 The tubularization phenomenon observed in cells was relatively insensitive to the length of the 

mucin polymer domain, provided that the polymers were expressed on the cell surface at 

moderate to high densities. Cell lines expressing mucins with 0, 10, and 42 Muc1 TRs were 

sorted into populations with similar mucin surface densities (Fig. 3.1F and A.1G). Both 10- and 
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42-TR mucins induced significantly more plasma membrane tubules than the construct lacking 

the repeats (Fig. 3.1G, H). Comparison of cells with a similar spread area ruled out that effects 

associated with cell spreading could explain the morphological differences (Fig. 3.1G). 

Similar to our observations with mucins, we found that a glycocalyx rich in large, linear 

polysaccharides could also trigger dramatic changes in plasma membrane morphology. Notably, 

hyaluronic acid synthase 3 (HAS3) expression increased the density of high molecular weight 

hyaluronic acid (HA) polymers on the cell surface and led to the protrusion of many finger-like 

membrane extensions (Fig. A.1H-K), consistent with prior observations (Koistinen et al., 2015). 

Together, these results suggested that diverse glycocalyx polymer types and sizes might 

influence cell morphological states. 

Mucin expression predicts tumor cell morphologies:  

 

Prior studies had found that the structural conformation of mucin biopolymers is largely 

determined by the initial αR-N-acetylgalactosamine (GalNAc) residues of the mucin O-glycans 

(Coltart et al., 2002). To confirm that more extended glycan structures were not required for 

membrane tubularization by mucins, we abrogated the extension of mucin O-glycan chains 

through CRISPR/Cas9 mediated knockout of Core-1 β3-T Specific Molecular Chaperone 

(COSMC), which is required for elongation of the primary O-linked GalNAc monosaccharide 

into more complex Core O-glycans (Fig. 3.2A) (Stolfa et al., 2016; Wang et al., 2010). We also 

targeted mucin sialylation through knockout of solute carrier family 35 member A1 (SLC35A1), 

which shuttles activated nucleotide sugars from the cytoplasm into the Golgi for sialic acid 

addition to glycans (Fig. 3.2A) (Riemersma et al., 2015). The expected glycan perturbations were 

confirmed with flow cytometry using the Vicia villosa lectin (VVA) to probe non-extended αR-

GalNAc, peanut agglutinin (PNA) to probe Core-I glycans, and metabolic labelling with azide-
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functionalized sugars to detect sialic acid incorporation (Fig. 3.2A). Disruption of O-glycan 

extension or sialylation did not block the strong induction of cell-surface tubularization by the 

Muc1 polymer backbone, although the density of membrane tubes on the cell surface was 

somewhat reduced compared to wild-type cells expressing the mucin at similar levels (Fig. 3.2B, 

C). Our results suggested that plasma membrane morphologies might be predicted simply by the 

quantity of mucins or other biopolymers on the cell surface. We tested this possibility in 

carcinoma cell lines that are known to have abundant levels of Muc1 in their glycocalyx. In each 

tumor cell line tested – human breast cancer T47D, human breast cancer ZR-75-1, and human 

cervical HeLa – subpopulations were present that expressed endogenous Muc1 at comparable or 

higher levels than the ectopically expressed mucins evaluated earlier (Fig. 3.1B, 3.1C, 3.2D). 

Cells sorted for high Muc1 expression displayed significantly more tubules than cells expressing 

lower native levels of the mucins (Fig. 3.2E, F, G). Taken together, the results provided evidence 

that the well-known prevalence of tubulated features on tumor cells may be linked to their 

glycocalyx (Kolata, 1975). 
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 Figure 3.2. Mucin polymer expression levels predict tumor cell morphologies.  (A) (upper) 

Illustration of how COSMC and SLC35A1 knockout (KO) effects O-glycan extension, sialylation, 

and lectin reactivity. (lower) Flow cytometry data showing mucin levels, lectin reactivity, and 

sialylation (ManNAz labelling) of wild-type, COSMC KO and SLC35A1 KO cells expressing 

Muc1-42TR ΔCT. (B) Quantification of membrane tube density on COSMC and SLC35A1 KO 

cells expressing Muc1-42TR ΔCT. For comparison, the mean tube density (dashed line regions) 

and 95% confidence intervals (shaded area within dashed line regions) from Fig. 2.1B are shown 

for wild-type cells (Control) and wild-type cells expressing Muc1-42TR ΔCT, significance 

compared to wild-type cells (Control) (a = p < 0.001) and significance compared to wild-type 

Muc1-42TR ΔCT-expressing cells (b = p < 0.001). (C) SEM images showing the tubulated 

membrane morphologies of COSMC and SLC35A1 KO cells expressing Muc1-42TR ΔCT. (D) 

Representative flow cytometry histogram showing endogenous Muc1 levels on the surface of 

various cancer cell lines and ectopic Muc1 levels on the surface of Muc1-42TR ΔCT expressing 
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cells, n = 3, > 20,000 cells per population. (E) (left) Strategy for sorting tumor cell lines into sub-

populations with low and high surface levels of Muc1. (right) Flow cytometry results confirming 

high and low surface levels on the sorted sub-populations; results presented as the geometric mean 

of the Muc1 signal across the indicated sub-population. (F) Quantification of membrane tube 

density on the sorted sub-populations. (G) SEM images showing typical membrane morphologies 

in each sorted sub-population. *** p < 0.001 (post-hoc student's two-tailed t test). 

 

Specialized cells in vivo: 

Motivated by our observations in vitro, we considered whether glycocalyx polymers 

might play a role in shaping the morphology of specialized cell types in vivo. We elected to 

evaluate synoviocytes, since these secretory cells are known to produce large quantities of HA 

for joint lubrication and, thus, are expected to display a high density of HA polymers on their 

surface. We isolated synovial tissues from equine carpus (Fig. 3.3A) and found that primary 

synoviocytes expressing HAS3 were highly tubulated, but treatment with hyaluronidase (HyA) 

to degrade HA resulted in the rapid destabilization and disappearance of membrane tubules (Fig. 

3.3B, C). We also evaluated synoviocyte morphology in tissues that were freshly extracted and 

briefly cultured ex vivo (< 1 h). The synoviocytes in native synovial tissue displayed an HA-rich 

head that appeared highly tubulated and protruded from the tissue matrix (Fig. 3.3D, E). Brief 

treatment of the tissue with HyA ex vivo resulted in a dramatic retraction of synoviocyte tubules, 

suggesting a role for the glycocalyx in the maintenance of membrane projections in vivo (Fig. 

3.3E). 
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Figure 3.3. Membrane morphology of tissue synoviocytes is regulated by the glycocalyx. (A) 

Experimental workflow for resected equine synovial tissues. (B) Representative SEM images of 

hyaluronic acid synthase 3 (HAS3) expressing primary synoviocytes showing retraction of 

membrane tubules following 30 minutes of hyaluronidase (HyA) treatment to digest hyaluronic 

acid (HA). (C) Quantification showing tubule density was dependent on the presence of HA. (D) 

Images of freshly resected synovial tissue showing the nucleus (DAPI), surface-anchored HA 

(hyaluronic acid binding protein, HABP) of a representative synoviocyte, and the tissue collagen 

(second harmonic generation, SHG). Depth along the z-axis is coded according to the color bar. 

Note the HA-enriched membrane extensions protruding from the synovial tissue surface. Lower 

right panel shows a cartoon representation of the observed tissue synoviocyte. (E) Membrane 

tubules are visible, by SEM, on synoviocytes in freshly excised equine synovial tissue. The 

synoviocyte head, pseudo-colored in orange, is protruding from the synovial tissue. HyA treatment 

to digest HA resulted in the rapid retraction of synoviocyte tubules (right). *** p < 0.001 (post-

hoc student's two-tailed t test). 

 

Polymer brush framework: 

To develop a more comprehensive understanding of membrane shape regulation by 

glycocalyx polymers, we considered whether the observed membrane shapes and their 

frequencies could be rationalized through the framework of polymer brush theory. We noted that 

two limiting regimes are classically described in polymer physics for end-grafted polymers: the 
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“mushroom” regime, where polymers at low grafting densities have limited interactions with 

each other, and the “brush” regime, where crowded polymers can interact sterically and 

electrostatically with each other to exert larger pressures on the anchoring surface (Milner, 1991) 

(Fig. 3.4A). For mucins, we expected the transition from the mushroom to brush regime to occur 

at a surface density where the average distance between the polymers was approximately two 

times their radius of gyration in solution (Fig. 3.4A). 

         To measure the radius of gyration and flexibility of individual mucins, we produced 

recombinant Muc1-42TR with a terminal purification tag in place of its transmembrane anchor 

(Fig. A.2A, B). Size-exclusion chromatography coupled to multi-angle light scattering (SEC-

MALS) reported 32 nm  0.4% for the mucin radius of gyration in physiological buffer. Based 

on the estimated Muc1-42TR contour length of approximately 270 nm, we concluded that the 

mucin had a persistence length of approximately 7.5 nm and adopted the extended random coil 

configuration expected for a semi-flexible polymer in solution. 

  

Figure 3.4. Polymer brush model of the glycocalyx and generation of preferred membrane 

shapes. See also Figure A.2 and A.3. (A) Polymer model of membrane bending illustrating 

proposed spontaneous membrane curvature induced by the cellular glycocalyx. Low density 

polymers are non-interacting and adopt a compact structure in the “mushroom” regime. In the 

“brush” regime, polymers overlap (the average distance between polymers, D, is less than the 

twice the radius of gyration, RG) and extend to avoid each other, increasing the height of the 

polymer brush (H). Entropic pressures are the basis for membrane curvature generation by polymer 
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mushrooms and brushes. (B) Muc1 construct with SUMO and GFP tags flanking the polymer 

domain for visualization of polymer extension with expansion microscopy (ExM). Polymer 

extension versus polymer fluorescence intensity, a proportional measure of surface density, 

showing the indicated scaling relation. Dots, squares, and triangles indicate measurements from 

three samples. The red line shows a linear regression through all data points. (C) Theoretical 

prediction of spontaneous curvature generation by Muc1 polymer mushrooms and polymer 

brushes. Blue: estimated mushroom regime (mush.); pink: estimated brush regime (brush). The 

computational model here considers mucins of length 270 nm having monomeric segments of 

length 15 nm (Kuhn length). These parameters were based on experimental characterization of 

native Muc1-42TR and selected for comparison to experiments below. (D) (left) Theoretical 

prediction of required pressure (Pa) as a function of mucin concentration for blebs of radii = 250 

nm. The insert shows a pressure minimum near the mushroom-brush transition. (right) Theoretical 

prediction of the required point force (pN) as a function of mucin concentration for maintaining 

membrane tubules.  

 

We next asked whether polymer brush theory could capture the physical behavior of 

mucin ensembles on the cell surface. We tested whether mucins stretch and extend in a 

predictable manner as they become progressively more crowded, a classic physical behavior 

predicted for polymer brushes (Alexander, 1977; de Gennes, 1980a; Milner, 1991). We chose to 

evaluate mucin extension on actin-containing tubules that resembled microvilli, since the 

curvature of these structures was highly uniform and essentially independent of the mucin 

surface density due to the rigid actin cores (Fig. A.2C). As such, we could approximate the 

tubule surface as a rigid cylinder of fixed radius for direct comparison to theory. Epitope tags 

flanking the mucin polymer domain were introduced on Muc1-42TR. Following cellular 

expression, the encoded tags were labeled with fluorophore-conjugated probes and resolved on 

microvilli cross-sections using a super-resolution optical technique called expansion microscopy 

(ExM) (Fig. 3.4B and A.2D-F). We found that the mucin extension had an exponential 

dependence, or ‘scaled,’ with fluorescence intensity, and hence surface density, with an exponent 

of 0.48 ± 0.10 (Fig. 3.4B). This value compared well to the theoretically derived power law 
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exponent of between 0.33 and 0.5 for polyelectrolytes grafted on a rigid cylindrical surface at 

physiological salt concentrations (Zhulina and Borisov, 1996). 

Encouraged by these findings, we created a polymer brush model to describe the physical 

behavior of a mucin-rich glycocalyx assembled on the plasma membrane. In our model, entropic 

pressure from the mucin brush generated spontaneous membrane curvature that strongly scaled 

with polymer density and weakly with polymer chain length (Hiergeist and Lipowsky, 1996a) 

(Fig. 3.4C and A.3). The weak dependence on polymer length was consistent with our earlier 

findings that mucins with 10 and 42 repeats had comparable effects on cell-surface morphology 

despite their 4-fold difference in size (Fig. 3.1G, H and A.1G). For 10 and 42 TR mucins, our 

brush model predicted only a ~20% difference in spontaneous membrane curvature (Fig. A.3). 

Preferred membrane shapes:  

We tested whether the polymer model could explain the frequency of finger-like and 

spherical protrusions from the cell surface. We reasoned that protrusion of a specific membrane 

feature would be disfavored when high intracellular forces were required to extend or maintain 

the protrusion and favored when these force requirements were minimal. Minimizing the 

standard Helfrich free energy function for membranes with induced spontaneous curvature, we 

calculated the equilibrium cytosolic pressure required to maintain a spherical membrane bleb and 

the point force required to maintain a membrane tubule (Derényi et al., 2002) (Fig. 2.4D). For 

experimental comparison, we evaluated the types, sizes, and frequencies of plasma membrane 

features as a function of mucin cell-surface density. Cells expressing Muc1-42TR GFP-ΔCT 

were labeled with an anti-GFP nanobody and sorted into populations of varying mucin surface 

levels (Fig. 3.5A, B). The average mucin surface density in each population was estimated by 

SDS-PAGE through interpolation using a nanobody standard curve (Fig. A.4).   
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Molecular surface densities in the sorted populations ranged from approximately 180 to 50,000 

mucins per μm2. For reference, we expected the mushroom to brush transition to occur around 

250 mucins per μm2 based on the measured radius of gyration of recombinant Muc1-42TR in 

solution.  

Initially, we evaluated membrane blebs. Using physical parameters measured for Muc1-

42TR, we predicted that the pressure required for maintaining a bleb with a typical radius of 250 

nm would be minimal at moderate mucin densities near the mushroom-brush transition (Fig. 

Figure 3.5. Preferred membrane shape depends on cell-surface biopolymer 

concentrations.  See also Figure A.4. (A) Strategy for sorting cells into populations 

with varying levels of cell surface mucin (Muc1-42TR-GFP-ΔCT) using fluorescence-

activated cell sorting (FACS). (B) Representative SEM images showing the transition 

of membrane morphological features of sorted cell populations with the indicated mucin 

surface density. Mucin densities were chosen to match the indicated points on the 

theoretical graphs (Fig. 2.4D). (C) Average radius of bleb structures measured in the 

mushroom regime and tube structures measured in the brush regime. (D) Observed 

density of membrane blebs on sorted cell populations having the indicated average 

mucin surface density. Significance was determined between mushroom regime and 

brush regime (*) or between the lowest brush regime density and all other brush mucin 

densities (+). (E) Observed density of membrane tubes on sorted cell populations having 

the indicated average mucin surface density. Symbols defined in (D). (F) Inverse 

predicted force from (Fig. 2.4D, right) versus the observed tube density from (E) 

exhibits a linear relationship and Pearson correlation coefficient of 0.97. Number of 

measurements shown on the x-axis of boxplots. ns - not significant; */+ p < 0.05; **/++ 

p <0.01; ***/+++ p < 0.001 (post-hoc student’s two-tailed t test). 
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3.5C, D). An important model prediction was that the required maintenance pressure would rise 

sharply at higher mucin densities, quickly reaching pressures that exceed the known limits of the 

cell’s contractile machinery (Charras et al., 2008). Thus, theory suggested that blebbing would 

be supported by low mucin densities and suppressed by a highly dense glycocalyx (Fig. 3.5D). 

Our experimental observations showed good qualitative agreement with these predictions. Cells 

with a mucin density near the estimated mushroom-brush transition displayed a significant 

number of large, bleb-like forms with an average radius of 260 ± 100 nm (Fig. 2.5B-D; 180 

mucins per μm2). Upon crossover into the brush regime, the bleb frequency plummeted 

precipitously, consistent with the model’s prediction of a quadratic rise in the necessary bleb 

maintenance pressure (Fig. 3.5B, D).  

The glycocalyx polymer model predicted a much different dependence of membrane 

tubule extension on mucin density. The predicted point force required for maintaining an 

extended tubule decreased progressively with high mucin densities and exhibited no sharp 

transitions (Fig. 3.5D). Accordingly, the frequency of cell-surface tubules observed in our sorted 

cell populations increased steadily with mucin density throughout the mushroom and brush 

regimes until the cell was fully saturated with tubes at very high mucin densities (Fig. 3.5B-E). 

Notably, theory predicted that at these high densities, the required force for tubule extension is 

comparable to the polymerization force of a single cytoskeletal filament, ~1 pN (Footer et al., 

2007). Based on the experimentally measured mucin densities, we estimated the theoretical point 

force, f, required to maintain tubules. Remarkably, the experimentally observed tube frequency 

on our sorted cell populations had a nearly perfect inverse correlation with the theoretical point 

force calculated for the corresponding mucin density (Fig. 3.5F). The Pearson’s correlation 

coefficient describing the relationship between tube density and 1/f was 0.97.  
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Membrane instabilities and microvesicle generation: 

We next considered whether other functional membrane shapes could be generated 

through actions of the glycocalyx. We noted that the tubular membrane projections on our cells 

typically contained a filamentous actin (F-actin) core and did not contain microtubules (Fig. 

3.6A, B and A.5A-D). Disruption of F-actin assembly with the drug Latrunculin A (LatA) led to 

a reduction in tubule diameter by approximately 30 nm (Fig. 3.6C, D and A.5E, F), indicating 

that the mucin-induced spontaneous curvature exceeded the curvature of the stable, actin-filled 

projections. Notably, LatA treatment triggered the formation of pearled and undulating structures 

that characteristically arise through membrane instabilities (Bar-Ziv et al., 1999) (Fig. 3.6D).  

Deuling, Helfrich, and others theoretically considered instabilities in membrane tubules 

with volume to area ratio, , and found that for certain spontaneous curvatures, c0, the membrane 

bending energy vanished through the adoption of one of three “Delaunay” shapes: a cylinder for 

c0 = 1/2 (Shape 1), a smoothly varying set of unduloids for 1/2 <  c0 < 2/3 (Shape 2), and a 

set of equal-sized “pearls” for c0 = 2/3 (Shape 3) (Campelo and Hernández-Machado, 2007; 

Tsafrir et al., 2001). For spontaneous curvatures that exceeded 2/3, the lowest energy shapes 

that satisfied the constraints of volume and surface area were found to include a set of small 

pearls of the preferred curvature with one or more big pearls necessary to hold excess volume 

(Shape 4) or a set of pearls with a gradient in size (Shape 5) (Campelo and Hernández-Machado, 

2007; Tsafrir et al., 2001). We evaluated whether the minimal energy surfaces, Shapes 1-5, 

would be formed on cells expressing moderate to high levels of mucin without exogenous 

treatments, and found commonplace examples of each expected minimal energy shape (Fig. 

3.6E). The pearled structures were not observed in control cells that did not express high levels 

of mucin. 
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Previous theoretical and experimental studies indicated that the thin membrane necks 

connecting pearled membrane structures, such as those observed on our cells, would be expected 

to undergo spontaneous fissure due to the high elastic stress accumulated in the elastic stress 

accumulated in the constricted necks (Kozlovsky and Kozlov, 2003; Morlot et al., 2012; Snead et 

al., 2017). Therefore, we hypothesized that microvesicles would be released as a consequence of 

the mucin-induced membrane instabilities (Fig. 3.6F). We found that the conditioned media from 

Muc1-42TR-expressing cells contained massive concentrations of particles ranging in size from 

approximately 100 nm to 400 nm (Fig. 3.6G). Particle generation was further enhanced by LatA 

treatments that disrupted the supporting F-actin cores of surface projections (Fig. 3.6H and 

A.5F). Cryo-transmission electron microscopy (cryo-TEM) confirmed that the secreted particles 

were membrane vesicles grafted with a distinct glycocalyx ultrastructure on their surfaces 

(Fig.3.6I). The removal of the glycocalyx, such as by HyA treatment to remove HA from the cell 

surface of HAS3-expressing cells, significantly reduced vesicle production (Fig. 3.6J).  High 

numbers of microvesicle generation have been reported in many cancer-cell types (Menck et al., 

2017; Muralidharan-Chari et al., 2010). We tested whether high mucin expression, which is 

common in tumor cells, might at least partially explain why these cells have a propensity to 

generate microvesicles. We found that HeLa tumor cell subpopulations sorted for high 
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endogenous Muc1 expression produced significantly more vesicles than cells populations with 

low endogenous Muc1 levels (Fig. 3.6K). 

Figure 3.6. Glycocalyx-mediated membrane instabilities and microvesicle biogenesis. See 

also Figure A.5. (A) Representative confocal microscopy images of epithelial cells expressing 

Muc1-42TR ΔCT and stained with PNA (peanut agglutinin) for mucins and phalloidin for actin, n 

= 3. (B) Fluorescent intensity line trace from (A) (PNA image, red line). Values are normalized 

for their respective maximum intensities for phalloidin and PNA stains. (C) Average diameter of 

tubules in Muc1-42TR ΔCT expressing cells following treatment with DMSO (Vehicle) or with 

10 µM Latrunculin-A (+ LatA) to disrupt actin assembly. (D) Representative SEM images of 

tubules in vehicle treated or LatA treated cells expressing Muc1-42TR ΔCT. (E) (left) Cartoon 

schematic of a proposed model in which the actin core resists the spontaneous membrane curvature 

driven by the glycocalyx brush. Upon actin depolymerization, membrane tubules are destabilized 
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and predicted to relax into (right) various pearled structures and/or thin tubes that represent 

minimal energy surfaces. Schematic drawings of these predictions are shown alongside 

representative pseudo-colored SEM images of cells expressing Muc1-42TR ΔCT. (F) Cartoon 

schematic of proposed mechanism where pearling and vesiculated membrane instabilities (left) are 

disrupted and lead to microvesicle shedding (right). (G) Histogram showing the average 

concentration and size distribution of extracellular vesicles for wild-type (Control) and Muc1-

42TR ΔCT expressing cells. Shaded area shows the 95% confidence interval for all histograms. 

(H) Histogram showing the average concentration and size distribution of extracellular vesicles 

for Muc1-42TR ΔCT cells treated with DMSO (Vehicle) or Latrunculin A (+ LatA), n = 5, 5, 4, 7, 

respectively. (I) Representative cryogenic transmission electron microscopy (cryo-TEM) image of 

a vesicle collected from cells expressing Muc1-42TR ΔCT. Red boxes indicate pseudo-colored 

regions of interest shown on the right. (J) Representative histogram showing average concentration 

and size distribution of extracellular vesicles for wild-type (Control), hyaluronic acid synthase 3 

(HAS3) expressing human mammary epithelial cells, and HAS3-expressing cells treated with 

hyaluronidase (HyA). Particle concentration is normalized to the max peak for each graph, n = 4, 

5, 3, respectively. (K) Average concentration of extracellular vesicles from HeLa cells sorted for 

high or low Muc1 surface levels. Results represent the sum of all vesicles, independent of size, n 

= 3. *** p < 0.001 (post hoc two-tailed student’s t test). 

 

Together, our results suggested a possible sequence for microvesicle generation: (1) the 

glycocalyx enables cytoskeletal filaments to extend and stabilize thin protrusions from the 

plasma membrane, and (2) following disassembly of the cytoskeletal core, spontaneous curvature 

imposed by the glycocalyx induces formation of membrane pearls that spontaneously fissure to 

release vesicles (Fig. 3.6E, F).  

3.4 Discussion 

 

Overall, the theories and experiments presented here implicate an entropic mechanism 

through which the glycocalyx can strongly influence the favorability of diverse plasma 

membrane shapes and protrusions. The morphological changes regulated by the glycocalyx 

could, in principle, have broad consequences on membrane processes, ranging from absorption 

and secretion to cellular communication, signaling, and motility (Lange, 2011; Paluch and Raz, 

2013; Sauvanet et al., 2015; Schmick and Bastiaens, 2014). Given that glycosylation often 

changes dramatically with cell fate transitions (Buck et al., 1971; Freeze, 2013; Satomaa et al., 

2009), and that the pool of monomers for construction of glycoproteins and glycosaminoglycans 
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in the glycocalyx is tightly coupled to specific metabolic programs (Dennis et al., 2009; 

Koistinen et al., 2015; Ying et al., 2012), our work raises the intriguing possibility that the 

glycocalyx may serve as a conduit linking physical morphology to specific cell states.  

Contemporary frameworks for understanding membrane shape regulation largely lack a 

physical description of the glycocalyx. However, long-chain biopolymers in the glycocalyx are 

almost universally found anchored to the surfaces of curved membrane features and cell-surface 

organelles (Bennett Jr. et al., 2001; Button et al., 2012; Fowke et al., 2017; Hattrup and Gendler, 

2008; Kesavan et al., 2009; Kesimer et al., 2013; Makabe, S. et al., 2006; van den Pol and Kim, 

1993; Zhang et al., 1992). Our results suggest that the principles and theories of polymer physics 

can be adopted to understand, at least to a first approximation, the physical regulation of 

membrane shape generation by the glycocalyx. Undoubtedly, a model of end-anchored polymer 

mushrooms and polymer brushes is a simple physical representation of the glycocalyx. However, 

the inverse relationship between the force requirements for membrane extension, as estimated 

using a relatively simple model of the glycocalyx, and the experimentally observed frequencies 

of these extensions argue that at least some of the physical behaviors of the glycocalyx can be 

captured using well established polymer models (Gennes, 1979; Zhulina and Borisov, 1996).  

Our model and analyses assume constant membrane tension, leading to the prediction 

that the lengths of tubular projections are invariant of force. In reality, cells have a finite 

reservoir of membrane (Raucher and Sheetz, 1999). Increasing membrane tension following 

depletion of reservoirs would ultimately limit the length of tubular forms projected from the 

membrane (Cuvelier et al., 2005; Raucher and Sheetz, 1999). Transport limitations of 

cytoskeletal monomers also likely place an important constraint limiting the overall length of 
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long and thin membrane projections (Mogilner and Rubinstein, 2005). Indeed, we only report a 

weak dependence of tubule length on glycocalyx polymer density (Fig. 2.5B).  

Bending of surfaces by anchored polymers is a general physical phenomenon (Busch et 

al., 2015b; Evans and Rawicz, 1997; Hansen et al., 2003; Hiergeist and Lipowsky, 1996b; 

Kenworthy et al., 1995; Lipowsky, 1995b; Stachowiak et al., 2012). As such, membrane shape 

regulation by the glycocalyx could be a universal feature in the biogenesis of curved membrane 

organelles and signaling structures. For instance, cilia, axons, cytonemes, tunneling nanotubes, 

microvilli, and microvesicles could all conceivably be regulated by physical forces related to the 

glycocalyx. Thus, our work argues for a more holistic model of membrane shape regulation that 

includes consideration of forces on both the intracellular and extracellular faces of the plasma 

membrane.  

3.5 Materials and Methods 

Cell Lines 

Parental Cell Lines 

MCF10A cells were cultured in DMEM/F12 media supplemented with 5% horse serum, 20 

ng/mL EGF, 10 μg/ml insulin, 500 ng/mL hydrocortisone, 100 ng/mL cholera toxin and 

penicillin/streptomycin. HEK293T and HeLa cells were cultured in DMEM high glucose media 

supplemented with 10% fetal bovine serum and penicillin/streptomycin. T47D cells were 

cultured in RPMI media supplemented with 10% fetal bovine serum, 10 µg/ml insulin, and 

penicillin/streptomycin. FreeStyle 293-F cells were maintained in Freestyle 293 Expression 

Medium in spinner flasks at 37oC, 8% CO2, 120 RPM, and 80% RH according to manufacturer’s 

protocol.  

Generated Cell Lines 
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Stable MCF10A, primary equine synoviocyte, and 293-F cells expressing the rtTA-M2 

tetracycline transactivator were prepared by lentiviral transduction using the pLV rtTA-NeoR 

plasmid as previously described (Paszek et al., 2012). Cells were further modified with 

tetracycline-responsive promoter plasmids. Stable cells expressing hyaluronan synthase 3 

(HAS3) were prepared by lentiviral transduction using the pLV HygroR tetOn HAS3 plasmid. 

For preparation of mucin expressing cell lines and Notch1 expressing cell line (EGF-repeats GFP 

∆CT), plasmids with ITR-flanked expression cassettes (i.e. pPB tetOn PuroR plasmids) were co-

transfected with the PiggyBac hyperactive transposase using Nucleofection Kit V (Lonza) or 

FreeStyle Max Reagent (Thermo Fisher) according to manufacturer’s protocols. For CRISPR 

knock-outs, cell lines expressing Muc1-42TR ∆CT were further modified by lentiviral 

transduction using either SLC35A1 lentiCRISPR v2 GFP or COSMC lentiCRISPR v2 Blast 

plasmids. Selection of stable cell lines was performed with 750 μg/mL G418, 1 μg/mL 

puromycin, 200 μg/mL hygromycin, or 15 µg/ml Blasticidin. 

Primary Synoviocyte Isolation and Culture 

Primary equine synoviocytes were obtained from the shoulder, stifle, carpal, tarsal and fetlock 

joints of a male thoroughbred yearling horse (Equus caballus). To isolate the fibroblast-like type 

B synovial cells (synoviocytes), synovial membrane tissues were digested with 0.15% 

collagenase (Worthington Biochemical, Lakewood, NJ) supplemented with 0.015% DNase I 

(Roche, Indianapolis, IN) for 3 h at 37 °C in Ham’s F12 media, followed by filtration and 

centrifugation at 250x g for 10 minutes as previously described (Saxer et al., 2001). Equine 

synoviocytes were cultured in low glucose (1.0 g/L) DMEM media supplemented with 40 mM 

HEPES, 4 mM L-Glutamine, 110 mg/L sodium pyruvate, 10% fetal bovine serum and 

penicillin/streptomycin. Subculture of the synoviocytes was performed every 3‒4 days. All 
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adherent cells were maintained at 37oC, 5% CO2, and 90% RH. 

Equine Synovial Tissue Resection 

Synovial tissues were harvested from the middle carpal joint of two adult thoroughbred horses.  

The freshly resected tissues were either incubated for 30 min in Ham’s F12 media with or 

without 1 U/mL Hyaluronidase (Sigma) and fixed or immediately fixed for 24 h with 4% 

paraformaldehyde and 1% glutaraldehyde in PBS. Tissues were then either processed for SEM or 

reduced with 0.1 mg/mL NaBH4 for 20 min on ice and further processed for confocal imaging. 

Cloning and Constructs 

cDNAs for cytoplasmic-tail-deleted human Muc1 with 42 tandem repeats (Muc1-42TR ∆CT), 

Muc1-42TR polymer domain fusion with the TM21 synthetic membrane domain (Muc1-42TR 

TM21), cytoplasmic-tail-deleted human Podocalyxin (S/T-Rich ∆CT) were generated and cloned 

into the tetracycline-inducible PiggyBac expression vector (pPB tetOn PuroR) or mammalian 

expression vector pcDNA3.1 as previously described (Paszek et al., 2014; Shurer et al., 2017). 

To make lentiviral vector pLV HygroR tetOn HAS3, the cDNA for human HAS3 (accession 

NP_005320) was obtained from R&D Systems and amplified via PCR with the forward primer, 

5’-GGCACCTCGAGGATGCCGGTGCAGCTGACGACA-3’, and reverse primer, 5’-

GGCAGAATTCTTACACCTCAGCAAAAGCCAAGCT - 3’. The PCR product was cloned 

into pJET1.2 (ThermoFisher) according to manufacturer’s protocol, and subcloned into the AbsI 

and EcoRI sites of pLV HygroR tetOn (Paszek et al., 2012). For generation of Muc1 GFP ∆CT 

pPB tetOn PuroR with varying number of tandem repeats, the cDNA for mOxGFP (Addgene 

#68070; heretofore mOxGFP is referred to as GFP) was amplified with primers: 5’- 

GGCAGCTCAGCTATGGTGTCCAAGGGCGAGGAGCTGT-3’ (forward) and 5’- 

GGCAGCTGAGCCCTTATACAGCTCGTCCATGCCGTGAGT-3’ (reverse). The PCR product 
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was cloned into pJET1.2 and subcloned non-directionally into the BlpI site of Muc1-42TR ∆CT 

pPB tetOn PuroR. For constructs with 10 and 42 native tandem repeats 

(PDTRPAPGSTAPPAHGVTSA), synthetic cDNAs for the desired repeat units were generated 

through custom gene synthesis (General Biosystems) and cloned in place of the tandem repeats 

in Muc1 GFP ∆CT pPB tetOn PuroR using the BamHI and Bsu36I restriction sites. Muc1 

tandem repeats were deleted through Q5 site directed mutagenesis with 5’-

TGGAGGAGCCTCAGGCATACTTTATTG-3’ (forward) and 5’-

CCACCGCCGACCGAGGTGACATCCTG-3’ (reverse) primers to generate Muc1 0TR GFP 

∆CT pPB tetOn PuroR. To add a SumoStar tag to the Muc1-42TR GFP ∆CT N-terminus, a 

cDNA encoding the IgG kappa leader sequence, SumoStar tag, and Muc1 N-terminus was 

generated through custom gene synthesis (General Biosystems) and inserted in place of the 

Muc1 N-terminus in Muc1 GFP ∆CT pPB tetOn PuroR using the BamHI and BsrGI restriction 

sites. For construction of both COSMC and SLC35A1 vectors, we used the pLentiCRISPRv2 

system. For generation of the Notch1 GFP ∆CT pPB tetOn PuroR plasmid (EGF-repeats GFP 

∆CT), the cDNA for Notch1 (Addgene #41728) was amplified with primers: 5’- 

GGCAAGATCTCTAGAGGCTTGAGATGCTCCCAGCCA -3’ (forward) and 5’- 

GGCACCTGAGGCGTGGCACAGTAGCCCGTTGAATTTG -3’ (reverse). The PCR product 

was cloned into the BglII and Bsu36I sites of the Muc1 42TR ∆CT pPB tetOn PuroR plasmid. 

The target sequence for human COSMC (5’-GAGTCTTTGGGCTGCAGTAA-3’) was cloned 

into the pLentiCRISPRv2 Blast backbone (Addgene #83480). The target sequence for human 

SLC35A1 (5’-TTCTGTGATACACACGGCTG-3’) was cloned into the pLentiCRISPRv2 GFP 

backbone (Addgene #82416), both after BsmBI digestion. 

For recombinant production of the mucin polymer domain, 42 tandem repeats from Muc1 were 
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fused to an N-terminal S6 tag (GDSLSWLLRLLN) and C-terminal 10x-histidine purification tag 

to make Muc1-42TR 10X His. To insert the S6 tag, Q5 site directed mutagenesis was performed 

using 5’-GTTGCGACTGCTTAACGGACAGATCTCGATGGTGAGC-3’ (forward) and 5’-

AGCCAGCTCAGGGAATCCCCAGCATTCTTCTCAGTAGAG-3’ (reverse) on a pcDNA3.1 

plasmid containing the Muc1 N-terminus from Muc1-42TR ∆CT pPB tetOn PuroR between 

BamHI and BglII sites. The S6 tag was subsequently cut at these sites and replaced in the Muc1-

42TR ∆CT N-terminus in Muc1-42TR ∆CT pPB tetOn PuroR. The 10x-histidine tag was added 

by annealing the oligos, 5'-

TCAGGCCACCACCACCATCACCATCATCACCACCATTAGGG-3' and 3'-

CCGGTGGTGGTGGTAGTGGTAGTAGTGGTGGTAATCCCTTAA-5’ and inserting in place 

of the Muc1-42TR ∆CT C-terminus in Muc1-42TR ∆CT pPB tetOn PuroR using the Bsu36I and 

EcoRI restriction sites.  

Immuno- and Lectin Blot Analysis 

Cells were plated at 20,000 cells/cm2 and induced with 0.2 μg/mL doxycycline (Santa Cruz) for 

24 h before lysis with Tris-Triton lysis buffer (Abcam). Lysates were separated on Nupage 4-

12% Bis-Tris or 3-8% Tris-Acetate gels (Thermo Fisher) and transferred to PVDF membranes. 

Primary antibodies were diluted 1:1000 and lectins were diluted to 1 μg/mL in 3% BSA TBST 

and incubated 4 h at room temperature or overnight at 4oC. Secondary antibodies or ExtrAvidin 

were diluted 1:2000 in 3% BSA TBST and incubated for 2 h at room temperature. Blots were 

developed in Clarity ECL (BioRad) substrate, imaged on a ChemiDoc (BioRad) documentation 

system, and quantified in ImageJ Fiji (Schindelin et al., 2012). 

Flow Cytometric Analysis 

Cells were plated at 20,000 cells/cm2 and grown for 24 h. Cells were then induced with 0.2 
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μg/mL doxycycline (Santa Cruz) for 24 h. For sialic acid labeling by ManNAz, separate cultures 

were plated in parallel with cells treated for 24 h with both 0.2 μg/mL doxycycline (Santa Cruz) 

and 25 μM Ac4ManNAz (Click Chemistry Tools). Ac4ManNAz treated cells were labeled with 

50 μM AF647 DBCO in 1% FBS PBS for 20 min at room temperature. Adherent cells were non-

enzymatically detached by incubating with 1 mM EGTA in PBS at 37oC for 20 min and added to 

the population of floating cells, if present. Affinity reagents: anti-Muc1, GFP nanobody, 650 

Neutravidin were diluted 1:200 in 0.5% BSA PBS; 647 PNA and biotin VVA were diluted to 1 

μg/mL in 0.5% BSA PBS and incubated with cells at 4oC for 30 min for each stain. A BD Accuri 

C6 flow cytometer was used for analysis.  

Confocal microscopy for Cells and Tissues 

Cells were plated at 5,000 cells/cm2 and subsequently induced with 0.2 μg/mL of doxycycline 

(Santa Cruz) for 24 h before being fixed with 4% paraformaldehyde. Antibodies and HABP were 

diluted 1:200 in 5% normal goat serum (Vector Laboratories) PBS and incubated overnight at 

4oC. For fluorescent HABP, HABP (Millipore Sigma) was labeled with Alexa Fluor 568 NHS 

Ester (Thermo Fisher Scientific) per the manufacturer’s protocol. Lectins were diluted to 1 

μg/mL in 5% normal goat serum PBS and incubated for 2 h at room temperature. For hyaluronic 

acid staining of cells and tissues, HABP was diluted to 0.125 µg/ml in 0.5% normal goat serum 

in PBS and incubated on samples for 24 h. Cell samples were imaged on a Zeiss LSM inverted 

880 confocal microscope using a 40x water immersion objective (NA 1.1). In addition to HABP, 

NaBH4-treated tissues were stained with 1 μg/mL Hoechst for 10 min and imaged on a Zeiss 880 

upright confocal microscope with a 40x water dipping lens. Unstained tissue collagen was 

visualized with second harmonic generation using non-descan detectors. 
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Scanning Electron Microscopy 

All samples were fixed for 24 h with 4% paraformaldehyde and 1% glutaraldehyde in PBS, post-

fixed for 45 min with 1% osmium tetraoxide in dH2O, washed and subsequently dehydrated 

stepwise in ethanol of 25%, 50%, 70%, 95%, 100%, 100% before drying in a critical point dryer 

(CPD 030, Bal-Tec). Samples were coated with gold-palladium in a Desk V sputter system 

(Denton Vacuum) and imaged on a field emission scanning electron microscope (Mira3 FE-

SEM, Tescan or FE-SEM LEO 1550, Carl Zeiss Inc.). For actin depolymerization studies, cells 

were treated for 60 min with 10 µM LatA before fixation, where indicated.   

Mucin Digestion and Super-Resolution Imaging 

Sample prep and azido sugars incorporation  

MCF10A Muc1-42TR ∆CT cells were cultured in phenol red free 1:1 DMEM:F12 supplemented 

as described previously. For imaging, cells were seeded at a density of 10,000 cells/well on Lab-

Tek II Chambered Coverglass (Thermo Fisher Scientific) coated with 0.01% poly-Lysine 

(Sigma). Media was supplemented with Ac4GalNAz (Thermo Fisher Scientific) 2 h post-seeding 

at a concentration of 50 μM. For induction of Muc1-42TR ∆CT expression, doxycycline 

(Applichem) was added to Lab-Tek wells 16 h post-seeding at 200 ng/mL. Enzymatic de-

mucination was performed 24 h post-doxycycline induction with 50 nM StcE in complete media 

for 2 h at 37 °C immediately before labeling and imaging (Malaker et al., 2018; Möckl et al., 

2018).  

Cu-click Labeling of GalNAc 

Cells were moved to 4°C and washed three times with cold DPBS with Ca2+ and Mg2+. 

Immediately after washing, Cu-click conjugation with AlexaFluor-647-alkyne (Thermo Fisher 

Scientific) was performed. The cells were incubated with 50 μM CuSO4 (Sigma), 250 μM 
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BTTAA (Click Chemistry Tools), 1 mM aminoguanidine (Sigma), 2.5 mM sodium ascorbate 

(Sigma), and 25 μM AlexaFluor-647-alkyne (Thermo Fisher Scientific) in DPBS for 5 min at 

4°C as reported previously (Hong et al., 2010). Cells were washed five times with cold DPBS 

and fixed with 4% paraformaldehyde (Thermo Fisher Scientific) and 0.2% glutaraldehyde 

(Sigma) in DPBS for 30 min at room temperature. 

Periodate-mediated labeling of sialic acids 

Sialic acids were labeled as described previously (Zeng et al., 2009). Cells were moved to 4°C, 

then washed three times with cold DPBS with Ca2+and Mg2+ followed by a 5-minute incubation 

with 1 mM sodium periodate (Sigma) in DPBS. The periodate was quenched by 1 mM glycerol 

in cold DPBS and washed three times with cold DPBS. Samples were stained with 25 μM 

AlexaFluor-647-hydroxylamine (Thermo Fisher Scientific) in the presence of 10 mM aniline in 

sterile filtered DPBS + 5% FBS pH 6.7 for 30 min at 4°C in the dark with gentle agitation. Cells 

were washed five times with cold DPBS and fixed with 4% paraformaldehyde (Thermo Fisher 

Scientific) and 0.2% glutaraldehyde (Sigma) in DPBS for 30 min at room temperature. 

Optical Setup 

The core of the setup was an inverted microscope (IX71, Olympus, Tokyo, Japan). The laser 

used for illumination (120 mW 647 nm, CW, Coherent, Santa Clara, CA) was spectrally filtered 

(ff01-631/36-25 excitation filter, Semrock, Rochester, NY) and circularly polarized 

(LPVISB050-MP2 polarizers, Thorlabs, Newton, NJ, WPQ05M-633 quarter-wave plate, 

Thorlabs). The beam was expanded and collimated using Keplerian telescopes. Shutters were 

used to toggle the lasers (VS14S2T1 with VMM-D3 three-channel driver, Vincent Associates 

Uniblitz, Rochester, NY). The laser was introduced into the back port of the microscope via a 

Köhler lens. The sample was mounted onto an XYZ stage (PInano XYZ Piezo Stage and High 
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Precision XY Microscope Stage, Physik Instrument, Karlsruhe, Germany). Emitted light was 

detected by a high NA detection objective (UPLSAPO100XO, x100, NA 1.4, Olympus) and 

spectrally filtered (Di01-R405/488/561/635 dichroic, Semrock, ZET647NF notch filter, Chroma, 

Bellows Falls, VT, ET700/75m. 

Image Acquisition and Analysis for SR Microscopy 

For single-molecule localization microscopy, a reducing, oxygen scavenging buffer (Halpern et 

al., 2015) consisting of 20 mM cysteamine, 2 μL/mL catalase, 560 μg/mL glucose oxidase (all 

Sigma-Aldrich), 10% (w/v) glucose (BD Difco, Franklin Lakes, NJ), and 100 mM Tris-HCl 

(Life Technologies) was added. Image acquisition was started after a short delay needed to 

convert the majority of the fluorophores into a dark state at a laser intensity of 5 kW/cm2. The 

exposure time was 50 ms and the calibrated EM gain was 186. SR images were reconstructed 

from approx. 40000 frames using the ImageJ plugin Thunderstorm (Ovesný et al., 2014). The 

frames were filtered with a B-spline filter of order 3 and scale 2.0. Single-molecule signals were 

detected with 8-neighborhood connectivity and a threshold of three times the standard deviation 

of the first wavelet level. Detected local maxima were fitted with a 2D-Gaussian using least 

squares. Post-processing involved drift correction by cross-correlation, followed by filtering 

(settings: sigma of the fitted Gaussian < 200 nm; uncertainty of localization < 20 nm). Images 

were reconstructed as 2D histograms with bin size = 32 nm. 

Giant Unilamellar Vesicles 

Giant Unilamellar Vesicles (GUVs) were prepared by electroformation as described previously 

(Angelova and Dimitrov, 1986). Briefly, lipids and dye dissolved in chloroform were spread on 

glass slides coated with ITO (Indium-Tin-Oxide). The slides were placed under vacuum for 2 h 

to remove all traces of organic solvents. The lipid films were hydrated and swelled in 120 mM 
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sucrose at 55oC. GUVs were electroformed by the application of an oscillating potential of 1.4 V 

(peak-to-peak) and 12 Hz for 3 h (Busch et al., 2015a). GUVs compositions were prepared with 

DOPC and increasing molar fractions of DOGS-Ni-NTA lipid (5, 10, 15, and 20 mol%). Bodipy-

PC was used to label the lipids at a dye/lipid ratio of 1/2500. Recombinant His-tagged 

Podocalyxin was conjugated with Alexa Fluor 568 NHS Ester (Thermo Fisher Scientific), and 

the degree of labelling quantified according to the manufacturer’s protocol. GUVs were diluted 

in 20 mM HEPES, 50 mM NaCl, pH = 7.4 (120 mOsm) and then mixed with labeled 

Podocalyxin (~2 µM) for at least 20 minutes before imaging (GUVs/proteins = 1/1 by volume). 

GUVs were imaged on a Nikon C2plus confocal microscope using a 60x water immersion 

objective (NA 1.2). Lipids (Bodipy-PC) and protein (Alexa Fluor 568) were imaged through 

excitation at wavelength λ= 488 and 561 nm, respectively.  

Endocytosis Assay 

Human apo-Transferrin (Sigma) was diluted to 1 mg/mL in PBS and labeled with Alexa Fluor 

488 NHS Ester (Thermo Fisher Scientific) per manufacturer’s protocol. Cells were prepared by 

plating and inducing wild-type (Control) and Muc1-42TR ∆CT-expressing MCF10A cells with 

0.2 μg/mL of doxycycline (Santa Cruz) for 18 h. The 488-labled transferrin was diluted 1:1000 

into fresh cell culture media with doxycycline (Santa Cruz) and incubated at 37oC, 5% CO2 with 

cells for 30 min or 60 min. Cells were then detached with 0.05% trypsin EDTA (Thermo Fisher 

Scientific). Cells were washed with ice cold 0.5% BSA in PBS. Fluorescent signal was measured 

using a BD Accuri C6 flow cytometer. Confocal images cells were also acquired using a Zeiss 

LSM i880. 

Analysis of HA Synthesis 

Control and lentiviral transduced MCF10A and primary equine synoviocytes were plated and 
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induced with 0.2 μg/mL doxycycline (Santa Cruz) for 24 h. Total levels of HA secreted into the 

cell culture media were measured via the DuoSet Hyaluronan ELISA kit following 

manufacturer’s protocol. Briefly, a 96-well microplate was coated with recombinant human 

Aggrecan. HA in cell culture media was captured by the coated Aggrecan and detected with 

Biotin-HABP/HRP-Streptavidin. HA concentration was measured using S. pyogenes HA 

standard (R&D Systems).  

Analysis of HA Molecular Size 

HA molecular mass was assayed by electrophoresis and blot analysis essentially as described 

(Yuan et al., 2013), using agarose instead of polyacrylamide for gel electrophoresis. Briefly, cell 

culture media containing HA was loaded in a 0.6% agarose gel in TBE buffer. Following 

electrophoresis, samples were transferred to HyBond N+ membrane (GE Healthcare). HA was 

probed with biotin-HABP (0.125 µg/ml in 0.1% BSA-PBS, 1 h) and subsequently detected with 

HRP-Streptavidin (0.025 µg/ml in 0.1% BSA-PBS, 1 h). Blots were developed in ECL substrate 

(Amresco), imaged on a ChemiDoc (BioRad) documentation system, and quantified in ImageJ 

Fiji (Schindelin et al., 2012). 

Cancer Cell Line Sorting 

MCF10A wild-type (Control) or Muc1-42TR ∆CT-expressing cells and cancer cell lines (T47D, 

ZR-75-1, HeLa) were plated at 10,000 cell/cm2 overnight. MCF10A cells were induced with 0.2 

μg/mL doxycycline (Santa Cruz) for 24 h. Cell lines were nonenzymatically detached using 1 

mM EDTA in PBS. Detached cells were washed with 0.5% BSA PBS. For each cell line, FITC-

conjugated anti-Muc1 antibody was diluted 1:500 per million cells and incubated with cells on 

ice for 30 min. Cells were washed with 0.5% BSA PBS three time before sorting. Cells were 

sorted with a BD FACS Aria II onto poly-l-lysine treated 8 mm coverslips at 2,000 to 5,000 
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cells/cm2 for SEM, allowed to adhere for 4 h at 37oC, and fixed for SEM imaging.  

Analysis of Mucin Radius of Gyration 

The Muc1 polymer domain with 42 tandem repeats (S6 Muc1-42TR 10xHis) was produced 

recombinantly in suspension adapted Freestyle 293-F cells. Stable Freestyle 293-F cell lines 

were prepared with the Muc1-42TR 10xHis pPB tetOn PuroR as described above. Production of 

Muc1 biopolymer was induced with 1 μg/mL doxycycline (Santa Cruz) in 30 mL of suspension 

culture in Freestyle 293-F media. Induced media was collected after 24 h and purified on HisPur 

Ni-NTA resin (Thermo Fisher) according to standard protocols. Briefly, 1 mL bed volume of Ni-

NTA resin was rinsed with equilibration buffer (20 mM sodium phosphate, 0.5 M NaCl, pH = 

7.4). Equilibrated resin was incubated overnight at 4oC with 10 mL harvested Freestyle 293-F 

media diluted in 30 mL of equilibration buffer. Beads were washed in equilibration buffer with 5 

mM imidazole and eluted in equilibration buffer with 500 mM imidazole. Eluted protein was 

dialyzed against PBS and analyzed by SDS-PAGE. Gels were stained with SYPRO Ruby Protein 

Gel Stain (Thermo Fisher) according to manufacturer’s instructions to confirm protein size and 

purity. Gels were blotted and probed with Muc1 and His antibodies to confirm mucin identity 

and PNA lectin to confirm mucin O-glycosylation. Purified recombinant Muc1 was dialyzed 

against PBS to remove imidazole. 

 The radius of gyration of the recombinant Muc1 polymer domain was measured with size-

exclusion chromatography-coupled to multiangle light scattering (SEC-MALS). Purified protein 

(40 µL of Muc1 with a concentration of 5 μg/μL) was subjected to SEC using a Superdex 200 

Increase 10/300 column (GE Healthcare) equilibrated in MALS buffer (20 mM sodium 

phosphate, 0.5 M NaCl, pH 7.4). The SEC was coupled to a static 18-angle light scattering 

detector (DAWN HELEOS-II) and a refractive index detector (Optilab T-rEX, Wyatt 
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Technology). Data were collected every second at a flow rate of 0.7 mL/min. Data analysis was 

carried out using ASTRA VI, yielding the molar mass, mass distribution (polydispersity), and 

radius of gyration of the sample (32.0 nm ± 0.4%). For normalization of the light scattering 

detectors and data quality control, monomeric BSA (Sigma) was used. 

Variation of mucin size and surface densities 

Mucin lengths 

MCF10As expressing Muc1 GFP with 0, 10, or 42 tandem repeats were sorted for similar levels 

of GFP on a BD FACs Aria II using the Muc1 antibody first for the 42 tandem repeat population 

then the GFP nanobody Atto 647N (Chromotek) for the 0, 10, and 42 tandem repeat populations. 

Stable populations were created from these sorted lines. Cells were plated onto 8 mm coverslips 

at 10,000 cells/cm2 for 16-18 h, then induced with 0.2 μg/mL of doxycycline (Santa Cruz) for 24 

h and fixed for SEM analysis.  

Mucin cell surface density 

Using the GFP nanobody with an approximate size of 2 nm (15 kDa) and picomolar affinity for 

GFP (GFP Binding Protein, Chromotek) and labeled with NHS-Alexa Fluor 647 according to 

manufacturer’s protocol, 647-nanobody, MCF10A cells expressing Muc1-42TR GFP ∆CT were 

labeled in 5 μg/ml 647-nanobody for 20 min on ice to label only cell surface mucins. Cells were 

sorted with a BD FACS Aria II onto poly-l-lysine treated 8 mm coverslips at 5,000 to 10,000 

cells/cm2 for SEM, allowed to adhere for 4 h at 37oC, and fixed for SEM imaging. Alternatively, 

cells were sorted with a BD FACS Aria II into 1.7 mL Eppendorf tubes, resuspended in 100 μL 

0.5% BSA PBS, and lysed with 100 μL 2x RIPA lysis buffer for estimation of mucin surface 

densities via SDS-PAGE. Lysed samples were run simultaneously with 647-nanobody standards 

of known molecular concentration. 647-nanobody fluorescence in lysed samples and standards 
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were imaged on a Typhoon 9400 imaging system (GE Healthcare). Total fluorescence in each 

sample or standard was quantified in ImageJ Fiji (Schindelin et al., 2012). A standard curve was 

constructed by relating fluorescence from nanobody standards to their known concentration. The 

number of labeled mucins in each lysate were estimated based on the standard curve. The mucin 

surface density was estimated by dividing the total number of mucins by the known number of 

cells in each sample and their average surface area of 5,000 μm2 based on an average radius of 

20 μm and spherically shaped wild-type cells in suspension. A standard curve was constructed 

based on the number of mucins per area and the known mean fluorescence signal from the FACS 

collected population. This standard curve was then applied to calculate the number of mucins per 

area of populations collected subsequently.  

Expansion Microscopy 

Expansion microscopy (ExM) was performed as described previously (Tillberg et al., 2016) and 

involved steps of anchoring fluorescent dyes and proteins, gelation, digestion and expansion to 

achieve dye retention and separation. Briefly, fixed and stained cells were anchored with 0.1 

mg/ml Acryloyl-X, SE (6-((acryloyl)amino)hexanoic acid, succinimidyl ester (ThermoFisher) in 

PBS for 16 h at RT, washed twice and further incubated 1 h at 37°C in a monomer solution (1 × 

PBS, 2 M NaCl, 8.625% (w/w) sodium acrylate, 2.5% (w/w) acrylamide, 0.15% (w/w) N,N′-

methylenebisacrylamide) mixed with ammonium persulfate 0.2% (w/w) initiator and 

tetramethylethylenediamine 0.2% (w/w) accelerator for gelation. For digestion, gelled samples 

were gently transferred into 6 well glass bottom plates (Cellvis) and treated with Proteinase K 

(New England Biolabs) at 8 units/mL in digestion buffer (50 mM Tris (pH 8), 1 mM EDTA, 

0.5% Triton X-100, 1 M NaCl) for 16 h at room temperature. For expansion, digested gels were 

washed in large excess volume of ddH2O for 1 h. This was repeated 4 – 6 times until the 
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expansion plateaued. Samples were imaged on a Zeiss LSM inverted 880 confocal microscope 

using a 40x water immersion objective (NA 1.1) in Airyscan mode to optimize resolution. 

Isolation of Extracellular Vesicles 

Cell were plated at 10,000 cells/cm2 in appropriate dishes. Following induction with 1 µg/ml 

doxycycline (Santa Cruz) for 18 h, cells were rinsed with PBS twice then serum-starved for an 

additional 6 h with 1 μg/mL doxycycline (Santa Cruz). For actin depolymerization studies, cells 

were treated for 60 min with 10 µM LatA in serum free media prior to isolation. For HAS3 

digestion studies, cells were treated with hyaluronidas for 60 min in serum-containing media 

before 6 h subsequent treatment in serum-starved media. Conditioned media from serum-starved 

cells was clarified by pelleting cellular debris through two consecutive centrifugations at 600x g 

for 5 min.  

Plunge-Freezing Vitrification 

From clarified media, 3-5 μl of sample was pipetted onto holey carbon-coated 200 mesh copper 

grids (Quantifoil Micro Tools, Jena, Germany) with hole sizes of ~2 μm. The grids were blotted 

from the reverse side and immediately plunged into a liquid ethane/propane mixture cooled to 

liquid nitrogen temperature using a custom-built vitrification device (MPI, Martinsried, 

Germany). The plunge-frozen grids were stored in sealed cryo-boxes in liquid nitrogen until 

used. 

Cryogenic Transmission Electron Microscopy 

Cryogenic transmission electron microscopy (cryo-TEM) was performed on a Titan Themis 

(Thermo Fisher Scientific, Waltham, MA) operated at 300 kV in energy-filtered mode, equipped 

with a field-emission gun, and 3838x3710 pixel Gatan K2 Summit direct detector camera 

(Gatan, Pleasanton, CA) operating in Counted, dose-fractionated modes. Images were collected 
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at a defoci of between -1 μm and -3 μm. Images were binned by 2, resulting in pixel sizes of 0.72 

-1.1 nm. 

QUANTIFICATION AND STATISTICAL ANALYSIS 

Scanning Electron Microscopy Quantification 

Cellular tube density, diameter, and length were analyzed in ImageJ Fiji (Schindelin et al., 2012). 

For quantification of tube density per area, a ~2 μm x 2 μm region of interest was drawn and the 

encompassed tubes counted manually using the cell counter plug-in. Tube diameter was 

measured by drawing a strain line through the tube cross section at its mid-point. Tube length 

was measured for tubes extending approximately parallel to the image plane, as identified by 

visual inspection, using the ImageJ line segment tool. 

Giant Unilamellar Vesicles Quantification 

Dye fluorescent intensity was measured by taking 5 different line scans across the GUV in 

ImageJ Fiji (Schindelin et al., 2012). The intensity profile of each line was analyzed using 

Mathematica 10.3, where the integral of the intensity peak was calculated and averaged for 5 

different lines per GUV.   

Nanoparticle tracking analysis. Extracellular vesicles in the clarified media were analyzed 

using a Malvern NS300 NanoSight. Imaging was performed for 60 s with five captures per 

sample. Particle analysis was performed using Malvern Nanoparticle Tracking Analysis 

software. 

Expansion Microscopy Quantification 

Line profiles across membrane tubules in expansion images were used to measure the separation 

of GFP nanobody fluorescence from SUMO fluorescence. Brush height was determined by the 

difference of the  
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the full width at half maxima (FWHM) between GFP nanobody fluorescence and SUMO 

fluorescence.   

Statistics 

Statistics were calculated in Graphpad Prism. One-way ANOVA and post-hoc two-tailed 

student’s t-test were used where appropriate as indicated by figure legends. For boxplots - center 

lines show the medians; box limits indicate the 25th and 75th percentiles as determined by 

BoxplotR software; whiskers extend 1.5 times the interquartile range from the 25th and 75th 

percentiles, and notches, where shown, indicate the 95% confidence interval. See individual 

figure legends for number of replicates and statistical testing details. ns - not significant; */+ p < 

0.05; **/++ p <0.01; ***/+++ p < 0.001. 

DATA AND SOFTWARE AVAILABILITY 

Data availability. Authors will provide all raw images and programming scripts upon request. 

All cDNAs will be made available through the Addgene repository or through direct request to 

M.J.P. upon publication of the manuscript.  
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3.6 Conclusions  

As stated in the introduction on this chapter, this work contributes significantly to this 

dissertation because it directly probes the underlying biophysical principles in membrane 

bending and microvesicle biogenesis.  From studies detailed in this work, it has been shown that 

steric interactions and crowding within the glycocalyx structure generates membrane bending 

and pressures on the cellular surface.  In coordination with the actin cytoskeleton, pearling 

structures, such as vesicles are seen on the membrane with dense, native glycocalyx 

biopolymers.  Further, nanoparticle tracking analysis confirmed significant expression of vesicles 

from both high Muc1- engineered and -endogenous expressing cancer cells lines.  Overall, this 

manuscript lays the foundation of microvesicle biogenesis through the biophysical lens of the 

cancer-associated glycocalyx biopolymers.  However, a closer exploration on how manipulation 

of specific properties of glycocalyx biopolymers directly impact microvesicle shedding.  

Moreover, a more direct link of other extracellular mediators in microvesicle shedding in cancer 

is somewhat lacking, thus leading to work in the following chapter. 
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APPENDIX A: SUPPLEMENTAL DATA FOR PHYSICAL PRINCIPLES OF MEMBRANE 

SHAPES REGULATION BY THE GLYCOCALYX 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure A.1. Related to Figure 3.1; Validation of genetically encoded mucins.  

(A) Representative confocal microscopy images showing membrane tubularization induced by 

various engineered glycoproteins compared to wild-type (Control) cells. The cell surface is 

visualized with lectin WGA (wheat germ agglutinin). Mucin staining with lectin PNA (peanut 

agglutinin) confirms glycoprotein O-glycosylation and surface localization on MCF10A cells. 

Images are individually adjusted for contrast, n = 2. (B) Representative Western blots showing the 

relative size of various transmembrane biopolymers compared to each other biopolymer and the 
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endogenous Muc1 in wild-type (Control) cells, n = 3. (C) Representative flow cytometry 

histograms showing the cell surface level of various transmembrane biopolymers, > 2,000 cells 

per population, n = 3. (D) Quantification of endocytosis of Alexa Fluor 488 labeled transferrin 

(488 TNF) after 0.5 or 1 h of treatment. Quantification performed with flow cytometry, median 

signal reported with background subtraction, > 10,000 cells per population, n = 6, error bars are 

S.D. (E) Representative confocal microscopy images of endocytosed 488 TNF after 0.5 h of 

treatment. (F) Quantification of the fraction of GUVs with Podocalyxin tethered to the surface 

with visible membrane tubularization, n = 25. (G) Western blot showing polymer sizes expressed 

in epithelial cells, analyzed with an antibody against the green fluorescent protein (GFP) tag, n = 

5. (H) (left) Cartoon of hyaluronic acid (HA) extruded by the transmembrane protein hyaluronic 

acid synthase 3 (HAS3). (right) Blot of HA in lysates of wild-type (Cont.) and hyaluronic acid 

synthase 3 (HAS3) expressing human mammary epithelial cells (MECs, MCF10A). Note that the 

expressed HA is a giant linear polymer in the MDa range. (I) ELISA quantification of HA secreted 

by MECs into their media, normalized to the number of cells in the sample and the HA secretion 

of Control cells, n = 3. (J) Representative confocal microscopy images of human MECs, either 

wild-type (Control) or stably expressing HAS3. Cells are stained with Hoescht (nucleus) and Alexa 

Fluor 568 hyaluronic acid binding protein (HABP). (K) Representative SEM images showing 

highly elongated membrane tubules in HAS3-expressing human MECs (left) and a zoomed in 

region on the same cell (right). ns – not significant, * p < 0.05, ** p < 0.01, *** p < 0.001 (post-

hoc student’s two-tailed t test). 
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Figure A.2. Related to Figure 3.4; Supporting information for physical characterization of 

individual mucins and mucin ensembles. (A) Western blot validation of recombinant Muc1-

42TR production (Media + Muc1-42TR 10xHis), Ni-NTA resin binding of the protein (Flow-

through), wash off non-specific proteins (Wash), and purified recombinant Muc1-42TR polymer 

(Elution). Samples are probed with anti-Muc1 and anti-His antibodies as well as PNA (peanut 

agglutinin) to bind O-linked glycans. (B) SYPRO Ruby protein gel stain for samples described 

above. (C) Quantification of epithelial microvilli diameter for the indicated relative mucin surface 

densities. Box notches indicate 95% confidence intervals. (D) (left) Mucin construct (Muc1-42TR) 

with SUMO and GFP tags flanking the polymer domain for visualization of polymer extension 

with expansion microscopy (ExM). (right) ExM sample workflow. First, samples are stained and 

fixed. Then the proteins are chemically linked (anchored) to monomers which polymerize to form 

a gel. Proteins are then digested, and the gel is expanded to four times the original size. (E) 

Representative flow cytometry histogram showing the geometric mean of GFP nanobody binding 

for the indicated biopolymers. The two polymers are expressed on the cell surface at comparable 

levels, > 14,000 cells per population, n = 3. (F) (left) Representative ExM image with two regions 

of interest on the cross-section of microvilli indicated by yellow boxes. (right) Zoomed in regions 

of interest. Yellow line composite image represents a line trace which may be used to calculate the 
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full-width half max value for the GFP nanobody and SUMO antibody signals to calculate the cell 

surface brush height. ns – not significant.  
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Figure A.3. Related to Figure 3.4; Additional polymer brush theory predictions for curvature 

generation by intermolecular interactions in the glycocalyx. (A) Graph for the predicted brush 

thickness as a function of biopolymer surface density in the brush regime. Brush thickness scales 

approximately as a power law with biopolymer concentration. (B) Plot showing energetic 

contributions as functions of the biopolymer density. In the mushroom regime, polymers have only 

elastic energy, while in an extended brush, excluded volume and electrostatic interactions 
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contribute to biopolymer free energy. (C) Plot depicting variation of spontaneous curvature 

generated with biopolymer density and molecular length. (D) Graph displaying trend of 

spontaneous curvature as a function of biopolymer density and Kuhn length. Kuhn length, equal 

to twice the persistence length, is directly proportional to polymer bending stiffness, and is referred 

to as the length of a monomeric segment in the manuscript. Plots in (A-D) are in log-log format. 

Plots in (A) and (B) use biopolymer length, l = 270 nm, and monomeric segment length, la = 15 

nm. Plot (C) employs polymer monomer segment size of 15 nm, and (D) uses biopolymer length 

of 270 nm. (E) Predicted dependence of spontaneous curvature on biopolymer length at high 

density. This graph uses polymers of la = 15 nm packed at a density of 50000 #/μm2. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 

94 

  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure A.4. Related to Figure 3.5; Fluorescence-activated sorting and quantification of Muc1 

surface densities. (A) Extended workflow for quantitative experiments at different Muc1 surface 
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densities. (B) SDS-Page calibration of Alexa Fluor 647 labeled nanobody. (C) Calibration curve 

between the log value for integrated density of fluorescence signal from nanobody dilution series 

(shown in (B)) versus the log value of the number of molecules loaded. A linear regression fit and 

R2 value are shown. (D) Residuals for the linear regression fit shown in (C). (E) Fluorescence-

activated cell sorting (FACS) histogram showing the nanobody fluorescence signal and the 

populations ‘a’ through ‘e’ collected for these experiments. (F) Representative scanning electron 

microscopy (SEM) images of wild type cells which were non-enzymatically detached from the 

substrate then re-adhered (detached control) for SEM imaging and cells which were non-

enzymatically detached from the substrate, collected through the FACS, then re-adhered (FACS 

control). These images demonstrate that the method of FACS collection did not influence the 

membrane shapes observed with Muc1-42TR ΔCT expression (shown in Fig. 2.1G). (G) SDS-

Page analysis of fluorescent nanobody signal in each cell population, a-e, after collection and lysis 

of the cells. (H) Table describing the integrated density signal from the fluorescence image shown 

in (G), the calculated number of molecules based on the calibration curve in (C), and the number 

of cells loaded in the protein gel, (G), based on the number of cells collected with FACS for each 

population, (E). (I) Calibration curve between the log of the nanobody mean signal from the FACS 

versus the number of molecules calculated for each population. The number of molecules per 

sample was normalized by the number of cells loaded and the approximate area per cell. Linear 

regression fit and R2 values shown. (J) Residuals for linear regression fit shown in (I). 
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Figure A.5. Related to Figure 3.6; Tubular membrane shapes contain filamentous actin cores 

and resemble microvilli. (A) Representative confocal microscopy images of epithelial cells 

expressing Muc1-42TR ΔCT showing indirect microtubule staining with anti-microtubule and 

Alexa Fluor 568-labeled secondary antibodies. Mucins are labeled with Alexa Fluor 647 PNA 

(peanut agglutinin). The bottom row shows the region of interest from the composite image 

(yellow box), n = 3. (B) Fluorescent intensity line trace from (A) (bottom row, yellow line). Values 

are normalized for their respective maximum intensities. (C) Representative confocal microscopy 

images of epithelial cells expressing Muc1-42TR ΔCT showing actin staining with Alexa Fluor 

568 phalloidin. Mucins are labeled with Alexa Fluor 647 PNA. The bottom row shows the region 

of interest from the composite image (yellow box), n = 3. This data repeats and elaborates on (Fig. 

2.6A, B). (D) Fluorescent intensity line trace from (C) (bottom row, yellow line). Values are 

normalized for their respective maximum intensities. (E) Representative confocal microscopy 
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images of the midplane of wild type (Control) or Muc1-42TR ΔCT cells which have been treated 

with 10 μM Latrunculin-A (LatA) for 1 h, n = 3. (F) Representative SEM image of LatA treated 

Muc1-42TR ΔCT cells.  
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CHAPTER 4 

DECOUPLING PHYSICAL CONFINEMENT & GLYCOCALYX REGULATION IN 

MICROVESICLE INDUCTION 

4.1 Introduction 

  

The original cancer hallmark of mitogen-growth signaling insensitivity and increased 

autocrine signaling leads to unchecked growth of cells, which is fueled by metabolic 

reprogramming to meet the high energy demand (Hanahan and Weinberg, 2000; Vander Heiden 

et al., 2009).  In a physical sense, this enhanced proliferation violates regulatory mechanisms 

responsible for controlling growth of cells within the confined space of the tumor tissue, thus 

promoting external mechanical pressure in the form of physical confinement (Moriarty and 

Stroka, 2018; Tse et al., 2012).  Physical confinement influences cells on various levels in both 

pathological and physiological states. For instance, following chemotactic response, white blood 

cells experience mechanical confinement as they extravasate through the endothelial cell layer in 

order to travel to a site of injury for remodeling and repair (Irimia, 2014). Even on a sub-cellular 

level, confinement in the endoplasmic reticulum in dendritic cells guides morphological 

complexity and trafficking (Cui-Wang et al., 2012).  Cellular spatial confinement has been 

implicated in influencing stem cell fate, intracellular and surface-level molecular changes in 

phenotype, and cellular motility modes (Gvaramia et al., 2017; Liu et al., 2015).  Particularly, in 

cancer, studies have largely focused on cell motility and migration modes and how to overcome 

challenges that confinement and tumor cell migration poses (Balzer et al., 2012; Stylianopoulos 

et al., 2018); however, the link between physical confinement and intercellular communication is 

not clearly established beyond the release of signaling molecules (Junkin et al., 2013). 

Specifically, in cancer, microvesicles are lipid bilayer particles that possess long-range 

intercellular communication capabilities and deliver oncogenic cargoes to recipient cells, 
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ultimately promoting cellular transformation, angiogenesis, drug resistance among other cancer-

associated cues (Antonyak et al., 2011; Feng et al., 2017; Pokharel et al., 2014)    

We have previously shown that surface glycocalyx biopolymers have sufficient plasma 

membrane bending mechanics to generate microvesicles through protein-protein crowding on the 

cellular surface (Shurer et al., 2019) .  Moreover, we have also previously shown in silico that 

the glycocalyx deforms or remodels its structure under compression (Gandhi et al., 2019).  

Cancer cells preferentially shed microvesicles, but external extracellular physical cues in this 

process is not fully established.  Here, this work explores the role of changes in properties of 

glycocalyx biopolymers in allowing microvesicle shedding as well as the impact of physical 

stresses associated with cancer on this phenomenon. 

4.2 Materials and Methods 

Cell culture 

Cell Lines  

Parental Cell Lines  

MCF10A cells were purchased from American Type Culture Collection (ATCC) and cultured at 

37°C and 5% CO2 in DMEM/F12 media supplemented with 5% horse serum (Thermo 

Scientific), 20 ng/mL EGF (PeproTech), 10 µg/mL insulin (Thermo Scientific), 100 ng/mL 

cholera toxin (Sigma Aldrich), 500 ng/mL hydrocortisone, and penicillin/streptomycin (Thermo 

Scientific).  

Stable Cell Line Construction  

Stable MCF10A rtTA cell line construction was prepared by lentiviral transduction to express 

the rtTA-M2 tetracycline transactivator using the pLV rtTA NeoR plasmid as described 

previously (Paszek et al., 2014, 2012).  Cells were further modified by transposon-based system 
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to express Muc1-ΔCT 0-, 10-, and 42TR or Muc1 GFP- ΔCT 42TR as described 

previously (Shurer et al., 2019, 2017).  Selection of stable cell lines was performed using 750 

ug/mL G418 (rtTA selection) and 1 µg/mL puromycin (for Muc1 ΔCT-42TR). 

Scanning Electron Microscopy 

Sample preparation was performed as described previously (Shurer et al., 2019).  In brief, all 

samples were fixed for 24 h with 4% paraformaldehyde and 1% glutaraldehyde in PBS, post-

fixed for 45 min with 1% osmium tetraoxide in dH2O, washed and subsequently dehydrated 

ethanol series of 25%, 50%, 70%, 95%, 100%, 100% before drying in a critical point dryer (CPD 

030, Bal-Tec). Samples were coated with gold-palladium in a Desk V sputter system (Denton 

Vacuum) and imaged on a field mission scanning electron microscope (Mira3 FE-SEM, Tescan 

or FE-SEM LEO 1550, Carl Zeiss).  

Isolation of Extracellular Vesicles  

Extracellular vesicles isolation was performed as previously described (Shurer et al., 2019). In 

brief, Cell were plated at 10,000 cells/cm2 in appropriate dishes. Following induction with 1 

µg/ml doxycycline (Santa Cruz) for 18 h, cells were rinsed with PBS twice then serum-starved 

for an additional 6 h with 1 μg/mL doxycycline (Santa Cruz).  Conditioned media from serum-

starved cells was clarified by pelleting cellular debris through two consecutive centrifugations at 

600 x g for 5 min at RT.  Cells were detached and counted for normalization. 

Collagen gel microvesicle studies 

Muc1 GFP-ΔCT 42TR and Control cells were plated at 20,000 cells/cm2 in T-75 flasks for 24 h.  

The following day, cells were induced with 1 µg/mL doxycycline for 24 h.  Cells were then 

detached with 2 mM EDTA for polymerization with collagen gel matrix.  Collagen gels were 

prepared by dilution of 10 mg/ml stock concentration of collagen to 1, 2, and 4 mg/ml collagen 
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and gels were cast in dishes along with cells by the hanging drop method and allowed to incubate 

for 16 h.  Gels were digested by collagenase and once digested, media was collected and spun 

first at 300 x g for 5 min to pellet cells and debris.  Clarified vesicle supernatant was collected 

and spun at 2000 x g for 10 min.  Cells were counted post-detachment for normalization and 

isolated vesicles were analyzed through Nanoparticle Tracking Analysis. 

Confinement device 

The confinement device was made by Marshall Colville in the Paszek lab.  The devices were 

formed from PDMS (Sylgard 184, Dow Corning) in a custom-built mold.  Briefly, the base and 

curing agent were combined in a 10:1 ratio by weight, mixed by vigorous stirring and degassed 

under vacuum.  The liquid mixture was poured into the mold and cured at 60 C overnight.  After 

curing and de-molding ports were made on either side of the device outer support using a small 

biopsy punch and silicon tubes were inserted.  Finally, an 8 mm round coverglass was affixed to 

the central piston by a small drop of liquid PDMS and the devices were again cured at 60 C.  

The completed devices were attached to a vacuum source and pressure controller (AF1 

Dual, Elveflow) connected to the microscope computer.  Samples were rinsed 3x in HEPES-

Tyrode’s solution containing 0.1% BSA, then 100 μL of a 1000X dilution of polystyrene 

microspheres (Polysciences) was applied. Devices were inserted into the sample dish and 

mounted on the confocal microscope stage (LSM 800, Zeiss).  An initial z-stack was acquired 

with the piston in the neutral position.  Confinement was applied by lowering the device pressure 

over 60 s to -80 mbar and a second z-stack was acquired to confirm confinement 

height.  Widefield images of the entire confined sample area were recorded for cell density 

measurements.  After 30 minutes of confinement the device pressure was brought to 0 mbar over 
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60 s, the device removed from the sample and supernatant was collected by rinsing with 1 mL of 

HEPES-Tyrode’s solution.  

Nanoparticle Tracking Analysis 

Extracellular vesicles in the clarified media were analyzed using a Malvern NS300 NanoSight. 

Imaging was performed for 60 s with five captures per sample. Particle analysis was performed 

using Malvern Nanoparticle Tracking Analysis software. 

4.3 Results & Discussion 

 

Mucin flexible polymer domain is important for microvesicle shedding 

Glycosylation is an important post-translation modification that is essential for functional 

and structural integrity of surface molecules.  For O-linked glycosylation, the hydroxyl group of 

a serine or threonine on the protein backbone serves as a substrate for the characteristic Core-1-

initiating sugar known as N-acetylgalactosamine (GalNAc).  Additional sugars are added to 

GalNAc to extend the glycan side chain until addition of sialic acid as a terminal sugar, thus 

providing a net negative charge and chain repulsions of flexible polymers within the crowded 

glycocalyx (as hypothesized from Chapter 3) and generating a pressure on the cellular surface 

and driving membrane bending.   

Previously, it has been shown that glycocalyx biopolymers have the ability to generate 

membrane bending depending largely on the cellular surface density of the polymer and weakly 

dependent by the length of the polymer as previously theorized and shown (Hiergeist and 

Lipowsky, 1996; Shurer et al., 2019).  Glycosylation sites within a glycocalyx biopolymer, such 

as Muc1, can range from 20-120 amino acids due to polymorphisms also known as variable 

number of tandem repeats (TRs) and the number of glycosylation sites are strongly associated 

with the flexibility of the polymer and corresponds with the length of the ectodomain.  
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Therefore, we used our genetically encoded toolbox to create mutants with glycosylation sites 

that would represent a full-length ectodomain with 42 TRs (Muc1Δ-CT 42TR) and compared to 

cell lines that expressed mucins with 10 TRs and 0TRs.  Previously, we have shown that 

regardless of the number of glycosylation sites, membrane protrusions were still significantly 

present on the cellular surface for both the Muc1-ΔCT 10TR and Muc1-Δ42TR compared to the 

Muc1-ΔCT 0TR (Shurer et al., 2019).   

 

Based on our previous findings, pearling instabilities were seen in Muc1-ΔCT 42TR cells 

only and suggested to be induced by high levels of spontaneous curvature on the cellular 

membrane by the presence of the native mucin ectodomain, therefore we hypothesized that 

Muc1-ΔCT 42TR cells would possess the highest level of spontaneous curvature to yield 

microvesicle expression.  Similar to our previous observations, vesicle generation was seen only 

A) B) 

Figure 4.1. A native flexible polymer domain is required for microvesicle shedding.  

(A) Representative SEM images of cells expressing varying TRs (Yellow arrows indicate 

pearling instabilities consistent with microvesicles on membrane protrusions).  (B) 

Zoomed-in histograms showing average concentration and size distribution of 

extracellular vesicles from varying -TR cell lines (n=3).  Shaded area shows the 95% 

confidence interval for all histograms. 
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in Muc1-ΔCT 42TR cells as compared to Muc1-ΔCT 10TR and Muc1-ΔCT 0TR cells (Fig. 

4.1A).  Conditioned media from the varying tandem repeat cell lines revealed that Muc1- ΔCT 

42TR generated significantly more vesicles as compared to the other tandem repeat cell lines 

(Muc1-ΔCT 10TR and Muc1-ΔCT 0TR) (Fig. 4.1B).   

 

The field of glycobiology has heavily attributed the role of the glycocalyx through 

biochemical composition of glycosylation as a primary mechanism in the development of cancer 

and progression (Carvalho-cruz et al., 2018a, 2018b; Ferguson et al., 2009; Hakomori, 2002; 

Häuselmann and Borsig, 2014; Hofmann et al., 2015; Ju et al., 2014, 2008; Julien et al., 2006; 

Magalhães et al., 2017; Munkley and Elliott, 2016; Pinho and Reis, 2015).  To explore whether 

specific glycan expression was necessary in microvesicle induction, we used our glycan 

abrogation cell lines described previously (Shurer et al., 2019). Cancer-related glycosylation 

Figure 4.2. Microvesicle shedding is not dependent on biochemical composition 

of glycosylation.  (A) Representative scanning electron microscopy images of 

COSMC KO and SLC35A1 KO cells expressing Muc1-42TR ΔCT (Yellow arrows 

indicate pearl-like vesicles on tubules).  (B) Representative histograms of extracellular 

vesicles from (top) COSMC KO and (bottom) SLC35A1 KO cells expressing Muc1-

42TR ΔCT (n=3). Shaded area shows the 95% confidence interval for all histograms. 

 

A) B) 
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changes include truncation of O-linked glycans as well as hyper-sialylation.  Therefore, 

extension of mucin O-glycan chains was abrogated through CRISPR/Cas9-mediated knockout of 

Core-1 β3-T Specific Molecular Chaperone (COSMC), which is required for elongation of the 

primary O-linked GalNAc sugar moiety into more complex Core O-glycans (Stolfa et al., 2016; 

Wang et al., 2010). Regarding mucin sialylation, we generated a knockout of solute carrier 

family 35 member A1 (SLC35A1), which shuttles activated nucleotide sugars from the 

cytoplasm into the Golgi for sialic acid addition to glycans (Riemersma et al., 2015).  Like our 

previous findings, interference of O-glycan extension and sialylation did not inhibit microvesicle 

induction as shown from conditioned media from our glycan KO cell lines (Fig. 4.2).  Thus, 

these results further confirm that the presence of the flexible polymer domain is required, 

regardless of biochemical composition for microvesicle shedding. 

 

 

 

 

 

 

 

 

 

Physical confinement in the shedding of microvesicles 

            It is widely known that metabolism is heavily responsible for dysplasia in tumor tissues.  

As a result of this dysplasia, cells have unchecked cellular growth, thus experience physical 

Figure 4.3. Physical cues in 3D matrix enhances microvesicle 

shedding. Histogram showing average concentration and size 

distribution of extracellular vesicles for Control and Muc1-ΔCT 42TR-

expressing cells (n=3).  
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confinement within tumors (Balzer et al., 2012; Stylianopoulos et al., 2018).  To this end, we 

seeded cells within a collagen matrix with various collagen densities that allows physiological 

range confinement to be achieved based on previous studies (Fig. 4.3). 

          Proposed ongoing work will focus on exploring whether stiffness or physical confinement 

is involved in enhanced microvesicle shedding by comparing samples within the 3D collagen 

network to cells grown on top of the collagen gels to simulate a 2D environment as shown (Fig. 

4.3).  Alternatively, using a PDMS-based device on cell culture dishes along with a pressure 

controller device to maintain pressures for confinement of the cells in confocal imaging, we 

further elucidate physical confinement as a mediator of microvesicle shedding (Fig. 4.4A, B).  

Post-confinement, conditioned buffer will be clarified and analyzed through NTA for 

quantification and diameter distributions.  Preliminary data is currently still under investigation. 

   

 

 

 

 

 

 

 

 

Further, the implication of metabolism should be further explored since it is a hallmark 

that contributes to the growth mis-regulation that leads to physical confinement.  This will 

ultimately help in understanding the physical principles within cancer and linking it to metabolic 

Not 

confined 

Confined 

Compression 

device B) A) 

Figure 4.4. Compression device set-up for physical confinement 

of cells in microvesicle shedding. (A) Cartoon schematic of 

compression device and workflow procedure of applying 

compression to cells.  (B) Cartoon depicting (top) no confinement and 

(bottom) confinement of cells.  Diagram adapted from original 

schematic and device created by Marshall Colville (Paszek Lab). 
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reprogramming.  Also, ongoing work will include O-glycome reporting in order to confirm 

glycan phenotypes in cell lines and investigate metabolic treatment and nutrient supplementation 

of neuraminic acid (Neu5Ac) as another method to elucidate the role of sialic acid expression in 

cancer in  microvesicle shedding (Kudelka et al., 2015).  Lastly, to confirm functional activity of 

mucin-induced microvesicles, we will use a ratiometric Erk-signalling intracellular sensor and 

transiently transfect into NIH/3T3 mouse embryonic fibroblasts where it possesses a red 

fluorescent signal and, upon activation with growth factors, the color of the sensor will turn 

green for us to correlate to microvesicle fusion and delivery of cargo (Ding et al., 2015).  

Overall, this work aims to directly link the regulation of the glycocalyx through cancer-metabolic 

reprogramming and extracellular physical cues driven by this cancer paradigm to provide insight 

on what drives microvesicle shedding in cancer.  
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CHAPTER 5 

CONCLUSIONS & FUTURE DIRECTIONS 

5.1  Conclusions  

 

With the potential of microvesicles and other extracellular vesicle subtypes expanding 

within a range of physiological and pathological contexts, there is abundant research of 

molecular players that are involved in their biogenesis, even including surface molecules that 

reside within the glycocalyx; however, the glycocalyx has been largely ignored.  Prior to work 

presented in this dissertation, the physical principles that generate membrane bending in order to 

allow microvesicles to physically bud and release from the plasma membrane nor how cancer-

associated glycocalyx biopolymers directly on the cellular surface are physically linked to 

microvesicles has been established.  This dissertation work provides a framework by first 

identifying a potential biophysical underlying mechanism of microvesicle biogenesis through 

glycocalyx-induced membrane bending and initial exploring paradigms of cancer as a 

contributor to this phenomenon.  Using our genetically encoded glycocalyx library of natural to 

synthetic glycocalyx biopolymers, this work details how the crowded environments on the 

cellular surface that model the cancer cell glycocalyx leads to this mode of intercellular 

communication that aids in metastasis.   

Throughout literature since their discovery, microvesicles have been largely characterized 

by transmission electron microscopy, dynamic light scattering, nanoparticle tracking analysis, 

and, more recently, cryo-electron microscopy.  However, the extracellular vesicle field has not 

clearly established size ranges of these particles nor fully characterized microvesicles.  To this 

end, Chapter 2 suggests a holistic approach of using traditional techniques in tandem for 

enhanced accuracy in characterization of microvesicles.  The primary motivation of this work 
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was spurned through varying accounts of size ranges, which remains to be unclear.  Our 

combined approach of using conventional electron microscopy, nanoparticle tracking analysis, 

and cryo-electron microscopy is important in order to couple quantification and visualization and 

contribute to the extracellular vesicle and cancer community to aid in developing methods for 

consistent characterization and detection for future studies. 

Even though higher-resolution techniques, such as electron microscopy, are widely used 

for vesicle detection because of increased gain beyond limited sub-micron resolution with 

traditional light microscopy, one major limitation is that these methods lack molecular 

specificity.  One method to overcome this disadvantage is known as correlative light and electron 

microscopy (CLEM) which allows the specimen to be imaged fluorescently first and then 

subsequently imaged using electron microscopy. The data from the fluorescence region of 

interest helps with identification on the electron microscope. However, the major limitation with 

this technique is that the light microscopy image is still diffraction-limited, so the CLEM may 

not be currently as robust in addressing molecular specificity and resolution quality. Other 

limitations also include potential inaccuracy in the precision of finding fluorescence region of 

interest in the electron microscope and workflow transfer of specimen between microscopes. 

Although this method has introduced new advances in imaging, its practicality seems to be 

cumbersome (Schellenberger et al., 2014). Among these innovative measures, expansion 

microscopy is a novel method that involves isotropic expansion of a specimen up to 4-5 times its 

original size through swelling of the covalently anchored specimen on a polymer network gel to 

be imaged on traditional light microscopes (Chen et al., 2015; Chozinski et al., 2016; Tillberg et 

al., 2016). This imaging technique has been lauded in advances with imaging thicker tissues as 

well as finer detailed structures; however, this method has not yet been used to investigate EVs.  



 

113 

Further, expansion microscopy visualization of these vesicles presenting on the surface of cells 

can be achieved through traditional light microscopy with ease without demanding protocols or 

technical limitations. Also, since there is still not a clear establishment of what predetermines the 

different size ranges of the various subtypes, it will be interesting to also explore cargos within 

the vesicles.  Current primary methods for detection of cargos mainly includes western blotting 

and fluorescent imaging, but expansion microscopy overcomes the limitation of the diffraction 

limit as well as molecular specificity since it exploits the nature of a polymer-specimen 

composite to physically expand the sample for traditional light microscopy.   By achieving 

molecular specificity through expansion microscopy, cargo specification and other functions of 

extracellular vesicles can be fully elucidated. Moreover, a suitable membrane label for ExM has 

not been described so the vesicles can be correlated to their size for the first time optically and 

yield molecular specificity for future studies on understanding mechanisms of shedding of 

microvesicles and other secreted vesicles in cancer. We have largely hypothesized that the 

different size ranges may be a result of what cargos are encompassed within them.  Previous 

literature has explored what cargos have been found in extracellular vesicle subtypes (Al-Nedawi 

et al., 2008; Antonyak and Cerione, 2014; Desrochers et al., 2016a; D’Souza-Schorey and 

Clancy, 2012; Rak, 2010) as well as what potential molecular players may be involved in 

regulating cargo delivery (Antonyak et al., 2012; Clancy et al., 2015; Li et al., 2012; 

Muralidharan-Chari et al., 2009). The exploration of membrane targeting approaches, such as 

fluorescent CAAX-targeting motif in combination with high performing genetic labelling 

proteins, such as mScarlet, for lipid membranes and cargos of microvesicles for validation and 

characterization with ExM and subsequent proteomic analysis can serve as a very beneficial 

visualization approach for future EV studies (Bindels et al., 2017; Gao et al., 2009). 
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Following validation of techniques that would be useful, these techniques were used in 

our studies in Chapter 3, where we hypothesized that protein-protein interactions within the 

crowded glycocalyx induce membrane bending.  This hypothesis was originally reached from 

scanning electron microscopy images in our engineered Muc1 cells where membrane protrusions 

were observed.  Further, polymer theory as well as biophysical studies have established that 

pearling instabilities on the membrane occur when asymmetrical crowding on one leaflet of the 

lipid bilayer.  Therefore, in Chapter 3, with the intrinsic crowded environment within the 

glycocalyx, we utilized our genetically encoded library for precision and control of glycocalyx 

biopolymers to observe its role in membrane bending.  For various cancer-associated glycocalyx 

biopolymers as well as rationally designed constructs, membrane bending was confirmed.  By 

changing backbone chemistry and glycosylation sites, we showed that membrane bending is 

largely promoted by the cell surface density, but length of polymers plays a minor role in 

membrane morphologies.  Most importantly, microvesicle shedding was enhanced with 

overexpressed glycocalyx biopolymers as expected.  Together, these results confirmed 

membrane bending as another function of the glycocalyx in cancer as well as a direct contributor 

in intercellular communication in cancer cell metastasis.   

In efforts to explore the role of glycosylation in membrane shape regulation and 

microvesicle induction, we targeted mucin sialylation and elongation of glycans, specifically 

through abrogation of specific molecules in the normal processing of sialic acid and the Tn 

antigen, respectively.  When using knockouts to model specific glycan changes in cancer, glycan 

length and charge did not completely abrogate membrane morphologies; however, tubularization 

was decreased compared to the Muc1-ΔCT 42TR, which may possibly suggest there is slight 

compromise in the glycocalyx’s full capacity of membrane bending and structural integrity 
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among other functions that glycans serve (Varki, 2017).  Similarly, glycan abrogation did not 

significantly impact microvesicle shedding, therefore these results highlight the requirement of 

the flexible polymer domain regardless of biochemical composition.  Thus, our overall results 

suggest that prediction of plasma membrane morphologies and microvesicle shedding in cancer 

might be largely due to cell surface density of mucins and protein-protein crowding interactions 

with other biopolymers on the cell surface. 

Lastly, since membrane bending was somewhat compromised with glycan knockout cell 

lines as well as with varying number of tandem repeats as seen in Chapter 3, how these 

manipulations directly influenced microvesicle shedding was investigated.  To address this, 

Chapter 4 focused on manipulations of the properties of the flexible extracellular domain of 

glycocalyx biopolymers to assess the impact on microvesicle biogenesis.  Comparing variable 

number of tandem repeats that correlated with a full-length ectodomain was required to induce 

microvesicle shedding as opposed to mutants with less glycosylation sites.  Following 

confirmation of the need for a full-length ectodomain, we then explored whether specific 

biochemical composition of the glycans played a role in microvesicle shedding.  We found that 

microvesicle shedding was not abrogated when we targeted sialylation nor elongation of glycans.  

We also explored whether physical external cues would further enhance microvesicle shedding.  

Currently, we found that cells confined within a dense 3D collagen matrix increases microvesicle 

shedding compared to less confined environment.  We plan to look further into these studies to 

tease out whether stiffness or physical confinement is directly involved through a PDMS-based 

pressure device developed in our lab that physically confines cells and assess microvesicle 

shedding. 

The findings presented in this dissertation not only aid our understanding in the role of 
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the glycocalyx in microvesicle biogenesis and shedding, but also elucidate properties of the 

glycocalyx and the influence of cancer-associated physical cues in the extracellular environment.  

Importantly, this work highlights the glycocalyx as a potential mechanism and an easily 

accessible biological marker of a microvesicles as an intercellular communication mode in 

cancer metastasis to aid in future development of therapeutic targets for mitigating microvesicle 

expression.  Moreover, this work contributes a holistic approach in visualization and detection of 

these vesicles as a means for consistency of characterization that is currently lacking in the field.  

In the future, it will be critical to consider these findings in hopes of further understanding cancer 

and metastasis modes at multiple stages of progression and malignancy as well as expansion 

across specific types of cancer and other pathological states. 

5.2 Future Directions 

 

5.2.1     Discerning the fate and functions of microvesicle biogenesis and cargos 

Although work in this dissertation contributes significantly to understanding microvesicle 

biogenesis and delineates potential targets for future consideration, there is still an unmet need of 

understanding the causality of overall extracellular vesicles and full characterization of EV 

subtypes.   In Chapter 3, we demonstrated that increased expression of glycocalyx biopolymers 

in our engineered cell lines as well as high Muc1 endogenous expression in immortalized cancer 

cell lines have significantly higher microvesicle production than low Muc1 expression.  

However, our engineered cell lines are designed for overexpression of respective glycocalyx 

biopolymers, which causes the allocation of energy to produce specific overexpressed proteins 

and may mess up the natural balance of other glycocalyx biopolymers that would be 

physiologically expressed simultaneously (Bolognesi and Lehner, 2018), thus, although similar, 

this system is not a true indication of what is physiologically taking place on the cellular surface.  
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Future studies would be interesting to explore these phenomena in primary cells and/or patient-

derived xenografts from cancer patients to further validate the glycocalyx’s role in microvesicle 

biogenesis and cancer.   

Another important concept to consider is the role of the glycocalyx in mediating 

mechanisms of docking of microvesicles to recipient cells.  As mentioned previously, one of the 

primary functions of the glycocalyx is to mediate cell-cell interactions, therefore docking of 

these vesicles could potentially be affected by the glycocalyx on both the recipient cell surface 

and the microvesicles themselves since we have discovered a glycocalyx structure exists on the 

membranes of the microvesicles (Fig. 2.4, Fig. 3.6).  Moreover, it has been previously suggested 

that docking and uptake may be dependent on composition of the membrane of donor cells, the 

membrane of the extracellular vesicles themselves, as well as the membrane of the recipient cells 

(Lai et al., 2015).  Even though we found that cancer-related glycosylation manipulations, 

specifically mucin sialylation and truncation of O-glycan side chains, did not abolish membrane 

morphologies and microvesicle generation, biochemical composition may play a role in 

mechanisms of docking and uptake.  Electrostatic interactions may also play a role primarily due 

to a net negative charge on the surface of the MV and the recipient cell, which may repel vesicle 

docking and cause the process to be less efficient, especially with large glycocalyx biopolymers, 

such as polysaccharides like hyaluronic acid (Kuo et al., 2018; Varki, 2017).  On the other hand, 

the ability of the glycans to order water molecules can allow the structure to sequester 

biomolecules, thus allowing microvesicles to bypass the glycocalyx barrier and dock to the 

plasma membrane (Varki, 2017).  

Protein interactions on the cellular surface have been implicated in impacting docking of 

EVs to the cellular surface.  It has also been discussed that recognition of recipient cells that are 
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unrelated to donor MVs are targets for docking and fusion based on specific signaling 

capabilities as well as the surface composition, which may suggest a selection mechanism by the 

glycocalyx on MVs to mediate cell activity (French et al., 2017; Lee et al., 2016; Mulcahy et al., 

2014).  Lastly, there may be mechanisms that utilize glycocalyx biopolymers for docking and 

internalizing the particles.  Particularly, the glycocalyx can act as a sponge and enhance 

membrane interaction with molecules and vesicles within the dense polymer network (Varki, 

2017), thereby aiding in the sequestration of these biomolecules to the surface and allowing 

docking, fusion and uptake on recipient cells.  Further exploration of this phenomenon could 

reveal underlying mechanisms that can be targeted in mitigation of horizontal transfer of 

oncogenic cargos from MVs to normal recipient cells.  

5.2.2   Exploring cancer metabolic reprogramming and conferral of changes in the 

glycocalyx and microvesicle shedding 

Cancer hallmarks of mitogen-growth signaling insensitivity and increased autocrine 

signaling lead to growth mis-regulation (Hanahan and Weinberg, 2000).  Next-generation 

hallmarks of cancer included both genetic mutations and metabolic reprogramming, which have 

been recently highlighted to link these hallmarks to well-known glycosylation changes in cancer 

progression (Hanahan and Weinberg, 2011, 2000; Munkley and Elliott, 2016).  Cancer metabolic 

reprogramming causes reallocation of nutrient sources and high metabolic flux to meet high 

energy demands of increased rate of glycolysis in tumors (Pavlova and Thompson, 2016) .  

Increased glucose and glutamine uptake fuels the hexosamine biosynthetic pathway (HBP), 

which is responsible for producing the sugar building blocks known as glycans for glycosylated 

molecules (Lucena et al., 2016; Taparra et al., 2016).  Approximately, 1-5% of glucose is 

shunted into the HBP where the main by-product results in N-acetylglucosamine (GlcNAc), 
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which leads to derivatives of other sugar moieties, such as GalNAc (Carvalho-cruz et al., 2018a; 

Chiaradonna et al., 2018; de Queiroz et al., 2014; Lucena et al., 2016; Marshall et al., 1991).  

To explore the role of metabolism, we plan to use a competitive glucose inhibitor known 

as 2-deoxyglucose (2-DG), whose analogue structure competitively undergoes phosphorylation, 

instead of glucose, in the first reaction step of glycolysis and inhibits the process from 

completing (Aft et al., 2002; Gallagher et al., 1978).  Studies to inhibit glycosylation have been 

explored in N-linked glycosylation (Andresen et al., 2012); however, studies in O-linked 

glycosylation are lacking.  Therefore, experimental studies will explore the impact of glucose 

inhibition through 2-DG alongside a treatment that enhances glycolysis, such as oligomycin, a 

mitochondrial ATPase inhibitor and tips the balance to increase bioenergetics towards glycolysis 

(Hao et al., 2010; Van Rossum, 1976).  Extracellular flux analysis using the Seahorse 

Extracellular Flux Analyzers, which is newly installed in the BRC, will experimentally test the 

metabolic flux on treated cells to confirm changes in metabolism.  In addition, potential 

collaboration with the Varner lab in Chemical and Biomolecular Engineering will provide us 

with theoretical measurements for metabolic flux under treatments to directly link metabolic flux 

changes to glycan biosynthetic pathways, specifically the sialic acid pathway. 

In addressing whether sialic acid expression on both membrane bending as well as 

microvesicle shedding in this work, we have shown that we have created an engineered 

glycocalyx cell line that possesses the SLC35A1 knockout, which prevents the transfer of 

activated nucleotide sugars from the cytoplasm into the Golgi for the penultimate sialic acid 

addition to glycans.  Interestingly, previous literature has shown that enhanced metabolic flux 

increases sialic acid on glycans (Almaraz et al., 2012), which is motivation to explore a direct 

link of a component of glycan side chains and its role in cancer paradigms.  Thus, we plan to 
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compare hyper-sialylation of the cellular surface through supplementation of human neuraminic 

acid (Neu5Ac) exogenously to cells alongside using the SLC35A1 cells to ensure our hypothesis 

is indeed valid and not a product of the knockout mutation (Badr et al., 2015).  Limitation to this 

method is that the specific lectin for detecting sialic acids has been on backorder for years, 

therefore other methods, such as periodate-labelling, need to be explored in both our engineered 

cell lines as well as cancer cell lines with high sialylation profiles, such as metastatic MDA-MB-

231 triple negative breast cells, in order to fully assess the impact of metabolic flux on sialic acid 

expression in microvesicle shedding. 

Overall, metabolic studies could serve as a link between glycan biosynthesis and 

membrane shape regulation of the glycocalyx in microvesicle shedding.  Moreover, teasing out 

mechanisms of metabolism on the regulation of the glycocalyx could yield insight on specific 

aberrant glycosylation phenotypes that occur in cancer, such as truncated, non-extended Core 1 

glycans (achieved by COSMC KO cell line used in Chapter 3 and 4) as well as hyper-sialylation 

of glycocalyx biopolymers.  Ultimately, future directions of this work will provide additional 

insights into how the glycocalyx plays a role in microvesicle shedding as well as potential 

therapies targeted for this phenomenon to mitigate cancer. 
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APPENDIX A 

PROTOCOL FOR MICROVESICLE ISOLATION FROM GENETICALLY ENCODED 

GLYCOCALYX LIBRARY CELL LINES 

 

Materials: 

60 mm dish 

Doxycycline (DOX; reconstituted at 1 mg/mL in sterilized Milli-Q water) 

Cell media 

Trypsin 

15 ml conical tubes 

2 ml conical tubes 

1. Plate cells at 10,000 cells/cm2 in 3 mL of media in 60 mm dishes and incubate for 24 

hours to allow cells recovery post-seeding 

2. Induce cells with 1 ug/mL for 18 hours 

3. 6 hours before isolation, label tubes appropriately and prepare serum free media with 

1 ug/mL DOX and collect media from cells and spin at 200 x g for 5 minutes to pellet 

any cells that may have detached during induction. 

4. While spinning media, rinse cells 2X with 1X sterile PBS (Make sure to cover cells 

each time with 3 mL of media to rinse serum components). 

5. Resuspend pelleted cells in serum-free media + DOX solution and re-plate onto the 

respective dish that the media was collected from and incubate for the remaining time 

up to 24 hours. 

6. Label 15 mL conical tubes for respective samples to be collected. 
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7. After the 24 hours is reached, collect the 3 mL of media from each dish and spin at 

600 x g for 5 minutes. 

8. Collect top 2 ml and spin again at 600 x g for 5 minutes. 

9. Collect 1.5 ml for nanoparticle tracking analysis. 

10. Detach cells using trypsin and count cells for normalization 

Materials: 

0.2 µm syringe filtered 1X PBS 

3 mL Luer-lock syringes  

1 mL slip syringes 

18-gauge needles 

Milli-Q water 

70% EtOH 

Protocol for Nanoparticle Tracking Analysis 

Set up flow cell 

1. Set up flow cell with lollipop gasket (low-volume gasket) and screws. 

2. Keep flow cell angled on the benchtop so you can see the gasket chamber to make 

sure no bubbles are in the chamber during the rinse steps and sample flow. 

3.  Using the 1 mL slip syringe, collect 1 mL of Milli-Q water and gently flick the 

syringe to ensure there are no bubbles and then, gently flow 1 mL Milli-Q water 

into the flow cell 3X. Discard syringe in sharps container. 

4. Using the 1 mL slip syringe, collect 1 mL of 1X PBS and gently flick the syringe 

to ensure there are no bubbles and then, gently flow 1 mL into the flow cell 2X.   

Note: Keep syringe in inlet while setting up script because backflow will occur. 
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Script setup 

1. On SOP tab, under “Measurement” selection drop-down menu, select 

“Standard Measurement” 

2. Click Advanced > Input dilution (if none, leave default) > Input viscosity 

from previously measured media 

a. MCF10A media: 1.25 cP 

b. MDA-MB-231: 1.125 cP 

c. HEPES Tyrode’s Buffer: 1 cP 

d. PBS: 1 cP 

3. Set “Number of captures” to 5 

4. Set “Capture duration (s)” to 60 

5. Select “Process after capture” 

6. Select “Export after process” 

7. Select “Manual temperature” and set it to 25 degrees C 

8. Select save script to file 

9. Make sure to change the base filename  

10. Click “Create and Run Script” and save files for the script and the export files 

to be saved. 

11. Using 3 mL Luer-lock syringe, attach 18g needle to syringe, safely un-cap 

needle using EH&S standards and collect sample from 2 mL Eppendorf tube 

without introducing bubbles. 
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12. Safely dispose of needle based on EH&S standard protocols in the biohazard 

and lock on syringe (not too tightly) and gently 0.8 mL of sample into the 

flow chamber. 

13. Place flow cell into NanoSight and lock into place. 

14. On the Capture tab, click Start camera (if you see a completely black screen, 

click mouse of frame and drag mouse up and down in case field of view is not 

in view) 

15. Click on second thumbnail screen on the panel to the right to the camera 

frame screen.  This is your processing screen.  Right click the screen and click 

on “Display Raw Data” and then click the panel thumbnail above it to return 

to camera view. 

16. Adjust screen gain and camera level until smallest particles are visible 

(Normally, set screen gain to 3 and camera level to 10; however, new update 

installed in May 2019, so may have to be adjusted). 

17. Focus the knob on the side of the machine to get the optimal best field of view 

and minimal fringing of particles 

18. Let sample equilibrate and has minimal flow to obtain accurate measurements 

of diffusion 

19. Process file script will automatically start.  Set processing parameters of 

screen gain to highest value to ensure vision of particles to help determine the 

detection threshold based on particles in still frame (usual detection threshold 

used has been 4) 

20. During export of data, using a 1 mL slip syringe, flow water into the flow cell. 
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21. Using a clean 1 mL syringe, flow 1 mL of water into the flow cell 

22. Using a 1 mL syringe, flow 1 mL of 1X PBS into the flow cell 2X before 

running next sample. 

23. Following completion of analysis, clean up area and flow cell as per 

instructions of CNF staff. 

Analysis of data 

1. Following export of data, use the experiment summary for the entire 

experiment and get the concentration average from all 5 captures as an 

average distribution of your experiment for each experimental group for 

further processing of data. 
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APPENDIX B 

SCANNING ELECTRON MICROSCOPY PROTOCOL 

Materials: 

12 well dish 

8 mm glass coverslips 

Tweezers 

UV Sterilizer 

Cell media 

Conical tube for fixative waste to properly dispose in EH&S safety containers post-

rinse 

1. Collect glass coverslips and put them into wells in 12 well dish using tweezers 

2. UV coverslips in 12 well dish for 15 minutes (900 s) in UV chamber  

3. Incubate the glass coverslips in warmed cell culture media at least 10 minutes prior to 

plating cells.   

4. When cells are seeded in the well, gently press edges of coverslip down to the glass to 

ensure that they are not floating, and cells are growing on top only.  

5. Let the cells incubate for 24 hours or desired time.  Induce cells as needed following 

protocol in Appendix A. 

6. Prepare Trump’s fixative and warm to 37 degrees Celsius.   

a. Trump’s fixative recipe 

-4 mL 10X PBS 

-10 mL 16% Paraformaldehyde 

-4 mL 10% Glutaraldehyde 
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-22 ml ddH20 

7. Aspirate cell media and rinse cells with Trump’s fixative. 

8. Remove fixative immediately and collect in conical tube. 

NOTE: DO NOT ASPIRATE fixative solution. Remember to dispose of the 

fixative in the chemical hood in its respective container after every fixative 

step. 

9. Add fresh Trump’s fixative solution (37 degrees C) and put in 4-degree fridge overnight 

10. The following day, decant the Trump’s fixative and add 1% Osmium Tetroxide (OsO4) in 

0.5 M Sodium Cacodylate Buffer on ice for 45 minutes 

11. Wash in Sodium Cacodylate buffer 3X for 10 minutes each on ice 

a. The first wash should be added in excess without removing OsO4 

12. Wash with 25%, 50%, 70% (can leave O/N at 4 degrees in fridge), 95% 2X and 100% 

ethanol each for 10 minutes or ice 

13. Post dehydration steps, critical point dry sample to replace EtOH with CO2 

14. While in CPD, prepare aluminum mounts  

a. Label the aluminum mounts on the underside 

b. Use carbon adhesive on aluminum mount flat surface 

15. Once CPD is complete, use stereoscope to ensure that correct side of coverslip will be 

mounted onto carbon adhesive  

16. Use colloidal silver and coat the top edge of the coverslip for conductivity 

17. Using the Au-Pd Denton Vacuum Machine in Bard Hall, sputter coat for 15 seconds, 

image on the microscope to check if deposition was sufficient; if not, then sputter coat for 

5 seconds and repeat with 5 seconds if necessary if coating was still not sufficient 
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APPENDIX C 

PROTOCOL FOR QUANTIFICATION OF SCANNING ELECTRON MICROSCOPY 

IMAGES 

Materials: 

Image files 

ImageJ 

1. Open respective image file in ImageJ 

2. Set scale to number of pixels image was captured in the MIRA, known distance as the 

view field in the original image, and set the unit to micron 

3. Using the rectangle tool, go to Edit > Selection > Specify 

4. Check the box that says Scaled units (microns) and enter respective equal numbers for the 

width and height to crop out imaging properties labelled on the bottom of the original 

image (I used 5 x 5) 

5. Go to Image > Crop 

6. Specify another rectangle on the image to be 2 x 2 µm and measure the box (use this 

number for area in excel spreadsheet). Repeat this step one or two other times and ensure 

that each box is in a different quadrant of the cell 

7. Use Ctrl + B to burn the boxes onto the image 

8. Go to the Multi-point tool and make sure “Label points” and “Show all” boxes are 

checked. 

9. Click on the structures within one box to label structures (Counter will display one 

number for you to input in your Excel Spread sheet) 

10. Once one structure within one box is quantified, Ctrl +B to burn labels onto structures  
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11. Click the dropdown menu beside “Counter” to automatically change label and color to 

track another quantification within the same image. 

12. Repeat steps 10-11 for remaining boxes on image 

13. Save quantified image for your own records. 

14. In excel sheet, calculate number of structures of interests and divide by the area 

calculated in step 6 to find the number of features/µm2 

 

 

  

 

 

 

 

 

 

 

 

 

 

 

 


