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Soil invertebrates have been shown to exert strong controls on microbial 

community composition, activity and biomass through fragmentation and mixing of 

organic matter, microorganism dispersal and grazing on bacteria and fungi. There are 

still many unknowns surrounding the relative importance of invertebrates for 

predicting and managing soil microbial processes under different soil conditions, 

suggesting that invertebrates have the potential to influence soil biogeochemical 

processes. Here, we seek to better understand how soil invertebrates influence 

microbial communities and carbon and nutrient cycling in managed urban grass 

systems as there is growing interest in managing and enhancing microbiomes to 

promote ecosystem services in urban soils. First, we reviewed the roles of 

invertebrates in the urban soil microbiome and suggest future directions for research 

on this topic. Then, we aimed to elucidate how soil macroinvertebrates, a unique 

invertebrate functional group, affect soil microbial community composition and 

function. We demonstrated that the presence of soil macroinvertebrates created 

distinct microbial communities and altered both microbial biomass and function. Our 

results suggest that macroinvertebrate activity can be an important control on 



 

microbially-mediated processes in the rhizosphere such as nitrogen mineralization and 

soil organic matter formation. Third, we aimed to assess the importance specifically of 

macroinvertebrates in the structuring of aggregates and in determining the fate of 

recently-derived organic matter from living roots using stable isotopes. We found that 

macroinvertebrates increase carbon and nitrogen incorporation into macroaggregates, 

microaggregates and coarse particulate organic matter. With evidence that 

invertebrates can alter soil microbial communities and carbon and nitrogen cycling in 

managed urban soils, we examined how invertebrates and microbial community 

structure and function respond to different pest management strategies. We found that 

insecticide chemistry and rate of application can have differential effects on non-target 

soil biota and soil moisture was an important driver of soil biotic responses and 

pesticide residues in soils.  
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CHAPTER 1 
 

INTRODUCTION 

 

Soils are extremely biodiverse and soil biota play important roles in 

belowground processes such as decomposition of plant residues and contribute to 

ecological services including nutrient cycling and carbon storage (Lavelle et al. 2006). 

Two groups of soil biota, microbes and invertebrates, contribute to decomposition and 

organic matter formation through their combined and interactive effects. Soil 

microbial communities are the main decomposers of organic matter and their activities 

lead to the nutrient cycling and carbon storage. Invertebrates represent a significant 

portion of soil biodiversity, which can occur in densities reaching over 100,000 

individuals/m2 and can be classified as fungivores, detritivores and predators (Lavelle 

& Spain 2001, Coleman et al. 2004). Macroinvertebrates, such as earthworms and 

millipedes, change soil microbial composition and activity (Bradford et al. 2002) and 

modify the physical distribution of plant residues in soil (Coleman et al. 2004). 

Mesofauna, such as mites and collembolans, can stimulate microbial activity and 

enzymatic decay patterns by grazing and depositing fecal material (Wickings & 

Grandy 2011). The interactions between invertebrates and microbial communities are 

essential for decomposition and nutrient release. Therefore, alterations to either 

invertebrates or microbial communities through management practices can have 

important yet unknown consequences for belowground processes and ecosystems 

services.  

Chapter 2 explores the roles of invertebrates in the urban soil microbiome, 

highlighting current understanding of invertebrate effects on microbial communities 
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and of invertebrates in urban ecosystems and future directions for invertebrate-

microbe research.  

Chapter 3 highlights how soil macroinvertebrate presence alters microbial 

community composition and activity in the rhizosphere. Soil macroinvertebrate 

communities were manipulated through size-based exclusion and tracked changes in 

microbial community composition, diversity, biomass and activity to quantify 

macroinvertebrate-driven effects on microbial communities and their functions within 

the rhizosphere. This work showed that the presence of soil macroinvertebrates 

created distinct microbial communities and altered both microbial biomass and 

function.  

Chapter 4 continues the work on soil macroinvertebrates, demonstrating their 

effects on  

the fate of rhizosphere carbon and nitrogen. I determined the importance specifically 

of macroinvertebrates in the structuring of aggregate and non-aggregate soil fractions 

and in determining the fate of recently-derived organic matter from living roots within 

those fractions using stable isotopes in an urban grass system.  

Chapter 5 investigates the effects of chemical and biological insecticides on 

soil biota in a managed turfgrass system. I found that pest management strategies can 

alter beneficial soil biota in managed grass systems and the effects depend on rate of 

application, chemistry and abiotic factors. 
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CHAPTER 2 

THE ROLES OF SOIL INVERTEBRATES IN THE URBAN SOIL MICROBIOME  

 

Abstract 

Soil microbial communities are currently recognized as the primary drivers of 

soil organic matter dynamics; however, our understanding of biotic controls on 

microbial communities and therefore of microbiomes as a whole is incomplete. We 

aim to highlight potential roles of invertebrates within the unique context of the urban 

soil microbiome and outline how invertebrates and their interactions with microbial 

communities may shape ecosystem processes in urban systems. Urban soils differ 

from other managed ecosystems in many ways, including their heterogeneity, their 

unique organic matter inputs, as well as their exposure to past and present 

anthropogenic activities. We outline three primary pathways through which 

invertebrates are known to influence the soil microbiome: mixing of organic inputs 

within soils and subsequently altering microbial resource accessibility, grazing on 

microbial biomass, and dispersal of microorganisms throughout soils. We then discuss 

the relevance of these pathways in determining microbiome composition and function 

specifically within urban soils. Many unknowns remain regarding the impact of soil 

invertebrates on the microbiome of urban systems, including their effects on microbial 

community assembly, biomass, and function as well as microbial resource availability. 

Because of this variability in urban soils, invertebrate communities in urban soils and 

invertebrate-microbe interactions may in fact lead to site-specific effects on microbial 

function. Given the growing interest in managing and enhancing microbiomes to 

promote ecosystem services in urban soils, we propose that more research be aimed at 

quantifying the influence of invertebrates on soil microbial processes to gain a more 

comprehensive understanding of urban microbiome function.  
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The urban soil microbiome  

Soil is a particularly important habitat within urban ecosystems in a city or 

urban area, known for its potential for supporting both biodiversity and ecosystem 

services, compared to other habitats such as impervious surfaces commonly found in 

urban areas. Many urban soils support high plant biomass: for example, New York and 

Los Angeles, the United States’ first and second largest cities by population, are 

comprised roughly of one quarter and one third green space (parks and gardens) 

respectively (New York City Department of Planning 2010, Los Angeles Department 

of Parks and Recreation 2016). However, urban soils can also be left bare or 

unmanaged in urban environments: cities along the U.S. Rustbelt can contain tens to 

hundreds of square kilometers of soil on vacant lots (Uno et al. 2010, Gardiner et al. 

2013). Urban soils are typically defined first by the simple fact that they occur in 

urban areas. Their definition also takes into account diverse impacts of human activity 

including physical disturbance and redistribution as well as chemical modification of 

soil by contaminants and other inputs (e.g. Morel et al. 2015, FAO 2015, Lehmann 

and Stahr 2007, Pouyat et al. 2009). Beyond these factors, soils within urban areas are 

highly heterogeneous in their physical structure, chemical composition, temperature 

and moisture regimes, and land use among other characteristics (Lehmann and Stahr 

2007), making them difficult to categorize. Despite the challenges in defining and 

characterizing urban soils, they are universally considered to be an important habitat 

within urban ecosystems, supporting a wide variety of biotic communities.  

Studies of the biotic components of urban soils have shown that urban soil 

biota can provide many essential ecosystem services (McIntyre 2000, Tratalos et al. 

2007, Setala et al. 2013, Gardiner et al. 2014, Ramirez et al. 2014, Morel et al. 2015). 

These processes include the breakdown and mineralization of nutrients and the 



 

6 

formation of soil organic matter. Soil microorganisms are widely recognized as the 

dominant drivers of processes such as degradation of organic matter for soil fertility 

(Van Der Heijden et al. 2008). Additionally, microorganisms are also known to play a 

crucial role in soil organic matter formation and are important controllers of soil 

carbon loss and sequestration (Bradford et al. 2013, Cotrufo et al. 2013, Kallenbach et 

al. 2015, Kallenbach et al. 2016). Most work to date on the urban soil microbiome, or 

the microorganisms within urban soils, has focused on characterizing the biodiversity 

of microbial communities in urban soils, highlighting the diversity within and between 

urban sites (e.g. McGuire et al. 2013, Ramirez et al. 2014, Schmidt 2017). However, if 

our goal is to improve ecosystem services in urban soils, our understanding of the 

urban soil microbiome needs to extend beyond biodiversity characterization to the 

identification of biotic and abiotic factors that shape microbiome composition and 

function. High microbial diversity, biomass and activity are linked to the provisioning 

of ecosystem services (e.g. Ritz et al. 2009, McGuire & Treseder 2010, Philippot et al. 

2013, Wagg et al. 2013, Delgao-Baquerizo et al. 2016). Therefore, identifying the key 

biotic controls on microbial diversity, biomass and activity in the urban soil 

microbiome is vital to understanding ecosystem processes in urban environments, 

particularly if microbiomes are to be managed to enhance ecosystem services.  

 

Soil invertebrate community composition and function 

Among the biotic factors influencing the soil microbiome, invertebrates are 

one of the most important controls of microbial community composition and function. 

Invertebrates affect the soil microbiome through three primary pathways (Figure 2.1). 

First, many soil invertebrates fragment, degrade, and redistribute dead plant material 

and mix organic matter within soil. Mixing and redistribution of materials within soils 

improves resource accessibility of substrates to microorganisms, which can stimulate 
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extracellular enzyme activities and lead to higher overall microbial activity (Coleman 

2008, Wickings & Grandy 2011), in addition to accelerating decomposition and 

nutrient cycling (Lavelle et al. 2006, Frouz 2018). Second, soil invertebrates disperse 

microorganisms as they move throughout the soil profile. This is achieved through the 

transport and deposition of microorganisms that survive gut passage as well as the 

passive transport of spores externally on their exoskeletons (McIlveen & Cole 1976, 

Rabatin & Skinner 1985, Gange 1993, Moody et al. 1996, Lilleskov & Bruns 2005), 

which can alter microbial diversity. Finally, many soil invertebrates graze heavily on 

bacteria and fungi. Invertebrate grazing or microbivory has been shown to either 

stimulate (e.g. Baath et al. 1981, Lussenhop 1992, Dempsey et al. 2013, Chang et al. 

2017) or suppress (e.g. Seeber et al. 2006, Crowther et al. 2011) microbial biomass 

and activity depending upon invertebrate grazer identity and grazing intensity 

(Crowther et al. 2011, 2012, Bray et al. 2019).  

Through these direct and indirect pathways, invertebrates have been shown to 

exert strong controls on microbiome composition, activity and biomass, suggesting 

that invertebrates have the potential to influence microbial processes (Grandy et al. 

2016). These pathways may be particularly important in urban soils because of the 

significance of invertebrate communities and the emphasis on the provisioning of key 

ecosystem services by microbial communities. However, most research has focused on 

the response of invertebrates to human activities and have shown that many factors 

including physical disturbance, metal contamination, and pesticide inputs along with 

historical factors such as site age and land use history are all important in structuring 

urban soil invertebrate communities (McIntyre 2000, Pavao-Zuckerman 2008, Pouyat 

et al. 2010, Jones & Leather 2012, Table 2.1). Essentially, nothing is known on how 

altered invertebrate communities affect microbial community structure and function. 

While many factors characteristic of urban soils are known to affect invertebrate 



 

8 

communities, numerous studies also report that these communities can be 

taxonomically and functionally rich, containing detritivores, microbivores, predators 

and ecosystem engineers (e.g. Byrne & Bruns 2004, Rochefort et al. 2006, Schrader & 

Boning 2006, Byrne et al. 2008). In some cases, urban soils even exhibit greater 

invertebrate abundances than in nearby natural systems (Philpott et al. 2013). These 

findings indicate that if invertebrates do indeed alter urban soil microbiome function, 

their importance may be high under some circumstances, but may also vary 

considerably both within and among different urban areas such as lawns, gardens, 

vacant lots and green roofs. Therefore, when evaluating belowground ecosystem 

services provided by urban soil microbiomes, invertebrate effects on microbial 

processes need to be accounted for to fully understand microbiome function. 

 

The roles of invertebrates in the urban soil microbiome 

The biotic communities of urban soils are shaped by not only the inherent 

physical and chemical characteristics of soils but also the legacy of past land use 

practices and current management (Table 2.1). The variability in urban soil 

characteristics likely create site-specific effects on the structure and function of 

invertebrate communities. This creates a challenge for assessing and predicting 

ecosystem services that are linked to soil invertebrates as well as the ecosystem 

services provided by soil microorganisms because of the multiple pathways through 

which invertebrates influence microbial community composition and function. 

Invertebrate effects on microbial function therefore require targeted investigations to 

fully gauge their impacts on the urban soil microbiome and the ecosystem services it 

provides. We highlight important future research directions to clarify the roles of 

invertebrates on microbial community composition and microbe-driven ecosystem 

services in the unique context of urban soil ecosystem.  
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The role of invertebrates in microbial dispersal and in shaping urban soil microbiome 

structure 

Understanding the factors that contribute to microbial community assembly in 

urban soils is important for understanding biodiversity in urban ecosystems. Microbial 

community composition varies among different urban soils (e.g. McGuire et al. 2013), 

and some are known to exhibit surprisingly high levels of microbial diversity 

(Ramirez et al. 2014).  Recent work has shown that this variation is partly driven by 

soil invertebrate functional diversity (Bray et al. 2019), where increased invertebrate 

functional diversity can lead to increased microbial diversity and this may also have 

important consequences for determining the stability of microbe-driven ecosystem 

services (Lavelle et al. 2005). However, the actual mechanisms through which 

invertebrates affect microbial diversity and function have not been fully explored, 

especially in urban settings. We propose that physical dispersal of microorganisms 

through soil is a particularly important mechanism by which invertebrates influence 

community composition of the urban soil microbiome, especially for the microbial 

colonization of new or recently disturbed soil habitats as well as overall habitat 

connectivity. The mobility of invertebrates within the soil profile combined with their 

ability to transport microorganisms through gut passage and fecal deposition as well as 

passive transport on their exoskeletons has been explored in laboratory and non-urban 

studies (McIlveen & Cole 1976, Rabatin & Skinner 1985, Gange 1993, Moody et al. 

1996, Lilleskov & Bruns 2005) and may play important roles in microbial community 

composition in urban soils.  

To fully gauge the importance of this mechanism a deeper understanding of 

invertebrate movement among urban soils is key to understanding their influence over 

soil microbiome formation and structure within urban soils and across urban soil 
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fragments. While some work has shown that green spaces and corridors can help 

mobile invertebrates disperse across urban landscapes (Vergnes et al. 2012), general 

principles regarding routes of colonization or constraints on soil invertebrate dispersal 

and population establishment within isolated urban soil fragments are lacking. 

Clarifying the relationships between invertebrate and microbial dispersal in urban 

habitats will help to determine whether invertebrates facilitate connectivity for less 

mobile soil microorganisms within urban soil habitats and across urban soil patches. 

This is relevant for not only the movement of native soil invertebrates but also for 

invasive soil fauna, such as the Asian jumping worm (Amynthas and Metaphire spp.), 

which disperse rapidly through urban habitats (Hale 2008, Greiner et al. 2012, Qiu & 

Turner 2017) and are known to alter soil microbial communities (Chang et al. 2017). 

Additionally, invertebrates can transport seeds (Thompson et al. 1994, Eisenhauer et 

al. 2008) and plant pathogens (Friberg et al. 2005) in non-urban systems such as 

grasslands, agricultural and horticultural systems, the net effects of which has not been 

fully evaluated in urban ecosystems. While there is evidence that invertebrates can 

play important roles in seedling recruitment and plant diversity in urban ecosystems 

(e.g. Sperling & Lortie 2010), the effects of soil invertebrates in particular on the weed 

or pathogen dispersal need to be further investigated.  

 

The effects of invertebrate grazing on microbial biomass and function in urban soil 

microbiomes 

The size, or biomass, of the soil microbial community is a widely-used metric 

to assess the capacity of the microbiome to provision ecosystem services (Zak et al. 

2003, Jangid et al. 2008, Van der Heijden et al. 2008, Fierer et al. 2009, Rinkes et al. 

2013, Serna-Chavez et al. 2013, Wagg et al. 2013) and there is growing interest in 

using it as a soil health metric (Gonzalez-Quinones et al. 2011). While microbial 
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biomass is influenced by many abiotic factors, soil invertebrates also impact it by 

grazing directly on bacteria and fungi. Microbial grazing (a.k.a. microbivory) has been 

identified as one of the main pathways through which soil invertebrates can affect not 

only the microbial community but also the soil biogeochemical processes (Grandy et 

al. 2016); however, its importance under different field settings is unclear. Previous 

studies have demonstrated that microbivory can either increase or decrease microbial 

biomass and suggest that observed differences in the direction and magnitude of 

microbial responses to microbivory are linked to grazer identity and density (Crowther 

et al. 2012). This is not only true for free-living saprotrophic microbes, but also for 

root-symbiotic microbes such as mycorrhizal fungi (Klironomos & Kendrick 1996) 

which can be altered by the presence of invasive earthworms in urban soils leading to 

changes in organic matter in the rhizosphere and fine root growth (Baxter et al. 1999). 

Integrated studies exploring concurrent patterns of both microbial and invertebrate 

population dynamics would provide more insight into how microbial biomass may 

change with invertebrate community composition and density and could potentially 

elucidate an important pathway through which invertebrates mediate microbially-

driven ecosystem services through their effects on the urban soil microbiome. With 

growing interest in optimizing ecosystem services in managed ecosystems, including 

urban systems, it will become increasingly important to quantify the impacts of 

invertebrate microbivory on soil microbial biomass and processes.  

 

The roles of invertebrates in organic matter fragmentation and mixing in urban soils 

Many soil invertebrates are involved in the mixing and breakdown of plant 

residue inputs, which alters decomposition rates and microbial resource acquisition 

(Scheu & Wolters 1991). Past studies in urban soils have highlighted that 

decomposition processes are notably distinct from other ecosystems due to their 
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unique environmental factors, soil properties and decomposer communities (e.g. 

Pouyat et al. 1997, Pouyat & Carreiro 2003, Pavao-Zuckerman & Coleman 2005, 

Byrne et al. 2008, Vauramo & Setala 2010, Ossola et al. 2016). One key 

distinguishing feature important for decomposition processes in urban soils is their 

high variability in organic matter inputs. The dominant plant inputs within an urban 

soil habitat or area can range widely in quality (Lorenz & Lal 2009) from recalcitrant 

tree leaf litter to labile grass clippings and root exudates. Furthermore, many 

management practices aimed at enhancing plant health and productivity alter the 

amount of inputs as well as include additional synthetic inputs such as fertilizers and 

pesticides. Removal of plant residues such as tree leaf litter and grass clippings can 

reduce organic matter inputs to soils (Craul 1999, Byrne et al. 2008), whereas the 

additions of organic amendments, such as topsoil, mulches and compost, can stimulate 

microbial activity and increase rates of decomposition (Byrne et al. 2008). Soil 

invertebrates involved in the fragmentation and decay of plant residues have been 

found to exhibit strong but variable responses to litter type and chemistry (Vauramo & 

Setala 2010, 2011). Recent work on the addition of compost and earthworms to green 

roof substrates increased microbial activity (Jusselme et al. 2019), highlighting the 

interactions between inputs, invertebrates and microbial function in urban soils. The 

biogeochemical consequences of soil mixing and alterations to plant inputs in the form 

of tillage and organic soil amendments have been studied extensively in 

agroecosystems, and such practices can have major impacts on both microbial and 

invertebrate ecological function (Hedlund 2002, Adl et al. 2006, McLauchlan 2006, 

Wickings et al. 2011). Given the high variability in plant residue inputs across urban 

ecosystems, it is difficult to predict the relative importance of invertebrates in litter 

fragmentation and mixing across urban soils and its impact on soil microbial resource 

availability. To address this knowledge gap, future studies will need to explore 
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invertebrate-microbe interactions in the context of varying organic matter input 

scenarios, investigating differences in interaction strength across changes in both plant 

residue quality and quantity. 

 

Conclusions 

There are many unknowns surrounding the relative importance of invertebrates 

for predicting and managing soil microbial processes under different urban soil 

conditions. We propose that the three pathways of invertebrate function described here 

provide an outline for developing future studies on invertebrate-microbe interactions 

in urban soils. Given the growing interest in managing and enhancing soil 

microbiomes to promote ecosystem services such as soil fertility and carbon 

sequestration in urban soils, we need a comprehensive understanding of the biotic 

controls on belowground microbial processes. Elucidating the role of invertebrates in 

urban soil microbiome is one step towards this goal.  
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Table 2.1: Select factors affecting invertebrate community abundance or density 
within urban soils  

Factor Invertebrate Response  Reference 
site or soil age 

 

springtails negative Rochefort et al. 2006 

none Schrader & Boning 2006 

enchytraeids negative  Amosse et al. 2016 

earthworms 
 

positive Smetak et al. 2007 

none  Amosse et al. 2016 

negative Vergnes et al. 2017 

percent urbanized area isopods positive  Philpott et al. 2013 

organic matter  

 

earthworms  positive Byrne et al. 2008 

positive Smetak et al. 2007 

mites positive Joimel et al. 2016, 2017 

macrofauna positive Smith et al. 2006 

plant input chemistry 

(C:N) 

springtails negative Vauramo & Setala 2010 

positive  Vauramo & Setala 2011 

nematodes negative Vauramo & Setala 2010 

topsoil earthworms negative Verges et al. 2017 

soil macroaggregates enchytraeids positive Amosse et al. 2016 

soil bulk density earthworms negative Smetak et al. 2007 

soil pH macrofauna positive Smith et al. 2006 

soil temperature springtails negative Rumble & Gange 2013 

soil moisture springtails positive Rumble & Gange 2013 

plant cover springtails positive Joimel et al. 2016, 2017 

invasive plant species earthworms positive Heneghan et al. 2007 

irrigation and fertilization earthworms positive Smetak et al. 2007 

management intensity 

 

nematodes negative Grewal et al. 2011 

nematodes none Grewal et al. 2011 

lawn management 

intensity 

springtails negative  Byrne & Bruns 2004 

mites none Byrne & Bruns 2004 

pesticides microarthropods negative Gan & Wickings 2017  

springtails negative Peck 2009 

total trace metal 
contamination 

springtails negative Santorufo et al. 2012 

Pb concentration earthworms negative  Pouyat et al. 2015 

As, Cr, Ni, Pb and Zn 

concentrations 

isopods positive Pouyat et al. 2015 

Zn concentration earthworms negative Nahmani & Lavelle 

2002 
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Figure 2.1: Three proposed invertebrate pathways that alter microbial communities in 
urban soils; invertebrate either have positive (+) and/or negative (-) effects on the 
different microbial response metrics and interactions between the different 
invertebrate pathways and the microbial metric affect distinctive soil processes 
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CHAPTER 3 

SOIL MACROINVERTEBRATE PRESENCE ALTERS MICROBIAL 

COMMUNITY COMPOSITION AND ACTIVITY IN THE RHIZOSPHERE 1 

 

Abstract 

Despite decades of research, our understanding of the importance of 

invertebrates for soil biogeochemical processes remains incomplete. This is especially 

true when considering soil invertebrate effects mediated through their interactions 

with soil microbes. The aim of this study was to elucidate how soil macroinvertebrates 

affect soil microbial community composition and function within the root zone of a 

managed grass system. We conducted a 2-year field mesocosm study in which soil 

macroinvertebrate communities were manipulated through size-based exclusion and 

tracked changes in microbial community composition, diversity, biomass and activity 

to quantify macroinvertebrate-driven effects on microbial communities and their 

functions within the rhizosphere. The presence of soil macroinvertebrates created 

distinct microbial communities and altered both microbial biomass and function. Soil 

macroinvertebrates increased bacterial diversity and fungal biomass, as well as 

increased phenol oxidase and glucosidase activities, which are important in the 

degradation of organic matter. Macroinvertebrates also caused distinct shifts in the 

relative abundance of different bacterial phyla. Our findings indicate that within the 

rhizosphere, macroinvertebrates have a stimulatory effect on microbial communities 

and processes, possibly due to low-intensity microbial grazing or through the dispersal 

of microbial cells and spores by mobile invertebrates. Our results suggest that 

 
1 Bray, N., Kao-Kniffin, J., Frey, S., Fahey, T. and Wickings, K., 2019. Soil 

Macroinvertebrate Presence Alters Microbial Community Composition and Activity in 

the Rhizosphere. Frontiers in microbiology, 10. 
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macroinvertebrate activity can be an important control on microbially-mediated 

processes in the rhizosphere such as nitrogen mineralization and soil organic matter 

formation. 

 

Introduction 

Soil microbes are recognized as the main drivers of soil organic matter (SOM) 

formation and decomposition. However, soil invertebrates can also directly impact 

SOM processes, particularly through litter decomposition (Coleman, 2008). Soil 

macroinvertebrates, including earthworms, soil-dwelling insects, myriapods and 

isopods, are categorized by their larger size (>2 mm) and are known for their roles as 

ecosystem engineers where they modify soil habitat as well as resource distribution 

(Jones et al., 1996). This invertebrate group is functionally distinct from other soil 

biota such as mesofauna (0.1–2 mm) and microfauna (<0.1 mm) (Swift et al., 1979; 

Beare et al., 1995; Brussaard, 1997; Coleman et al., 2004; Bradford et al., 2007) and 

through the transport and breakdown of plant litter they are capable of accelerating the 

incorporation of plant residues into soil (Bradford et al., 2002; Wall et al., 2008; 

Garcia-Palacios et al., 2013). 

While the direct impact of soil macroinvertebrates on soil carbon cycling is 

notable, it has been proposed that the greatest contribution invertebrates make to soil 

processes is through their interactions with the soil microbial community (Grandy et 

al., 2016; Trap et al., 2016). Soil invertebrate-microbe interactions can take diverse 

direct and indirect forms. For instance, grazing, by macroinvertebrates, such as 

isopods and millipedes, can reduce fungal biomass (Crowther et al., 2011a), alter 

fungal community composition (Crowther et al., 2011b) and increase fungal 

extracellular enzymatic activity (Crowther et al., 2011c). Microbial grazing by 

macroinvertebrates has also been shown to increase bacterial biomass (Lussenhop, 
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1992; Dempsey et al., 2013). In addition to affecting microbial communities directly, 

macroinvertebrates also impact soil microbes indirectly by altering the composition 

and distribution of microbial resources. For instance, through litter fragmentation and 

translocation between litter and soil layers, earthworms and millipedes can alter 

microbial biomass (Maraun and Scheu, 1996; Chang et al., 2017) and community 

composition (Dempsey et al., 2011, 2013). Furthermore, macroinvertebrates can alter 

litter chemistry through ingestion and gut passage, changing resource availability and 

quality for microbes (Filley et al., 2008). These examples illustrate that 

macroinvertebrates can alter microbial communities through diverse channels and 

suggest that such alterations may have important consequences for key belowground 

SOM processes. 

There has been a long-standing interest in quantifying the effects of 

macroinvertebrates on soil microbial dynamics. To date, studies have focused 

primarily on microbial responses to single species of invertebrates, with the majority 

of studies focusing on earthworms, isopods or millipedes (Maraun and Scheu, 1996; 

Groffman et al., 2004; McLean et al., 2006; Crowther et al., 2011a,b,c, 2015; 

Dempsey et al., 2011). Studies attempting to link macroinvertebrate-driven changes in 

microbial community composition to shifts in microbial function have highlighted that 

macroinvertebrates induce strong changes in microbial biomass and can elicit 

contrasting responses in fungi and bacteria (Dempsey et al., 2013; Chang et al., 2017). 

However, under natural conditions, microbial communities are exposed 

simultaneously to diverse macroinvertebrate taxa, each with its own potential to 

impact microbial communities through distinct pathways. Thus, in order to fully 

understand the role of macroinvertebrates in shaping soil microbial dynamics in 

natural settings it will be important to quantify microbial responses to mixed 

macroinvertebrate communities, which are likely have multiple interactive effects on 
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microbes. 

Previous efforts to quantify the impact of soil invertebrates on soil microbial 

community composition and function have also focused almost exclusively on leaf 

litter and other surface-confined plant residues as the dominant microbial resource 

input (e.g., Bradford et al., 2002; Bardgett, 2005; Hättenschwiler et al., 2005), and 

much less is known about how invertebrates influence microbial interactions with 

root-derived organic matter. Root-derived carbon differs greatly from foliar litter in 

both quantity and chemistry (Gale et al., 2000; Jones et al., 2009; Bradford et al., 

2012) and it is acknowledged as a major resource for soil food webs (Albers et al., 

2006; Pollierer et al., 2007; Elfstrand et al., 2008). Recent studies have also 

demonstrated that root-derived inputs constitute the dominant source of SOM (Austin 

et al., 2017; Shi et al., 2018; Sokol et al., 2019). Given the growing awareness of the 

importance root-derived inputs for SOM formation, and the acknowledged role of soil 

microbes in driving SOM formation (Cotrufo et al., 2013; Wieder et al., 2014), it is 

equally important to quantify the effects of soil animals on rhizosphere microbial 

communities. 

The goal of this study was to better understand the impacts of 

macroinvertebrates on microbial community composition and function in the 

rhizosphere. We selected an urban grass ecosystem where rhizosphere inputs are 

important for soil biological communities (De Deyn et al., 2003; Ostle et al., 2007), 

where soil invertebrates are abundant and diverse (Rochefort et al., 2006; Pouyat et al., 

2010) and where SOM cycling and accrual are of particular interest for soil carbon 

management (Qian and Follett, 2012; Shi et al., 2012). In order to quantify the 

importance of soil macroinvertebrates as mediators of soil microbial function, we 

carried out an exclusion-based mesocosm study within the root zone of lawn-type 

grasses and tracked changes in microbial community composition and activity over 2 
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years. Because macroinvertebrates are known to graze intensively on fungal biomass, 

we hypothesized that their inclusion would (1) decrease fungal biomass but stimulate 

bacterial biomass; (2) decrease fungal diversity and increase bacterial diversity, and 

overall, stimulate the activity of extracellular enzymes and subsequently C and N 

mineralization rates. Finally, we anticipated that the above responses to 

macroinvertebrates would change over the course of the 2- year experiment. 

 

Materials and Methods 

Research site and experimental Design 

This experiment was conducted at the Bluegrass Lane Turf and Landscape 

Research Center (Ithaca, NY, United States) from 2015 to 2017 in an area dominated 

by turf-type tall fescue (Festuca arundinacea) and regularly mowed to a height of 

approximately 7.5 centimeters. Soils at the site are classified as Arkport fine sandy 

loam (mesic Lamellic Hapludalfs) with a pH of 6.5. Total annual precipitation at the 

site was 80.8 cm in 2016 and 108.1 cm in 2017 (Northeast Regional Climate Center, 

2016–2017). In the fall of 2015, soil mesocosms were installed in 16 replicate 1 m2 

plots for the purpose of manipulating soil faunal communities. Thirty-two mesocosms 

(10 cm height × 10 cm in diameter) were created using stainless steel mesh: 16 with 5 

mm openings to allow for colonization by both soil macroinvertebrates and 

mesoinvertebrates (“macro-mesh”) and 16 with 1 mm openings to restrict colonization 

by macroinvertebrates (“meso-mesh”). Both mesocosm types allowed for ingrowth of 

grass roots. All mesocosms were filled with defaunated soils that were collected as 

one intact core per mesocosm (10 cm depth × 10 cm in diameter) and each core was 

kept separate throughout the defaunation process. These soils were subsequently 

sieved (4 mm) then subjected to two heating and freezing cycles (24 h at +80°C, 24 h 

at -20°C) to eliminate soil fauna (adapted from Huhta et al., 1989; Bardgett et al., 
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1998). Soils were then adjusted to field moist conditions (based on gravimetric 

moisture content, recorded at the time of soil collection) and added to mesocosms at 

about field bulk density. The mesocosms then installed to 10 × 10 cm core holes and 

buried under an actively growing grass layer (2–3 cm thick) by replacing a live 

turfgrass plug directly above each newly installed mesocosm. The placement of the 

live turfgrass plug was done to ensure root growth directly into the mesocosms to 

mirror the extensive root growth in the grass system. Two mesocosms were placed in 

adjacent 1 m2 plot in November 2015 and all mesocosms were in a uniform 24 m2 

area. In November 2016, 1 year after burial, 16 mesocosms (8 macro-mesh and 8 

meso-mesh) were harvested and the remaining mesocosms were harvested in 

November 2017, 2 years after burial.  

Soils were carefully removed from the mesocosms in the lab and divided for 

soil fauna extractions, soil microbial community analyses and analysis of physical and 

chemical properties. Soils for microbial analysis were sieved (4 mm). Soils were 

subsampled for extracellular enzyme activity, microbial biomass through phospholipid 

fatty acids (PLFAs), bacterial and fungal community composition and diversity and 

stored at -20°C. Soils for analysis of physical and chemical properties were air-dried 

and stored at ambient temperature. Ingrown roots within each mesocosm from the turf 

layer directly above were carefully separated, dried and weighed. Soil samples were 

also collected directly adjacent to the mesocosms prior to each mesocosm harvest and 

handled and analyzed in the same way to assess mesocosm effects. 

 

Soil invertebrates 

All macroinvertebrates from harvested mesocosms were collected by hand, 

counted and identified to major taxonomic groups. A subsample (approximately 150 

g) of soil was placed onto modified Berlese funnels for heat extraction of soil 
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mesofauna. Extraction temperature began at 30°C and was increased by 10°C over a 3 

day period, to a final extraction temperature of 50°C. Soil invertebrates were identified 

to major taxonomic groups using Borror and Delong Key for Insects (Triplehorn and 

Johnson, 2005) for insects and collembola and following the taxonomy in the Key to 

Major Mite Taxa (Walter, 2005) for mites. Abundances are reported as number of 

individuals kg-1 dry soil. 

 

Microbial community composition and diversity 

DNA was isolated from a 250 mg soil subsample using the PowerSoil DNA 

Isolation Kit (Mo Bio Laboratories, Inc., Carlsbad, CA, United States). For 16S rRNA 

amplifications, 1 μl of each bacterial primer and 8 μl of 5 PRIME HotMaster Mix (5 

PRIME, Inc., Gaithersburg, MD, United States) were added to 1:10 diluted DNA 

solutions, yielding 20 μL reaction volumes. The universal bacterial primers 341F (5′-

195 CCTACGGGNGGCWGCAG-3′) and 805R (5′-

GACTACHVGGGTATCTAATCC-3′) (Herlemann et al., 2011) were used with 

overhangs included for index attachment. The PCR protocol for 16S rRNA gene 

amplifications was as follows: 94°C for 2 min; 25 cycles of 94°C for 20 s, 55°C for 20 

s and 72°C for 30 s; with a final elongation at 72°C for 5 min, using a Bio-Rad C1000 

Thermal Cycler (Bio-Rad, Hercules, CA, United States). For fungal internal 

transcriber spacer (ITS) amplifications, 0.5 μl of each primer, 8 μl of 5 prime 

HotMaster mix, and 1 μl DMSO were added to 1:10 diluted DNA solutions. For ITS 

amplifications, we used the primers ITS1F (5′-CTTGGTCATTTAGAGGAAGTAA-

3′) and 58A2R (5′-CTGCGTTCTTCATCGAT-3′) (Gardes and Bruns, 1993; Martin 

and Rygiewicz, 2005) with the required adaptors attached. The PCR settings for ITS 

were as follows: 94°C for 3 min; 35 cycles of 94°C for 20 s, 45°C for 30 s and 72°C 

for 45 s; with a final elongation at 72°C for 5 min, and were conducted on the Bio-Rad 
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C1000 Thermal Cycler. 

The amplicons were cleaned with MagBio HighPrep PCR beads (MagBio 

Genomics, Gaithersburg MD, United States) in clear 96-well plates. The cleaned 

amplicons received attachments of unique two-barcode index combinations through 

combination of the following into each well of a 96-well plate: 5 μL of sample, 2.5 μL 

of forward and reverse primers containing designated barcodes that target the attached 

overhangs, 2.5 μL of water, and 12.5 μL of Q5 High Fidelity 2X Master Mix (New 

England Biolabs, Inc., Ipswich, MA, United States). The PCR conditions for index 

attachment were set as: 98°C for 1 min; 8 cycles of 98°C for 15 s, 55°C for 30 s and 

72°C for 20 s; with a final elongation at 72°C for 3 min. The resulting barcoded 

amplicons were normalized by using the SequalPrep Normalization Kit (Thermo 

Fisher Scientific, Waltham, MA, United States). A 5 μL aliquot of each normalized 

sample was added into separate pools for 16S rRNA gene and ITS amplicons. The 

mixture was concentrated and run on 1.2% agarose gels, and bands of the expected 

size were excised and processed using the Promega Wizard SV Gel and PCR Clean-

Up System (Promega, Middleton, WI, United States) to a final concentration of 30 μL. 

Samples were sequenced on the Illumina MiSeq at the Cornell Genomics Facility 

(Ithaca, NY, United States), using a 500-cycle MiSeq Reagent Kit v.2 for the ITS 

pool, and a 600-cycle MiSeq Reagent Kit v.3 for the 16S rRNA gene pool. 

Initial sequence processing was based on the Brazilian Microbiome Project 

Pipeline (Pylro et al., 2014), with some modifications (see Howard et al., 2017). In 

mothur v.1.35.1 (Schloss et al., 2009), paired-end sequences were merged 

(make.contigs), primers trimmed (trim.seqs, pdiffs = 2, maxambig = 0), and singleton 

sequences removed (unique.seqs - > split.abund, cutoff = 1). In QIIME (Caporaso et 

al., 2010), clustering of 97% OTUs and chimera removal (RDP Gold and UNITE 

databases provided by http://www.brmicrobiome.org/) were performed using 
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VSEARCH v.2.82 (Rognes et al., 2016). In mothur, representative OTU sequences 

were classified (classify.seqs, cutoff = 80) using the GreenGenes v. 13.8 database for 

16S rRNA gene sequences and UNITE v.7 database for ITS sequences, and OTUs that 

were suspected to not be of fungal or bacterial origin were removed (remove.lineage). 

OTU tables were formatted by QIIME. The number of 16S rRNA gene sequences and 

ITS sequences were rarefied based off of the minimum available reads per soil sample 

to normalize inter-sample comparisons for downstream analyses in R. All raw 

sequencing files were submitted to the NCBI SRA database (SRA accession 

PRJNA508306). 

 

Fatty acid methyl ester analysis and microbial biomass 

Phospholipid-derived fatty acids (PLFAs) were extracted from 1 g of sieved, 

root-free, freeze-dried soil. We used a modified Bligh and Dyer (1959) extraction 

procedure (White et al., 1979; Guckert et al., 1985) where a single-phase solvent 

system (chloroform) was modified to include a phosphate buffer. This initially extracts 

lipids from only viable microorganisms captured at the time of sampling. Lipid 

extracts were then fractionated on silicic acid columns into neutral, glyco- and polar 

lipids. Polar lipids were collected and then methylated with 0.2 M methanolic KOH to 

form fatty acid methyl esters (FAMEs). Purified FAMEs were brought to volume with 

hexane before injection onto a Varian 3800 FID GC. FAME identification and 

quantification of each peak was based on retention time data with known standards 

from Matreya, LLC®. The polyenoic unsaturated fatty acids, 18:2ω6 and 18:1ω9c, 

were considered as fungal biomarkers (Bardgett et al., 1996; Bååth, 2003). Bacterial 

markers included saturated Gram-positive fatty acids (i15:0, a15:0, i16:0, i17:0, and 

a17:0), monoenoic and cyclopropane unsaturated Gram-negative fatty acids (18:1ω7c 

and cy19:0), and general bacterial markers (15:0, 16:1ω7c, and 16:1ω7t) and fungal 
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markers included non-arbuscular mycorrhizal fungi (18:2ω6,9 and 18:1ω9) and 

arbuscular mycorrhizal fungi (AMF)(16:1ω5) (Ekelund et al., 2003; Leckie et al., 

2004). 

 

Enzyme activities 

Potential soil microbial extracellular enzyme activity was assessed using 

protocols outlined by Saiya-Cork et al. (2002); Grandy et al. (2008), and Wickings and 

Grandy (2011). The activities of three hydrolytic enzymes, N-acetyl-β-D-

glucosaminidase (NAG), β-glucosidase (BG) and acid phosphatase (PHOS) and two 

oxidative enzymes, phenol oxidase (POX) and peroxidase (PER), were measured. Soil 

slurries were created from a 1 g soil subsample from each mesocosm and 120 mL 

sodium acetate buffer (pH 6.5). Hydrolytic enzyme activities were measured on black 

96 well plates receiving one of three different substrates and the fluorescent compound 

methylumbelliferone (MUB). Oxidative enzymes were measured using clear 96 well 

plates, receiving L-3,4-dihydroxyphenylalanine (L-DOPA) alone for phenol oxidase 

or L-DOPA plus hydrogen peroxide for peroxidase. Hydrolytic enzyme plates were 

incubated for 3–4 h and oxidative enzyme plates were incubated for 22–24 h. 

Hydrolytic enzyme plates were then run at 360 nm excitation and 460 nm emission 

wavelengths and oxidative enzyme plates at 450 nm absorbance wavelength using a 

microplate reader (Synergy, BioTek Instruments, Winooski, VT, United States). 

Potential enzyme activity for each substrate was calculated as nmol of substrate h-1 g-

1 dry soil. 

 

Carbon and nitrogen mineralization 

Soils from mesocosms collected in the second year (2 years of burial) were 

used for estimating potential carbon mineralization. Soils were air-dried the day of 
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collection and remoistened 5 days later to 60% water holding capacity. Soil CO2 flux 

was measured using 30 g of soil in 90 mL serum vials. The serum vials were capped 

and two headspace measurements were taken, one immediately after capping and one 

after a pre-determined time to assess accumulation of CO2. The incubation time 

between the initial and second gas measurement was increased progressively from 2 to 

24 h over 30 days. Measurements were taken daily for 15 days then at 2–3 day 

intervals from days 15 to 30. CO2 concentrations were determined using a LiCor 820 

infrared gas analyzer (LiCor, Lincoln, NE, United States). CO2 flux was calculated 

using the increase in CO2 from the initial to the second measurement and by 

converting ppm CO2 to μg C-CO2 g-1 soil day-1. Cumulative CO2 over the 30-day 

incubation period was calculated by consecutively adding the daily flux 

measurements. 

Soil samples collected at the start and at the end of the 30-day incubation 

period for C mineralization (above) were extracted with 0.05 M K2SO4 to quantify 

nitrogen mineralization and net nitrification. Ammonium and nitrate were measured 

using colorimetric assays in clear 96-well plates, modified from Doane and Horwath 

(2003) and Sinsabaugh (2010). To obtain potential nitrogen mineralization and 

nitrification values, the start of incubation values were subtracted from the end of 

incubation values. Accumulation of ammonium, nitrate and net nitrogen 

mineralization (ammonium + nitrate) results were reported in μg g-1 dry soil day-1. 

 

Statistical analyses 

The overall experimental design was a randomized complete block design with 

16 replicate plots and in the end 29 total mesocosms divided across two collection 

dates. Linear mixed effect models were used to analyze soil invertebrates 

(macroinvertebrates and mesofauna), microbial biomass through PLFAs and 
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extracellular enzyme activities within the mesocosms. Mesocosm mesh size was 

treated as the fixed effect and plot and mesocosm were treated as random effects. 

Measurements after 1 year of burial and 2 years of burial were analyzed separately for 

these measurements. Root biomass was analyzed separately with a linear mixed effect 

model with mesocosm mesh size and number of years of burial as fixed effects and 

plot and mesocosm as random effects. Data normality was determined graphically 

through histograms and Q–Q plots for residuals. To identify significant mesh size 

effects, analysis of variance (ANOVA) was used with Satterthwaite’s method to 

calculate degrees of freedom. 

The effects of mesocosm mesh size and burial time on soil bacterial and fungal 

communities were analyzed via permutational multivariate analysis of variance 

(PERMANOVA). Bray–Curtis dissimilarities between samples were calculated and 

non-metric multidimensional scaling (NMDS) was used to visualize differences in the 

composition of the microbial communities. Invertebrate effects (densities of 

macroinvertebrates and mesofauna) on the microbial community were visualized using 

vectors plotting correlations to the ordination. Significance values for the vectors were 

generated with 999 permutations. The differences in Shannon diversity and relative 

abundance of each phylum were assessed using linear mixed effect models, where 

mesocosm mesh size was treated as a fixed effect and plot and mesocosm were treated 

as random effects. The 2 years of the study were analyzed separately for Shannon 

diversity and relative abundance of each phylum. 

For carbon mineralization, the cumulative and daily measurements were 

analyzed using repeated measures ANOVA, with mesocosm mesh size and 

measurement date as between-subject effects and individual mesocosms as within-

subject effects. Nitrogen mineralization values were also analyzed using a linear 

mixed effect model with mesocosm mesh size as a fixed effect and plot and mesocosm 
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as random effects. 

Data on soils collected from outside the mesocosms were also analyzed using 

linear mixed effects models with a fixed effect that included the two mesh sizes and 

outside as treatments and plot and mesocosm as random effects. This analysis was 

done in order to distinguish mesocosm effects on soil biota and biological traits with 

differences for undisturbed soils. 

All statistical analyses were performed in R (R Core Team, 2018). The lme4 

and lmerTest packages were used for the linear mixed effects models. The phyloseq 

package was used to aggregate OTU tables. The vegan package was used microbial 

community analyses (PERMANOVA, Bray–Curtis distances, NDMS, and Shannon 

diversity). All P-values less than 0.05 were considered significant. 

 

Results 

Soil fauna within and outside mesocosms 

Soil macroinvertebrates included earthworms (Lumbricidae), centipedes 

(Chilopoda), millipedes (Diplopoda), and beetle larvae (Elateridae and Scarabaeidae) 

(Table 3.1). Immature lumbricid earthworms were the dominant macroinvertebrate 

group. Macroinvertebrate densities were significantly different between treatments as 

macroinvertebrates were absent from the meso-mesh for both years of the study (1 

year: F1,14 = 48.8, P < 0.000001, 2 years: F1,10 = 8.75, P < 0.02; Table 3.1), confirming 

that the small mesh size excluded macroinvertebrates. Soil mesofauna were comprised 

mainly of collembola and mites, with no significant differences in mesofaunal 

densities between treatments in either year (1 year: F1,10 = 1.78, P = 0.21, 2 years: F1,10 

= 0.894, P = 0.37; Table 3.1), confirming that colonization of the mesocosm soils by 

mesofauna communities was not impacted by mesh size. 

Macroinvertebrate densities inside the mesocosms were significantly lower 
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than outside the mesocosms (1 year: F2,25 = 18.7, P < 0.0001, 2 years: F2,22 = 21.9, P < 

0.00001; Appendix Table 1.1) where outside mesocosms had 56–62% more 

macroinvertebrates compared to inside the mesocosms. Similarly, mesofauna densities 

inside the mesocosms were significantly lower than densities outside the mesocosms 

(1 year: F2,20 = 28.5, P < 0.00001, 2 years: F2,17 = 21.9, P < 0.001; Appendix Table 

1.1), where outside mesocosm soils had 83–84% more mesofauna. More specifically, 

for both years of the study, oribatid mites were the least successful colonizers of the 

mesocosms relative to densities assessed outside the mesocosms (88–90% decrease in 

oribatid mites inside compared to outside mesocosm) but were the most abundant 

animal group collected within the mesocosms (Table 3.1). 

 

Root biomass within mesocosms 

After 1 year of burial, average total root biomass within the mesocosms was 

0.81 ± 0.36 or 1027 ± 329 g cubic meter soil-1 for macro-mesh and 0.41 ± 0.11 or 522 

± 136 g cubic meter soil-1 for meso-mesh mesocosms. After 2 years of burial, average 

total root biomass within the mesocosms was 0.62 ± 0.17 or 787 ± 219 g cubic meter 

soil-1 for macro-mesh and 0.40 ± 0.050 or 511 ± 63.5 g cubic meter soil-1 for meso-

mesh mesocosms, respectively. Root biomass within the mesocosms was not 

significantly different between treatments (F1,24 = 1.85, P = 0.19) or between years 

(F1,24 = 0.891, P = 0.35) and the treatment-year interaction was also not significant 

(F1,24 = 0.526, P = 0.48; Table 3.2). The turfgrass roots growing into the mesocosms 

extended to the full depth or almost full depth of the mesocosms (10 cm). 

 

Microbial community composition and diversity 

Both bacterial and fungal communities (bacterial 16S rRNA gene and fungal 

ITS) within mesocosms differed significantly between treatments (P < 0.01; Figures 
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3.1, 3.2). Though the differences in the communities were not significant between 

years (16S: P = 0.63, ITS: P = 0.81), the treatment by time interaction was significant 

for the bacterial community (16S: P < 0.05, ITS: P = 0.11). NMDS ordination also 

revealed relationships between soil invertebrates and microbial community structure. 

For the bacterial community ordination, the stress value was 0.0724 and the non-

metric fit R2 was 0.995. For the fungal community ordination, the stress value was 

0.134 and the non-metric R2 0.982. Invertebrate community correlations to the 

bacterial community ordination were significant for total macroinvertebrate density, 

earthworm density, total mesofauna density and oribatid mite densities (P < 0.05, 

Figure 3.1). Invertebrate community correlations to the fungal community ordination 

were significant for total macroinvertebrate densities and earthworm densities (P < 

0.01, Figure 3.2). 

Shannon diversity of the bacterial community was significantly higher when 

macroinvertebrates were present after 1 year of burial (F1,5 = 39.7, P < 0.01; Table 3.2) 

but this difference was not significant after 2 years of burial (F1,10 = 1.21, P = 0.30, 

Table 3.2). Diversity of the fungal community was not significantly altered by 

treatment in either year (1 year: F1,12 = 3.13, P = 0.10; 2 years: F1,10 = 0.596, P = 0.46; 

Table 3.2). Microbial community composition measurements from outside the 

mesocosms are included in the supplement (Appendix Figures 1.1, 2.1 and Appendix 

Table 1.2). 

The most abundant bacterial phyla identified were Acidobacteria, 

Actinobacteria, Bacteroidetes, Firmicutes, Planctomycetes, Proteobacteria, and 

Verrucomicrobia. Relative abundance of Actinobacteria (macro: 15.9 ± 1.6, meso: 

23.3 ± 1.6) and Firmicutes (macro: 1.0 ± 0.1, meso: 3.7 ± 0.3) was significantly lower 

with macroinvertebrates after 1 year of burial (F1,13 = 10.4, P < 0.01; F1,13 = 70.0, P < 

0.00001; Appendix Table 1.2), whereas the relative abundance of Bacteroidetes 
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(macro: 12.7 ± 1.7, meso: 6.4 ± 0.4) and Verruomicrobia (macro: 8.7 ± 0.4, meso: 6.7 

± 0.4) was significantly higher (F1,13 = 19.5, P < 0.001; F1,13 = 11.9, P < 0.01; 

Appendix Table 1.2). After 2 years of burial, the pattern for the relative abundance of 

Actinobacteria (macro: 9.0 ± 0.9, meso: 13.0 ± 1.2) and Firmicutes (macro: 1.4 ± 0.3, 

meso: 3.5 ± 0.5) (F1,10 = 12.9, P < 0.01; F1,10 = 19.8, P < 0.01; Appendix Table 1.2) 

remained the same and was also evident in Planctomycetes (macro: 6.6 ± 0.2, meso: 

4.4 ± 0.4) (F1,10 = 21.4, P < 0.001; Appendix Table 1.2). 

The most abundant fungal phyla were Ascomycota, Basidiomycota, and 

Zygomycota. There were no significant differences in relative abundance after 1 year 

of burial; however, the relative abundance of Zygomycota (macro: 17.3 ± 1.5, meso: 

32.3 ± 3.5) was significantly lower with macroinvertebrates after 2 years of burial 

(F1,10 = 13.3, P < 0.01; Appendix Table 1.2). 

 

Microbial biomass (PLFAs) 

Total bacterial biomass based upon PLFAs was not significantly different 

between treatments for either year (1 year: F1,6 = 5.44, P = 0.56; 2 years: F1,7 = 1.09, P 

= 0.33; Figure 3.3), although there was a trend toward higher bacterial biomass in year 

1 with macroinvertebrates present (Figure 3.3). Total non-AMF fungal biomass from 

PLFAs was significantly higher when macroinvertebrates were present for year 1 

(+68%) (F1,6 = 8.671, P < 0.05; Figure 3.3) but not for year 2 (F1,7 = 0.34, P = 0.58). 

The opposite pattern was observed in AMF biomass, which was significantly higher in 

mesocosms with macroinvertebrates after 2 years (+48%) (F1,8 = 5.61,1, P < 0.05; 

Figure 3.3). Total bacterial and non-AMF fungal biomass from PLFAs was 

significantly higher when macroinvertebrates were present for year 1 (+82%) (F1,6 = 

6.35, P < 0.05; Figure 3.3) but not for year 2 (F1,8 = 0.81, P = 0.40). 

Macroinvertebrates did not significantly affect the fungal to bacterial ratio in either 
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year (1 year: F1,7 = 0.0053, P = 0.94; year 2: F1,8 = 51.64, P = 0.24). Complete lipid 

marker profiles are summarized in Table 3.3. 

 

Enzymes 

The presence of macroinvertebrates increased the activity of phenol oxidase 

(POX) by 37.5% (F1,13 = 5.38, P < 0.05; Figure 3.4) after 1 year of burial and β-

glucosidase (BG) by 35.3% (F1,12 = 6.82, P < 0.05; Figure 3.5) after 2 years. Other 

measured enzymes, NAG, PHOS, and PER showed no differences across treatments in 

either year of the study (averages for each year reported in Appendix Table 1.1). 

 

Carbon and nitrogen mineralization 

Cumulative carbon mineralization potential measured after 2 years differed 

between the two treatments (F1,19 = 10.9, P < 0.01; Figure 3.6 and Appendix Table 1.3) 

and was significantly higher when macroinvertebrates were included (+19%). Net 

ammonium and net nitrate were both affected by mesocosm treatment: net ammonium 

accumulation was lower (-150%) (F1,7 = 24.4, P < 0.01; Figure 3.7 and Appendix 

Table 1.3) and net nitrification was higher (+30%) (F1,11 = 25.1, P < 0.01; Figure 3.7 

and Appendix Table 1.3) when macroinvertebrates were included. However, potential 

net nitrogen mineralization (ammonium plus nitrate) was not significantly between the 

two fauna treatments 2 years after burial (F1,6 = 0.181, P = 0.7). 
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Table 3.1: Fauna densities (number individuals kg-1 dry soil, average +/- standard 
error) for mesocosms with macroinvertebrates (macro) and mesocosms excluding 
macroinvertebrates (meso) and associated ANOVA results. Letters denote significant 
differences between treatments within each year.  

 1 year 2 years 

Macro Meso Macro Meso 

Lumbricidae 1.1 (0.3) 0 1.0 (0.5) 0 

Diplopoda 0.3 (0.2) 0 0.2 (0.2) 0 

Chilopoda 0.1 (0.1) 0 0 0 

Elateridae 0.3 (0.2) 0 0 0 

Scarabaeidae 0.1 (0.1) 0 1.1 (0.5) 0 

Total 
macroinvertebrates 

1.9 (0.3) a 0 b 2.3 (0.9) A 0 B 

 n = 8 n = 8 n = 6 n = 7 

ANOVA F1,14=48.8, p<0.000001 F1,10=8.8, p<0.05 

Collembola 9.6 (2.1) 11.1 (1.9) 13.9 (4.5) 10.8 (2.8) 

Oribatida 49.2 (54) 65.0 (14.2) 27.8 (11.4) 18.3 (5.4) 

Mesostigmata 12.8 (2.7) 13.0 (1.6) 11.4 (5.5) 11.9 (2.8) 

Total  
mesofauna 

71.6 (8.3) 89.1 (11.9) 53.2 (17.1) 41.0 (6.9) 

 n = 7 n = 5 n = 6 n = 7 

ANOVA F1,10=1.8, p=0.2 F1,10=0.9, p=0.4 
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Table 3.2: Shannon diversity index (average +/- standard error) for bacterial diversity 
and fungal diversity for mesocosms with macroinvertebrates (macro) and mesocosms 
excluding macroinvertebrates (meso). Letters denote significant differences between 
treatments within each year. 

 1 year 2 years 

Macro Meso Macro Meso 

16S 5.99 (0.05) a 5.61 (0.06) b 6.14 (0.04) 6.07 (0.06) 

ITS 3.43 (0.14) 2.94 (0.23) 3.61 (0.15) 3.48 (0.08) 

 
  



 

43 

Table 3.3: PLFA lipid biomarkers (nmol g-1 soil, average +/- standard error) for 
bacteria, fungi and AM fungi across both years for mesocosms with 
macroinvertebrates (macro) and mesocosms excluding macroinvertebrates (meso). 

 1 year 2 years 

Macro Meso Macro Meso 

Bacterial markers  

i15:0 7.30 (2.81) 1.41 (1.40) 3.77 (0.71) 5.28 (3.35) 

a15:0 4.66 (1.74) 0.89 (0.9) 1.33 (0.66) 2.53 (1.95) 

15:0 0.20 (0.09) 0.16 (0.16) 0.01 (0.09) 0.09 

i16:0 2.46 (1.12) 0 0 1.00 (1.03) 

16:1w7c 2.36 (1.06) 0 0.33 (0.31) 1.51 (0.91) 

i17:0 1.73 (0.79) 0 0 0.993 

a17:0 1.01 (0.46) 0 0 0.490 

18:1w7c 0.02 (0.01) 0 0 8 x 10-3 (8 x 10-4) 

cy19:0 0.69 (0.07) 0.32 (0.04) 0.62 (0.11) 0.57 (0.02) 

Fungal markers 

18:2w6,9 2.24 (0.22) 1.26 (0.25) 2.32 (0.31) 1.82 (0.02) 

18:1w9 3.76 (0.81) 0.67 (0.67) 1.87 (0.87) 3.37 (1.02) 

AMF marker 

16:1w5 13.94 (1.94) 12.00 (2.09) 13.80 (0.70) 7.17 (3.37) 
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Figure 3.1: NMDS of bacterial community from 16SrRNA (Bray-Curtis 
dissimilarities).  Macroinvertebrate manipulations resulted in significant shifts in 
bacterial taxa (PERMANOVA, P < 0.01). Vectors indicate significant correlations (P 
< 0.05) between invertebrate densities and microbial community ordination scores for 
ordination axis two. Vectors include total macroinvertebrate density 
(macroinvertebrates), earthworm (earthworms), total mesofauna density 
(mesoinvertebrates) and oribatid mite density (oribatid mites). Non-significant vectors 
are not shown. Black symbols denote microbial communities from soils permitting 
macroinvertebrates. Gray symbols denote microbial communities from soils excluding 
macroinvertebrates. Squares indicate communities from year one and circles from year 
two.  
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Figure 3.2: NMDS of fungal community from ITS (Bray-Curtis dissimilarities).  
Macroinvertebrate manipulations resulted in significant shifts in fungal taxa 
(PERMANOVA, P < 0.01). Vectors indicate significant correlations (P < 0.01) 
between invertebrate densities and microbial community ordination scores for 
ordination axis two. Vectors include total macroinvertebrate density 
(macroinvertebrates) and earthworm density (earthworms). Non-significant vectors are 
not shown. Black symbols denote microbial communities from soils permitting 
macroinvertebrates. Gray symbols denote microbial communities from soils excluding 
macroinvertebrates. Squares indicate communities from year one and circles from year 
two. 
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Figure 3.3: Microbial biomass based on PLFAs (nmol g-1 soil, average +/- standard 
error) in years one (y1) and two (y2) for total bacteria, total non-AMF fungi (fungi) 
and AMF. Mesocosms with macroinvertebrates (macro) are represented in dark gray 
and mesocosms excluding macroinvertebrates (meso) are in light gray. Asterisks 
denote significant differences between mesocosm treatments within years (p<0.05). 
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Figure 3.4: Potential extracellular phenol oxidase (POX) activity (nmol g-1 soil, 
average +/- standard error) in years one and two. Mesocosms with macroinvertebrates 
(macro) are represented in dark gray and mesocosms excluding macroinvertebrates 
(meso) are in light gray. Asterisks denote significant differences between mesocosm 
treatments within years (p<0.05). 
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Figure 3.5: Potential extracellular β-glucosidase (BG) activity (nmol g-1 soil, average 
+/- standard error) in years one and two. Mesocosms with macroinvertebrates (macro) 
are represented in dark gray and mesocosms excluding macroinvertebrates (meso) are 
in light gray. Asterisks denote significant differences between mesocosm treatments 
within years (p<0.05). 
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Figure 3.6: Cumulative CO2 (μg carbon g-1 soil) over a 30 day incubation from 
mesocosm soils recovered following two years of burial. Mesocosms with 
macroinvertebrates (macro) are represented with a solid line and mesocosms 
excluding macroinvertebrates (meso) are represented with a dashed line. Asterisks 
denote significant differences between mesocosm treatments (p<0.05). 
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Figure 3.7: Ammonium and nitrate mineralization (μg g-1 soil, average +/- standard 
error) following 30 days of incubation of mesocosm soils collected after two years of 
burial. Mesocosms with macroinvertebrates (macro) are represented in dark gray and 
mesocosms excluding macroinvertebrates (meso) are in light gray. Asterisks denote 
significant differences between mesocosm treatments (p<0.05). 
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Discussion 

Our findings indicate that macroinvertebrates can significantly affect microbial 

community composition and that they stimulate microbial biomass and activity within 

the rhizosphere. Soil macroinvertebrates increased bacterial diversity and stimulated 

microbial biomass, phenol oxidase and glucosidase activities along with potential 

carbon mineralization and nitrification. However, contrary to our hypothesis, 

macroinvertebrates did not cause a decrease in the fungal to bacterial ratio. Instead, 

fungal biomass increased significantly at least after the first year of the study in the 

presence of macroinvertebrates. Moreover, many of the observed treatment responses 

that were significant after the first year were not observed after 2 years. 

Some of the differences in treatment responses between the first and second 

year are likely a result of changing physical and chemical conditions within the 

mesocosms. The sieving and defaunation process used to eliminate soil animals prior 

to the study likely resulted in a pulse of labile organic matter as pre-existing 

macroaggregates were disturbed or destroyed (Six et al., 2000; Denef et al., 2001); 

however, such an effect on organic matter availability to decomposers should be 

relatively short-lived and probably minimal after a full year of incubation. The 

introduction of new grass roots and colonization by soil invertebrates and microbial 

communities would be expected to result in transient changes in biotic communities 

and activity during the first growing season and may explain some of the treatments 

effects observed in year 1. Additionally, soil invertebrate densities within the 

mesocosms were lower compared to outside the mesocosms. The length of the 

experiment (2 years) highlights how slowly invertebrates recolonize soils. This is 

supported by previous work showing both slow recovery of soil by invertebrates 

following disturbance (Adl et al., 2006) along with taxon- and system-dependent 

differences in soil animal colonization (Cole et al., 2006). Our findings provide insight 
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into the role of soil animals in shaping microbial processes as both microbes and 

invertebrates colonize new habitats or existing soil following disturbances. We suggest 

that these initial responses to the presence of macroinvertebrates represent a 

reorganization phase of soil ecosystem development, and were perhaps more apparent 

during the first year of the study due to the initial colonization of the soil by roots and 

invertebrates and reestablishment of microbial communities. 

Our mesocosm soils were primarily populated by a mixture of earthworms, 

herbivorous beetle larvae and predatory and detritivorous myriapods. Previous studies 

have shown that macroinvertebrates elicit mixed microbial responses that can vary 

even at the species level. For example, earthworms were found to increase microbial 

biomass, whereas millipedes decreased biomass and their co-occurrence led to an 

increase in biomass (Seeber et al., 2006). Additionally, different species of native and 

invasive earthworms had dissimilar effects on microbial biomass (Zhang et al., 2000; 

Scheu et al., 2002; Chang et al., 2017). The abundance of earthworms in our macro-

mesh mesocosms was moderately high (approximately 180 individuals per m2 on 

average across both years) compared to other grasslands (e.g., Gastine et al., 2003; Xu 

et al., 2013) and nearby forested areas (e.g., Dempsey et al., 2011), although lower 

(56–62%) compared to undisturbed soils adjacent to the mesocosms. The variability in 

microbial response observed among studies is likely due to differences in behavior and 

ecological function such as SOM mixing, microbial grazing intensity and patterns of 

fecal/waste deposition among different macroinvertebrate species (Ineson and 

Anderson, 1985; Hassall et al., 1987; Devliegher and Verstraete, 1995, 1997; Brown et 

al., 2000). Thus, the impact of macroinvertebrates on microbial biomass likely 

depends upon macroinvertebrate abundance and community composition. Our 

findings indicate that despite large differences in ecological function and potential 

interactions types among the macroinvertebrates occurring under natural conditions 
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within our mesocosms their presence had an overall stimulatory effect on microbial 

biomass. 

The observed increase in microbial biomass was driven primarily by an 

increase in fungal biomass, specifically non-AMF fungi in year 1 and AMF in year 2. 

This finding was surprising given that many previous studies have shown that 

macroinvertebrates decrease fungal biomass (Crowther et al., 2011a; Dempsey et al., 

2011 but see Dempsey et al., 2013). Fungi are an important food source for 

earthworms and other macroinvertebrates (Bonkowski et al., 2000; Brown et al., 2004; 

Pollierer et al., 2007) and therefore it is logical that macroinvertebrate activity would 

result in a decline in fungal biomass. However, effects on fungal biomass have been 

shown to vary with grazer identity and grazing intensity. For example, Crowther and 

A’Bear (2012) concluded that high intensity grazing by larger invertebrates decreases 

microbial biomass, whereas low intensity grazing by smaller mesoinvertebrates and 

other mesofauna can increase microbial biomass. Increases in biomass due to 

invertebrate grazing have also been attributed to compensatory growth (Lussenhop, 

1992). The density of macroinvertebrates in our mesocosms was lower compared to 

the typical densities observed outside of our mesocosms, suggesting that grazing 

intensity by macroinvertebrates in our soils may have been relatively low, resulting in 

stimulation rather than suppression of fungal biomass. The presence of earthworms 

has also been shown to increase AMF colonization rates (Zarea et al., 2009). Our 

observed increased in AMF in year 2 in the presence of macroinvertebrates supports 

this finding; however, we were unable to confirm whether the increase in AMF in soil 

was associated with an increase in AMF root colonization. 

Under natural conditions, grazing is only one of the many macroinvertebrate 

activities that fungi are exposed to. For instance, bioengineering and litter-soil mixing 

by macroinvertebrates can improve soil habitat and resource distribution for microbes 
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(Lavelle and Spain, 2001; Coleman et al., 2004). Similarly, many macroinvertebrates 

are capable of fungal spore dispersal through gut passage and fecal deposition, or by 

the passive transport of fungal spores on their exoskeletons or cuticles (McIlveen and 

Cole, 1976; Rabatin and Stinner, 1985; Gange, 1993; Moody et al., 1996; Lilleskov 

and Bruns, 2005). Our results suggest that fungal grazing either had a stimulatory or 

minor impact on fungal biomass and that its effects on the microbial community were 

likely tempered or outweighed by other factors such as improved resource distribution 

or fungal spore dispersal. Furthermore, the increase in non-AMF fungal biomass was 

only observed in year 1 and may be due to the introduction of fungi to the mesocosms 

by macroinvertebrates during the initial colonization phase after 1 year of burial. The 

disappearance of this effect in year 2 was driven not by a decrease in fungal biomass 

in the presence of macroinvertebrates, but instead by an increase in their absence. This 

supports evidence that soil animals do in fact play an important role in fungal spore 

dispersal (McIlveen and Cole, 1976; Rabatin and Stinner, 1985; Gange, 1993; Moody 

et al., 1996; Lilleskov and Bruns, 2005) but our results further indicate that fauna 

across all size classes are capable of contributing to this process over different 

timescales. Thus the rate of fungal colonization of new resource inputs to soil may 

depend upon soil animal community composition. 

One of the most striking findings of our study was the strong disconnect 

between microbial biomass and community composition responses to 

macroinvertebrates. For instance, the increase in fungal biomass observed in year 1 

was not accompanied by a change in the relative abundance of any individual fungal 

phyla, indicating that the initial fungal response to macroinvertebrates was 

community-wide. However, it is also possible that the fungal taxa responsible for the 

observed shifts in fungal biomass were not captured by the primers used for ITS 

sequencing as some fungal taxa are excluded (e.g., Glomeromycota, Schoch et al., 



 

55 

2012). In contrast, we found that macroinvertebrates caused an increase in bacterial 

diversity and shifts in the relative abundance of the phyla Bacteriodetes, 

Verrucomicrobia, Actinobacteria, and Firmicutes. Similarly, macroinvertebrates 

caused a relative decrease in the fungal phylum Zygomycota in year 2. Neither of 

these taxon-level shifts in bacteria or fungi was associated with notable changes in 

total bacterial or fungal biomass. One mechanism that may explain this response is the 

modification of microbial communities upon gut passage and fecal material 

deposition, which has been shown to alter bacterial community composition 

(Nechitaylo et al., 2010). For instance, Bacteroidetes is recognized as an important 

phylum in the digestive tracts of invertebrates (Van Borm et al., 2002; Egert et al., 

2003; Schmitt-Wagner et al., 2003; Nechitaylo et al., 2010) and has been shown to 

increase in soils in response to earthworm additions (Bernard et al., 2012). 

Fungus-grazing invertebrates may also be capable of altering fungal 

community composition through selective grazing on distinct fungal taxa (Klironomos 

and Kendrick, 1996; Maraun et al., 2003), which may explain the decline in only 

Zygomycota in year 2 of the study. However, the community-wide increase in total 

fungal biomass observed in year 1 may reflect the finding that macroinvertebrates 

show lower selectivity than microinvertebrates, such as nematodes and protozoans, 

when grazing on fungi (Maraun et al., 2003). Despite these and other studies 

investigating species-level interactions between microbes and soil invertebrates, most 

studies on microbial responses to soil animals under field conditions have employed 

coarse levels of microbial taxonomic resolution. Our study is one of only a handful 

studies to use next generation sequencing to investigate the impacts of 

macroinvertebrates on soil microbial communities and demonstrates that microbial 

responses can emerge at different taxonomic levels (Crowther et al., 2015): some 

effects (e.g. dispersal of fungal spores) manifest uniformly across taxa, while others 
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(e.g., intensive fungivory) may occur at finer taxonomic levels and can only be 

captured using sequencing and other molecular approaches. 

Changes in microbial biomass and community composition are commonly 

associated with distinct shifts in microbial activity (Maraun and Scheu, 1996; 

Groffman et al., 2004; Hedde et al., 2007) and our findings indicate that macrofauna 

modify both taxonomic and functional aspects of soil microbial communities within 

the rhizosphere. Specifically, macrofauna stimulated phenol oxidase activity in year 1 

and glucosidase activity in year 2. Beta glucosidase is important for the breakdown of 

labile carbon compounds and is often used as a general indicator for SOM cycling 

(Stott et al., 2010), while phenol oxidase plays a role in lignin degradation and is 

responsive to shifts in plant and microbial communities (Sinsabaugh, 2010). This 

finding is supported by previous work showing that invertebrates often stimulate 

microbial C and N cycling activities (Ineson and Anderson, 1985; Hassall et al., 1987; 

Wickings and Grandy, 2011). The increase in phenol oxidase activity in year 1 may 

have been driven by the community-wide increase in fungal biomass, as fungi are 

known to produce lignin-degrading enzymes (Fioretto et al., 2000; Romani et al., 

2006; Harner et al., 2009; Sinsabaugh, 2010). Phenol oxidase activity may have also 

been stimulated by the consumption and gut passage of fine roots by 

macroinvertebrates during the first year of the study (Fisk et al., 2004). The functional 

consequences of phylum-level changes in the microbial community are more difficult 

to interpret. However, there is some evidence that suggests that Bacteroidetes, 

classified as copiotrophic (Fierer et al., 2007), are associated with increased carbon 

availability and carbon mineralization rates. This explanation aligns with the 

stimulation of glucosidase activity and carbon mineralization observed in year 2 of the 

study. The sieving and defaunation process used to establish our treatments likely 

created a pulse of labile organic matter within our mesocosm soils. We would expect 



 

57 

this to elicit stimulatory responses in hydrolytic microbial enzyme activities (Fontaine 

et al., 2003) in the first year of the experiment, yet we observed an increase in phenol 

oxidase activity only. The pulse of labile organic matter was likely not captured in 

sampling 1 year after burial of the mesocosms and potentially could have been 

measured if samples had been taken immediately after the installation of the 

mesocosms and in the weeks and months following. Macroinvertebrate activity also 

caused notable responses in nitrogen cycling by microbes: increased immobilization of 

ammonium and stimulation of net nitrification, which ultimately led to no net effect on 

net nitrogen mineralization. Higher nitrification could reflect an increased abundance 

of nitrifier species and nitrification rates in casts and burrows of lumbricid 

earthworms, as has been observed in agricultural soils by Parkin and Berry (1994, 

1999), however, our sampling approach prevented us from distinguishing species-level 

responses in the microbial communities. 

 

Conclusions 

Our findings highlight the potentially important role of macroinvertebrate 

communities in shaping the composition and activity soil microbial communities 

within the rhizosphere. Despite evidence in previous studies for both positive and 

negative effects of macrofauna on microbial biomass and activity, our findings suggest 

that under natural conditions, with diverse invertebrate communities, 

macroinvertebrates stimulate microbial biomass and processes. Such stimulatory 

responses may stem from diverse animal-microbe interaction types such as low-

intensity grazing, microbial dispersal and changes in microbial resource quality or 

availability. We also observed macroinvertebrate-driven shifts in microbial 

community composition that extend out to impact carbon and nutrient cycling. We 

remain cautious in interpreting our findings beyond the 2-year scope of our study and 
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acknowledge that the treatment effects observed likely reflect a community 

establishment and colonization phase for both microbes and invertebrates. Longer-

term experiments will be required to fully capture the role of mixed macroinvertebrate 

communities in shaping microbial dynamics under natural conditions. Future studies 

on fauna-microbe interactions should also continue to incorporate sequencing and 

other molecular approaches to fully elucidate both community-wide and taxon-specific 

changes in the microbial communities and their consequences for soil ecosystem 

processes such as SOM formation in response to soil invertebrates. 
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CHAPTER 4 
 

SOIL MACROINVERTEBRATES ALTER THE FATE OF ROOT AND 

RHIZOSPHERE CARBON AND NITROGEN IN AN URBAN GRASS SYSTEM 

 

Abstract 
 

The fate of plant-derived carbon and nitrogen is dependent on soil biota. Soil 

invertebrates, especially larger macroinvertebrates, move soil, fragment organic matter 

and change resource accessibility for soil microorganisms. Macroinvertebrates also 

affect the formation of aggregates, which are important components of soil organic 

matter dynamics because they physically protect organic matter from degradation and 

influence many belowground processes ranging from microbial activity to nutrient 

sorption and water flow. In this study, we aim to assess the importance of 

macroinvertebrates in the structuring of aggregate and other soil fractions and to 

determine the fate of organic matter from living roots within soil fractions using stable 

isotopes and an exclusion-based mesocosm study in an urban grass system. We 

hypothesized that the presence of soil macroinvertebrates will increase 

macroaggregates in soils and will decrease free microaggregates. We also predicted 

that the presence of soil macroinvertebrates will increase root carbon and nitrogen 

incorporation into macroaggregates. We found that within the root zone, 

macroinvertebrates alter the proportion of macroaggregates and microaggregates, and 

increase carbon and nitrogen incorporation into macroaggregates, microaggregates and 

coarse particulate organic matter. Our findings are similar to studies that have 

investigated the effects of earthworms on forest and agricultural soils and highlight the 
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significance of macroinvertebrates in determining the fate of recently fixed roots and 

rhizodeposits in urban grass systems, particularly in its incorporation into soil 

aggregates. 

 
Introduction 
 

The functional diversity of soil animals plays a significant role in the fate of 

plant-derived carbon in soils. Soil macroinvertebrates (e.g., earthworms and 

millipedes) are functionally distinct from smaller microarthropods (e.g., mites and 

springtails). Macroinvertebrates are important bioengineers of soil as they are capable 

of moving soil, creating pores for smaller organisms, fragmenting plant litter and 

altering resource availability and composition for other members of the soil food web 

(Jones et al. 1996, Coleman et al. 2004). Macroinvertebrates can also alter soil 

microbial community composition and increase microbial activity through soil mixing, 

low intensity grazing of bacteria and fungi and microbial dispersal (Bray et al. 2019). 

In addition to physical changes to the soil habitat and alterations to microbial 

communities, macroinvertebrates have major effects on the physical structure of soil, 

especially the creation of stable aggregates. Soil aggregates are key components of soil 

organic matter dynamics because they physically protect organic matter from 

degradation and influence many belowground processes ranging from microbial 

activity to nutrient sorption and water flow (Six et al. 2004). Studies using stable 

isotopes have shown that macroinvertebrates, such as earthworms, increase carbon 

incorporation into soil aggregates and enhance soil organic matter (SOM) stabilization 

(Fonte et al. 2007). Furthermore, the activity of earthworms has been shown to 
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increase macroaggregate abundance, while decreasing free microaggregates (Fonte & 

Six 2010, Yavitt et al. 2015). Through their activities macroinvertebrates ultimately 

modify the fate of root litter carbon in both aggregated and non-aggregated soil 

fractions which can have significant implications for SOM stability (Oades 1993, 

Yavitt et al. 2015).  

While previous research on soil macroinvertebrates has focused primarily on 

the impacts of soil animals on foliar and other aboveground litter (Wall et al. 2008), 

the impact of soil invertebrates on the fate of root-derived organic matter is 

increasingly of interest as it is a major resource in belowground food webs (Albers et 

al. 2006, Pollierer et al. 2007, Elfstrand et al. 2008) and is an important input for stable 

belowground carbon pools (e.g. Sokol et al. 2018). Soil invertebrates’ use of root 

carbon has important consequences for belowground soil organic dynamics matter 

(Pollierer et al. 2007, Gilbert et al. 2014) but we still lack a complete understanding of 

how different soil invertebrate functional groups affect the incorporation of root litter 

and other rhizodeposits into belowground carbon and nitrogen pools.  

Most work to date on invertebrates and their influence on the fate of plant-

derived carbon and nitrogen using stable isotopes has focused on agricultural and 

forest ecosystems, with less attention on urban grass systems. Like agricultural 

systems, urban grass systems can be intensively managed, which can alter a wide 

range of factors important for carbon cycling, such as diversity and function of soil 

biota (Pavao-Zuckerman 2008, Pouyat et al. 2010). Urban grass systems can sequester 

carbon at an estimated rate of 1 Mg/ha/year (Qian and Follet 2012) and like forests can 

accumulate high amounts of SOC because of continuous resource inputs such as water 
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and fertilizers, and less frequent disturbances (Pouyat et al. 2009). Yet, our lack of 

understanding of the roles of soil animals in belowground carbon partitioning impedes 

our ability to model and predict carbon storage potential in urban grasslands.  In this 

study, we assessed the importance specifically of macroinvertebrates in the structuring 

of aggregate and non-aggregate soil fractions and in determining the fate of recently-

derived organic matter from living roots within soil aggregate fractions using stable 

isotopes of carbon and nitrogen. We hypothesized that in turfgrass systems soil 

macroinvertebrates would promote the formation of soil aggregates and increase the 

incorporation of root carbon into aggregates, analogous to observations from forests. 

We predicted that the presence of soil macroinvertebrates will increase the abundance 

macroaggregates. We also predicted that the activity of soil macroinvertebrates will 

increase root carbon and nitrogen incorporation into macroaggregates. 

 

Materials and Methods 

 
Research site and isotopic labeling 

This experiment was conducted at the Bluegrass Lane Turf and Landscape 

Research Center (Ithaca, NY). An 18m2 area (or 18 1m2 plots) of tall fescue (Festuca 

arundinacea) grass was pulse-labeled from September 16 through September 24, 2015 

with 33 liters 13CO2 (99 AT% 13C, Sigma-Aldrich) over nine days. A chamber was 

created using a PVC frame with 25 cm high headspace over the plots, covered with 

transparent greenhouse film to enclose and seal plots (AT Films Inc., Edmonton, 

Alberta, Canada). Periodic pulses of 13CO2 were injected into the chamber, with CO2 
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monitoring using a LiCor 820 CO2 infrared gas analyzer (LI-COR Inc., Lincoln, NE). 

Timing of pulses was determined by the CO2 concentrations inside the chamber 

(drawdown to 200ppm) and daily labeling efforts were limited by internal chamber 

temperature (33°C maximum), to approximately two hours each day. Fans were used 

within the chamber to aid with air circulation and mixing. Additionally, a foliar 

application of 15N ammonium sulfate fertilizer was applied using a backpack sprayer 

(2.44 g m–2). Nitrogen was applied at a rate of 0.5 lb N 1000 sf–1 for a total of 21.39 g 

15N ammonium sulfate (15N2 99 AT%, Cambridge Isotope Laboratories, Andover, 

MA). Adjacent to the labeled area, a 12m2 (or 12 1m2 plots) unlabeled natural 

abundance area was set up as control plots.  

 

Mesocosm set up and harvest 

Across the labeled and control plots, thirty-two mesocosms were constructed 

using stainless steel mesh (10 cm height and 10 cm diameter). A full description of the 

mesocosm apparatus can be found in Bray et al. (2019). Briefly, sixteen mesocosms 

were constructed with 5 mm openings to allow for colonization by all soil 

invertebrates and sixteen with 1 mm openings to restrict colonization to soil meso- and 

micro-invertebrates. Mesocosm preparation and installation occurred after the 

labeling, in November 2015. All mesocosms were filled with soils that were collected 

as intact cores (10 cm height x 10 cm in diameter) from adjacent, unlabeled plots and 

subsequently sieved (4 mm) and then subjected to two heating and freezing cycles 

(24h at +80°C, 24h at -20°C) to eliminate soil fauna (adapted from Huhta et al. 1989 

and Bardgett et al. 1998). Soils were then adjusted to field moist conditions based on 
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measured gravimetric moisture content and then added to mesocosms. Soil filled 

mesocosms were capped with mesh and then buried 2-3cm deep in the soil under an 

actively growing grass turf layer. While initially turf roots were not present in the 

mesocosms, both mesh sizes permitted root entrance by growing turf roots. Thus, in 

the isotope-labeled plots the sources of isotope label within the mesocosms were 

primarily comprised of root ingrowth from overlying labeled vegetation; smaller 

sources of label also could be introduced from soil invertebrates that had acquired the 

label and colonized the mesocosms, and leaching or exudation of rhizodeposits from 

the overlying turf prior to root growth into the mesocosms. One year after burial 

(November 2016), half of the mesocosms were harvested and the remaining 

mesocosms were harvested two years after burial (November 2017). During each 

mesocosm harvest, the turf growing above the mesocosms also was collected. Roots 

were carefully removed from within the mesocosms, air-dried and weighed. Soil from 

within the mesocosms was weighed and subsamples were taken and air-dried for 

physical and chemical analyses. Grass, roots and soils were finely ground prior to 

isotopic analysis (8000D Mixer/Mill Dual High Energy Ball Mill, Spex Sample Prep, 

Metuchen, NJ, USA).  

 

Sample collection 

Subsamples of air-dried soils collected from mesocosms from both years were 

sieved (2mm) and three subsamples of 25g were used for soil aggregate fractionation. 

One subsample was designated as bulk soil (not fractionated). The other 25g 

subsamples were wet-sieved following a modification of the method of Elliot (1986) 
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detailed in Fahey et al. (2013). Briefly, soil subsamples were placed in 0.9 L of 

distilled water and floatable material was removed. The soil slurries were then sieved 

to separate macroaggregates, free microaggregates and silt and clay (< 53 um). All 

non-floating material greater than 250 µm was collected as macroaggregates. All 

material between 53 and 250 µm was designated as free microaggregates, and all 

material less than 53µm collected over Whatman microfiber filters (1.2 µm) placed on 

a vacuum pump was designated as silt and clay. A 10 g subsample of the 

macroaggregate fraction was further wet-sieved with 4mm glass beads to break up 

macroaggregates and coarse particulate organic matter (cPOM) was recovered from 

this fraction as material greater than 250µm. The material contained in the 

macroaggregates between 53 µm and 250 µm was designated as microaggregates held 

within macroaggregates the filtrate less than 53 µm collected under vacuum pressure 

was silt plus clay within the macroaggregates (here designated “iPOM”).  All soil 

fractions were dried at 80°C for 48h and weighed. Subsamples of macroaggregates, 

microaggregates, silt and clay, cPOM and iPOM were finely ground for isotope 

analysis (8000D Mixer/Mill Dual High Energy Ball Mill, Spex Sample Prep, 

Metuchen, NJ, USA).  

 

Isotope analysis and calculations 

Carbon and nitrogen isotope concentrations were measured on a Finnigan 

Delta Plus mass spectrometer with a NC2500 elemental analyzer at the Cornell Stable 

Isotope Laboratory (Ithaca, NY, USA) with standards for normalization correction, 
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instrument linearity and precision. All isotopic concentrations are expressed as per mil 

(‰) relative to isotopic standards (PDB for C and atmospheric for N).Excess carbon 

and nitrogen above natural abundance were calculated following Fahey et al. (2013): 

atom percent excess 13C and 15N values were calculated as the difference between the 

atom percent of the labeled pools (roots and soil fractions) and the average atom 

percent of the corresponding control pools. Pools of excess 13C and 15N were 

calculated for soil fractions and roots using dry mass, carbon and nitrogen 

concentration and isotope excess atom percent. To evaluate the effects of invertebrates 

on the distribution of the isotopic labels among the aggregate fractions, we calculated 

the percentage of the total isotope recoveries in the different fractions for each 

mesocosm. Because of concurrent addition and loss of carbon and nitrogen isotopic 

labels it was not possible to calculate absolute isotope recoveries in different pools.   

Soil invertebrates were collected in labeled and control plots for isotopic 

analyses at the end of the two-year experiment. Soil microarthropods were extracted 

into salt water using modified Berlese funnels, then identified and grouped by trophic 

position and identity (springtails, oribatid mites and predatory mites) and replicates 

were pooled to achieve a minimum mass of 0.2 mg for isotopic analysis. Earthworms 

were manually removed from soil samples then freeze-dried. Earthworm anterior 

segments were dissected, cleaned of gut tissue and contents and ground prior to 

analyses (Gilbert et al. 2015). 

  

Statistical analyses 

The overall experimental design included twenty-nine total mesocosms divided 
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across two collection dates and twelve labeled and six control plots.  Linear mixed 

effect models were used to analyze the differences in carbon and nitrogen isotope 

concentrations within the labeled and unlabeled plots in roots and bulk soil, where 

mesocosm mesh size, number of years of burial and isotope treatment (labeled vs. 

control natural abundance plots) were treated as fixed effects and plot and mesocosm 

were treated as random effects. Data normality was determined graphically through 

histograms and Q-Q plots for residuals. Linear mixed effects models were also used to 

analyze the differences in relative abundances (% of total mass) of the aggregate 

fractions and the differences in isotope enrichment in the different soil fractions in the 

isotopically labeled plots; in these models mesocosm mesh size and number of years 

of burial were treated as fixed effects and plot and mesocosm were treated as random 

effects. Similarly, linear mixed effects models were used to analyze the difference in 

the percentage of total isotope recovery in the different soil aggregate fractions where 

mesocosm mesh size and number of years of burial were treated as fixed effects and 

plot and mesocosm were treated as random effects.  

For all linear mixed effect models, to identify significant differences, analysis 

of variance (ANOVA) was used with Satterthwaite’s method to calculate degrees of 

freedom. Pairwise comparisons were calculated using least square means with the 

Tukey multiple comparison correction. All statistical analyses were performed in R (R 

Core Team, 2018). The lme4 and lmerTest packages were used for the linear mixed 

effects models. The lsmeans package was used for least square means pairwise 

comparisons. All p-values less than 0.05 were considered significant.     
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Results  

Soil fauna 

 In general soil invertebrates were enriched in both 13C and 15N in the labeled 

plots compared with the controls (Table 4.1). In particular, earthworms collected from 

outside the mesocosms in year two in labeled and control (i.e. natural abundance) plots 

had d13C values of -21.18 (0.07) and -25.01 (0.078), respectively and d15N values of 

91.75 (4.68) and 9.85 (0.36) respectively. Springtails from labeled plots had d13C 

value of -26.42 and d15N value of 65.88, whereas the control values for d13C and d15N 

were -26.39 and 6.88 respectively. Oribatid mites from labeled plots had d13C value of 

-25.89 and d15N value of 110.88, whereas the control values for d13C and d15N were -

26.58 and 7.93 respectively. Predatory mites from labeled plots had d13C value of - 

24.48 and d15N value of 99.11, whereas the control values for d13C and d15N were -

24.88 and 9.29 respectively. 

 

Roots and bulk soil within mesocosms  

The isotopic signatures of roots (d13C and d15N) within the mesocosms in the 

labeled plots was significantly different from those in the control plots (Figure 4.1, 

Table 4.2). d13C values in roots were not significantly different between macro-mesh 

and meso-mesh treatments (P = 0.35), but d15N in year 1 was significantly higher in 

the macro-mesh compared to the meso-mesh (F1,8 = 18.51, P = 0.002). This difference 

in d15N in roots was not observed in year 2. Root biomass within the mesocosms did 

not differ between the mesh treatments or years (see Bray et al. 2019). The d13C and 
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d15N values for bulk soil within the mesocosms were significantly different in the 

labeled compared to control plots and across mesh treatments (Figure 4.1, Table 4.2). 

The isotope treatment and mesh treatment interaction was also highly significant for 

both isotopes. Pairwise comparisons showed that the d13C value was significantly 

higher in bulk soil with macroinvertebrates present than absent. Pairwise comparisons 

for d15N also showed significantly higher d15N values in bulk soil with 

macroinvertebrates present in year two. 

 

Soil aggregate fractions  

The invertebrate treatment (i.e. mesocosm mesh size) had a significant effect 

on the relative masses of macroaggregates) and free microaggregates (Figure 4.2, 

Table 4.3): macroaggregates were significantly more abundant, and free 

microaggregates were significantly less abundant when macroinvertebrates were 

present. The mesh treatment had no effects on the relative abundance of free silt and 

clay (P=0.99; Figure 4.3) or on the cPOM (i.e. POM held within macroaggregates; P = 

0.31), iPOM (i.e. silt & clay within macroaggregates; P = 0.21) or microaggregates 

within macroaggregates fractions (P = 0.91). 

In general, isotopic enrichment of soil aggregate fractions was higher in the 

presence of macroinvertebrates (Figure 4.4). In particular, macroaggregate and free 

microaggregate d13C and d15N values were significantly higher when 

macroinvertebrates were present, in year two, only (Figure 4.4, Table 4.4). For free silt 

and clay, d13C was significantly higher when macroinvertebrates were present in year 
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two, and d15N values were significantly higher for both years when macroinvertebrates 

were present. For cPOM  d15N values were significantly higher when 

macroinvertebrates were present in year two. Enrichment of iPOM was significantly 

higher when macroinvertebrates were present for both  d13C and d15N for both years 

(Figure 4.5, Table 4.4).  

 

Excess carbon and nitrogen 

Evaluation of the effect of the macroinvertebrates on the distribution of the 

label among the aggregate fractions was best indicated by differences in the 

percentage recovery of the labels in the different fractions. The macro-mesh vs. meso-

mesh treatment had a significant effect for percent excess 13C in free microaggregates 

and silt & clay (Figure 4.6, Table 4.5) as well as for percent excess 15N in 

macroaggregates, free microaggregates, silt & clay and iPOM (Figure 4.7, Table 4.5). 

Pairwise comparisons showed that the presence of macroinvertebrates decreased the 

percent excess 13C in microaggregates in year two, increased the percent excess 15N in 

macroaggregates in year one and iPOM in year two, and decreased the percent excess 

15N in microaggregates and silt & clay in year one. 
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Table 4.1: Carbon and nitrogen isotopes of soil invertebrates (earthworms, springtails, 
oribatid mites, and predatory mites) from soils adjacent to mesocosms in year two 
(average and standard error for earthworms, no replication for other values) 
 
 δ13C (‰) δ15N (‰) 
 Control Labeled Control Labeled 
earthworms  -25.01 (0.078) -21.18 (0.07) 9.85 (0.36) 91.75 (4.68) 
springtails -26.39 -26.42 6.88 65.88 
oribatid mites -26.58 -25.89 7.93 110.88 
predatory mites -24.88 -24.48 9.29 99.11 
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Figure 4.1: Comparisons of the isotopic enrichment (d13C and d15N average and 
standard error) in control/natural abundance (gray) and labeled (black) roots and bulk 
soil within mesocosms of different mesh sizes (open symbols represent mesocosms 
with macroinvertebrates and closed symbols represent mesocosms excluding 
macroinvertebrates) buried for one year (square symbols) and for two years (circle 
symbols); asterisks denote statistically significant differences between labeled and 
control/natural abundance values and differences within the labeled isotopic 
enrichment values (p < 0.05) 
 
  

control with macroinvertebrates year 1

control with macroinvertebrates year 2

control without macroinvertebrates year 1

control without macroinvertebrates year 2

labeled with macroinvertebrates year 1

labeled with macroinvertebrates year 2

labeled without macroinvertebrates year 1

labeled without macroinvertebrates year 2
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Figure 4.2: Proportions (average and standard error) of soil fractions 
(macroaggregates, free microaggregates and silt & clay) within mesocosms of 
different mesh sizes (white represents “macro” mesocosms with macroinvertebrates 
and gray represents “meso” mesocosms excluding macroinvertebrates); letters denote 
differences in fraction proportions across both years of the study (p < 0.05) 
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Figure 4.3: Proportions (average and standard error) of soil fractions within 
macroaggregates (cPOM, microaggregates within macroaggregates and iPOM) within 
mesocosms of different mesh sizes (white represents “macro” mesocosms with 
macroinvertebrates and gray represents “meso” mesocosms excluding 
macroinvertebrates) 
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Figure 4.4: Isotopic enrichment (d13C and d15N average and standard error) of soil 
fractions within mesocosms of different mesh sizes (open symbols represent 
mesocosms with macroinvertebrates and closed symbols represent mesocosms 
excluding macroinvertebrates) buried for one year (square symbols) and for two years 
(circle symbols); letter denote differences within the labeled isotopic enrichment 
values (p < 0.05) 
 

labeled with macroinvertebrates year 1

labeled with macroinvertebrates year 2

labeled without macroinvertebrates year 1

labeled without macroinvertebrates year 2

labeled with macroinvertebrates year 1

labeled with macroinvertebrates year 2

labeled without macroinvertebrates year 1

labeled without macroinvertebrates year 2
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Figure 4.5: Isotopic enrichment (d13C and d15N average and standard error) of soil 
fractions within macroaggregates within mesocosms of different mesh sizes (open 
symbols represent mesocosms with macroinvertebrates and closed symbols represent 
mesocosms excluding macroinvertebrates) buried for one year (square symbols) and 
for two years (circle symbols); letters denote differences within the labeled isotopic 
enrichment values (p < 0.05) 
  

labeled with macroinvertebrates year 1

labeled with macroinvertebrates year 2

labeled without macroinvertebrates year 1

labeled without macroinvertebrates year 2

labeled with macroinvertebrates year 1

labeled with macroinvertebrates year 2

labeled without macroinvertebrates year 1

labeled without macroinvertebrates year 2
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Figure 4.6: percent excess 13C pools (average and standard error, µg m-3) for three soil 
fractions, macroaggregates, microaggregates and silt and clay and two fractions within 
macroaggregates , cPOM and iPOM (“macro” mesocosms with macroinvertebrates 
and “meso” mesocosms excluding macroinvertebrates); letters denote significant 
differences (p < 0.05) 
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Figure 4.7: percent excess 15N pools (average and standard error, µg m-3) for three soil 
fractions, macroaggregates, microaggregates and silt and clay and two fractions within 
macroaggregates , cPOM and iPOM (“macro” mesocosms with macroinvertebrates 
and “meso” mesocosms excluding macroinvertebrates); letters denote significant 
differences (p < 0.05) 
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Table 4.2: Summary of analysis of mixed effect linear models used to analyze the 
differences in carbon and nitrogen isotopes within the labeled and unlabeled plots in 
roots and bulk soil, where mesocosm mesh size, number of years of burial and isotope 
treatment (labeled vs. control natural abundance plots) as fixed effects; significant p-
values bolded 
 

Effect Num df Den df F p 
Root d13C 
Treatment 1 15 0.93 0.35 
Year 1 10 3.13 0.11 
Plot Type 1 11 79.92 2.83x10-6 
Treatment*Year 1 14 0.01 0.93 
Treatment*Plot Type 1 15 1.16 0.30 
Year*Plot Type 1 10 0.05 0.82 
Treatment*Year*Plot Type 1 14 0.01 0.91 
Root d15N 
Treatment 1 14 3.86 0.07 
Year 1 7 47.53 1.82x10-4 
Plot Type 1 11 107.12 4.19x10-7 
Treatment*Year 1 8 18.51 2.45x10-3 
Treatment*Plot Type 1 14 3.89 0.07 
Year*Plot Type 1 7 47.97 1.77x10-4 
Treatment*Year*Plot Type 1 8 18.77 2.37x10-3 
Soil d13C 
Treatment 1 15 10.68 5.31x10-3 
Year 1 9 1.61 0.24 
Plot Type 1 10 25.87 4.25x10-4 
Treatment*Year 1 12 1.31 0.27 
Treatment*Plot Type 1 15 15.28 1.45x10-3 
Year*Plot Type 1 9 1.68 0.23 
Treatment*Year*Plot Type 1 12 0.70 0.42 
Soil d15N 
Treatment 1 14 8.77 0.01 
Year 1 8 2.78 0.13 
Plot Type 1 10 26.94 4.52x10-4 
Treatment*Year 1 11 3.36 0.1 
Treatment*Plot Type 1 14 9.33 8.41x10-3 
Year*Plot Type 1 8 3.63 0.09 
Treatment*Year*Plot Type 1 11 3.62 0.08 
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Table 4.3: Summary of analysis of mixed effect linear models used to analyze the 
differences in fractions relative abundances where mesocosm mesh size and number of 
years of burial treated as fixed effects; significant p-values bolded 
 

Effect Num df Den df F p 
Macroaggregate fraction 
Treatment 1 25 23.59 5.39x10-5 
Year 1 25 0.04 0.84 
Treatment*Year 1 25 0.13 0.72 
Free microaggregate fraction 
Treatment 1 25 25.64 3.24x10-5 
Year 1 25 4.20 0.06 
Treatment*Year 1 25 0.18 0.68 
Silt & clay fraction 
Treatment 1 25 8.83 0.0065 
Year 1 25 1.73 0.20 
Treatment*Year 1 25 0.0001 0.99 
cPOM fraction 
Treatment 1 25 1.08 0.31 
Year 1 25 0.16 0.69 
Treatment*Year 1 25 2.37 0.13 
Microaggregates within macroaggregates fraction 
Treatment 1 25 0.014 0.91 
Year 1 25 0.59 0.45 
Treatment*Year 1 25 0.98 0.33 
iPOM fraction 
Treatment 1 25 1.67 0.21 
Year 1 25 0.86 0.36 
Treatment*Year 1 25 0.0.28 0.87 
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Table 4.4: Summary of analysis mixed effect linear models used to analyze the 
differences in enrichment in the different soil fractions in the isotopically labeled 
plots, where mesocosm mesh size and number of years of burial were treated as fixed 
effects; significant p-values bolded 
 

Effect Num df Den df F p 
Macroaggregate d13C 
Treatment 1 9 87.9 8.60x10-6 
Year 1 6 0.80 0.36 
Treatment*Year 1 13 2.06 0.87 
Macroaggregate d15N 
Treatment 1 11 33.4 1.19x10-4 
Year 1 7 6.31 0.036 
Treatment*Year 1 12 1.04 0.33 
Free microaggregate d13C 
Treatment 1 10 44.33 5.47x10-5 
Year 1 7 7.44 0.030 
Treatment*Year 1 13 12.62 0.54 
Free microaggregate d15N 
Treatment 1 9 48.69 6.17x10-5 
Year 1 7 10.48 0.015 
Treatment*Year 1 13 1.41 0.26 
Silt & clay d13C 
Treatment 1 13 15.70 0.0016 
Year 1 13 2.08 0.17 
Treatment*Year 1 13 4.87 0.046 
Silt & clay d15N 
Treatment 1 9 39.11 0.00012 
Year 1 7 8.69 0.021 
Treatment*Year 1 13 1.82 0.20 
cPOM d13C 
Treatment 1 13 15.70 0.0029 
Year 1 13 2.08 0.89 
Treatment*Year 1 13 4.87 0.55 
cPOM d15N 
Treatment 1 9 43.53 0.00010 
Year 1 6 3.40 0.12 
Treatment*Year 1 13 0.81 0.39 
iPOM d13C 
Treatment 1 13 15.70 3.12 x10-6 
Year 1 13 2.08 0.82 
Treatment*Year 1 13 4.87 0.14 
iPOM d15N 
Treatment 1 13 15.70 1.12 x10-7 
Year 1 13 2.08 0.038 
Treatment*Year 1 13 4.87 0.13 
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Table 4.5: Summary of analysis mixed effect linear models used to analyze the 
differences in percent excess carbon and nitrogen within soil fractions where 
mesocosm mesh size and number of years of burial were treated as fixed effects; 
significant p-values bolded 
 

Effect Num df Den df F p 
Macroaggregate %excess C 
Treatment 1 7 2.70 0.15 
Year 1 5 19.31 0.0062 
Treatment*Year 1 10 5.04 0.048 
Macroaggregate %excess N 
Treatment 1 12 28.62 0.00017 
Year 1 12 1.74 0.21 
Treatment*Year 1 12 6.04 0.030 
Free microaggregate %excess C 
Treatment 1 8 6.01 0.041 
Year 1 6 26.78 0.0017 
Treatment*Year 1 11 12.38 00.0050 
Free microaggregate %excess N 
Treatment 1 12 8.67 0.012 
Year 1 12 2.05 0.18 
Treatment*Year 1 12 1.93 0.19 
Silt and clay %excess C 
Treatment 1 8 30.19 0.028 
Year 1 6 10.46 0.071 
Treatment*Year 1 11 0.077 0.80 
Silt and clay %excess N 
Treatment 1 12 86.96 7.58x10-7 
Year 1 12 0.77 0.40 
Treatment*Year 1 12 17.72 0.0012 
cPOM %excess C 
Treatment 1 12 0.042 0.84 
Year 1 12 0.95 0.35 
Treatment*Year 1 12 0.45 0.52 
cPOM %excess N 
Treatment 1 12 0.004 0.9556 
Year 1 12 0.35 0.56 
Treatment*Year 1 12 2.97 0.11 
iPOM %excess C 
Treatment 1 9 0.15 0.70 
Year 1 8 4.33 0.072 
Treatment*Year 1 10 2.95 0.12 
iPOM %excess N 
Treatment 1 12 6.11 0.029 
Year 1 12 1.89 0.19 
Treatment*Year 1 12 1.67 0.024 
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Discussion 
 

We successfully included or excluded macroinvertebrates from soil 

mesocosms in an urban grass ecosystem (for details, see Bray et al. 2019), and the 

presence of macroinvertebrates promoted the formation of soil macroaggregates and 

reduced the proportion of free microaggregates during the two-year study. Using dual 

pulse labeling with 13CO2 and 15NH4 we were also able to trace the incorporation of 

new inputs from roots, into bulk soil, soil organic matter fractions and invertebrates. 

The results indicated that macroinvertebrates promote the incorporation of the new, 

root and rhizodeposit-derived carbon and nitrogen selectively into macroaggregates. 

These findings are similar to studies that have investigated the effects of earthworms 

on forest and agricultural soils and demonstrate that macroinvertebrates play a key 

role in soil aggregate formation and carbon and nitrogen incorporation into aggregates 

in managed urban grass system where rhizodeposits are an important source of organic 

matter.   

 

Isotopic enrichment of roots and bulk soil 

Our experimental design specifically targeted the fate of carbon and nitrogen 

derived primarily from new root growth into mesocosms where mesh size manipulated 

the soil invertebrate community. The grass ecosystems were labeled with a pulse of 

13CO2 and foliar application of 15NH4, and the mesocosms were positioned 

immediately below the labeled turf where roots from the grasses grew prolifically into 

the mesocosms. Studies in forest ecosystems have shown that roots are an important 

source of soil carbon and nitrogen inputs that are influenced by soil invertebrate 
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communities (e.g. Fahey et al. 2013, Sanchez de Leon et al. 2014, Yavitt et al. 2015). 

In managed grass systems, fine roots of lawn-type turf acquire and recycle available 

nitrogen quickly into thatch material (Raciti et al. 2008). We detected isotopic 

enrichment in turfgrass roots within the mesocosms both one and two years post-

labeling; isotopic concentrations of roots were significantly greater in mesocosms in 

isotopically labeled plots as compared to mesocosms in unlabeled control plots. While 

the differences in enrichment between labeled and unlabeled plots were variable by 

element and time since labeling (~1-2 ‰ for d13C and ~100-200 ‰ for d15N in roots), 

the difference in isotopic signatures was readily detected.   

Isotopic enrichment of roots was higher after one year in the presence than the 

absence of soil macroinvertebrates, a pattern that was statistically significant for 15N, 

though not for 13C. The difference in root enrichment between treatments may be the 

result of direct and indirect effects of macroinvertebrates, particularly earthworms, 

which were the most abundant macroinvertebrates within the mesocosms (Bray et al. 

2019). Invertebrates can be very active within the rhizosphere (Ostle et al. 2007) and 

earthworms have been shown to ingest live roots and root-associated mycorrhizal 

fungi when feeding in the rhizosphere (Baylis et al. 1986, Cortez & Bouche 1992, 

Gunn and Cherrett 1993, Curry and Schmidt 2007, Gilbert et al. 2015). Earthworms 

can also affect root turnover and fungal hyphae growth (Fisk et al. 2004, Horowitz et 

al. 2009). The enrichment observed in earthworm tissue in samples collected in year 

two of the study indicates that earthworms consumed and assimilated isotopically 

enriched, root-derived material in some form. This may also be the result of 

invertebrate interactions with rhizodeposits both directly and indirectly through their 
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interactions with the microbial communities in the rhizosphere that have utilized root 

exudates (Kuzyakov & Domanski 2000, Ostle et al. 2007). 

While we were unable to quantify root consumption directly in this study, the 

similarity of root biomass between mesocosms with and without macroinvertebrates 

(Bray et al. 2019) suggests that root consumption by earthworms and other 

macroinvertebrates was not the most likely mechanism explaining the observed 

differences in nitrogen isotope enrichment in the root tissues. Alternatively, 

earthworms and other macroinvertebrates may have altered nutrient cycling in the 

rhizosphere and subsequent plant nitrogen uptake through the stimulation of microbial 

activity (Wolters & Stickan 1991, Brown et al. 2004, Bray et al. 2019). This 

phenomenon has been observed previously in response to invertebrate grazing on 

microbial biomass (Baath et al. 1981, Clarholm 1981, Ingham et al. 1985) as well as 

increased nitrification in casts and burrows of earthworms (Parkin & Berry 1994, 

1999). 

The greater isotopic enrichment in roots coupled with the increased root and or 

microbial turnover in the presence of macroinvertebrates probably contributed to the 

elevated enrichment of both 13C and 15N in bulk soil in the coarse mesh treatment. It is 

also possible that other sources of isotopically enriched material also could have 

contributed to this treatment effect. In particular, macroinvertebrates, which are more 

mobile than soil fauna from smaller size classes, may have transported isotopically 

enriched material into the mesocosms from the soils surrounding the mesocosms, thus 

leading to the isotopic enrichment of bulk soils within the mesocosms. Our findings 

also suggest that the impact of macroinvertebrates increase in magnitude over time. 
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Notably, 15N enrichment of bulk soil increased significantly from year 1 to year 2 in 

the presence of macroinvertebrates, suggesting either or both continuing transport or 

the effect of macroinvertebrate grazing and movement through the root zone 

increasing transfer of root derived organic matter in the soil over time (Ostle et al. 

2007, Horowitz et al. 2009). An additional source of isotopic enrichment may have 

come from the leaching or exudation of labeled rhizodeposits from the overlying turf, 

especially mineralized nitrogen, but this source would be less likely to differ between 

invertebrate treatments.  

 

Fate of root carbon and nitrogen in different soil fractions 

The presence of macroinvertebrates significantly increased the abundance of 

macroaggregates and decreased the abundance of free microaggregates. Moreover, 

incorporation of the isotope label into macroaggregates was promoted and the 

incorporation into free microaggregates was reduced in the presence of soil 

macroinvertebrates. Other studies have also found that larger invertebrates form more 

macroaggregates and increase the amount of microaggregates held within 

macroaggregates (Bossuyt et al. 2004, Bossuyt et al. 2005, Fonte & Six 2010, Yavitt 

et al. 2015), which is partially in agreement with our findings. Soil invertebrates can 

contribute to aggregate formation through soil ingestion and excretion and the 

production of casts (Bossuyt et al. 2004) and earthworm mucilage can bind together 

microaggregates (Six et al. 2004). Surprisingly, we did not see any changes in the 

relative amounts of fractions within the macroaggregates in response to the presence 

of macroinvertebrates. Earthworms can decrease litter-derived cPOM within 
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macroaggregates in forest soils (Yavitt et al. 2015); however, our results show that 

while macroinvertebrates altered macroaggregate abundance, the composition of the 

macroaggregates was similar with and without macroinvertebrates.  

 In contrast to the lack of difference in the relative abundance of soil fractions 

among our fauna treatments, we found that macroaggregates, free microaggregates 

and silt & clay all exhibited greater isotopic enrichment of both carbon and nitrogen in 

the presence of macroinvertebrates. Additionally, the fractions within 

macroaggregates, cPOM and iPOM, were also more enriched in the presence of 

macroinvertebrates. Macroinvertebrates can affect many belowground processes that 

lead to enriched soil aggregate fractions, including aggregate turnover (Fonte & Six 

2010, Yavitt et al. 2015), mineral and organic matter mixing (Fahey et al. 2013), 

changes to microbial activity (Bray et al. 2019) and root processes (Gilbert et al. 

2014). This overall pattern of increased carbon and nitrogen in bulk soil and soil 

fractions in the presence of macroinvertebrates highlights their importance in 

determining the fate of carbon and nitrogen in various belowground carbon and 

nitrogen pools. Notably, macroinvertebrate activity resulted in macroaggregates being 

significantly more enriched with new root-derived nitrogen than free microaggregates, 

an effect which has been attributed previously to earthworm activities such as mixing, 

ingestion, excretion, burrowing and cast formation which greatly affect aggregate 

formation and protection of organic matter (DeGryze et al. 2006, Fonte et al. 2007, 

Fahey et al. 2013). More enriched fractions in the presence of macroinvertebrates 

could also reflect the protection of labeled material within the macroaggregates, 

though Yavitt et al. (2015) noted that fresh detrital carbon in macroaggregates in forest 
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soil remained quite labile in a three-year time frame. While macroinvertebrates did not 

change the overall amount of particulate or silt and clay associated organic matter 

protected in aggregates, they can alter the source of the protected material, indicating 

that macroinvertebrates drive newer root material relative to any other particulate 

organic matter sources into macroaggregates. Root material protected within 

aggregates can be less accessible for microbial communities and this physical 

protection within aggregates can potentially increase overall carbon and nitrogen 

stabilization (Six et al. 2004, Schimel & Schaeffer 2012).  

The isotopic enrichment of the free silt & clay fraction also changed over time 

with greater difference in 13C enrichment in year two compared to year one, but there 

was no significant difference in the overall proportion of silt & clay associated organic 

matter in soils within the mesocosms between the two treatments. The presence of 

macroinvertebrates can increase microbial biomass and activity (Bray et al. 2019) 

which can lead to high dissolved organic matter concentrations through microbial 

decay of organic matter (Kalbitz et al. 2000). Dissolved organic carbon can bind to 

clays (Kaiser et al. 1996, Kalbitz et al. 2000), possibly explaining the higher 

enrichment and excess carbon and nitrogen values in the presence of 

macroinvertebrates.  

 

Implications for the fate of root carbon and nitrogen in urban grass systems  

Six et al. (2000) proposed that aggregates and soil organic matter dynamics are 

tightly linked, such that a reduced rate of turnover of macroaggregates and the 

formation of more stable microaggregates can increase soil organic matter content. 



 

99 

While this model was proposed in agricultural systems to investigate the effects of 

tillage on organic matter dynamics, it can be relevant for other managed systems and 

other disturbance types. Our findings indicate that macroinvertebrates may be major 

players in SOM dynamics within the rhizosphere of urban grasses through their effects 

on incorporation of root-derived organic matter into macroaggregates.   

The effects of macroinvertebrates on the transfer of plant material into soil 

organic matter has been shown primarily with plant litter and here, we observed it with 

root material (see also Yavitt et al. 2015). Roots are an important source of inputs to 

belowground food webs, as demonstrated primarily in forest and agroecosystems 

(Pollierer et al. 2007, 2009, Kramer et al. 2012, Kuzyakov & Domanski 2000, 

Matamala et al. 2003). Here, we showed that the fate of root carbon and nitrogen is in 

fact affected by the structure and function of the soil invertebrate community in an 

urban grass system. Our results highlight the importance of macroinvertebrates in 

determining the fate of recently fixed rhizodeposits in urban grass systems, 

particularly in its incorporation into soil aggregates. Invertebrate effects on soil 

organic matter dynamics are especially relevant for understanding carbon and nitrogen 

dynamics in urban grass system given the multiple ecosystem services these systems 

are expected to produce including carbon sequestration, plant health, and soil biotic 

diversity. 
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CHAPTER 5 

COMPARING THE EFFECTS OF CHEMICAL AND BIOLOGICAL 

INSECTICIDES ON NON-TARGET SOIL BIOTA IN MANAGED GRASS 

SYSTEMS 

Abstract 

Pest management strategies in managed grass systems can vary by chemistry, 

mode of action and input rate and evaluating their effects on beneficial soil biological 

communities is key to developing pest management programs that support both 

management goals and soil health. We aimed to better understand arthropod-microbe 

interactions in soils treated with different soil-drench insecticides. We selected two 

systemic chemical insecticides, imidacloprid and cyantraniliprole and two bio-based 

insecticides, Beauveria bassiana and Bacillus thuringiensis galleriae, used in the 

management of soil-dwelling pests of turfgrass. The chemical insecticides were 

applied at three different rates and the biological insecticides were applied at one rate 

for two consecutive years in turf-type tall fescue plots. Soil biological responses 

including springtail densities, microbial extracellular enzyme activities and microbial 

biomass were measured one, four, eight, twelve and sixteen weeks after application. 

Higher rates of imidacloprid had temporary negative effects on springtail densities in 

year one and many of the treatment stimulated microbial biomass soon after 

application but, in the end, all treatments had negative effects on microbial biomass 

carbon in year two. Concentrations of imidacloprid and cyantraniliprole in soil varied 

in the two-year study, possibly due to differences in soil moisture between years, 

which resulted in differences in plant uptake efficiency. Path analysis also revealed 
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multiple interactions between pesticides, springtail and microbial communities, 

particularly in year two with positive correlations between these variables while year 

one results highlighted the importance of soil moisture on soil biota and imidacloprid 

residues. Our results show that pest management strategies can alter beneficial soil 

biota in managed grass systems and the effects depend on rate of application, 

chemistry and abiotic factors.  

 

Introduction 

In urban grass systems such as lawns, parks, sports fields and golf courses, 

many soil-dwelling insect pests can impact aboveground plant productivity and 

aesthetics through root damage and feeding. Pest management practices in these urban 

grass systems can include frequent use of insecticides (Robbins & Birkenholtz 2003, 

Held & Potter 2012). With growing concerns about the environmental fate, human 

exposure and non-target effects of chemical insecticides, non-chemical or bio-based 

insecticides as well as lower impact chemical insecticides may be considered as 

alternative pest management strategies. However, the variability in in terms of 

chemistry, mode of action and input rate, make insecticide effects on beneficial soil 

biological communities difficult to predict. Understanding the effects of different 

insecticides on non-target soil biota will improve evaluation of pest management 

strategies in managed urban grass systems.  

Soil biota are important drivers of belowground processes such as carbon 

storage and nutrient cycling (Lavelle et al. 2006). Two groups of soil biota, 

microorganisms and microarthropods, contribute to decomposition and organic matter 
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formation through their combined and interactive effects. While microarthropods 

contribute directly to decomposition by feeding on plant litter, the majority of their 

effects are mediated through grazing on soil microbial communities and stimulating 

microbial decomposition activities (Wickings & Grandy 2011). Insecticides applied to 

soil for the management of belowground pests, have been shown to exert non-target 

effects on beneficial soil organisms (e.g. Cresswell 2011, Feltham et al 2014, Chagnon 

et al. 2015, Douglas et al. 2015). Systemic insecticides applied as soil drenches can 

decrease the abundance, diversity and activity of beneficial microbes and invertebrates 

in soil (Peck 2009, Gan & Wickings 2017). Therefore, reductions in densities or 

activities of microarthropods or microorganisms may lead to the loss of unique 

ecological functions and the subsequent loss of ecosystem services (Zaller et al. 2016).  

Despite the known negative impacts of some active ingredients on soil 

biological traits, pesticides vary considerably in their mode of action, rate of 

application and other options for optimizing their use; yet, our understanding of the 

effects of this variation on beneficial soil biota is still limited. For instance, it is 

unclear whether the impacts of insecticides on soil biota reflect single-species 

responses or rather the interactive responses of multiple organisms (e.g. microbes and 

invertebrates). Furthermore, the rate of application for chemical pesticides may alter 

the effects on non-target biota (e.g. Gan & Wickings 2017). Alterations to either 

microarthropods or microbial communities through management practices can have 

important consequences for belowground processes and ecosystems services 

(Wickings et al. 2011). Elucidating the underlying details of the interactions between 

insecticides and soil biota will increase knowledge supportive of meeting both pest 
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management and soil health goals.  

The overall goal of this study is to better understand arthropod-microbe 

interactions in soils treated with different soil-drench insecticides in an urban grass 

system. We selected a managed urban grass system because these urban grass systems 

experience a wide range of inputs, such as insecticides (Robbins & Birkenholtz 2003, 

Grube et al. 2011, Held & Potter 2012) and account for over 160,000 km2 in the 

United States (Milesi et al. 2005). Urban grass systems also support diverse and 

abundant soil invertebrate and microbial communities (Rochefort et al. 2006, McGuire 

et al. 2013, Ramirez et al. 2014). We hypothesized that the impact of insecticides on 

microarthropods and soil processes will vary with insecticide chemistry and 

application rate and decreases in microarthropod abundance due to insecticide use will 

lead to reduced microbial biomass and activity.  

 

Materials and Methods  

Experimental design 

To evaluate the effects of different insecticides and their rates of application on 

beneficial soil biota, we selected two chemical insecticides and two bio-based 

insecticides. Imidacloprid (Bayer Corporation, Pittsburg PA, USA), a systemic 

neonicotinoid and nicotinic acetylcholine receptor competitor and cyantraniliprole 

(Syngenta Crop Protection, Greensboro, NC, USA), a systemic anthranilic diamide 

and ryanodine receptor modulator, were applied at three different rates: the highest 

recommended label rate, the lowest recommended label rate, and below 

(approximately ½ of the concentration of the lowest label rate) the recommended label 
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rate. The bio-based insecticides included Beauveria bassiana (BioWorks, Victor, NY, 

USA), an entomopathogenic fungus and Bacillus thuringiensis (Bt) galleriae (Green 

Earth Ag and Turf, Branford, CT, USA) were applied at the label rate (Table 5.1).  
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Table 5.1: Summary of different insecticide treatments with active ingredients, 
products and rate of application  
 

Treatment 
code 

Active  
ingredient 

Product 
name 

Rate 
(fl oz / m2) 

Description 

BB Beauveria bassiana 
 

Botanigard 0.74 entomopathogenic fungus 

BT Bacillus thurigiensis 
galleriae 

grubGone! 5.11 bacteria-derived protein 

CYAN  
BR 

Cyantraniliprole Ference 0.0084 below label  
recommended rate 

CYAN  
LOW 

Cyantraniliprole Ference 0.017 lowest label  
recommended rate 

CYAN 
HIGH 

Cyantraniliprole Ference 0.043 highest label  
recommended rate 

IMD  
BR 

Imidacloprid Merit 2F 0.019 below label  
recommended rate 

IMD  
LOW 

Imidacloprid Merit 2F 0.043 lowest label  
recommended rate 

IMD  
HIGH 

Imidacloprid Merit 2F 0.056 highest label  
recommended rate 

 
 

Six replicate 4m2 plots, in 6 blocks, separated by 1m buffer for each treatment 

and six control or untreated plots in a complete randomized block design for a total of 

54 plots were established in lawn-type tall-fescue (Festuca arundinacea) located in 

Geneva, NY. Insecticides were applied to in June 2016 and June 2017. Two soil cores 

per plot (5cm depth, 5cm diameter) were collected 1, 4, 8, 12 and 16 weeks after 

application. In year 2, soils were also sampled 4 weeks before application in May 

2017 to test for the persistence of imidacloprid and cyantraniliprole in soils from the 

previous year. One soil core was used for invertebrate extraction and one soil core was 

sieved and divided for physical and microbial measurements and pesticide residue 

testing.  

 

Soil moisture 

 A 5g subsample of field moist was weighed on the day of collection and then 
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air-dried. After approximately 72 hours, the soil sample was re-weighed to determine 

soil moisture. 

 

Soil microarthropods  

Soil cores were placed onto modified Berlese funnels for heat extraction of soil 

mesofauna. Extraction temperature began at 30°C and was increased by 10°C over a 

3-day period, to a final extraction temperature of 50°C. Soil invertebrates were 

identified to major taxonomic groups using Borror and Delong’s Introduction to the 

Study of Insects (Triplehorn and Johnson 2005) for springtails. Springtails were 

identified to family and abundances were reported as number of individuals m-2.  

 

Extracellular enzyme activities 

Potential soil microbial extracellular enzyme activity was assessed using 

protocols outlined by Saiya-Cork et al. (2002), Grandy et al. (2008) and Wickings & 

Grandy (2011). The activities of three hydrolytic enzymes, N-acetyl-β-D-

glucosaminidase (NAG), β-glucosidase (BG) and acid phosphatase (PHOS) and two 

oxidative enzymes, phenol oxidase (POX) and peroxidase (PER), were measured. Soil 

slurries were created from a 1 g soil subsample from each soil sample and 120 mL 

sodium acetate buffer (pH 6.5). Hydrolytic enzyme activities were measured on black 

96 well plates receiving one of three different substrates containing the fluorescent 

compound methylumbelliferone (MUB). Oxidative enzymes were measured using 

clear 96 well plates, receiving L-3,4-dihydroxyphenylalanine (L-DOPA) alone for 

phenol oxidase or L-DOPA plus hydrogen peroxide (0.3%) for peroxidase. Hydrolytic 
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enzyme plates were incubated for 3-4 hours and oxidative enzyme plates were 

incubated for 22-24 hours. Hydrolytic enzyme plates were then run at 360 nm 

excitation and 460 nm emission wavelengths and oxidative enzyme plates at 450 nm 

absorbance wavelength using a microplate reader (Synergy, BioTek Instruments, 

Winooski, VT, USA). Potential enzyme activity for each substrate was calculated as 

nmol of substrate h-1 g-1 dry soil.  

 

Microbial biomass carbon and nitrogen 

Soil microbial biomass was assessed via a modification of the chloroform 

fumigation/extraction procedure (adapted from Robertson et al. 1999). Total dissolved 

organic carbon and total nitrogen were measured on soil extracts from fumigated and 

non-fumigated samples. Two 5 gram subsamples were collected from each mesocosm 

and placed into 50ml centrifuge tubes. One subsample was fumigated using 3 ml of 

ethanol-free chloroform pipetted onto two cotton balls resting above the soil in the 

tube. Tubes were sealed for 24 hours, after which cotton balls were removed, and soils 

were vented. All tubes (fumigated and non-fumigated) then received 25ml of 0.05M 

K2SO4 and were capped and placed on an orbital shaker for 1 hour at 170 rpm. 

Samples were allowed to settle for at least one hour then filtered (Whatman filter 

paper grade 1) and extracts were stored at -20°C until analysis for total organic carbon 

and nitrogen on a coupled Shimadzu TOC-L and TNM-L analyzer (Shimadzu 

Scientific Instruments, Columbia, MD, USA). Microbial biomass carbon and nitrogen 

were determined by subtracting non-fumigated from fumigated values. Carbon and 

nitrogen values were calculated as μg g-1 dry soil with k values of 0.45 and 0.54 for 
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carbon and nitrogen respectively (Joergenson 1996, Joergensen & Mueller 1996).  

 

Pesticide residues 

Residues of the chemical insecticides, imidacloprid and cyantraniliprole, in 

soils were analyzed via high performance liquid chromatography and mass 

spectrometry (LC-MS) at the Chemical Ecology Core Facility at Cornell University, 

Ithaca, NY. Three grams of soils were extracted by a modified QuEChERS with 10 

mL of acetonitrile and water (1:1, v/v) and vortexed for 20 s. After complete 

homogenization, 4 g MgSO4 and 1 g NaCl were added. Samples were then shaken and 

centrifuged at 7300 × g for 5 minutes. After centrifugation, 1000 µl of supernatant was 

collected and transferred into a d-SPE (dispersive solid phase extraction) tube 

containing 150 mg PSA, 900 mg MgSO4. After the d-SPE step, 495 µL of sample was 

collected and 5µL of internal standard (IS) solution (d4-imidacloprid 0.1 ng/µL, 

cyantranilirpole 0.02 ng/µL) was added. Samples were filtered (0.22 µm, PTFE) and 

analyzed immediately by LC-ESI-MS/MS. 

Sample analysis was carried out with a Vanquish Flex UHPLC system (Dionex 

Softron GmbH, Germering, Germany) coupled with a TSQ Quantis mass spectrometer 

(Thermo Scientific, San Jose, CA, USA). The UHPLC was equipped with a Kinetex 

EVO C18 column (150 mm × 2.1 mm, 2.6 µm particle size). The mobile phase 

consisted of (A) Water 0.1% formic acid and (B) Acetonitrile 0.1% formic acid. The 

temperature of the column was maintained at 40°C throughout the run and the flow 

rate was set at 500 µL/min. The elution program was the following: 2 min 

equilibration (5% B) prior to injection, 0-3 min (5%-90% B, curved gradient), 3-5 min 
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(90% B, column wash), 5-5.5 min (90%-5% B, linear gradient), 5.5-6 min (5% B, re-

equilibration). The flow from the LC was directed to the mass spectrometer through a 

Heated Electrospray probe (H-ESI). The settings of the H-ESI were: spray voltage 

4500 V, Sheath gas 50 (arbitrary unit), Auxiliary gas 20 (arbitrary unit), Sweep gas 1 

(arbitrary unit), Ion transfer tube temperature 325°C, Vaporizer temperature 350°C. 

The MS/MS detection was carried out using the Selected Reaction Monitoring 

(SRM) mode. Two transitions were monitored for each compound (except for J9Z38): 

one for quantification and the other for confirmation. The resolution of both Q1 and 

Q3 was set at 0.7 FWHM, the cycle time was 1 s and the pressure of the collision gas 

(argon) was set at 1.5 mTorr. Imidacloprid and cyantraniliprole were quantified using 

a six-point calibration curve (0.5; 0.05; 0.01; 0.002; 0.0004; 0.00008 ng/µL) spiked 

with the internal standard solution. 

 

Statistical analysis 

Linear mixed effect models were used to analyze the differences in springtail 

densities, enzyme activities, and microbial biomass carbon and nitrogen with 

treatment, date and year as fixed effects and plot and block as random effects. This 

was followed by Tukey HSD post-hoc tests using least square means. Data normality 

was determined graphically through histograms and Q-Q plots for residuals. Path 

analysis was used to test the relationships between pesticide residues, springtail 

densities, microbial biomass, and soil moisture. The hypothesized model targeted the 

effects of pesticide residues on springtail densities and microbial biomass, the effects 

of springtail density changes due to pesticides on microbial biomass, and the effects of 
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soil moisture on pesticide residues, springtail densities and microbial biomass. Model 

fit was evaluated using the root mean square error of approximation (RMSEA). All 

statistical analyses were performed in R (R Core Team, 2018). The lmerTest and 

emmeans packages were used for the linear mixed effects models and post-hoc tests. 

The lavaan package was used for the path analyses. All p-values less than 0.05 were 

considered significant.     

 

Results 

Soil moisture varied over the course of the experiment, both across sampling 

dates and across years (Figure 5.1). Date and year were significant for all soil 

biological metrics (p < 0.0001; Table 5.2).  

 

Springtail densities 

Overall, the most abundant springtail family were Entomobryidae, followed by 

Isotomidae then Sminthuridae (Figure 5.2). Total springtail densities and 

Entomobryidae densities were affected by treatment (total springtails: F = 4.34 p < 

0.001; Entomobryidae: F = 9.12, p < 0.0001; Figure 5.2). The treatment and date 

interactions were also significant for total springtail densities (F = 2.51, p < 0.0001; 

Table 5.2), Entomobryidae densities (F = 3.09, p < 0.0001; Table 5.2), Isotomidae 

densities (F = 2.93, p < 0.0001; Table 2), Sminthuridae densities (F = 2.43, p < 

0.0001; Table 5.2). Pairwise comparisons showed that entomobryid springtail 

densities were significantly lower in plots treated with the two higher imidacloprid 

rates (lowest label rate and higher label rate) compared to untreated plots four and 
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eight weeks after application in year one. Additionally, total springtail densities were 

also affected by the B. bassiana, Bt, and lowest label rates of both imidacloprid sixteen 

weeks after application in year one (p < 0.05; Figure 5.2). 

 

Extracellular enzyme activities 

 Acid phosphatase activity was the only extracellular enzyme with a significant 

treatment effect (F = 2.91, p < 0.05; Figure 5.3). The treatment and date interactions 

were significant for acid phosphatase activity (F = 1.81, p <0.01; Table 5.2) and beta 

glucosidase activity (F = 2.26, p < 0.001; Table 5.2). Pairwise comparisons showed 

that acid phosphatase was significantly lower in plots treated with the lower label rates 

of imidacloprid and cyantraniliprole eight weeks after application in year one (p < 

0.05; Figure 5.3). In year two, all treated plots had significantly lower acid 

phosphatase activity one week after application (p < 0.05; Figure 5.3) but no 

significant differences between treated and untreated plots after that time point.  

 

Microbial biomass 

 Microbial biomass carbon was affected by treatment (F = 3.63, p < 0.01; 

Figure 5.4; Table 5.2). The treatment and date interactions were significant for 

microbial biomass carbon (F = 8.18, p < 0.0001; Table 5.2) and for microbial biomass 

nitrogen (F = 1.91, p <0.01; Table 5.2). Pairwise comparisons showed that microbial 

biomass carbon was significantly higher in plots treated with the highest rate of 

cyantraniliprole and the two lower rates of imidacloprid compared to untreated plots 

one week after application in year two (p < 0;05: Figure 5.4). All treatments had 
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negative effects on microbial biomass carbon except B. bassiana, sixteen weeks after 

application in year two (p < 0;05: Figure 5.4). 

 

Pesticide residues 

 Imidacloprid and cyantraniliprole residues were detected at all sampling dates 

and varied by application rate (Figure 5.5). Generally, the imidacloprid and 

cyantraniliprole concentrations were highest at closer to the application date and 

declined over time. Imidacloprid and cyantraniliprole residues from year one were 

also detectable four weeks prior to the second application in year two. 

 

Path analyses 

The hypothesized path models for both residues and both years had RMSEA 

values less than 0.001, indicating good model fit (Figure 5.6). In year one for both the 

imidacloprid and cyantraniliprole model, soil moisture had a significant positive effect 

on both springtail densities (IMD: 1.29; CYAN: 0.80; p < 0.05) and microbial biomass 

carbon (IMD: 19.98; CYAN: 31.02; p < 0.05). Soil moisture negatively influenced the 

concentration of imidacloprid remaining in soil (-9.10, p < 0.05). In year two, soil 

moisture did not have a significant effect on pesticide residues or soil biota. However, 

for imidacloprid, all correlations between pesticides, springtails and microbes were 

significant (0.36, 2.04, 2.46; p < 0.05) and for cyantraniliprole, the path from pesticide 

to microbe was also significant (2.83; p < 0.05).  
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Table 5.2: Summary of analysis of mixed effect linear models used to analyze the 
effects of treatment, date, year and the interaction of treatment and date for soil 
biological metrics; significant p-values bolded 
 

 Treatment Date Year Treatment x Date 
F P F P F P F P 

Total 
springtails 

4.34 0.00063 49.30 < 2.20x10-16 74.78 < 2.20x10-16 2.51 2.15x10-05 

Entomobryidae 9.12 2.68x10-7 59.59 < 2.20x10-16 15.60 9.33x10-5 3.09 1.51x10-7 

Isotomidae 2.08 0.055 38.53 < 2.20x10-16 147.51 < 2.20x10-16 2.93 5.71x10-7 

Sminthuridae 0.91 0.52 43.71 < 2.20x10-16 175.95 < 2.20x10-16 2.43 4.33x10-5 

BG 0.47 0.87 38.67 < 2.20x10-16 8.69 0.0034 2.26 0.00017 

NAG 1.14 0.36 25.85 < 2.20x10-16 55.32 6.27x10-13 1.32 0.12 

PHOS 2.91 0.012 17.48 3.12x10-13 13.71 0.00024 1.81 0.0054 

POX 0.97 0.47 37.24 < 2.20x10-16 254.47 < 2.20x10-16 0.73 0.86 

PER 1.09 0.39 55.14 < 2.20x10-16 110.40 < 2.20x10-16 1.46 0.053 

MBC 3.63 0.0024 153.25 < 2.20x10-16 350.89 < 2.20x10-16 8.18 < 2.20x10-16 

MBN 1.56 0.17 383.58 < 2.20x10-16 1297.10 < 2.20x10-16 1.91 0.0025 
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Figure 5.1: soil moisture (%, average and standard error) for both years at each 
sampling date   
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Figure 5.2: a) total springtail densities (number of individuals per m2, average and 
standard error)  in year one across all sampling data; b) Family: Entomobryidae 
densities (number of individuals per m2, average and standard error) in year one across 
all sampling data; colors represent different treatments and asterisks indicate values 
significantly different from control  
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Figure 5.3: acid phosphatase activity (nmol per gram soil, average and standard error) 
for both years and select sampling dates, weeks 1, 8 and 16 after application; colors 
represent different treatments and asterisks indicate values significantly different from 
control   
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Figure 5.4: microbial biomass carbon (micrograms carbon per gram soil average and 
standard error) for both years and all sampling dates; colors represent different 
treatments and asterisks indicate values significantly different from control 
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Figure 5.5: pesticide residue concentrations (ppb, average and standard error) in soils 
for both years at all sampling dates; a) imidacloprid year 1, b) imidacloprid year 2, c) 
cyantraniliprole year 1 and d) cyantraniliprole year 2 
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Figure 5.6: Path analyses representing relationships between soil moisture, pesticide 
residues (pesticide), springtail densities (springtails) and soil microbial biomass 
(microbe); all RMSEA < 0.001; significant correlations represented with full arrows 
and the direction of the relationship (+ for positive and – for negative) and non-
significant correlation are represented by dashed arrows; a) imidacloprid year 1, b) 
imidacloprid year 2, c) cyantraniliprole year 1 and d) cyantraniliprole year 2 
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Discussion 

 Our study found that insecticide chemistry and rate of application can have 

differential effects on non-target soil biota, supporting our first hypothesis. Springtails 

were sensitive to higher rates of chemical insecticides with the family Entomobryidae 

being the most sensitive to imidacloprid at higher rates soon after the application. In 

contrast to this, total springtail densities were higher at the end of year one, sixteen 

weeks after application, for the two bio-based products and for the lowest label rates 

of imidacloprid and cyantraniliprole than in untreated control plots. Soil microbial 

community responses were variable and did not always match the invertebrate 

response, which did not support our second hypothesis. Soil moisture was an 

important driver of soil biotic responses and pesticide residues in soils with insecticide 

residue concentrations in soils varied across each growing season and across the two 

years of the study. While many negative effects were observed closer to the 

application date, some negative effects persisted up to sixteen weeks after application 

as well as some positive effects at sixteen weeks indicating potential longer-term 

effects of insecticide treatments on soil biota.  

Many different soil invertebrate functional groups have been shown to be 

sensitive to insecticide inputs across managed systems (Potter et al. 1990, Peck 2009, 

Pisa et al. 2015, Chagnon et al. 2015). In our study, soil biotic responses to different 

insecticides varied by taxonomic groups. Imidacloprid had negative effects on 

springtails, particularly the family Entomobryidae, in year one at the two higher rates 

of applications four and eight weeks after application. This finding is in agreement 

with other studies that have shown that imidacloprid can reduce springtails densities 
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(Peck 2009, Gan & Wickings 2016) and that springtails are sensitive to insecticides 

(Frampton et al. 2009). Our results support that springtails are in fact more sensitive to 

neonicotinoids and other insecticide chemistries at the label rates, with responses 

differing at the family level. The temporal effects of imidacloprid on springtail 

densities was also found by Peck (2009) and Gan & Wickings (2016), who also 

showed that springtails are able to recover from the suppressive effects of 

imidacloprid. Rochefort et al. (2013) did not find any long-term effects of different 

pest management strategies, ranging from low to high maintenance and attributed this 

in part to the ability of springtails in particular to reproduce parthenogenetically and 

therefore have high recovery in response to variable management practices (Petersen 

1994).  

The negative effects of imidacloprid on springtail densities in our study were 

mainly observed in year one where imidacloprid residue concentrations were higher in 

soils. Direct contact with imidacloprid in soils, particularly within the rhizosphere, in 

addition to indirect contact with imidacloprid through plant residues likely affected 

soil organisms as we focused on the upper soil layers, thatch, and root zones. With 

insecticide residues declining over the course of the growing season, springtails were 

able to rebound after the suppressive effects of high concentrations of the chemical 

insecticide (Knoepp et al. 2012, Bonmatin et al. 2015). Total springtail densities were 

significantly higher compared to untreated plots at the end of year one for the 

biologicals and the lower labeled rate of both chemical insecticides. Predators of 

springtails may have been affected by insecticide treatments, therefore reducing 

predator pressure on springtails (Peck 2009, Bitzer et al. 2005, Fountain et al. 2007, 
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Frampton & van den Brink 2007, Wang et al. 2001), although this was not measured 

directly in our study. The positive effect of Beauveria bassiana, Bt and imidacloprid 

and cyantraniliprole at the lowest label rate could be a response to reduced predator 

pressure as well as overall higher microbial biomass carbon at week sixteen compared 

to the other sampling dates in year one. These results highlight that rate of application 

and insecticide chemistry are important to consider when evaluating the effects on 

non-target soil biota. Springtails have important ecological functions including 

decomposition and nutrient cycling (Wagg et al. 2014) and reductions in their 

densities and activities can potentially lead to changes in these ecosystem services 

provided by soil invertebrates.  

 Acid phosphatase was the most sensitive enzyme to the insecticide treatments, 

exhibiting a negative response to all insecticides shortly after application. This is in 

agreement with the findings of Gan and Wickings (2016) and Cycon & Piotrowska-

Seget (2015) where acid phosphatase activity decreased with increased pesticide 

inputs due to suppressive or inhibitory effects of imidacloprid on phosphatase-

producing fungi. In this study, we did not measure differential responses within the 

microbial community to imidacloprid treatments. We observed different responses in 

microbial biomass and acid phosphatase activity in one week after application in year 

two and no differences in enzyme activity when microbial biomass was lower in 

treated plots at week sixteen indicating that microbial community size and activity 

were not necessarily linked in terms of responses to the insecticide treatments. The 

decrease in acid phosphatase activity in our study in response to almost all insecticide 

treatments one week after application in year two indicates that acid phosphatase was 



 

128 

responding to an input and not necessarily a specific product or insecticide chemistry. 

Additionally, the response was limited to one week after application in year two. Our 

study shows that microbial extracellular enzyme activity can be highly sensitive to 

inputs, can respond to a one-time pulse of inputs and ultimately rebound.    

For microbial biomass carbon, we found few responses in year one of the 

study, mainly suppressive effects of the higher rates of imidacloprid, confirming other 

biotic responses in this study. In year two, however, the initial response of the 

microbial community is stimulatory for the highest rate of cyantraniliprole and the low 

and medium rates of imidacloprid. The lack of response in year one for microbial 

biomass is likely due to the low and variable soil moisture, despite higher 

concentrations of pesticide residues in soils. Low soil moisture may have been the 

primary driver of microbial community size, as indicated by the path analyses and 

therefore the effects of the insecticides were not the main drivers of microbial 

community size. The stimulation in microbial biomass for the chemical insecticides at 

different rates indicates that the microbial community can either quickly metabolize 

the insecticides or that the microbial community can respond to the non-active 

ingredients applied with the insecticides, prior to exhibiting a response to the active 

ingredient. 

The end results show that all the insecticide treatments aside from Beauveria 

bassiana, had negative effects on soil microbial biomass carbon. Soil microbes have 

been shown to degrade pesticides in soils and use degradation products as resources, 

which can lead to increases in population size and activity (e.g. Das & Mukherjee 

2000a,b). This conflicts with other findings that showed decreases in soil microbial 
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biomass in response to imidacloprid (Cycon et al. 2013) and other pesticides (e.g., 

fungicides, Pampulha & Oliveira 2006). Hussain et al. (2009) highlight that microbial 

responses to insecticides can vary by taxonomic and functional groups. While 

microbial biomass carbon is a coarse measurement of microbial communities, the 

varied responses we observed highlight the responsiveness of the microbial 

community to insecticide treatments. Despite the sensitivity of microbial biomass to 

insecticide use, the underlying mechanisms driving the negative biomass responses to 

most insecticides in our study are unknown.  Surprisingly, the Bt treatment had a 

similar suppressive effect to the chemical insecticides on microbial biomass carbon at 

the end of year two. Genetically modified crops that produce Bacillus thuringiensis 

have been shown to affect root exudation (Saxena & Stotzky 2000) and while some 

studies report negative effects of Bt and Bt plant material on soil microbial 

communities (e.g. Castaldini et al. 2005), many have found no significant effects on 

microbial communities (e.g. Blackwood & Buyer 2004). Genetically modified crops 

that produce Bacillus thuringiensis have been showed to reduce mycorrhizal 

colonization and establishment in corn roots (Castaldini et al. 2005), which is a similar 

consequence to the use of imidacloprid and its effects on mycorrhizal fungi. Our 

results suggest that the effects of Bt on roots and associated microbial communities 

can decrease total microbial biomass. Alterations to the structure and function of 

microbial communities can have consequences on belowground processes such as 

carbon and nutrient cycling, which affect plant health. Therefore, when evaluating the 

effects of insecticides on non-target biota and overall soil health, the effects on soil 

microbial communities should be considered. 
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The links between pesticide residues, springtail densities and microbial 

communities were explored using path analysis and highlighted the effects of soil 

moisture and the different insecticide chemistries. In year one, soil moisture had a 

significant negative effect on imidacloprid residues. Imidacloprid is a systemic 

insecticide taken up by plants, but it also adsorbs to soils. Low soil moisture in year 

one likely decreased plant uptake of imidacloprid and imidacloprid concentrations in 

soils remained high. Soil moisture was also an important driver of springtail densities 

and microbial communities. Soil moisture has been shown to influence insecticide 

bioavailability and springtail survival (Wiles & Frampton 1996). The results of the 

path analysis from year one highlight how abiotic factors can not only influence 

pesticide residues in soils but can also influence soil biological communities. In year 

two however, moisture is not a main driver of pesticide residues or springtail and 

microbial communities. Imidacloprid had significant effects on springtails and 

microbes in addition to springtails having significant effects on microbes. In contrast, 

cyantraniliprole had a positive effect on microbes. The different results for the two 

chemical insecticides highlight how different insecticide chemistries can have 

differential effects on soil biota.  

 

Conclusions 

Our results show that pest management strategies can alter beneficial soil biota 

in managed grass systems and the effects can depend on rate of application and 

chemistry. This work also highlights that not only can non-target invertebrates be 

affected by insecticide treatments but also that soil microbial communities can have 
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time-dependent responses to insecticide treatments. Insecticide effects on soil 

biological communities can also be influenced by soil moisture, indicating that 

interactions between abiotic factors and plant uptake can potentially mediate 

biological responses to pest management practices. Accounting for a variety of soil 

biotic and abiotic metrics when evaluating pest management strategies are key for 

assessing these strategies and maintaining a balance between soil health and pest 

management in urban grass systems. 
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APPENDIX I 

 
Appendix Figure 1.1: Non-metric multidimensional scaling (NMDS) of bacterial 
community from 16SrRNA (Bray-Curtis dissimilarities). Macroinvertebrate 
manipulations resulted in significant shifts in bacterial taxa (PERMANOVA, P < 
0.01). Black symbols denote microbial communities from soils permitting 
macroinvertebrates. Gray symbols denote bacterial communities from soils excluding 
macroinvertebrates. Open symbols denote bacterial communities from soils adjacent 
to mesocosm. Squares indicate communities from year one and circles from year two. 
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Appendix Figure 1.2: Non-metric multidimensional scaling (NMDS) of fungal 
community from ITS (Bray-Curtis dissimilarities). Macroinvertebrate manipulations 
resulted in significant shifts in fungal taxa (PERMANOVA, P < 0.01). Black symbols 
denote fungal communities from soils permitting macroinvertebrates. Gray symbols 
denote fungal communities from soils excluding macroinvertebrates. Open symbols 
denote fungal communities from soils adjacent to mesocosm. Squares indicate 
communities from year one and circles from year two.  
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Appendix Table 1.1: Fauna densities (number individuals kg-1 soil), and enzyme 
activities (nmol h-1 g-1 soil, average +/- standard error) from soils adjacent to 
mesocosms 

 1 year 2 years 

Soil fauna [individuals kg-1 soil] 

Lumbricidae 4.9 (0.8) 5.1 (0.5) 

Diplopoda 0 0 

Chilopoda 0 0 

Elateridae 0 0 

Scarabaeidae 0 0 

Total macroinvertebrates 4.9 (0.8) 5.1 (0.5) 

Collembola 13.6 (2.3) 39.0 (10.0) 

Oribatida 477.8 (60.5) 230.6 (41.9) 

Mesostigmata 26.9 (6.3) 19.5 (5.5) 

Total mesofauna 518.2 (56.6) 289.1 (51.6) 

Enzymes [nmol h-1 g-1  soil] 

N-acetyl-glucosaminidase 86.8 (4.5) 74.5 (4.2) 

β-glucosidase 183.4 (13) 158.0 (9.4) 

Acid phosphatase 532.1 (26.8) 605.3 (26.2) 

Phenol oxidase 0.2 (0.01) 0.31 (0.02) 

Peroxidase 0.57 (0.01) 0.72 (0.03) 
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Appendix Table 1.2: Relative abundance (%) of microbial phyla inside and outside 
mesocosms 16S and ITS 

 

 
  

 1 year 2 years 

Macro Meso Out Macro Meso Out 

16S bacteria  

Actinobacteria 
15.9 (1.6) 23.2 (1.6) 12.1 (0.9) 9.0  

(0.9) 

13.0 (1.2) 12.5 (0.7) 

Proteobacteria 
31.8 (0.6) 32.3 (0.4) 30.7 (0.8) 31.8 (0.7) 29.8 (0.8) 29.2 (0.6) 

Firmicutes 
1.0  

(0.1) 

3.7  

(0.3) 

0.52 (0.1) 1.4 

(0.3) 

3.5 

(0.5) 

2.1 

(0.3) 

Acidobacteria 
15.8 (0.6) 13.5 (0.9) 24.9 (1.3) 23.5 (1.4) 22.3 (0.8) 19.3 (0.8) 

Bacteroidetes 
12.7 (1.7) 6.4 

(0.4) 

4.9 

(0.5) 

8.1 

(0.7) 

6.7 

(0.8) 

7.1 

(0.4) 

Planctomycetes 
5.9 

(0.3) 

4.8 

(0.3) 

7.3 

(0.3) 

6.6 

(0.2) 

4.4 

(0.4) 

7.2 

(0.7) 

Verrucomicrobia 
8.7 

(0.4) 

6.7 

(0.4) 

9.4 

(0.4) 

7.7 

(5.9) 

6.3 

(0.5) 

7.9 

(0.4) 

ITS fungi  

Ascomycota 
39.2 (3.9) 35.7 (3.9) 67.6 (4.4) 54.5 (4.4) 49.5 (3.7) 78.4 (2.9) 

Basidiomycota 
10.6 (1.8) 11.2 (1.9) 8.68 (2.5) 6.8  

(0.7) 
12.2 (2.3) 7.02 (1.8) 

Zygomycota 
27.2 (3.2) 26.7 (4.1) 5.2  

(1.0) 
17.3 (1.5) 32.3 (3.5) 3.0 

(0.4) 
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Appendix Table 1.3: Ammonium, nitrate and net nitrogen mineralization (μg N g-1  
soil) and cumulative CO2 (μg C g-1 soil, average +/- standard error) over 30 day 
incubation from soils adjacent to mesocosm 

 2 years 

N mineralization over 30 days [μg g-1 soil] 
Ammonium -7.06 (2.5) 

Nitrate 20.85 (0.2) 

Net N 13.79 (2.4) 

Cumulative carbon mineralization per day [μgC g-1  soil] 
1 21.9 (1.6) 

2 42.5 (2.0) 

3 56.7 (6.8) 

4 73.5 (7.8) 

5 85.8 (7.1) 

6 96.4 (7.7) 

7 104.5 (7.1) 

8 112.1 (7.0) 

9 119.4 (6.5) 

10 125.5 (6.4) 

11 130.4 (6.0) 

12 135.9 (5.8) 

13 141 (5.6) 

14 145.5 (5.7) 

16 150.1 (5.4) 

18 153.5 (5.4) 

21 156.9 (5.0) 

24 159.7 (5.1) 

27 162.4 (5.0) 

30 165.0 (5.0) 
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APPENDIX II 
 

Appendix table 2.1: natural abundance 13C values for soil aggregates within 
mesocosms of different mesh sizes (“macro” mesocosms with macroinvertebrates and 
“meso” mesocosms excluding macroinvertebrates) buried for one year and for two 
years 

 Year 1 Year 2 
 Macro Meso Macro Meso 
Macroaggregates -27.02 

(0.091) 
-26.96 
(0.045) 

-27.12 
(0.019) 

-26.81 
(0.12) 

Microaggregates -26.85 
(0.036) 

-26.75 
(0.017) 

-26.86 
(0.037) 

-26.76 
(0.028) 

Silt and clay -26.69 
(0.014) 

-26.21 
(0.075) 

-26.44 
(0.027) 

-26.36 
(0.012) 

cPOM  -26.79 
(0.051) 

-26.65 
(0.066) 

-26.60 
(0.38) 

-26.93 
(0.039) 

iPOM -26.68 
(0.067) 

-26.56 
(0.032) 

-26.67 
(0.036) 

-26.58 
(0.023) 
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Appendix table 2.2: natural abundance 15N values for soil aggregates within 
mesocosms of different mesh sizes (“macro” mesocosms with macroinvertebrates and 
“meso” mesocosms excluding macroinvertebrates) buried for one year and for two 
years 

 Year 1 Year 2 
 Macro Meso Macro Meso 
Macroaggregates 4.21 

(0.086) 
4.46 

(0.25) 
4.55 

(0.049) 
4.72 

(0.12) 
Microaggregates 4.77 

(0.070) 
4.92 

(0.087) 
4.70 

(0.012) 
5.14 

(0.064) 
Silt and clay 5.16 

(0.040) 
5.42 

(0.028) 
5.28 

(0.044) 
5.54 

(0.026) 
cPOM  2.48 

(0.065) 
2.16 

(0.14) 
2.48 

(0.16) 
2.69 

(0.28) 
iPOM 4.94 

(0.044) 
5.16 

(0.022) 
5.12 

(0.041) 
5.40 

(0.043) 
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Appendix table 2.3: Summary of analysis used mixed effect linear models used to 
analyze the differences in carbon and nitrogen isotopes within the labeled and 
unlabeled plots in roots and bulk soil, where mesocosm mesh size, number of years of 
burial and isotope treatment (labeled vs. control natural abundance plots) as fixed 
effects; significant p-values bolded 

Effect Num df Den df F p 
Macroaggregate d13C 
Treatment 1 13 7.02 0.02 
Year 1 7 0.26 0.63 
Plot Type 1 9 16.07 3.33x10-3 
Treatment*Year 1 9 4.39 0.07 
Treatment*Plot Type 1 13 12.26 3.74x10-3 
Year*Plot Type 1 8 0.17 0.70 
Treatment*Year*Plot Type 1 9 8.25 0.02 
Macroaggregate d15N 
Treatment 1 13 7.17 0.02 
Year 1 8 2.70 0.14 
Plot Type 1 9 28.77 5.24x10-4 
Treatment*Year 1 11 2.55 0.14 
Treatment*Plot Type 1 13 7.56 0.02 
Year*Plot Type 1 8 2.32 0.17 
Treatment*Year*Plot Type 1 11 2.50 0.14 
Microaggregate d13C 
Treatment 1 12 5.32 0.04 
Year 1 6 2.59 0.16 
Plot Type 1 7 27.86 1.01x10-3 
Treatment*Year 1 9 2.19 0.17 
Treatment*Plot Type 1 12 15.03 2.22x10-3 
Year*Plot Type 1 6 3.39 0.12 
Treatment*Year*Plot Type 1 9 1.92 0.20 
Microaggregate d15N 
Treatment 1 13 11.35 4.85x10-3 
Year 1 6 6.48 0.04 
Plot Type 1 9 30.06 4.04x10-4 
Treatment*Year 1 8 5.41 0.05 
Treatment*Plot Type 1 13 12.73 3.29x10-3 
Year*Plot Type 1 6 6.05 0.05 
Treatment*Year*Plot Type 1 8 6.18 0.04 
cPOM d13C 
Treatment 1 11 4.30 0.06 
Year 1 6 0.0003 0.99 
Plot Type 1 7 7.90 0.03 
Treatment*Year 1 9 0.66 0.44 
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Treatment*Plot Type 1 11 3.05 0.11 
Year*Plot Type 1 6 0.03 0.87 
Treatment*Year*Plot Type 1 9 0.01 0.92 
cPOM d15N 
Treatment 1 21 5.77 0.03 
Year 1 21 1.07 0.31 
Plot Type 1 21 27.17 3.63x10-5 
Treatment*Year 1 21 2.31 0.14 
Treatment*Plot Type 1 21 5.69 0.03 
Year*Plot Type 1 21 0.90 0.35 
Treatment*Year*Plot Type 1 21 2.58 0.12 
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Appendix table 2.4: Recovery of label from roots in year one to soil in year 2 within 
mesocosms of different mesh sizes (“macro” mesocosms with macroinvertebrates and 
“meso” mesocosms excluding macroinvertebrates) 
 % recovery 13C % recovery 15N 

 Macro Meso Macro Meso 
roots to bulk soil 136.75 

(31.54) 
3.57  

(1.00) 
111.56 
(23.13) 

60.63  
(8.54) 
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APPENDIX III 
 

Appendix table 3.1: N-acetyl-β-D-glucosaminidase (NAG) enzyme activity (nmol g-1 soil) for year one across treatments (C: 
control; BB: Beauveria bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest 
label rate; CYHIGH: cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest 
label rate; IMDHIGH: imidacloprid highest label rate) 
 

NAG y1 1 week 4 weeks 8 weeks 12 weeks 16 weeks 
      
  mean se mean se mean se mean se mean se 
C 69.74 16.35 56.57 5.25 92.80 8.20 57.04 5.19 75.00 6.41 
BB 66.73 12.37 64.95 8.11 87.93 10.39 65.09 4.36 86.84 6.11 
BT 75.77 19.18 64.58 5.52 74.33 10.82 58.63 7.04 101.73 9.51 
CYBR 86.86 4.57 71.97 5.33 62.56 4.88 66.86 7.11 71.17 10.06 
CYLOW 79.91 9.83 62.26 3.66 63.64 2.42 61.30 4.29 58.96 6.42 
CYHIGH 82.55 18.83 60.72 6.21 89.94 2.98 58.24 8.61 62.46 5.84 
IMDBR 121.09 17.56 72.66 5.54 100.90 15.36 76.02 5.69 61.67 3.47 
IMDLOW 91.88 4.63 64.98 8.07 64.47 5.25 66.36 2.06 97.80 13.67 
IMDHIGH 80.30 11.74 76.62 9.46 89.80 13.43 56.71 6.39 74.71 11.55 
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Appendix table 3.2: N-acetyl-β-D-glucosaminidase (NAG) enzyme activity (nmol g-1 soil) for year two across treatments (C: 
control; BB: Beauveria bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest 
label rate; CYHIGH: cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest 
label rate; IMDHIGH: imidacloprid highest label rate) 
 

NAG y2  -4 weeks  1 week 4 weeks 8 weeks 12 weeks 16 weeks 
 mean se mean se mean se mean se mean se mean se 
C 121.14 19.61 97.15 11.37 60.07 4.39 60.07 4.39 92.96 8.23 108.96 7.56 
BB 103.26 13.76 101.50 8.38 75.22 14.15 75.22 14.15 114.25 8.73 113.59 11.02 
BT 95.83 9.32 97.11 12.90 59.59 8.93 59.59 8.93 97.18 11.72 101.16 11.13 
CYBR 108.18 15.21 110.77 7.78 66.68 9.96 66.68 9.96 99.93 9.35 91.55 12.24 
CYLOW 119.59 17.46 119.68 7.57 68.85 9.75 68.85 9.75 101.76 13.73 119.50 12.20 
CYHIGH 95.10 9.23 99.92 11.15 50.49 5.67 50.49 5.67 87.05 12.48 95.63 7.19 
IMDBR 87.90 3.22 114.82 13.95 67.80 6.39 67.80 6.39 93.55 10.70 103.57 7.48 
IMDLOW 102.79 15.17 107.62 11.25 72.34 6.36 72.34 6.36 89.23 13.74 105.36 7.39 
IMDHIGH 102.21 11.83 106.67 18.52 78.57 17.46 78.57 17.46 106.40 19.11 102.30 12.22 
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Appendix table 3.3: Beta glucosidase (BG) enzyme activity (nmol g-1 soil) for year one across treatments (C: control; BB: 
Beauveria bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; 
CYHIGH: cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; 
IMDHIGH: imidacloprid highest label rate) 
 

BG y1 1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se 
C 195.41 13.34 212.02 21.31 317.45 16.94 208.19 7.98 208.19 7.98 
BB 243.40 34.62 225.47 31.09 284.74 34.97 204.75 14.56 204.75 14.56 
BT 229.71 17.67 205.80 10.13 261.89 14.98 187.98 5.23 187.98 5.23 
CYBR 235.89 12.19 247.26 15.36 170.10 21.96 191.62 18.31 191.62 18.31 
CYLOW 226.25 18.65 215.03 12.98 215.12 20.88 213.68 16.85 213.68 16.85 
CYHIGH 237.94 17.05 230.28 22.72 264.65 11.99 220.72 8.88 220.72 8.88 
IMDBR 242.71 23.39 246.61 13.62 318.78 17.72 262.22 28.58 262.22 28.58 
IMDLOW 209.32 11.58 225.57 28.21 204.03 10.52 230.83 13.17 230.83 13.17 
IMDHIGH 242.52 13.55 217.99 14.34 298.02 12.93 199.44 11.64 199.44 11.64 
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Appendix table 3.4: Beta glucosidase (BG) enzyme activity (nmol g-1 soil) for year two across treatments (C: control; BB: 
Beauveria bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; 
CYHIGH: cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; 
IMDHIGH: imidacloprid highest label rate) 
 

BG y2  -4 weeks  1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se mean se 
C 294.03 12.10 275.37 29.92 136.34 14.24 183.61 20.43 220.06 17.47 270.24 12.03 
BB 318.35 42.79 266.95 11.65 183.31 22.03 184.85 15.97 259.60 16.90 259.23 10.38 
BT 296.28 19.70 290.58 30.88 161.76 39.36 146.64 14.57 228.63 18.80 242.51 17.54 
CYBR 305.68 27.07 275.95 18.13 192.61 42.92 183.16 15.02 257.04 17.00 266.46 8.94 
CYLOW 298.52 24.01 283.14 24.58 151.79 9.57 179.57 9.84 251.01 27.52 278.82 20.36 
CYHIGH 278.58 25.68 323.32 40.35 152.94 19.95 181.73 18.89 245.30 25.75 250.45 16.47 
IMDBR 296.04 15.53 297.43 27.66 154.85 19.78 160.61 12.42 237.91 29.06 272.25 17.50 
IMDLOW 244.89 35.84 265.12 35.35 162.41 14.88 144.72 11.06 221.61 31.02 256.97 13.79 
IMDHIGH 261.92 19.51 256.37 34.68 189.09 35.79 170.16 9.11 266.40 31.82 265.72 14.00 
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Appendix table 3.5: Acid phosphatase (PHOS) enzyme activity (nmol g-1 soil) for year one across treatments (C: control; BB: 
Beauveria bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; 
CYHIGH: cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; 
IMDHIGH: imidacloprid highest label rate) 
 

PHOS y1 1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se 
C 330.77 17.59 426.69 80.16 585.45 38.04 371.49 22.91 478.02 38.07 
BB 339.08 45.86 465.61 15.95 453.44 33.11 192.26 92.83 622.02 39.93 
BT 414.57 26.40 469.43 37.69 541.67 37.28 565.25 196.74 640.11 43.78 
CYBR 382.71 15.10 402.60 26.44 440.13 24.68 428.32 25.05 416.50 42.34 
CYLOW 311.63 24.81 325.50 39.30 380.68 36.80 374.81 35.13 368.94 37.18 
CYHIGH 348.20 7.83 575.77 71.98 556.73 49.53 444.16 41.67 443.42 45.68 
IMDBR 380.83 22.21 409.61 25.43 544.96 17.77 402.34 20.52 410.87 34.67 
IMDLOW 299.15 48.50 350.08 35.53 366.99 48.69 373.83 17.18 591.89 81.11 
IMDHIGH 420.29 27.18 510.81 31.92 556.48 16.02 345.31 19.24 580.46 133.83 
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Appendix table 3.6: Acid phosphatase (PHOS) enzyme activity (nmol g-1 soil) for year two across treatments (C: control; BB: 
Beauveria bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; 
CYHIGH: cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; 
IMDHIGH: imidacloprid highest label rate) 
 

PHOS y2  -4 weeks  1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se mean se 
C 561.66 76.04 737.57 102.65 277.80 26.05 334.04 49.70 390.39 37.35 496.12 42.88 
BT 502.73 29.86 501.33 81.52 302.94 48.07 292.98 16.61 433.96 39.18 445.76 23.55 
BB 477.49 32.82 478.31 31.66 381.57 52.39 307.87 32.24 462.81 29.22 460.80 22.19 
CYBR 562.53 30.99 481.32 49.77 311.14 62.17 318.85 26.99 460.25 35.66 440.15 31.00 
CYLOW 536.74 88.84 480.02 53.73 247.65 27.24 273.57 24.86 382.21 49.19 434.91 34.12 
CYHIGH 688.85 142.60 554.84 25.14 321.48 65.30 316.21 29.28 405.08 29.76 470.20 33.53 
IMDBR 514.65 41.50 568.52 103.50 338.85 42.24 301.09 32.52 348.10 23.03 446.08 21.37 
IMDLOW 514.15 51.04 486.69 48.76 282.33 41.64 262.58 33.99 423.14 67.66 401.37 48.28 
IMDHIGH 536.56 52.70 523.52 58.34 297.97 27.75 299.49 7.51 452.83 35.10 474.18 66.63 
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Appendix table 3.7: Phenol oxidase (POX) enzyme activity (nmol g-1 soil) for year one across treatments (C: control; BB: 
Beauveria bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; 
CYHIGH: cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; 
IMDHIGH: imidacloprid highest label rate) 
 

POX y1 1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se 
C 0.29 0.08 0.17 0.04 0.18 0.02 0.28 0.04 0.24 0.05 
BB 0.25 0.05 0.19 0.04 0.20 0.05 0.21 0.08 0.36 0.07 
BT 0.18 0.02 0.19 0.02 0.22 0.03 0.16 0.03 0.16 0.02 
CYBR 0.27 0.08 0.14 0.02 0.20 0.05 0.25 0.03 0.30 0.04 
CYLOW 0.23 0.05 0.17 0.03 0.29 0.06 0.31 0.05 0.33 0.05 
CYHIGH 0.21 0.03 0.20 0.03 0.19 0.07 0.17 0.01 0.27 0.05 
IMDBR 0.23 0.04 0.09 0.02 0.36 0.08 0.19 0.03 0.29 0.04 
IMDLOW 0.28 0.06 0.15 0.04 0.38 0.07 0.18 0.02 0.31 0.03 
IMDHIGH 0.29 0.05 0.12 0.04 0.26 0.03 0.18 0.02 0.35 0.07 
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Appendix table 3.8:  Phenol oxidase (POX) enzyme activity (nmol g-1 soil) for year two across treatments (C: control; BB: 
Beauveria bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; 
CYHIGH: cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; 
IMDHIGH: imidacloprid highest label rate) 
 

POX y2  -4 weeks  1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se mean se 
C 0.24 0.04 0.19 0.01 0.43 0.10 0.72 0.04 0.42 0.04 0.36 0.05 
BB 0.31 0.05 0.22 0.04 0.46 0.16 0.78 0.15 0.42 0.04 0.45 0.07 
BT 0.24 0.05 0.16 0.03 0.55 0.21 0.70 0.12 0.42 0.05 0.34 0.02 
CYBR 0.27 0.05 0.24 0.04 0.40 0.12 0.71 0.08 0.56 0.09 0.40 0.05 
CYLOW 0.26 0.06 0.18 0.02 0.65 0.18 0.72 0.06 0.42 0.06 0.39 0.03 
CYHIGH 0.22 0.07 0.16 0.03 0.51 0.11 0.77 0.13 0.39 0.05 0.33 0.04 
IMDBR 0.25 0.05 0.26 0.07 0.67 0.18 0.72 0.05 0.53 0.12 0.37 0.03 
IMDLOW 0.25 0.04 0.17 0.05 0.49 0.18 0.70 0.08 0.53 0.13 0.47 0.13 
IMDHIGH 0.23 0.07 0.22 0.04 0.39 0.10 0.64 0.14 0.35 0.04 0.30 0.05 
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Appendix table 3.9: Peroxidase (PER) enzyme activity (nmol g-1 soil) for year one across treatments (C: control; BB: Beauveria 
bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; CYHIGH: 
cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; IMDHIGH: 
imidacloprid highest label rate) 
 

PER y1 1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se 
C 0.51 0.04 0.59 0.05 0.88 0.17 0.53 0.04 0.84 0.08 
BB 0.51 0.09 0.67 0.02 0.58 0.09 0.68 0.11 0.84 0.10 
BT 0.45 0.05 0.65 0.03 0.77 0.05 0.53 0.05 0.71 0.09 
CYBR 0.55 0.05 0.45 0.03 0.62 0.07 0.72 0.06 0.82 0.08 
CYLOW 0.52 0.06 0.49 0.07 0.69 0.13 0.69 0.09 0.70 0.06 
CYHIGH 0.46 0.06 0.75 0.10 0.69 0.13 0.61 0.04 0.70 0.12 
IMDBR 0.48 0.07 0.40 0.03 0.84 0.13 0.60 0.09 0.57 0.09 
IMDLOW 0.69 0.14 0.55 0.09 0.84 0.09 0.50 0.07 0.85 0.17 
IMDHIGH 0.44 0.06 0.33 0.01 0.77 0.03 0.39 0.09 0.86 0.10 
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Appendix table 3.10: Peroxidase (PER) enzyme activity (nmol g-1 soil) for year two across treatments (C: control; BB: Beauveria 
bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; CYHIGH: 
cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; IMDHIGH: 
imidacloprid highest label rate) 
 

PER y2  -4 weeks  1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se mean se 
C 0.58 0.08 0.52 0.03 0.88 0.16 1.05 0.06 0.84 0.12 0.74 0.07 
BB 0.62 0.06 0.53 0.08 0.91 0.17 1.14 0.13 0.74 0.04 0.79 0.08 
BT 0.54 0.07 0.50 0.04 0.85 0.20 1.01 0.03 0.78 0.09 0.75 0.06 
CYBR 0.54 0.05 0.63 0.06 0.80 0.13 1.03 0.08 0.84 0.12 0.71 0.06 
CYLOW 0.53 0.07 0.46 0.06 0.99 0.16 1.04 0.06 0.69 0.08 0.84 0.11 
CYHIGH 0.61 0.10 0.48 0.05 1.06 0.18 1.16 0.13 0.78 0.07 0.72 0.08 
IMDBR 0.58 0.09 0.54 0.10 0.97 0.20 1.10 0.09 0.83 0.09 0.70 0.04 
IMDLOW 0.57 0.07 0.52 0.07 0.91 0.23 0.91 0.07 0.94 0.20 0.78 0.10 
IMDHIGH 0.51 0.07 0.51 0.06 0.78 0.11 0.91 0.16 0.61 0.07 0.70 0.07 
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Appendix table 3.11: Microbial biomass carbon (MBC)  (ug C g-1 soil) for year one across treatments (C: control; BB: Beauveria 
bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; CYHIGH: 
cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; IMDHIGH: 
imidacloprid highest label rate) 
 

MBC y1 1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se 
C 1173.22 56.91 1024.80 50.53 724.89 29.28 786.86 48.32 1685.53 82.10 
BB 1012.22 73.36 1105.88 91.91 619.66 34.24 652.80 50.58 1296.68 131.14 
BT 853.48 61.24 1064.26 91.57 1017.29 37.82 806.72 34.30 1594.23 64.31 
CYBR 887.53 64.42 1047.78 53.25 863.20 54.55 669.13 30.82 1790.43 48.35 
CYLOW 955.10 103.80 1172.77 96.71 1016.86 82.47 761.28 66.15 1724.10 51.37 
CYHIGH 948.47 45.56 921.09 91.21 635.70 54.45 772.78 45.16 1526.47 111.20 
IMDBR 987.99 110.50 1041.81 102.12 703.81 66.34 744.29 53.72 1506.89 47.43 
IMDLOW 934.01 61.35 959.07 81.03 844.03 50.05 654.12 19.88 1270.26 21.78 
IMDHIGH 771.89 31.99 870.31 61.96 794.31 44.82 703.93 78.66 1227.50 60.02 
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Appendix table 3.12: Microbial biomass carbon (MBC)  (ug C g-1 soil) for year two across treatments (C: control; BB: Beauveria 
bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; CYHIGH: 
cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; IMDHIGH: 
imidacloprid highest label rate) 
 

MBC y2  -4 weeks  1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se mean se 
C 750.35 91.32 561.44 63.47 887.83 98.67 615.17 36.65 801.09 62.31 1263.81 115.76 
BB 900.85 88.20 692.70 27.30 572.61 36.85 644.14 157.64 628.87 25.51 1264.61 60.30 
BT 828.50 22.64 672.11 71.45 619.75 102.09 510.83 23.20 701.77 41.45 965.87 40.58 
CYBR 899.91 91.16 564.45 32.56 512.39 40.24 465.49 18.90 428.90 69.97 822.33 31.86 
CYLOW 773.31 99.87 657.89 115.09 496.81 29.82 475.53 38.93 513.44 50.11 709.33 30.27 
CYHIGH 663.51 75.56 1211.17 48.91 1191.90 87.89 891.09 93.37 443.17 30.61 574.01 24.43 
IMDBR 1072.60 307.43 1136.88 69.14 1123.75 57.51 1028.34 52.56 419.18 47.77 577.62 27.34 
IMDLOW 1426.47 56.47 1041.96 71.58 1019.28 63.26 821.43 84.08 752.07 137.35 601.02 26.58 
IMDHIGH 1357.95 42.89 801.99 46.19 792.33 20.93 765.66 60.47 786.00 120.88 502.02 23.47 
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Appendix table 3.13: Microbial biomass carbon (MBN) (ug N g-1 soil) for year one across treatments (C: control; BB: Beauveria 
bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; CYHIGH: 
cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; IMDHIGH: 
imidacloprid highest label rate) 
 

MBN y1 1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se 
C 96.35 6.57 224.33 18.49 118.74 6.72 78.12 9.06 257.63 14.85 
BB 91.24 6.92 278.52 25.02 96.20 7.38 72.58 6.17 251.94 20.02 
BT 78.32 6.06 226.55 26.47 102.95 6.53 87.65 5.18 213.29 14.56 
CYBR 75.23 6.86 208.04 13.73 73.91 3.72 68.60 4.26 243.12 25.99 
CYLOW 77.67 7.89 189.67 19.97 122.79 13.40 89.00 8.87 247.82 17.08 
CYHIGH 62.31 8.17 187.46 21.41 88.60 6.25 76.44 5.39 187.19 16.37 
IMDBR 94.74 2.62 231.14 14.42 102.11 7.08 89.95 10.21 221.10 16.42 
IMDLOW 97.74 9.98 217.11 15.76 108.72 1.94 82.28 4.21 218.08 22.98 
IMDHIGH 86.91 2.80 223.49 11.99 102.29 9.84 78.47 11.91 222.01 18.03 
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Appendix table 3.14: Microbial biomass carbon (MBN) (ug N g-1 soil) for year two across treatments (C: control; BB: Beauveria 
bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; CYHIGH: 
cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; IMDHIGH: 
imidacloprid highest label rate) 
 

MBN y2  -4 weeks  1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se mean se 
C 90.26 12.74 64.89 5.06 81.05 5.75 69.68 8.83 72.08 2.97 75.76 3.20 
BB 87.99 9.94 75.37 5.41 85.99 10.94 76.99 7.61 78.62 6.88 90.26 7.43 
BT 81.63 6.86 70.91 7.43 90.29 11.33 67.90 3.92 71.22 3.20 83.68 5.73 
CYBR 93.40 12.71 75.82 6.20 89.33 8.12 72.32 5.44 76.75 5.84 85.69 6.03 
CYLOW 97.99 8.25 86.66 7.02 96.08 10.86 86.72 10.76 85.24 9.57 85.91 6.96 
CYHIGH 71.62 11.67 64.94 7.00 61.79 4.33 75.49 3.69 67.65 7.66 67.74 5.44 
IMDBR 79.93 4.88 69.93 9.52 82.96 8.52 79.32 6.67 77.04 7.73 76.50 3.68 
IMDLOW 73.75 5.41 75.16 7.76 89.26 7.73 79.65 9.53 70.79 10.50 88.52 5.00 
IMDHIGH 75.88 4.18 72.69 5.81 82.69 5.83 70.04 4.94 71.90 7.79 79.69 4.40 
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Appendix table 3.15: Total springtail densities (number of individuals m-2) for year one across treatments (C: control; BB: 
Beauveria bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; 
CYHIGH: cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; 
IMDHIGH: imidacloprid highest label rate) 
 

springtails y1 1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se 
C 20.17 8.08 26.33 5.41 18.50 5.88 36.17 7.01 36.17 7.01 
BB 10.00 5.30 22.50 8.04 16.67 7.37 26.00 5.24 127.50 14.50 
BT 20.67 5.76 25.67 8.83 17.17 3.18 26.17 6.95 89.20 10.48 
CYBR 26.00 5.50 25.60 5.77 35.00 6.22 37.50 11.08 55.83 11.78 
CYLOW 19.33 9.71 8.67 3.06 14.00 4.21 32.50 5.72 82.00 21.73 
CYHIGH 14.00 2.92 12.83 5.56 18.00 5.47 43.83 4.09 53.50 15.08 
IMDBR 5.67 3.67 6.83 6.44 9.00 3.49 28.67 8.39 60.75 11.03 
IMDLOW 4.20 1.39 1.00 0.37 4.67 2.06 19.17 4.20 73.50 25.50 
IMDHIGH 3.33 2.06 0.67 0.49 5.33 1.86 19.50 6.83 56.50 6.37 
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Appendix table 3.16: Total springtail densities (number of individuals m-2) for year two across treatments (C: control; BB: 
Beauveria bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; 
CYHIGH: cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; 
IMDHIGH: imidacloprid highest label rate) 
 

springtails y2  -4 weeks  1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se mean se 
C 62.67 18.86 48.17 6.96 27.83 5.04 17.33 4.96 1.83 0.79 7.83 1.51 
BB 73.33 19.96 41.33 7.03 23.33 3.45 11.00 2.35 2.00 0.93 3.83 1.05 
BT 73.40 33.85 43.33 7.99 25.33 6.00 18.00 5.82 2.67 1.71 4.67 1.20 
CYBR 69.83 19.18 47.00 8.91 21.00 4.53 21.17 5.79 1.33 0.49 10.67 5.21 
CYLOW 63.83 10.68 29.17 2.50 22.33 3.87 9.00 1.71 1.60 0.87 13.50 7.74 
CYHIGH 54.00 18.52 34.50 7.31 23.67 3.25 15.33 5.12 1.67 0.67 5.00 1.03 
IMDBR 44.50 4.26 61.00 17.20 19.17 3.16 9.83 2.70 0.80 0.37 10.67 4.95 
IMDLOW 63.33 16.89 40.17 10.33 18.67 5.74 8.17 2.20 1.60 0.68 5.00 2.13 
IMDHIGH 68.83 12.23 52.17 9.39 14.17 1.78 6.00 3.65 1.50 1.12 7.50 2.32 
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Appendix table 3.17: Entomobryidae (number of individuals m-2) for year one across treatments (C: control; BB: Beauveria 
bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; CYHIGH: 
cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; IMDHIGH: 
imidacloprid highest label rate) 
 

Entomobryidae y1 1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se 
C 14.00 5.01 22.17 5.06 6.83 1.87 2.33 0.84 2.33 0.84 
BB 6.83 3.65 17.50 5.51 10.83 5.21 6.33 1.91 63.00 12.00 
BT 14.17 4.22 21.67 7.33 6.83 1.47 8.83 3.55 1.00 NA 
CYBR 20.00 4.39 21.60 5.24 11.40 2.34 5.00 1.47 45.40 5.48 
CYLOW 15.17 7.81 8.00 2.62 5.00 2.35 2.33 1.12 NA NA 
CYHIGH 12.20 2.54 12.50 5.45 8.67 4.06 5.17 1.54 1.00 NA 
IMDBR 5.33 3.84 6.17 5.77 2.40 1.29 1.67 1.31 3.67 0.88 
IMDLOW 3.00 0.95 1.00 0.37 1.17 0.83 3.50 2.63 NA NA 
IMDHIGH 2.50 1.43 0.67 0.49 1.33 0.61 0.50 0.34 4.00 1.08 
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Appendix table 3.18: Entomobryidae (number of individuals m-2) for year two across treatments (C: control; BB: Beauveria 
bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; CYHIGH: 
cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; IMDHIGH: 
imidacloprid highest label rate) 
 

Entomobryidae y2  -4 weeks  1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se mean se 
C 43.67 16.67 34.50 3.75 23.00 4.46 14.50 3.99 1.50 0.81 5.33 0.84 
BB 45.17 12.93 29.00 3.86 19.50 3.00 10.50 2.17 1.33 0.56 2.17 0.31 
BT 53.80 28.39 28.00 4.37 21.17 5.11 15.83 5.02 2.17 1.60 1.67 0.76 
CYBR 53.33 15.92 36.50 6.67 17.00 4.64 17.83 5.66 0.17 0.17 8.83 4.69 
CYLOW 32.67 9.19 21.33 2.04 20.00 3.42 8.33 1.69 1.20 0.97 11.00 8.21 
CYHIGH 30.50 9.48 29.50 6.01 22.83 3.20 14.17 4.73 0.83 0.54 3.50 0.76 
IMDBR 31.67 2.54 33.20 5.11 15.50 1.71 9.17 2.48 0.60 0.40 6.17 3.85 
IMDLOW 48.33 14.69 29.33 8.27 16.83 5.26 7.33 1.80 1.00 0.63 3.83 1.99 
IMDHIGH 49.50 10.17 36.33 5.24 11.83 1.83 4.40 2.16 1.33 0.95 5.67 2.19 
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Appendix table 3.19: Isotomidae densities (number of individuals m-2) for year one across treatments (C: control; BB: Beauveria 
bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; CYHIGH: 
cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; IMDHIGH: 
imidacloprid highest label rate) 
 

Isotomidae y1 1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se 
C 5.17 2.71 4.00 1.26 8.33 3.30 30.33 7.08 30.33 7.08 
BB 2.50 1.38 2.33 1.23 5.00 1.97 16.67 4.65 56.50 27.50 
BT 5.50 1.48 3.67 1.58 6.33 1.31 14.67 5.57 19.00 NA 
CYBR 3.80 1.20 3.80 1.11 17.20 4.85 30.25 11.67 15.80 4.18 
CYLOW 3.33 1.71 0.67 0.21 4.50 1.48 26.67 6.33 NA NA 
CYHIGH 1.60 0.60 0.00 0.00 6.83 1.08 33.33 5.46 5.00 NA 
IMDBR 0.33 0.33 0.67 0.67 3.20 1.56 20.67 6.46 38.67 7.88 
IMDLOW 1.00 0.55 0.00 0.00 1.83 0.70 11.33 2.38 NA NA 
IMDHIGH 0.83 0.65 0.00 0.00 1.50 0.56 15.83 4.92 38.25 10.10 
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Appendix table 3.20: Isotomidae densities (number of individuals m-2) for year two across treatments (C: control; BB: Beauveria 
bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; CYHIGH: 
cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; IMDHIGH: 
imidacloprid highest label rate) 
 

 
 
 
 
 
 
 
 
 
 
 

  

Isotomidae y2  -4 weeks  1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se mean se 
C 17.17 6.27 11.17 2.73 4.33 1.89 2.00 1.61 0.17 0.17 1.50 0.96 
BB 23.33 10.33 10.50 3.00 2.67 1.12 0.50 0.34 0.67 0.49 0.33 0.33 
BT 16.80 5.29 13.33 3.51 3.83 1.25 2.17 0.87 0.50 0.34 0.83 0.48 
CYBR 14.83 4.64 8.33 3.59 3.83 0.98 3.17 1.14 0.33 0.33 0.67 0.33 
CYLOW 27.50 8.82 6.83 1.58 1.83 0.54 0.67 0.21 0.40 0.24 1.00 0.52 
CYHIGH 19.50 9.82 4.17 1.30 0.33 0.33 0.67 0.33 0.50 0.34 0.67 0.42 
IMDBR 10.33 2.78 25.60 13.12 2.67 1.50 0.67 0.33 0.20 0.20 4.17 3.58 
IMDLOW 11.33 2.93 8.17 2.21 1.83 1.05 0.50 0.34 0.60 0.24 0.33 0.21 
IMDHIGH 15.00 3.39 14.67 4.77 2.17 0.70 1.60 1.60 0.00 0.00 0.83 0.54 
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Appendix table 3.21: Sminthuridae densities (number of individuals m-2) for year one across treatments (C: control; BB: 
Beauveria bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; 
CYHIGH: cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; 
IMDHIGH: imidacloprid highest label rate) 
 

Sminthuridae y1 1 week 4 weeks 8 weeks 12 weeks 16 weeks 
     mean se mean se mean se mean se mean se 
C 1.00 0.52 0.50 0.34 3.33 2.28 3.50 0.76 3.50 0.76 
BB 0.50 0.34 2.50 1.96 0.67 0.49 3.00 0.73 8.00 1.00 
BT 0.67 0.33 0.33 0.33 4.00 1.75 2.67 0.84 15.00 NA 
CYBR 2.00 1.55 0.40 0.40 6.40 1.86 2.25 0.95 5.80 1.69 
CYLOW 0.50 0.34 0.33 0.33 4.50 2.26 3.50 0.96 NA NA 
CYHIGH 0.20 0.20 0.33 0.33 2.50 1.26 5.33 1.50 12.00 NA 
IMDBR 0.00 0.00 0.00 0.00 3.40 1.03 6.33 2.60 10.00 2.89 
IMDLOW 0.20 0.20 0.00 0.00 1.67 0.92 4.33 0.92 NA NA 
IMDHIGH 0.00 0.00 0.00 0.00 2.50 1.43 3.17 1.82 12.75 2.06 
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Appendix table 3.22: Sminthuridae densities (number of individuals m-2) for year two across treatments (C: control; BB: 
Beauveria bassiana; BT: Bt galleriae; CYBR: cyantraniliprole below label rate; CYLOW: cyantraniliprole lowest label rate; 
CYHIGH: cyantraniliprole highest label rate; IMDBR: imidacloprid below label rate; IMDLOW: imidacloprid lowest label rate; 
IMDHIGH: imidacloprid highest label rate) 
 

Sminthuridae y2  -4 weeks  1 week 4 weeks 8 weeks 12 weeks 16 weeks 
  mean se mean se mean se mean se mean se mean se 
C 1.83 0.98 2.17 1.05 0.50 0.22 0.83 0.31 0.17 0.17 1.00 0.63 
BB 4.83 1.85 1.83 0.60 1.17 0.48 0.00 0.00 0.00 0.00 1.33 0.76 
BT 2.80 0.97 2.00 0.52 0.33 0.21 0.00 0.00 0.00 0.00 2.17 0.48 
CYBR 1.67 0.67 2.17 1.08 0.17 0.17 0.17 0.17 0.83 0.40 1.00 0.45 
CYLOW 3.67 1.41 1.00 0.52 0.50 0.34 0.00 0.00 0.00 0.00 1.50 0.50 
CYHIGH 4.00 1.57 0.67 0.33 0.50 0.34 0.50 0.34 0.33 0.33 0.83 0.48 
IMDBR 2.50 0.99 1.80 0.37 1.00 0.52 0.00 0.00 0.00 0.00 0.33 0.21 
IMDLOW 3.50 1.52 2.67 0.99 0.00 0.00 0.33 0.21 0.00 0.00 0.83 0.31 
IMDHIGH 4.17 1.30 1.17 0.65 0.17 0.17 0.00 0.00 0.17 0.17 1.00 1.00 

 
 
 


