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Nitrogen (N) plays a critical and complex role in the Earth's ecosystems and is often a 

limiting nutrient in agriculture. The work presented here investigates four aspects of 

the N cycle. Chapter 1 examines interactions between pyrogenic organic matter 

(PyOM) and ammonia (NH3). Adsorption isotherms, spectroscopy, and stoichiometric 

analyses show that PyOM’s NH3 retention capacity can exceed 180 mg N g-1 PyOM 

carbon. More than half of the NH3–N is retained through chemisorption, including the 

formation of a variety of covalent bonds. These results indicate that PyOM could exert 

an important and unaccounted-for control on global N cycling. Chapter 2 explores 

biochar’s capacity to improve N retention during composting. When N loss was 

calculated as a proportion of C loss to account for differences in microbial activity, 

relative N loss from compost with oxidized biochar was more than fivefold lower than 

N loss from compost with unoxidized biochar and comparable to relative N loss from 

the compost feedstocks alone. N retention by oxidized biochar was directly 

responsible for lower N loss from compost. These data show that biochar can be used 

to improve compost efficiency and that biochar’s physiochemical characteristics 

influence its performance in compost. Chapter 3 investigates multipartite plant-biotic 



 

synergies that increase plant N acquisition more than tenfold and account for half of 

the N that mycorrhizal plants acquire from soil organic matter. This relationship may 

contribute to more than 70 Tg of annually assimilated plant N, thereby playing a 

critical role in global nutrient cycling and ecosystem function. Chapter 4 provides 

evidence of subsurface plant acquisition of N from NH3 gas. Plants derived up to 34% 

of total daily N from NH3. Nearly 4% of N in soil organic matter traveled as NH3 gas 

belowground and accounted for over 9% of N acquired by plants per season. Together, 

the results presented here could be used to better understand the global N cycle and 

improve sustainable N delivery to crops. 
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CHAPTER 1 

 

AMMONIA RETENTION BY PYROGENIC ORGANIC MATTER 

 

Abstract 

 

Pyrogenic organic matter (PyOM) is present in the Earth’s soil, atmosphere, marine 

sediment, and ocean water. We investigated PyOM’s interactions with ammonia 

(NH3), a ubiquitous gas that makes up much of the Earth’s reactive nitrogen (N) pool. 

We show that PyOM’s NH3 retention capacity under ambient conditions can exceed 

180 mg N g-1 PyOM carbon (PyOM-C), unexpectedly resulting in a material with a 

higher N content than that of any unprocessed plant material and most animal 

manures. As PyOM is weathered, NH3 retention increases 4-fold, with more than half 

of the NH3 retained through chemisorption rather than physisorption. Near-edge X-ray 

absorption fine structure (NEXAFS) and nuclear magnetic resonance (NMR) 

spectroscopy reveal that NH3 forms a variety of covalent bonds with PyOM, more 

than 10% of which may be contained in heterocyclic structures. We estimate that 

through these mechanisms soil PyOM stocks could retain more than 600-fold annual 

NH3 emissions from agriculture, and conclude that PyOM could exert an important 

and unaccounted-for control on global N cycling. 

 

Introduction 

The Earth’s soil, atmosphere, marine sediment, and ocean water contain large 

quantities of pyrogenic C (54-109, 0.26 10-4, 480-1440, and 26-145 Pg of C, 
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respectively1,2). In soil, most of this pyrogenic C originates from burnt biomass, which 

contributes up to 129 Tg yr-1 of PyOM-C to soil C stocks1. Many aspects of pyrogenic 

C biogeochemistry remain poorly understood, including interactions between 

pyrogenic C’s heterogeneous surface—containing both aromatic and aliphatic C, 

condensates, and other elements such as N, H, and O—and environmental N sources. 

Interactions between PyOM and environmental N may influence gaseous N emissions, 

N leaching, N availability to living organisms, and global N transport3. Here, we focus 

on PyOM’s interactions with NH3—the atmosphere’s most abundant alkaline gas—the 

emissions of which are projected to double by 2050 and constitute a large part of the 

global total reactive N pool4-6. Common sources of NH3 in soils include decomposing 

organic matter, rainwater, and N fertilizer. Laboratory studies show that various forms 

of natural and industrially-modified organic matter can retain NH3
7-18, but the NH3 

retention capacity of natural PyOM stocks and the mechanisms responsible for NH3 

retention under ambient conditions have not been established. Therefore, the extent to 

which these studies can inform our understanding of PyOM’s role in global 

biogeochemical cycles is unknown. 

 

Proposed mechanisms for NH3 retention by natural PyOM include physisorption, 

electrostatic interactions, and precipitation of ammonium (NH4
+) salts7-9. Although 

these retention mechanisms would allow PyOM to act as a temporary N sink, N 

retained in these ways would be readily available for plant and microbial uptake, or 

loss through gas or solute transport7. Conversely, the formation of stronger covalent 

bonds between PyOM and NH3 would result in more persistent N retention, allowing 
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PyOM to serve as a dynamic, long-term N source and sink—both capturing NH3 from 

its surroundings and slowly releasing it over time. This could also result in greater 

coupling of global C and N cycling, as covalently-bound NH3–N would be carried 

with the PyOM–C as it traveled over great distances1. However, until now, covalent 

bond formation between natural PyOM and NH3 under ambient conditions has not 

been observed. 

 

Some evidence exists that under certain laboratory conditions, covalent bonds can 

form between NH3 and industrially-produced relatives of PyOM. Graphene oxides and 

activated carbons can form a variety of cyclic and non-cyclic N structures when 

exposed to NH3 at temperatures exceeding 200°C10-14,17,18. However, these materials 

are often modified with chemical oxidants, heat, and metal impregnation, and differ 

considerably from natural PyOM in surface area and functional group composition19-

21. Thus it is unknown whether studies of graphene oxides and activated carbons can 

be used to predict interactions between natural PyOM and NH3, and whether the same 

variety of covalent N structures develops under ambient environmental conditions. 

Non-cyclic amine and amide bonds do form when industrial relatives of PyOM are 

exposed to NH3 at ambient temperatures, but the formation of aromatic and non-

aromatic heterocyclic N structures under these conditions has never been observed 

between NH3 and any pyrogenic C material22. This is of great interest because 

enrichment with these heterocyclic N structures influences the electrochemical 

properties and environmental persistence of both natural and industrial pyrogenic C 

materials16,22-25. If heterocyclic N structures develop between PyOM and NH3 under 
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natural conditions, this interaction would have important consequences for global C 

and N cycling. 

 

In order to assess the impact of PyOM stocks on global nutrient cycles, it is also 

necessary to consider PyOM’s dynamic nature. Similar to the variety found in other 

sources of organic matter, different types of PyOM have different physical and 

chemical characteristics, including elemental makeup, functional group composition, 

surface area, pH, and other properties24. Additionally, PyOM properties change over 

time, as the material is exposed to water, sunlight, microbial activity, and other 

oxidizing forces27-29. Such variation in physiochemical properties can drastically alter 

PyOM’s role in the environment. Thus, to understand the influence of PyOM-NH3 

interactions on global N cycling, it is important to consider how PyOM’s NH3 

retention capacity might change over time. In this study, we investigate PyOM’s NH3 

retention capacity under ambient conditions, N retention mechanisms, and whether 

retention capacity develops as PyOM stocks are weathered. 

 

Results 

PyOM produced from woody biomass was oxidized to generate a gradient of 

weathered PyOM28,29 and subsequently exposed to NH3 vapour at ambient temperature 

and pressure (35°C and 80-800 Torr). Total NH3 capture increased more than 6-fold 

after oxidation, from 2.3 mmol g-1 PyOM-C in unoxidized PyOM to 13.5 mmol g-1 

PyOM-C in highly oxidized PyOM (Fig. 1.1a), showing that PyOM can retain 

substantial quantities of N from this form of NH3. Although specific surface area 
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(SSA) and low pH may contribute to the NH3 retention capacity of some pyrogenic C 

materials7,8,30, these characteristics did not explain the trends observed here. PyOM 

SSA decreased with oxidation and therefore could not have contributed to the increase 

in NH3 retention observed in highly oxidized PyOM samples (Fig. 1.1b). PyOM pH 

also decreased with oxidation (Fig. 1.1c). However, when unoxidized PyOM was 

incubated with hydrochloric acid, which lowered its pH without altering key oxygen-

containing functional groups (Fig. 1.S1), NH3 retention remained unchanged (Fig. 

1.S2). This shows that although oxidation and low pH are correlated, pH itself did not 

drive NH3 retention and cannot be used to predict PyOM oxidation or NH3 retention 

capacity. Instead, our analyses indicate that functional group composition may be a 

more reliable determinant of PyOM’s NH3 retention capacity11,21. Peak height ratios 

measured by Fourier transform infrared spectroscopy (FTIR) and integrated peak areas 

measured by solid state 13C NMR spectroscopy show that with progressive oxidation, 

PyOM’s oxygen-containing functional groups increase relative to aromatic C 

structures (Figs 1.1d, 1.S3, and 1.S4). Taken together, these results highlight PyOM’s 

substantial and dynamic N retention capacity, and the relevance of weathering and 

exposure to oxidizing agents (e.g., microbial activity or ozone) when considering 

PyOM’s potential role in N cycling.  
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Figure 1.1. Changes in PyOM NH3 retention and physiochemical characteristics 

as a function of molar O:C ratio. (a) NH3 retention capacity—expressed in mmol of 

NH3 g
-1 of PyOM-C (left y axis) and percent N of PyOM-C (right y axis)—increases 

as a function of molar O:C ratio. Each point represents the average O:C ratio for two 

replicates. NH3 Chemisorption = 17.49x - 1.84, R2 = 0.89, p < 0.001, F1, 25 = 204.7, S25 

= 0.59 (light blue); NH3 Combined Chemical and Physical Adsorption = 30.51x - .44, 

R2 = 0.96, p < 0.001, F1, 25 = 567.2, S25 = 0.62 (dark blue). (b) SSA decreases as 

PyOM O:C ratio increases. SSA = -365x + 288.8, R2 = 0.931, p < 0.001, F1, 25 = 338.5, 

S25 = 9.591. (c) PyOM pH decreases as oxidation increases. Blue symbols represent 

unoxidized PyOM and PyOM incubated with DIH2O and H2O2 and are fitted with a 
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significant curve (y = 20.8*e-14.8(O:C) + 2.84, S19 = 0.199). (d) The intensity of FTIR 

peak heights associated with C=O stretching (1691-1715 cm-1) increases in proportion 

to the intensity of peak heights associated with C=C vibrations and stretching (1582-

1609 cm-1) as PyOM O:C ratio increases (y = 4.29x - 0.0670, R2 = 0.963, p < 0.001, 

F1, 25 = 650, S25 = 0.081). For all figures, yellow symbols represent PyOM that was 

incubated with 1M HCl; pink symbols represent PyOM that was incubated with H2O2 

and then with 1M NaOH; shaded bands represent the 95% CI. 

 

 

In addition to revealing PyOM’s considerable NH3 retention capacity, adsorption 

isotherms showed that up to 53% of the NH3 was retained through chemisorption 

rather than physisorption, and that this proportion was greatest in oxidized PyOM 

(Fig. 1.1a). A commonly proposed mechanism for NH3 chemisorption by PyOM is 

protonation of NH3 to form NH4
+ and subsequent electrostatic interaction between the 

NH4
+ and PyOM’s negatively-charged functional groups7, but our data indicate that 

this mechanism cannot solely be responsible for PyOM NH3–N retention. Direct 

exposure of oxidized PyOM to NH4
+ resulted in much lower N retention than exposure 

to NH3 gas (Fig. 1.2a), suggesting that electrostatic interactions alone cannot explain 

PyOM’s NH3 retention capacity. Furthermore, if physisorption or electrostatic 

interactions are predominantly responsible for PyOM N retention from NH3 and NH4
+, 

then stoichiometry dictates that on a molar basis, increases in PyOM–N following 

exposure should be accompanied by a 3- to 4-fold increase in PyOM–H. However, 

when oxidized PyOM (molar O:C ratio 0.402) was exposed to NH3, the increase in 

PyOM molar H:N ratio was smaller than 0.5, suggesting that a substantial portion of 

NH3–N is retained without retention of NH3–H (Fig. 1.2b). When the same PyOM 

sample was exposed to NH4
+, the molar H:N ratio increased by 5.03, suggesting that 

most of the NH4
+–N was retained along with NH4

+’s H atoms. This stoichiometric 
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comparison of H:N ratios in PyOM samples before and after exposure to NH3 and 

NH4
+ indicates that the respective mechanisms for N retention differ substantially, and 

that alternatives to physisorption and electrostatic interaction are likely responsible for 

PyOM’s NH3 retention capacity. 

 

Figure 1.2. Nitrogen content of PyOM in mmol N g-1 PyOM-C following exposure 

to NH4
+ or NH3 as measured by dry combustion (a) and molar increase in PyOM 

H:N following exposure to NH3 and NH4
+ (b). Green symbols represent original 

PyOM samples without N addition, orange symbols represent PyOM following 

exposure to NH4
+, and blue symbols represent PyOM following exposure to NH3. 

Shaded bands represent the 95% CI. (a) N contents are significantly associated with 

molar O:C ratios following exposure to NH3 and NH4
+ (y = 18.25x – 0.0665, p < 

0.001 and y = 3.045x - .008, p < 0.001, respectively). (b) H:N molar increases are 

significantly associated with O:C ratios following exposure to NH3 (y = 6.23x - 1.70, 

R2 = 0.59, p < 0.005, F1, 10 = 14.45, RSE10 = 0.53), but not NH4
+. PyOM samples 

retain less than 0.5 moles of NH3-H for every mole of NH3-N retained, compared to 

2.13-23.60 moles of NH4
+-H for every mole of NH4

+-N retained.  

 

To examine these alternative mechanisms for NH3 retention, we compared the N K-

edge NEXAFS spectra of oxidized PyOM (O:C ratio 0.402) to those of oxidized 
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PyOM following exposure to either NH3 or NH4
+ (Figs 1.3a and 1.S5). This method 

cannot be used to quantify the absolute amount of N retained by PyOM, but does 

provide information about the types of covalent N bonds present. Exposure to NH3 

resulted in the formation of a variety of covalent N bonds that differ from those 

originating from PyOM feedstock N, N structures formed during thermal 

decomposition, N structures formed between PyOM and NH4
+, and N-H bonds in pure 

NH3 or NH4
+ refs34-36. Interactions between oxidized PyOM and NH3 led to the strong 

development of absorption peaks between 397.88-402.40 eV, many of which are 

consistent with aromatic and non-aromatic heterocyclic N structures14,36 (see Table 

1.S1). Compared to spectra collected from PyOM that was not exposed to additional 

N, spectra collected from PyOM following exposure to NH3 showed a 3-fold increase 

in the 1s→π* area consistent with aromatic six-membered heterocycles containing 

either one or two N atoms (model peaks located at 397.88, 398.76, and 399.2 eV), a 3-

fold increase in the area consistent with nitrile bonds and aromatic five-membered 

heterocycles containing either one or two N atoms (400.05, 401.43, and 402.40 eV), 

and a 1.3-fold increase in the area consistent with aliphatic N bonded to aromatic rings 

(403.00 and 403.65 eV) (Table1.S2). Additionally, while no feature consistent with 

non-aromatic six-membered N heterocycles (401.15 eV) was identified in spectra 

collected from oxidized PyOM not exposed to NH3, this feature accounted for two 

percent of the area underneath the spectrum collected from oxidized PyOM following 

exposure to NH3. In contrast, development of peaks in the 1s→π* region following 

exposure to NH4
+ was very small, suggesting that there was little change in N 

functional group composition with NH4
+ addition. Both the spectra of PyOM exposed 
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to NH4
+ as well as those of unexposed PyOM are strongly dominated by 1s→ σ* 

features with peak centers between 405.00-406.58 eV, which dwarf the 1s→ π* region 

area in these spectra. Although these 1s→ σ* features are often associated with N-H 

bonds, they cannot be assigned definitively due to severe overlap of spectral features 

in this region36.  

 

  

To further compare mechanisms for PyOM retention of NH3 in comparison to NH4
+, 

we also collected FTIR spectra from oxidized PyOM, and oxidized PyOM following 

exposure to NH3 and NH4
+ (Fig. 1.3b). Similar to the NEXAFS spectra (Fig. 1.3a), the 

FTIR spectra show clear differences between functional groups present in PyOM, 

PyOM following exposure to NH3, and PyOM following exposure to NH4
+. Exposure 

to NH3 resulted in the emergence of new peaks at 1656 and 1367 cm-1 and an increase 

in peak height at 1574 cm-1, all of which are consistent with C-N stretching, including 

C-N resonance stretching in aromatic rings at 1656 cm-1 refs37,38. Exposure to NH3 

also resulted in a marked decrease in the peaks associated with C=O and C-O 

carbonyl/carboxyl and ketonic stretching at 1710 and 1226 cm-1, respectively, 

suggesting that these functional groups decrease relative to other functional groups in 

this sample. In contrast, exposure to NH4
+ resulted in only two new spectral features, 

including the formation of medium-sized peaks at 1419 and 1372 cm-1, which are 

consistent with N-H and C-N stretching, respectively. 
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Figure 1.3. Nitrogen K-edge NEXAFS, FTIR, and NMR spectra of oxidized 

PyOM samples. NEXAFS (a), FTIR (b), and NMR (c) spectra collected from 

oxidized PyOM, oxidized PyOM following exposure to NH4
+, and oxidized PyOM 

following exposure to NH3. (a) Shaded bands represent the range of peak centers 

consistent with selected spectral features: 397.88-399.20 eV for C=N bonds in 1N and 

2N aromatic six-membered rings (orange), 400.00 for nitrile bonds (dark blue), 

399.76-400.27 for C=N bonds in 2N five-membered rings (light blue), 401.15 for C-N 

bonds in nonaromatic six-membered rings (red), 401.20-402.40 for C-N bonds in 1N 

and 2N aromatic five-membered rings (light blue), 403.00-403.75 for aliphatic N 

bonded to aromatic rings (yellow), and 405.00-406.58 for aliphatic amines and N-H 

bonds (green). Model chemical structures are shown at the top of the figure. (b) FTIR 

spectra of oxidized PyOM, oxidized PyOM following exposure to NH4
+, and oxidized 

PyOM following exposure to NH3. (c) 15N-NMR SEDPMAS spectrum of oxidized 

PyOM following exposure to 15NH3, and 15N-NMR CPMAS spectra of oxidized 

PyOM following exposure to 15NH4
+ and 15NH3. The spectra suggest that NH3-N 

retention mechanisms could include NH4
+ adsorption (represented by the peak at 20 

ppm), and the formation of covalent C-N bonds such as amines (20 ppm), amides 

(~107 ppm), and aromatic 5-membered heterocycles (chemical shifts between ~130-

165 ppm)16,31-33. 

 

 

Definitive functional group assignment using FTIR spectra collected from 

heterogeneous materials such as PyOM is challenging because the regions associated 

with different bonds often overlap with one another. However, the major treatment 

difference between our PyOM samples is whether or not they were exposed to gaseous 

NH3 or aqueous NH4
+. Therefore, although FTIR spectral features between 1200-1700 
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cm-1 are sometimes associated with bonds between other elements (including C and 

O), it is probable that the emergence of distinct features in the FTIR spectra collected 

from our oxidized PyOM samples following exposure to either NH3 or NH4
+ is a result 

of bonds that formed between PyOM and N. Since the FTIR spectrum of pure NH3 

contains predominant peaks around 950 cm-1, it is also unlikely that physical 

adsorption of NH3 alone could account for the differences observed between the FTIR 

spectra collected from our PyOM samples before and after NH3 exposure38. In 

contrast, the FTIR spectra of NH4
+ standards contain predominant peaks around 1440 

cm-1, indicating that NH4
+ adsorption was responsible for the relative increase in this 

region of the spectra collected from our PyOM samples following exposure to NH4
+. 

This corresponds with our NEXAFS deconvolution analysis, which shows that 

exposure to NH4
+ does not result in the substantial formation of a variety of N 

functional groups, despite the increased N content relative to unexposed PyOM 

samples. It also corresponds with elemental analyses, which suggest that oxidized 

PyOM retains NH4
+–N in stoichiometric balance with NH4

+–H, but retains NH3–N 

without NH3–H. 

 

To further investigate mechanisms for NH3–N and NH4
+–N retention, we collected 

solid state 15N-NMR spectra after separate exposure of oxidized PyOM to enriched 

[15N]-NH3 gas or [15N]-NH4
+ solution (Fig. 1.3c). Use of 15N-enriched reagents was 

necessary because there was insufficient signal from 15N at natural abundance in 

unlabeled NH3 or NH4
+. Significant differences were observed in the 15N-NMR 

CPMAS spectra collected from PyOM exposed to enriched [15N]-NH3 gas and 
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confirmed the formation of a variety of new N functional groups, including NH4
+ and 

amines (~20 ppm), and C-N groups such as amides (~107 ppm) and N heterocycles 

(~158 ppm)16,31-33. Similar to the results of our NEXAFS spectral deconvolution 

analyses, integration of the 15N-NMR SEDPMAS spectrum collected from oxidized 

PyOM following exposure to [15N]-NH3 gas shows that over 40% of the newly-

incorporated NMR-detectable N is consistent with covalent C-N bonds, including 

approximately 13% in heterocyclic structures (Table 1.S4). On the other hand, the 15N-

NMR spectrum collected from PyOM exposed to [15N]-NH4
+ did not show any 

evidence of NH4
+-N incorporation into PyOM, also corresponding with the results of 

our NEXAFS spectral deconvolution analysis, which show very little difference 

between the N functional group composition of PyOM and PyOM following exposure 

to NH4
+. It is possible that some NH4

+–N was incorporated into PyOM, but that the 

quantity retained was below the detection limit for NMR, implying that it is essential 

for an acid-base reaction (e.g., -CO2H + NH3  -CO2-NH4
+) to occur for NH4

+ 

retention. 

 

Direct comparison of NEXAFS and NMR results is difficult because of fundamental 

differences between the two methods. In particular, NMR detects functional groups, 

while NEXAFS detects individual bonds, some of which may be present together in 

one functional group. Additionally, due to severe overlap of features in the 1s→ σ* 

region of NEXAFS N spectra, the portion of N-H and C-NH2 bonds present in a 

sample cannot be determined with this method. However, the overall results from the 

two analyses are similar. In combination with stoichiometric analyses, the NEXAFS, 
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NMR, and FTIR spectra show that PyOM interactions with NH3 under ambient 

conditions can result in substantial N retention and are fundamentally different from 

interactions with NH4
+. This can be ascribed to the nucleophilic NH3 reacting with 

predisposed functional groups of PyOM, such as acid anhydrides, or diketo- fragments 

to form a range of covalent C-N bonds, including amides and N heterocycles (Fig. 

1.3). Furthermore, both the NH3 retention capacity and mechanisms of natural PyOM 

are similar to those of some industrially-produced graphene oxides and activated 

carbons8,19,39 even when exposure occurs at ambient temperature and pressure. These 

results demonstrate for the first time that formation of C-N bonds such as N 

heterocycles, aromatic N heterocycles, and amides may be relevant under natural 

environmental conditions and that PyOM’s interaction with NH3 versus NH4
+ has very 

different implications for the global N cycle. 

 

Discussion 

Our data show that natural PyOM—a ubiquitous component of soil, atmosphere, and 

water—can react with NH3 gas to form covalent bonds under conditions 

approximating the natural environment. This is decisive because such covalent bond 

formation would result in more persistent N retention than physisorption, electrostatic 

interactions, and precipitation of NH4
+ salts, which are currently thought to be the 

dominant mechanisms for PyOM NH3 retention7-9. Since covalently-bound N might be 

less accessible to living organisms and less susceptible to volatilization, diffusion, and 

leaching than weakly sorbed NH3 and NH4
+, it would also have very different 

implications for local N availability and global N cycling. By incorporating NH3–N 
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into covalent C-N bonds, PyOM could provide a more dynamic mechanism for N 

storage, transport, and release. The discovery of aromatic and non-aromatic 

heterocyclic N bond formation between natural PyOM and NH3 at ambient 

temperatures is also noteworthy, as this has not been observed for any pyrogenic 

material, including coal, activated carbon, and graphene oxides. This is particularly 

relevant for industrial applications, where N-doping is used to improve the 

performance of C-based supercapacitors, catalysts, and other materials15,16,23.  

 

Given the existing uncertainties in global PyOM and NH3 budgets, it is difficult to 

calculate exactly how much N might potentially be retained or transported by the 

Earth’s PyOM stocks. Based on estimates of 54-109 Pg PyOM-C in soil1 and an NH3 

adsorption capacity of 13.5 mmol g-1 for oxidized PyOM (Fig. 1.1a), we calculate that 

soil PyOM stocks have the potential to store or transport up to 7.3-14.71014 mol 

NH3 through PyOM-NH3 interactions, equaling up to 645-fold more than estimated 

annual NH3 emissions from global agriculture, or up to 251-fold more than the 

estimated quantity of annually applied synthetic N fertilizer40. If NH3 interactions with 

soil PyOM are representative of those with other PyOM stocks, the atmospheric, 

ocean sediment, and marine PyOM pools could store or transport an additional 

2141014 mol NH3-N through similar mechanisms. Combined, all of these PyOM 

stocks could retain roughly 320 Pg N, or more than 1500-fold the contribution of 

global anthropogenic N inputs per year41.  

 

These calculations predict a large potential influence of PyOM on global N cycling, 
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and should motivate further work to constrain estimates so that they reflect the amount 

of NH3-N retained and transported by PyOM. It is important to consider factors 

influencing NH3 volatilization (e.g., pH, moisture, and temperature), PyOM NH3 

retention capacity (e.g., functional group composition, surface area, and fouling of 

PyOM surfaces), and other variables that affect interactions between PyOM and NH3 

(e.g., the temperature of exposure, distance from the NH3 source, and biological 

competition for NH3). However, even at relatively low NH3 concentrations or PyOM 

N retention levels, PyOM could influence NH3 loss, N availability to plants and 

microbes, and global N transport. Additional experiments are necessary to investigate 

the frequency of PyOM-NH3 interactions and to examine them in more complex and 

heterogeneous environments, especially in marine waters and sediments, which hold 

the vast majority of the Earth’s PyOM stocks. The coupling of global C and N cycles 

through such interactions could also be significant and warrants further research.  

 

Methods 
 

PyOM preparation 

Maple (Acer rubrum) wood chips were pyrolyzed at 500°C for 30 min in a modified 

muffle furnace. The resulting PyOM was ground and sieved to 149-850 µm, divided 

into subsamples, and incubated with hydrogen peroxide (H2O2) or deionized water 

(DIH2O) at 30°C for up to three months (PyOM:H2O2 ratio of 1:10 g mL-1). After 

oxidation, PyOM was rinsed thoroughly with DIH2O and dried. Some PyOM samples 

were rewetted with DIH2O (PyOM: DIH2O ratio of 1:20 g mL-1) and treated with 1 M 
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HCl or NaOH until the desired pH was achieved. These PyOM samples were also 

rinsed with DIH2O and dried. 

 

PyOM characterization 

PyOM pH was measured in DIH2O at a ratio of 1:20 g mL-1. SSA was quantified 

using the B.E.T. method with CO2 at 273.15 K (ASAP 2020, Micromeritics, Atlanta, 

Georgia). Total C, N, H, and O were measured using a Delta V Isotope Ratio Mass 

Spectrometer (Thermo Scientific, Germany) coupled to a Carlo Erba NC2500 

Elemental Analyzer (Italy).  

 

NH3 and NH4
+ adsorption 

NH3 adsorption isotherms were measured with an Autosorb iQ gas sorption analyzer 

(Quantachrome Instruments, Boynton Beach, Florida). Briefly, samples were degassed 

at 300°C for 3 h prior to NH3 adsorption isotherm determination, which was 

conducted from 80-800 Torr at 35°C. Chemisorption values indicate NH3 that was 

retained by PyOM under vacuum. See Fig. 1.S6 for comparison of N measured by 

chemisorption isotherms to N measured by dry combustion. For NH4
+ adsorption 

measurements, PyOM samples were mixed with 100 mM ammonium chloride 

solution for 16 h, filtered, rinsed with ethanol, and dried. Retained N was measured 

using an elemental analyzer, as described above.  
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FTIR 

FTIR spectroscopy was used to characterize oxidized PyOM samples and investigate 

changes in PyOM functional group composition after exposure to NH3 and NH4
+. Two 

replicates of each PyOM sample were scanned 200 times from 575-3500 cm-1 at a 

resolution of 8 cm-1 using a Bruker Hyperion FT-IR Spectrometer (Bruker, Billerica, 

Massachusetts) equipped with a ZnSe crystal source (PIKE Technologies, Inc., 

Madison, Wisconsin). Atmospheric background spectra were subtracted from each 

sample spectrum. Replicate sample spectra were averaged, baseline corrected, and 

normalized. Wavenumbers were assigned and peak ratios were calculated for the 

following functional groups: 752-761, 813-823, and 875-915 cm-1 to aromatic C-H out 

of plane deformation, 1690-1715 cm-1 to carbonyl/carboxyl and ketonic C=O 

stretching, and 1581-1609 cm-1 to aromatic C=C vibrations and stretching (OPUS, 

Bruker, Billerica, Massachusetts). 

 

NEXAFS 

Nitrogen K-edge NEXAFS was used to discern how NH3 and NH4
+ were retained by 

PyOM following exposure. Briefly, samples were mounted onto gold-coated silicon 

wafers and scanned in 49 different locations for 20 seconds each, without any spatial 

overlap to prevent radiation damage to the sample. N Kα partial fluorescence yield 

was collected using silicon drift detectors in the slew scanning mode of the spherical 

grating monochromator beamline at the Canadian Light Source (Saskatoon, Canada). 

For each sample, all 49 scans were averaged across four detectors and normalized by 

the beamline incident flux obtained by measuring the drain current in a gold mesh 
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(IGOR Pro 6.36, WaveMetrics, Lake Oswego, Oregon). Following a modification of 

the method used by ref.42, spectra were shifted based on the N2 absorption spectrum 

measured from ammonium sulfate, background corrected, smoothed, and normalized 

to an edge-step of 1 (Athena 0.8.056, Bruce Ravel; Ifeffit 1.2.11, Matt Newville, 

University of Chicago, Chicago, Illinois). Deconvolution was performed using 

Gaussian curves and peak characteristics of N-containing standards (Fityk 0.9.8, 

Marcin Wojdyr; see Fig. 1.S7 for N standard spectra and Table 1.S1 for peak 

assignments used in deconvolution). The fraction of π* area associated with specific N 

bonds (compared to total area of all deconvolution products) was calculated for each 

sample (Table 1.S2). If they were present as physically adsorbed molecules, neither 

NH3 nor NH4
+ could have been responsible for the development of the numerous pre-

edge features in the spectra collected from PyOM that was exposed to NH3 and NH4
+ 

(see Figs 1.S7 and 1.S8, Table 1.S2, and refs34-38).  

 

To confirm that radiation damage was not responsible for spectral features, samples 

were also scanned 15 additional times in the same location. These 15 spectra were 

then averaged, shifted, background corrected, smoothed, and normalized as described 

above. If the samples were susceptible to beam damage, we would expect to see new 

spectral features that would become more pronounced as each additional scan exposed 

the sample to increasing radiation. However, as shown in Fig. 1.S9, this did not 

occur—even after a 15-fold increase in radiation, the spectral features remain the same 

as those presented in Fig. 1.3a. As other authors have noted, this indicates that 

radiation damage was not responsible for the features present in NEXAFS sample 
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spectra43.  

 

Solid-state NMR Spectroscopy 

Solid-state NMR spectroscopy was used to investigate how NH3 and NH4
+ were 

retained by oxidized PyOM following exposure. In order to obtain a sufficiently strong 

signal during 15N-NMR experiments, oxidized PyOM samples were exposed to 

gaseous [15N]-NH3
 with 98 atom% 15N (Air Liquide America Specialty Gases, 

Plumsteadville, PA) and [15N]-NH4
+ with 10 atom% 15N (Cambridge Isotope Labs, 

Tewksbury, MA) at 35°C, under atmospheric pressure.  

 

1-D 13C and 15N solid-state NMR spectra were obtained at a magnetic field of 7 Tesla 

(1H, 13C and 15N Larmor frequency of 300 MHz, 75 and 30 MHz, respectively) using a 

Bruker Avance III NMR spectrometer fitted with a 4 mm magic angle spinning (MAS) 

double resonance probe. For both the 13C and 15N experiments, ~ 50 mg of PyOM was 

packed into a 4 mm zirconia rotor sealed with a Kel-F cap. For 13C experiments, CP 

(cross-polarisation) was achieved with 6.5 kHz MAS; contact time, 1 ms, ramped from 

70-100%; recycle delay, 3 s; 83 kHz 1H decoupling via spinal-64 sequence; ca 2k 

scans; TOSS (TOtal Suppression of Spinning side-bands) removed side-bands from 

the aromatic peaks that obscured the aliphatic region, and also gave better quality 

response from the sample without pulse breakthrough (Figs 1.S10-12). SEDP (spin 

echo direct polarization with 1H decoupling) was achieved with 12 kHz MAS; recycle 

delay of 10 s; 13C excitation pulse of 4.5 µs (90o); echo time of ~ 75 µs; 71 kHz 1H 

decoupling via spinal-64 sequence (Fig. 1.S13). Complementary spectra were also 
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acquired with dipolar-dephasing delays of 40 µs with both CP and SEDP to assess 

non-protonated carbon content. For 15N experiments, CP was achieved at 5 kHz MAS; 

contact time, 2 ms, ramped from 70-100%; recycle delay, 3 s; 83 kHz 1H decoupling 

via spinal-64 sequence44. TOSS was also used to suppress pulse breakthrough. 

 

All spectra were processed using the Bruker software, TOPSPIN 3.5pl7. Spectra were 

produced from the free induction decays by first zero filling, applying Gaussian 

multiplication (e.g., LB = -10, GB = 0.03), Fourier transformation, and phase 

correction. Chemical shift values were referenced to the C=O of glycine, δC 176 ppm 

for 13C and to (NH4)2SO4, δN 24 ppm on the NH3 scale for 15N. All literature quoted in 

the text were converted to the NH3 scale for 15N by adding 380 ppm. 

  

Data Analysis 

All statistical analyses were performed using the lsmeans and nlstools packages45,46 in 

the statistical computing language and environment R47. 
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SUPPORTING INFORMATION FOR CHAPTER 1 

 

 

Figure 1.S1. FTIR spectra of PyOM samples after treatment with acid or base.  

(a) PyOM samples incubated with 1M HCl to achieve low pH without oxidation. (b) 

PyOM samples incubated with H2O2 and then with 1M NaOH to produce samples that 

have undergone oxidation, but have a high pH. Right-hand labels in both figures 

indicate molar O:C ratio below pH after incubation. FTIR spectral features suggest 

that incubation with acid does not influence functional group composition. In contrast, 

incubation with base results in a relative decrease in oxygen functional groups. 
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Figure 1.S2. Total NH3 adsorption (dark blue, pink and yellow) and 

chemisorption (light blue, pink and yellow) to PyOM. Blue symbols represent 

unoxidized PyOM and PyOM incubated with DIH2O and H2O2, and are fitted with 

significant curves (NH3 Chemisorption: y = 6.65*e-1.75*(pH-2.75) + 0.39, S19 = 0.72; NH3 

Combined Adsorption: y = 10.40*e-1.27*(pH-2.75) + 3.05, S19 = 0.997). Yellow symbols 

represent PyOM samples that were incubated with 1M HCl; pink symbols represent 

PyOM samples that were incubated with 1M NaOH following incubation with H2O2. 



 

24 

 

 

Figure 1.S3. FTIR spectra of PyOM samples along an oxidation gradient. Right-

hand labels indicate molar O:C ratio. Lines (from left to right) represent 

carbonyl/carboxyl and ketonic C=O stretching at 1700 cm-1, aromatic C=C vibrations 

and stretching at 1590 cm-1, and aromatic C-H out of plane deformation at 875, 810, 

and 750 cm-1. As oxidation progresses, there is an increase in the peak height ratio of 

the peaks associated with C=O bonds compared to peaks associated with C=C bonds, 

and an overall height decrease in peaks associated with C-H. This reveals a gradual 

shift in composition of PyOM functional groups, likely related to a decrease in 

aromatic structures and an increase in oxygen-containing functional groups. 
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Figure 1.S4. Solid state 13C CPMAS NMR spectra collected from oxidized PyOM 

samples. PyOM molar O:C ratios are indicated in the right-hand corner next to each 

spectrum. Spectra show greater evidence of carboxyl groups in highly oxidized than 

the less oxidized PyOM (chemical shift centered around 169 ppm)48. The chemical 

shift centered around 129 ppm is consistent with aromatic C; shifts between 18-76 

ppm is consistent with aliphatic C48.  
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Figure 1.S5. Nitrogen K-edge NEXAFS spectra of PyOM samples normalized by 

N content. (a) PyOM, (b) PyOM exposed to NH4
+, and (c) PyOM exposed to NH3. 

Spectra are arranged from bottom to top according to degree of oxidation, indicated by 

the molar O:C ratio prior to exposure to additional N on the left side of each spectrum. 
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Figure 1.S6. N measured by NH3 chemisorption compared to N measured by dry 

combustion. Black circles represent mean mmol N g-1 retained by the PyOM after 

exposure to NH3, as measured by chemisorption (x axis) and dry combustion (y axis). 

Mean PyOM N content prior to NH3 exposure was subtracted from dry combustion 

values in order to represent post-exposure N only. Error bars show the SE (n = 2). The 

data are fitted by a significant linear regression (N retained by PyOM as measured by 

dry combustion = 0.486 - 1.161*N retained by PyOM as measured by NH3 adsorption 

isotherm; p < 0.001, F1, 10 = 188.9, R2 = .95). The shaded area shows the upper and 

lower 95% CLs for the linear regression. The dashed line represents the 1:1 line, 

showing that NH3 chemisorption isotherms predict lower N content than dry 

combustion.  
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Figure 1.S7. N K-edge NEXAFS spectra of N standard compounds. See Table 1.S3 

for specific peak values.  
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Figure 1.S8. N K-edge NEXAFS spectrum of NH3 gas. We collected the partial 

fluorescence yield of NH3 gas, in order to confirm that the features present in the 

spectrum of PyOM following exposure to NH3 were not due to NH3 gas itself. The 

NH3 gas spectrum shows major features at 400.7, 402.3, and 404.2 eV, corresponding 

with NEXAFS and ISEELS NH3 spectra collected by other authors34,35,49. The distinct 

NH3 gas peaks cannot account for the broad features of the NEXAFS spectrum of 

PyOM that has been exposed to NH3 (see Fig. 1.3a). In particular, the NH3-exposed 

PyOM spectrum contains prominent features below 400 eV, which is the region most 

closely associated with aromatic 6-membered heterocyclic N structures and with 

nitrile bonds. Similarly, the peaks present in the FTIR spectra of NH3 gas could not 

account for the differences between the FTIR spectra of oxidized PyOM and NH3-

exposed PyOM38. Taken together, these data provide further evidence that a variety of 

covalent N bonds form when NH3 interacts with PyOM at ambient temperature.  
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Figure 1.S9. Beam damage tests for N K-edge NEXAFS spectra. Fifteen scans were 

collected from the same location in each sample (PyOM, PyOM following exposure to 

NH4
+, and PyOM following exposure to NH3), thereby exposing each sample to 

fifteen-fold the dose of radiation that was used for other analyses (e.g., spectra 

presented in Fig. 1.3a and deconvolution results presented in Table 1.S2). Spectra 

above are arranged in the order that they were collected, so that the first scan collected 

is shown at the bottom of the figure and the following fifteen scans are shown in 

ascending order. An average of all fifteen scans is shown in the panel at the top of the 

figure. Repeated exposure to X-ray radiation did not create notable changes in spectral 

features, indicating that beam damage did not occur during collection of NEXAFS 

spectra. The averaged spectra in the top panel do not contain spectral features that are 

distinct from the averaged spectra collected from different locations in each sample 

(Fig. 1.3a), further indicating that exposure to X-rays did not damage the samples or 

introduce artifacts into the NEXAFS spectra collected from these samples.  
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Figure 1.S10. 1H relaxation of oxidized PyOM. This verifies that the T1 relaxation 

of the bulk protons in the PyOM sample is less than 100 ms, which shows that a 

recycle delay of 3 s is more than adequate for 13C CPMAS. The experiment is an 

array, varying D1 for each timepoint, the relaxation delay, with ns = 4. 

 

 

 

 

 

 

Figure 1.S11. 13C CPMAS spectra collected from oxidized PyOM using a recycle 

delay time of 3 – 20 seconds. This shows that a recycle delay of 3 s is adequate for 
13C CPMAS and that increasing the recycle delay time does not change or improve the 

spectra collected from the PyOM samples, as would be expected when the T1H < 

100ms.    
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Figure 1.S12. 13C CPMAS-TOSS spectra collected from oxidized PyOM using a 

contact time of 1 – 5 ms. This verifies that 1 ms is the optimum contact time for 

observing 13C with CPMAS-TOSS spectra collected from the PyOM samples. The 

signal decreases when a longer contact time is used. 

 

 

 

 

 
 

Figure 1.S13. 13C SEDPMAS spectra collected from oxidized PyOM using a 

relaxation delay of 2 – 150 seconds. (a) SEDPMAS relaxation delay experiment. (b) 

Normalized SEDPMAS spectra for peak ratio comparison of spectra collected using a 

relaxation delay of 10 vs 150 s. These spectra show that full relaxation occurs around 

~150 s. However, the relative ratio of peaks within each spectrum is similar for spectra 

collected with a relaxation delay of 10 s and 150 s, suggesting that overall 

interpretation of the results will not change based on an increase in relaxation delay 

time. 
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Table 1.S1. N K-edge NEXAFS peak assignments used in deconvolution model.  

N Form 

Peak 

Energy 

(eV) 

1s→π* 

Peak 

 Energy  

(eV)  

1s→σ* 

C=N in aromatic 6-membered ring (putative) 397.88  

C=N in aromatic 6-membered ring (1&2N) 398.76 408.01, 412.28 

C=N in aromatic 6-membered oxygenated ring 

(2N) 399.20 405.00, 408.40 

C=N in aromatic 5-membered ring (2N) and nitrile 

C≡N 400.05 406.43, 410.87, 413.75 

Quaternary C-N in non-aromatic 6-membered ring 400.46 408.86 

C-N in aromatic 6-membered oxygenated ring (2N) 400.64 406.92 

C-N in non-aromatic 6-membered oxygenated ring 

(2N) 401.15 406.10 

C-N in aromatic 5-membered ring (2N) 401.43  

C-N in aromatic 5-membered ring (1N) 402.40 407.00 

C=N in aromatic 6-membered ring (1&2N, 

secondary peak) 
402.51  

C-NH2: aliphatic amine bonded to aromatic 6-

membered ring 403.00  

C-NO2: nitro bonded to aromatic 6-membered ring 403.65 412.79, 413.65 

C=N in aromatic 6-membered ring (1&2N, 

secondary peak) 404.11  

N-H  405.00 

C-NH2: aliphatic amine  406.58 

 

Peak assignments were compiled from spectra collected by the authors and by ref.6. 

Median values were calculated for N structures represented in more than one standard 

compound (Table 1.S3). The peak centered at 397.88 is not associated with a specific 

standard compound, but was identified by deconvolution of PyOM spectra and is 

closest in position to spectral features associated with aromatic 6-membered rings.  
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Table 1.S2. Gaussian curve areas associated with N bonds measured with N K-

edge NEXAFS. 

 

Deconvolution of NEXAFS spectra collected from PyOM, PyOM following exposure 

to NH4
+, and PyOM following exposure to NH3 was used to determine the area 

represented by different N bonds. Area fractions listed in the main text were only 

interpreted for π* bonds because of the high degree of peak overlap in the σ* region.  

N Form 

Peak 

Energy 

(eV)  Transition PyOM 

PyOM 

+NH4
+ 

PyOM 

+NH3 

C=N in aromatic 6-membered ring 

(putative) 397.88 1s→π* 0.0196 0.0416 0.1943 

C=N in aromatic 6-membered ring 

(1&2N) 398.76 1s→π* 0.0000 0.0000 0.1194 

C=N in aromatic 6-membered 

oxygenated ring (2N) 399.20 1s→π* 0.0493 0.0000 0.1226 

C≡N (nitrile) and C=N in aromatic 5-

membered ring (2N) 400.05 1s→π* 0.0230 0.0968 0.3930 

C-N in aromatic 6-membered 

oxygenated ring (2N) 400.64 1s→π* 0.0493 0.0000 0.1528 

C-N in non-aromatic 6-membered 

oxygenated ring (2N) 401.15 1s→π* 0.0000 0.0000 0.1584 

C-N in aromatic 5-membered ring 

(2N) 401.43 1s→π* 0.0847 0.1530 0.4950 

C-N in aromatic 5-membered ring 

(1N) 402.40 1s→π* 0.0977 0.0000 0.4165 

C-NH2: aliphatic amine bonded to 

aromatic 6-membered ring 403.00 1s→π* 0.0000 0.0931 0.1906 

C-NO2: nitro bonded to aromatic 6-

membered ring 403.65 1s→π* 0.1838 0.2091 0.3239 

C=N in aromatic 6-membered ring 

(1&2N, secondary peak) 404.11 1s→π* 0.0000 0.0000 0.1907 

N-H 405.00 1s→σ* 0.0000 0.0000 2.0880 

C-NH2: aliphatic amine 406.58 1s→σ* 3.1388 4.8523 0.0000 

 408.01 1s→σ* 0.0000 0.0000 0.8896 

 408.86 1s→σ* 0.0000 0.0000 0.4479 

 410.87 1s→σ* 0.0000 0.5391 0.4743 

 413.75 1s→σ* 0.2648 0.3503 1.7019 
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Table 1.S4. Integrated peak areas from 15N-NMR spectrum of oxidized PyOM 

following exposure to gaseous [15N]-NH3. 

 

Chemical 

Shift  

Integral 

Center  

Integral 

Area Assignment  

158.47 160.01 12.72 Heterocycles 

106.81 108.07 30.55 Amides 

20.14 23.88 56.73 NH4
+ and Amines 

 

Chemical shifts and integral centers are shown in ppm; assignments are taken from 

refs31,32. No NMR signal was detected in the CPMAS spectrum collected from 

oxidized PyOM following exposure to [15N]-NH4
+, so a SEDPMAS spectrum was not 

collected from this sample for quantitation. See Fig. 1.3c for matching spectra.
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CHAPTER 2 

 

AMMONIA VOLATILIZATION FROM COMPOST WITH BIOCHAR 

 

Abstract 

 

Animal manure, agricultural residues, and other sources of biomass can be diverted 

from the waste stream and composted into valuable fertilizer. However, composting 

often results in high nitrogen (N) losses through volatilization of ammonia (NH3) gas. 

Biochar can influence N cycling, but it is not clear which of biochar’s physiochemical 

properties are associated with greater N retention. We investigated biochar’s capacity 

to improve N retention during compost production with poultry manure and straw. 

Daily carbon dioxide (CO2) emissions from compost with oxidized biochar were 

significantly higher than CO2 emissions from compost feedstocks alone and compost 

with unoxidized biochar, suggesting that oxidized biochar enhanced microbial activity 

and accelerated the rate of composting. After 7 weeks, total N loss from compost with 

unoxidized biochar was sixfold and threefold higher than N loss from compost with 

oxidized biochar and compost feedstocks alone, respectively (3.07, 1.42, and 0.50 mg 

N g-1 N in the initial compost feedstocks, respectively). When N loss was calculated as 

a proportion of C loss to account for differences in microbial activity, relative N loss 

from compost with oxidized biochar was more than fivefold lower than N loss from 

compost with unoxidized biochar and comparable to relative N loss from the compost 

feedstocks alone. Oxidized biochar particles removed from compost retained 16.04 mg 

N g-1 biochar, compared to only 6.06 mg N g-1 retained by unoxidized biochar, 
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showing that N retention by oxidized biochar was directly responsible for lower N loss 

from compost. These data show that biochar can be used to improve compost 

efficiency and that biochar’s physiochemical characteristics determine its performance 

in compost. 

 

Introduction  

Compost production can be used to recycle animal manure and agricultural residues 

into N-rich fertilizer. Global livestock manure production exceeds 130 Tg N yr-1 

(Zhang et al., 2017). This is comparable to the quantity of N that is applied annually as 

synthetic fertilizer, indicating that compost might provide a viable supplement or 

alternative to synthetic fertilizers (Galloway 2004). However, more than half of the 

original N contained in compost feedstocks can be lost as NH3 gas during the 

composting process, greatly reducing the compost’s agronomic value and releasing 

reactive N into the environment (Eghball et al., 1997; Tiquia et al., 2002). 

 

Biochar—the product that remains when biomass is heated under low-oxygen 

conditions—has been associated with lower NH3 emissions from soil and compost in 

some studies, but in other studies biochar application had no effect or resulted in 

greater NH3 emissions (Steiner et al., 2010; Spokas et al., 2012; Taghizadeh-Toosi et 

al., 2012a; Chen et al., 2013; Malinska et al., 2014; Sun et al., 2014; Mandal et al., 

2016). The physical and chemical characteristics of different types of biochar vary 

greatly and influence its interactions in the environment (Enders et al., 2012; Clough 

et al., 2013). For this reason, there has been interest in developing “designer” 
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biochars, which are produced to possess specific physical and chemical characteristics 

that address particular agronomic constraints (Novak et al., 2014). There is evidence 

that oxidation can greatly increase biochar’s ammonium (NH4
+) retention capacity, but 

it is not clear whether oxidation will improve biochar’s N retention capacity in 

compost (Wang et al., 2015, 2016). Therefore, the objective of this study was to 

quantify the effect of biochar oxidation on NH3 emissions from a compost-biochar 

mixture. We hypothesized that compost produced with oxidized biochar would retain 

more NH3-N than compost produced with unoxidized biochar. 

 

Materials and Methods 

Biochar preparation 

Maple wood chips (Acer rubrum) were sieved to 2-16 mm and pyrolyzed at 500°C 

under Ar gas for 30 min in a modified muffle furnace. A subsample was incubated 

with 30% hydrogen peroxide (H2O2) at 25°C for 3 months (PyOM:H2O2 ratio of 1:10 

g mL-1). After oxidation, biochar was rinsed thoroughly with DIH2O and dried at 

25°C. Oxidation altered many of biochar’s physical and chemical characteristics 

(Table 2.S1). Changes that were expected to be directly responsible for reduced NH3-

N loss from compost include lower pH, higher CEC, and higher NH3 adsorption 

capacity. Since it is indicative of surface functional groups that might be involved in 

NH3-N retention, higher oxygen (O) content of oxidized char was also expected to be 

associated with lower NH3 loss from compost. 
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Compost production 

Poultry manure and straw were adjusted to 50% gravimetric water content, mixed 

together, and subsampled for each treatment. For the control treatment, 500 g of the 

compost mixture were added to a 2 L glass jar. For treatments containing unoxidized 

or oxidized biochar, 500 g of the compost mixture were mixed with 125 g of biochar 

(also pre-adjusted to 50% gravimetric water content) and added to jars. Glass vials 

containing unoxidized or oxidized biochar were covered with gas-permeable plastic 

paraffin film and buried upside down in jars of the respective treatments (Parafilm M, 

Bemis Company, Inc., WI). All jars were sealed with tight-fitting lids that contained 

two ports—one for gas inflow and one for outflow (Fig. 2.S1). A multichannel 

peristaltic pump set to 1.0095 mL/min was used to control air flow in and out of the 

jars (Ismatec IPC-N Low-Speed Digital Peristaltic Pump, Vernon Hills, IL). Stainless 

steel pipes were placed through the inflow ports to conduct air into the bottom of each 

jar and maintain compost aeration. All jars were placed in an oven to standardize 

compost temperature and simulate the middle of a compost pile (see Fig. 2.S2 for 

temperature regime). The experiment was run twice, with 2 replicates of each 

treatment per run for a total of 4 replicates per treatment. The replicate jars were 

spatially distributed using a randomized complete block design. Each run lasted 7 

weeks. 

 

Physical and chemical analyses 

Biochar specific surface area (SSA) was quantified using the B.E.T. method with CO2 

at 273.15 K (ASAP 2020, Micromeritics, Atlanta, Georgia). Biochar ash and volatile 
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content were measured according to the modified proximate analysis method used by 

Enders et al. (2012). Biochar NH3 adsorption capacity was measured with an Autosorb 

iQ gas sorption analyzer (Quantachrome Instruments, Boynton Beach, Florida). 

Briefly, samples were degassed at 300°C for 3 h prior to NH3 exposure, which was 

conducted from 80-800 Torr at 35°C. Chemisorption capacity values indicate the 

quantity of NH3 that was retained by biochar under vacuum. Physisorption capacity 

values indicate the quantity of NH3 that was retained by biochar upon initial exposure, 

but was removed under vacuum. See Table 1 for biochar physical and chemical 

characteristics. 

 

At the beginning and end of the trial, representative samples of compost and biochar 

were collected to measure moisture, pH, KCl-extractable N, and elemental content. 

Biochar and compost pH were measured in DIH2O at a ratio of 1:20 g mL-1 following 

shaking for 1 hour. Total C, N, H, and O were measured by combustion of finely 

milled samples (Carlo Erba NC2500 Elemental Analyzer, Italy). At the beginning and 

end of each compost experiment, 8 g subsamples were mixed with 40 mL 2N KCl, 

shaken for 1 hour, and filtered through a qualitative filter. KCl-extractable NO3
- and 

NH4
+ were measured with an autoflow analyzer (AA3 HR AutoAnalyzer, Seal 

Analytical, Mequon, WI). Mass loss and C and N balance were calculated using the 

moisture content and the total weight of compost added to each jar at the beginning 

and end of each experiment. 
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NH3 and CO2 sampling 

NH3 and CO2 concentrations in compost headspace were measured once per minute 

for 25-30 min per treatment in 8-hour cycles. NH3 was measured with an infrared 

sensor (Manning AirScan IR-F9, Honeywell, Mount Laurel, NJ) connected to a 

microcontroller (Arduino Uno R3 Atmega328, Arduino, Turin, Italy). CO2 was 

measured with an infrared sensor (COZIR WR 100% CO2 Sensor GC-0016, 

CO2Meter.com, Ormond Beach, FL). Sensors were flushed with N2 gas for 30 

minutes in between sample measurements. NH3 and CO2 concentrations in 

atmospheric air were measured once during each 8-hour cycle and subtracted from 

compost headspace measurements in order to calculate emissions from compost. 

Sensors were also flushed with N2 calibration gas for 30 minutes once during each 8-

hour cycle in order to set a baseline for the NH3 sensor.  

 

NH3-N and CO2-C loss calculations 

NH3-N loss was calculated as a portion of N present in the initial compost feedstocks 

(poultry manure and straw). Since the quantity of both unoxidized and oxidized 

biochar added to the compost contained less than 2% of the N present in the initial 

compost feedstocks, and since biochar-N is relatively resistant to mineralization, 

biochar-N was excluded from the denominator in calculations of NH3-N loss per unit 

of initial compost N. If biochar-N did contribute to NH3-N loss then calculated losses 

of compost feedstock N presented in this manuscript could be up to 2% lower than the 

values reported per unit initial compost N. CO2-C loss was also calculated as a portion 

of C present in the initial compost feedstocks (poultry manure and straw). Biochar-C, 
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particularly the more labile volatile fraction, may have been mineralized during 

composting. However, calculation of CO2-C loss as a portion of C present in the initial 

compost feedstocks is useful in order to compare CO2-C loss across studies. 

 

Data analysis 

All statistical analyses were performed using the lsmeans package in the statistical 

computing language and environment R. 

 

 

Results and Discussion 

Biochar pH effect  

Because the pKa of NH3 is 9.2, the presence of NH3 is highly favored under alkaline 

conditions. If biochar additions to compost decrease the bulk compost pH, this could 

result in a reduction in NH3 emissions. Additionally, biochar’s NH3 retention capacity 

has been associated with biochar acidity in previous studies (Taghizadeh-Toosi et al., 

2012b), further suggesting that biochar’s pH could reduce NH3-N loss from compost. 

Although the pH of the unoxidized biochar was 9.2, its addition to compost feedstocks 

did not alter bulk compost pH at the beginning of the experiment, which remained at 

6.9 for both (Table 2.S1 and Fig. 2.S3). The addition of oxidized biochar, whose pH 

was 3.6 (Table 2.S1), significantly decreased the pH of the bulk compost to 6.3 at the 

beginning of the experiment, but the effect was temporary (p < 0.05). By the end of 

the 7 week experiment, compost pH was not significantly different with or without 

biochar. It is possible that the higher starting pH of the compost feedstocks alone and 
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compost with unoxidized biochar promoted greater NH3 emissions from these 

treatments at the beginning of the experiment. However, since compost pH was 

dynamic and since pH differences were not significant by the end of the experiment, it 

is not likely that the effect of unoxidized or oxidized biochar on bulk compost pH 

were solely responsible for differences in compost N cycling. Other authors have also 

found that biochar’s effect on compost pH was not a likely driver for observed 

reductions in NH3 losses from compost amended with biochar (Steiner et al., 2010). 

 

NH3 and CO2 emissions 

Daily NH3 emission rates were highest within the first week, averaging 18.73-19.71 

µg NH3-N g-1 N in initial compost feedstocks day-1 during that time (Fig. 2.1a). Daily 

emission rates from compost with unoxidized biochar remained relatively stable 

throughout the 7 weeks of composting, ending at 21.17 µg NH3-N g-1 N in initial 

compost feedstocks day-1. Within 30 days, daily NH3 emission rates from the compost 

and compost with oxidized biochar were significantly lower than emission rates from 

compost with unoxidized biochar, ending at 9.51 and 14.40 µg NH3-N g-1 N in initial 

compost feedstocks day-1, respectively (p < 0.1). Cumulative NH3-N loss was not 

significantly different from compost compared to compost with unoxidized or 

oxidized biochar (Fig. 2.1b). After 7 weeks of composting, cumulative NH3-N loss 

reached 552.38, 650.26, and 898.16 µg NH3-N g-1 N of initial compost feedstocks and 

25.21, 29.67, and 40.99 µg NH3-N g-1 of initial compost dry mass for compost, 

compost with oxidized biochar, and compost with unoxidized biochar, respectively. 

The observed NH3-N losses were relatively low compared to other reported N losses 
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from compost, which often exceed 400 mg N g-1 N in initial compost feedstocks 

(Raviv et al., 2002; Ogunwande et al., 2008; Steiner et al., 2010). The lower NH3-N 

losses observed in this study may be due to the small size of the compost incubators or 

the short duration of the compost trial. The C/N ratio of the initial compost feedstocks 

(8:1) was relatively low, suggesting that the compost C content would not have 

inhibited N losses. 

 

 

Figure 2.1. Daily and cumulative NH3-N and CO2-C emissions from compost over 

7 weeks. Emissions from the control compost, compost with biochar, and compost 

with oxidized biochar are represented with a dashed line, solid black line, and solid 

grey line. The shaded bands represent the standard error for each day (n = 4). (a) Daily 

NH3-N emissions are shown in µg NH3-N mg-1 N in the initial compost feedstocks 

(straw and manure) on the left axis and µg NH3-N mg-1 initial compost dry mass on 

the right. (b) Cumulative NH3-N emissions are shown in total µg NH3-N mg-1 N in the 

initial compost feedstocks on the left axis and total µg NH3-N mg-1 dry mass of the 

initial compost feedstocks on the right. (c) Daily CO2-C emissions are shown in µg 

CO2-C mg-1 C in the initial compost feedstocks (straw and manure) on the left axis and 

µg CO2-C mg-1 initial compost dry mass on the right. (d) Cumulative CO2-C emissions 

are shown in total µg CO2-C mg-1 C in the initial compost feedstocks on the left axis 

and total µg CO2-C mg-1 dry mass of the initial compost feedstocks on the right. 
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Daily CO2 emission rates peaked during the first week of composting, reaching as 

high as 2.24, 2.09, and 3.04 mg CO2-C g-1 C of initial compost feedstocks from the 

compost, compost with oxidized biochar, and compost with unoxidized biochar (Fig. 

2.1c), which is within the same range reported by other authors (Changa et al., 2003; 

Nada, 2015). Within the first 3 days, the daily CO2 emission rate from compost with 

unoxidized biochar increased significantly compared to the CO2 emission rates from 

both the compost and compost with oxidized biochar (p < 0.05). Within the next three 

days, the daily CO2 emission rates from both the compost feedstocks alone and the 

compost with unoxidized biochar began decreasing rapidly, reaching a slower rate of 

decline within two weeks. Conversely, the daily CO2 emission rate from oxidized 

biochar fluctuated within the first week, but soon plateaued at a rate only slightly 

lower than that of the initial daily CO2 emission rate. By day 11, the daily CO2 

emission rate from compost with oxidized biochar was significantly greater than the 

daily CO2 emission rate from the compost feedstocks alone, but not different from the 

compost with unoxidized biochar (p < 0.05). After 7 weeks of composting, daily CO2 

emission rates had decreased to .46, .91, and 1.75 mg CO2 g
-1 C of initial compost 

feedstocks for compost, compost with unoxidized biochar, and compost with oxidized 

biochar, respectively. The sustained rate of daily CO2 emissions from compost with 

oxidized biochar throughout the 7 weeks of composting is remarkable because CO2 

emissions from compost usually begin decreasing within this time (Changa et al., 

2003; Steiner et al., 2010; Nada, 2015). Since CO2 emissions are often used as a proxy 

for microbial activity, this suggests that the addition of oxidized biochar to compost 

resulted in enhanced microbial activity.  
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Cumulative CO2-C loss was similar for all treatments during the first 3.5 weeks (Fig. 

2.1d). After 26 days, cumulative CO2-C loss from the compost with oxidized biochar 

was more than 50% greater than CO2-C loss from the compost, but was not 

significantly greater than CO2-C loss from the compost with unoxidized biochar (p < 

0.05). By the end of the experiment, cumulative CO2-C loss reached 40.65, 61.57, and 

85.56 mg CO2-C g-1 C of initial compost feedstocks and 14.36, 21.74, and 30.21 mg 

CO2 g
-1 of initial compost dry mass from compost, compost with unoxidized biochar, 

and compost with oxidized biochar, respectively. Although biochar additions to 

compost resulted in greater total C content in the biochar-compost mixtures, other 

authors have found that mineralization of biochar-C did not contribute to greater CO2 

loss from compost (Steiner et al., 2010). In this experiment, CO2 loss from compost 

with unoxidized biochar was similar to CO2 loss from compost feedstocks alone, 

suggesting that unoxidized biochar-C was not mineralized in substantial quantities. 

However, CO2 loss from compost with oxidized biochar was significantly enhanced. 

This could be due to microbial mineralization of oxidized biochar-C or other effects of 

biochar on the compost envirionment which would lead to greater microbial activity, 

including enhanced extracellular electron transfer rates or interference with microbial 

quorum sensing (Masiello et al., 2013; Sun et al., 2016; Wang et al. 2016). 

 

Microbial CO2 respiration is correlated with decomposition and can therefore be used 

as a proxy for microbial activity in compost (Benito et al., 2005; Tiquia, 2005). Since 

the majority of compost N is present in organic form, it must be mineralized into 
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inorganic N in order to be susceptible to volatilization as NH3. Therefore, compost 

with higher CO2 emission rates (i.e., greater microbial activity and decomposition 

rates) is also likely to have higher N loss through NH3 emissions. When cumulative 

NH3-N loss from compost was calculated as a proportion of cumulative CO2-C loss, 

relative N loss from compost with oxidized biochar was half that of N loss from 

compost with unoxidized biochar and compost feedstocks alone (Fig. 2.2). Taken 

together, these data show that despite higher microbial respiration and faster 

decomposition in the compost with oxidized biochar, NH3-N loss was relatively low, 

illustrating that oxidation can improve biochar’s capacity to reduce NH3-N loss from 

compost. These results also indicate that adding oxidized biochar to compost may 

speed the rate of composting. Biochar additions to compost can result in higher 

maximum compost temperatures, which are associated with microbial activity and 

faster composting rates (Steiner et al., 2010). To our knowledge, no studies have 

evaluated the role of biochar oxidation on the rate of composting in biochar-compost 

mixtures. Because the temperature was controlled in this experiment, we could not use 

compost temperature as an indicator of composting rate. However, higher CO2 

emissions from compost with oxidized biochar suggest that the rate of composting was 

accelerated compared to the rate of composting in the compost with unoxidized 

biochar. 

 

Mass loss, C and N balance, and N mineralization 

After 7 weeks of composting, total mass loss reached 0.08, 0.13, and 0.17 g g-1 dry 

mass of compost feedstocks for compost, compost with unoxidized biochar, and 
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compost with oxidized biochar, respectively (Fig. 2.3a). Mass loss from compost with 

oxidized biochar was significantly higher than mass loss from compost feedstocks 

alone, which corresponds with higher daily and cumulative NH3 and CO2 emissions 

from the compost with oxidized biochar (p < 0.1). When mass loss was calculated as a 

portion of total initial dry mass including biochar in the biochar-compost mixtures, 

there were no significant differences in mass loss (Fig. 2.3b). This suggests that the 

majority of mass loss from the compost-biochar mixtures was from the compost 

feedstocks rather than from the unoxidized or oxidized biochar.  

 

Total C loss measured by dry combustion reached 64.19, 128.96, and 246.99 mg g-1 C 

in the initial compost feedstocks for compost, compost with unoxidized biochar, and 

compost with oxidized biochar, respectively (Fig. 2.4). Total C loss from compost 

with oxidized biochar was significantly greater than C loss from compost feedstocks 

and compost with unoxidized biochar, also corresponding with trends measured by 

mass loss and CO2 emissions.  
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Figure 2.2. Daily and cumulative NH3-N:CO2-C emissions from compost over 7 

weeks. NH3-N:CO2-C emissions from the control compost, compost with biochar, and 

compost with oxidized biochar are represented with a dashed line, solid black line, and 

solid grey line. The shaded bands represent the standard error for each day (n = 4). 

Both daily (a) and cumulative (b) NH3-N:CO2-C emissions were calculated from NH3-

N and CO2-C emission values normalized by initial compost N and C contents. 
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Figure 2.3. Mass loss from compost after 7 weeks. Mass loss is represented as g g-1 

dry mass of initial compost feedstocks (a) and as g g-1 dry mass of initial compost and 

compost-biochar mixtures (b). Error bars represent the standard error (n = 4). The 

asterisk denotes a significant difference between treatments based on a Tukey’s HSD 

test (p < 0.1).  

 

Total N loss measured by combustion reached 0.50, 1.42, and 3.07 mg N g-1 N in the 

initial compost feedstocks for compost, compost with oxidized biochar, and compost 

with unoxidized biochar, respectively (Fig. 2.5). Total N loss from compost with 

unoxidized biochar was significantly greater than N loss from compost feedstocks 

alone, but not from compost with oxidized biochar. When N loss was calculated as a 

proportion of C loss to account for differences in microbial activity, relative N loss 

from compost with oxidized biochar was more than fivefold lower than N loss from 

compost with unoxidized biochar and comparable to relative N loss from the compost 

feedstocks alone (Fig. 2.6). This corresponds with the trends observed in cumulative 

NH3-N loss normalized by cumulative CO2-C loss, which also showed that relative N 
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loss from compost with oxidized biochar was lower than relative N loss from compost 

and compost with unoxidized biochar. Net N mineralized after 7 weeks of composting 

reached 3.58, 5.20 and 14.61 mg N g-1 compost for compost, compost with oxidized 

biochar, and compost with unoxidized biochar, respectively, and was significantly 

higher in compost with unoxidized biochar than in compost and compost with 

oxidized biochar (Fig. 2.7, p < 0.05). This further corresponds with trends observed in 

total N loss and cumulative NH3 emissions.  

 

  

Figure 2.4. Total C loss from compost feedstocks after 7 weeks. C content was 

measured by dry combustion. Error bars represent the standard error (n = 4). Letters 

denote the results of a Tukey’s HSD test (p < 0.05). 
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Figure 2.5. Total N loss from compost feedstocks after 7 weeks. N content was 

measured by dry combustion. Error bars represent the standard error (n = 4). Letters 

denote the results of a Tukey’s HSD test (p < 0.05). 

 

 

 

  

Figure 2.6. Total N loss from compost and compost-biochar mixtures as a 

proportion of C loss after 7 weeks. N and C content were measured by dry 

combustion. Error bars represent the standard error (n = 4). Asterisks denote the 

results of a Tukey’s HSD test (* p < 0.1, ** p < 0.05). 
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Figure 2.7. Net N mineralized during 7 weeks. Net N mineralized shown in mg g-1 

N in bulk compost and compost-biochar mixtures on the left axis and mg g-1 dry mass 

compost and biochar-compost mixtures on the right. Error bars represent the standard 

error (n = 4). Letters denote the results of a Tukey’s HSD test (p < 0.05). 

 

N capture by biochar 

Unoxidized and oxidized biochar removed from the bulk compost at the end of the 

experiment contained 6.06 and 16.04 mg N g-1 biochar more than the original 

unoxidized and oxidized biochar that contained x and y mg N g-1, respectively (Fig. 

2.8). Because this biochar was sampled from bulk compost, its increased N content 

could be due to retention of a combination of NH3-N, manure, microbes, metabolites, 

and other compost residues adhered to biochar’s surfaces. N enrichment of biochar 

particles was significantly greater in oxidized biochar samples compared to 

unoxidized biochar samples, further supporting the hypothesis that oxidized biochar is 

better able to retain N in compost (p < 0.05). While the process of retention cannot be 

unequivocally identified in this experiment, it seems likely that gas adsorption played 

a role, as leaching may not have occurred in a closed vessel. 
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Figure 2.8. Compost N captured by bulk biochar after 7 weeks. Biochar was 

sampled from bulk compost and may contain adsorbed gases, manure, microbes, 

metabolites, and other compost residues adhered to the surface. Error bars represent 

the standard error (n = 4). Letters denote the results of a Tukey’s HSD test (p < 0.05). 

 

Conclusion 

These data show that incorporation of unoxidized biochar into compost resulted in 

significantly higher N loss compared to compost without biochar. Incorporation of 

oxidized biochar into compost resulted in significantly greater respiration and C loss, 

but not N loss compared to compost without biochar. When greater microbial activity 

in compost with oxidized biochar is accounted for, these results suggest that adding 

oxidized biochar to compost can simultaneously speed the rate of composting and 

increase relative N retention. N retention by oxidized biochar particles was directly 

responsible for lower N loss from compost. Oxidized biochar may have also reduced 

compost N loss through indirect mechanisms, such as reduction in compost pH. These 
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data show that biochar can be used to improve compost nutrient use efficiency, but 

that each biochar’s specific physiochemical characteristics can determine its 

performance in compost and the degree to which it can provide an agronomic benefit. 

Future research should continue to explore the mechanisms responsible for biochar’s 

N retention capacity and ability to enhance microbial activity in compost.  
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SUPPORTING INFORMATION FOR CHAPTER 2 

 

 



 

62 

 

 

Figure 2.S1. Lab scale compost incubation design. Compost jars were incubated 

inside an oven in order to mimic the internal temperature of a compost pile. All jars 

were sealed with tight-fitting lids that contained two ports—one for gas inflow and 

one for outflow. A multichannel peristaltic pump was used to control air flow in and 

out of the jars. Stainless steel pipes were placed through the inflow ports to conduct air 

into the bottom of each jar and maintain constant compost aeration throughout the 

experiment. Infra-red CO2 and NH3 sensors were used to measure gas concentrations 

in outflow gas.  

 

 

 

 

Figure 2.S2. Compost temperature (°C). The compost temperature was set to mimic 

the internal temperature of a compost pile. 
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Figure 2.S3. Compost pH before and after 7 weeks of composting. Bulk pH at the 

before composting is shown on the left; bulk pH after 7 weeks of composting is shown 

on the right. Error bars represent the standard error (n = 4). Letters denote the results 

of a Tukey’s HSD test for means comparisons within each sampling time (p < 0.05). A 

means comparison of the pH change within each compost or compost-biochar mixture 

showed that the change over time was not significant (p < 0.05).  
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CHAPTER 3 

 

MICROBIAL SYNERGIES INCREASING PLANT NITROGEN ACQUISITION 

FROM SOIL  

Abstract 

 

Nitrogen availability often restricts primary productivity in terrestrial systems. Here, 

we show that multipartite synergies between soil microbial communities, plants, and 

mycorrhizal fungi increase plant acquisition of nitrogen from soil organic matter more 

than tenfold, and that a history of environmental nitrogen enrichment has a lasting 

inhibitory effect on microbially-mediated plant and fungal nitrogen acquisition, even 

once mineral nitrogen is no longer abundant. These previously unquantified effects of 

multipartite interactions and environmental change on biological nitrogen assimilation 

have implications for global nitrogen cycling, ecosystem function, and agricultural 

management. 

 

Main Text 

Nitrogen (N) is a limiting nutrient in many natural and managed ecosystems1,2. Most 

soil N is stored in organic matter and is not readily available to plants. There is 

evidence that arbuscular mycorrhizal (AM) fungi form symbioses with more than two-

thirds of terrestrial plants and can supply them with N from soil3-7. However, it is not 

clear how AM fungi acquire N from organic matter, how organisms compete for this 

N, and how these relationships respond to environmental change8-12. Because AM 

fungi do not produce the extracellular enzymes necessary to mineralize organic N into 



 

69 

bioavailable forms, it has been suggested that AM fungi and their hosts depend on 

other microbes to perform this function. Nevertheless, this interaction and its role in 

AM N acquisition and plant nutrition have not been quantified13. N enrichment 

modifies soil microbial community composition and activity, and therefore is also 

likely to affect plant N acquisition from organic matter14,15. In order to account for soil 

microbial processes in Earth system models and predict global response to N 

deposition and other environmental changes, it is necessary to quantify the effect of 

these biotic interactions on plant N content and organic matter cycling16. 

 

In this study, we examined how multipartite biotic interactions contribute to plant and 

fungal N acquisition from soil organic matter. Brachypodium distachyon plants with 

and without the AM fungus Rhizophagus irregularis (formerly Glomus intraradices) 

were transplanted into mesocosms containing a double-autoclaved sand-gravel 

mixture and a patch of 15N/13C-enriched organic matter (Fig. 3.1a). One g of fresh 

grassland soil containing microbial communities that had evolved under a gradient of 

N enrichment was added to the organic matter: microbial communities that developed 

in grassland soils fertilized with 0, 28, or 196 kg N ha-1 yr-1 were added to a subset of 

AM mesocosms; microbial communities that developed in unfertilized soils were 

added to a subset of the non-AM mesocosms. To control for abiotic soil 

characteristics, double-autoclaved soil from the unfertilized field was added to a 

subset of both AM and non-AM mesocosms. Regular addition of a low-N modified 

Hoagland’s solution eliminated competition for non-N nutrients between plants and 

microbes. This experimental design allowed us to investigate the individual and 
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combined contributions of AM fungi and other soil microbes to plant N acquisition 

from organic matter, and the effect of N enrichment history on microbial activity and 

plant-microbe ecology. 

 

 
 

Figure 3.1. AM fungi and soil microbial communities increase plant N acquisition 

from organic matter. a) Mesocosm design. b) Plants acquired more N from organic 

matter in the presence of AM fungi and soil microbial communities. c) Plants grown 

with both AM fungi and soil microbes acquired more N than expected based on the 

sum of N acquired by control plants and those grown with AM fungi and soil microbes 

alone. d) AM plants grown with soil microbes derived a greater proportion of their 

total N from organic matter than control plants and plants grown with AM fungi or 

soil microbial communities alone. Significance levels are indicated with the following 

symbols: · p < 0.1, * p < 0.05, ** p < 0.01, *** p < 0.001 and denote the results of a 

Tukey’s HSD test performed on log-transformed data (b), an unpaired t-test (c), and a 

Tukey’s HSD test performed on untransformed data (d). Error bars represent the 

standard error (n = 7). e) NanoSIMS images of 12C15N/12C14N and f) 13C/12C isotope 

ratios of fungi, bacteria, and organic matter are shown in a color scale with natural 

abundance values in blue (.003676 and .0111802, respectively) and high enrichment in 
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purple. Fungal hyphae are indicated by arrows, bacteria with a plus sign, and organic 

matter with an asterisk. Bacterial 15N incorporation was highly heterogeneous between 

cells, even within the distance of a few microns. Fungal 15N incorporation was 

relatively even across hyphae. 

 

 

Multipartite plant-biotic interactions contributed substantially to plant N acquisition. 

Plants grown with soil microbes, AM fungi, and the combination of both soil microbes 

and AM fungi derived twofold, threefold, and ten-twelvefold more N from the organic 

matter than control plants, respectively (Fig. 3.1b). Surprisingly, plants grown with 

both soil microbes and AM fungi acquired more than double the expected quantity of 

N based on the sum of N taken up by plants grown with soil microbes or AM fungi 

alone (Fig. 3.1c). This suggests that the emergent properties of this multipartite 

synergy provide a benefit to the plant that exceeds an additive effect. These plant-

biotic interactions also modified relative plant dependence on organic matter as a 

source of N. In the presence of both soil microbial communities and AM fungi, plants 

derived up to 18% of their total N from organic matter—double the proportion of plant 

N derived from organic matter when plants grew with soil microbes or AM fungi 

alone, even after differences in total plant biomass were accounted for (Fig. 3.S1). 

Taken together, these results demonstrate that soil microbes and AM fungi modify 

both total plant N acquisition from organic matter and relative dependence on organic 

matter as a source of N. They also show that plant growth promotion is an important 

mechanism through which AM fungi can increase plant N uptake, while other 

microbes play a key role in increasing the availability of organic N to both plants and 

AM fungi.  
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A legacy of N enrichment disrupted microbially-mediated plant N acquisition. 

Grassland microbial communities that had evolved under N fertilization did not confer 

the same benefit to AM plants as did microbial communities from unfertilized fields 

(Figs 3.1b and 3.1d). Since our mesocosms provided an environment with equal 

nutrient content in all treatments, this demonstrates that the effects of N enrichment on 

microbial function and plant-microbe ecology persist even once mineral N is no longer 

abundant. Given the history and predicted future of global N deposition, these results 

have important implications for terrestrial N cycling and ecosystem function17. They 

also suggest that plant access to organic N sources added to agricultural fields may be 

reduced on land with a history of N fertilization. 

 

Greater N acquisition by AM plants may occur through direct root uptake or AM 

hyphal uptake and transfer to plants18,19. Previous work has shown that bacteria inhibit 

AM fungal development in organic matter and do not confer a benefit to plant N 

content when roots are denied direct access to the organic matter20. However, in our 

work, where plants were permitted access to organic matter, AM fungi were more 

abundant in the presence of other soil microbes (Fig. 3.S2). This suggests that there 

was a synergistic interaction between the organisms that enhances AM fungal growth 

and plant N acquisition. Similar to plants, fungal hyphae derived a larger proportion of 

their N from organic matter when grown with soil microbial communities, further 

illustrating the synergistic ecological effects of this multipartite relationship (Fig. 

3.S3).  
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The observed ecological benefits to plants and fungi indicate that N availability and 

transfer to plants were enhanced in the presence of soil microbes and suppressed by a 

history of N enrichment, in theory either through changes in decomposition rates or 

other mechanisms11,12,21,22. In the absence of plants and AM fungi, net N 

mineralization potential was similar for microbial communities across the N 

enrichment gradient, indicating that differences in mineralization capacity were not 

responsible for observed effects of N enrichment on microbially-mediated plant N 

acquisition (Fig. 3.S4). Nano‐scale secondary ion mass spectrometry (NanoSIMS) 

images showed that bacterial cells were more enriched in 15N than neighboring fungal 

hyphae. This suggests that compared to fungi, bacteria derived a greater proportion of 

their N from the organic matter (Figs 3.1e, 3.1f, and 3.S5). It also provides direct 

visual evidence of the intermediary role that bacteria play in mineralization of organic 

matter into N that may later be available for uptake by plants and fungi lacking 

saprotrophic capabilities. 

 

Differences in microbial activity rather than abundance may have driven the observed 

differences in plant and fungal N acquisition. Total microbial biomass was 

significantly lower in mesocosms with both AM plants and soil microbes than in 

mesocosms containing AM plants alone, indicating that greater microbial biomass was 

not responsible for an increase in plant N acquisition from organic matter (Fig. 3.S6). 

However, microbial community composition in mesocosms containing AM plants and 

soil microbes was significantly different from community composition in mesocosms 
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with AM plants alone (Fig 3.S7). Depleted 13C values in the microbial biomass 

extracted from mesocosms containing both AM plants and soil microbial communities 

compared to microbial biomass from mesocosms containing AM plants only suggest 

that soil microbes derived a greater proportion of their C from plant photosynthates 

when both AM plants and soil microbes were present (Fig. 3.S8 and Table 3.S1)23. 

Taken together, these data provide further evidence for a synergistic relationship 

between organisms, where plants provide microbes with photosynthates in exchange 

for mineral N. This also suggests that demand for N rather than C may have driven 

observed trends in microbial decomposition activity11,19.  

 

Our results demonstrate that the benefit of the AM symbiosis to plant nutrient uptake 

and productivity is modified extensively by soil organisms. The positive contribution 

of microbial decomposers to plant and fungal N uptake from organic matter in the AM 

symbiosis has been suggested previously, but has not been quantified directly3,24. 

Here, we show that more than half of the N that AM plants derive from organic matter 

may be attributed to a synergistic relationship between AM plants and soil microbial 

communities and that this synergy is disrupted by a history of N enrichment. Applied 

to estimates of global plant N uptake, these results suggest that more than 70 Tg of 

annually assimilated plant N can be attributed to interactions between AM plants and 

soil microbes, but that this relationship is sensitive to environmental change25. These 

findings can be used to constrain Earth systems models and improve agricultural 

management, where organic inputs provide an important supply of N to plants. Since 

terrestrial ecosystems are often N-limited, this has implications for global N cycling 
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and net primary productivity26,27. 

 

Methods 

Plant and fungal propagation  

Brachypodium distachyon seeds were surface sterilized with ethanol and planted in 

cones (Ray Leach Cone-tainers, Stuewe and Sons, Inc., Tangent, OR) filled with 1:1 

mixtures of double-autoclaved sand and gravel (v:v) at near-neutral pH. For AM 

fungal inoculation, 500 spores of the AM fungus Rhizophagus irregularis (previously 

Glomus intraradices) were added at the time of seeding28.  

 

Mesocosms 

After approximately one month, plants were transplanted from cones into mesocosms 

containing a double-autoclaved mixture of sand and gravel. Ryegrass leaves 

containing 0.37 mg 15N and 5.06 mg 13C were mixed with double-autoclaved sand and 

buried in an open container at one end of the mesocosm. For treatments with soil 

microbial inocula, 1 g of fresh soil from long-term perennial switchgrass (Panicum 

virgatum L.) fields fertilized with three different levels of N (0, 28, and 196 kg N ha-1 

yr-1; Kellogg Biological Station Long-Term Ecological Research Site, Hickory 

Corners, MI) was added directly to the organic matter. For treatments without live soil 

microbial inocula, 1 g of double-autoclaved soil was added to the organic matter to 

control for any potential effect of abiotic soil components. Mesocosms were watered 

carefully to limit direct transport of N solutes from the organic matter. Regular 

addition of a low-N modified Hoagland’s solution eliminated competition for non-N 
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nutrients between plants and microbes (0.5 mM KCl, 0.5 mM CaCl2, .5 mM 

Ca(NO3)2, .5 mM KNO3, 1 mM MgSO4, 50 µM NaFe EDTA, 20 µM KH3PO4, 10 µM 

H3BO3, 0.2 µM Na2MoO4, 1 µM ZnSO4, 2 µM MnCl2, 0.5 µM CuSO4, 0.2 µM CoCl2, 

25 µM HCl, and 0.5 mM MES buffer). Plant tissue and microbial samples were 

harvested four months after transplanting. 

 

Net N mineralization 

Twenty grams of autoclaved sand, 1 g organic matter, and 0.25 g of fresh soil from the 

perennial switchgrass fields fertilized with 0, 28, or 196 kg N ha-1 yr-1 were mixed, 

brought to 50% water holding capacity, and added to 60 ml glass jars. These jars were 

placed inside a larger glass jar with a tight fitting lid. Eight replicates were used per 

treatment—four replicates were harvested for an initial time point and four replicates 

were incubated in the dark at 30 °C for 2 weeks. At both the initial and final time 

point, NO3
- and NH4

+ were extracted from soil with 2N KCl and measured (Bran and 

Luebbe Autoanalyzer, SPX, Charlotte, NC). 

 

PLFA analysis 

Lipids were extracted from lyophilized organic matter samples collected from each 

mesocosm at the end of the experiment29. Briefly, the extracted lipids were 

fractionated into neutral lipids, glycolipids, and polar lipids on a silica acid column 

(Bond Elut, Varian Inc., Palo Alto, CA, USA) by successive elution with chloroform, 

acetone and methanol. The chloroform fraction (containing the neutral lipids) and the 

methanol fraction (containing the phospholipids) were subjected to mild alkaline 
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methanolysis to transform the PLFAs and the NLFAs into free fatty acid methyl 

esters. These were analyzed on a gas chromatograph with a flame ionization detector 

and a 50 m HP5 capillary column. The PLFA 18:2ω6,9 was used as an indicator of 

saprotrophic fungi, the sum of the PLFAs i15:0, a15:0, 15:0, i16:0, 10Me16:0, 16:1ω7, 

i17:0, a17:0, cy17:0, 18:1ω7, cy19:0 were used as an indicator of bacterial biomass30. 

The PLFA 16:1ω5 is sometimes used as indicators of AM fungal biomass, but can also 

be produced by other microbes31. Unlike all other PLFAs measured here, the 16:1ω5 

PLFA was depleted in 13C. This is a strong indication that this PLFA represents AM 

fungi, which derive their C from plant photosynthates that are depleted in 13C, rather 

than other microbes, which would have acquired most of their C from the 13C-enriched 

organic matter in the mesocosms.  

 

Mycorrhizal colonization analysis 

A subsample of roots from each plant was collected at harvest, fixed in 50% ethanol 

and stained with Trypan blue (Phillips and Hayman, 1970). Briefly, roots were cleared 

with 20% KOH at room temperature for one week, acidified in 0.1 M HCl for 2 hours, 

and stained with acidified glycerol containing 0.05% Trypan blue overnight. The 

proportion of each root sample colonized by AM fungi was estimated based on the 

presence of intraradical AM structures.   

 

NanoSIMS analysis 

Microbial samples growing in the organic matter were collected from the mesocosms 

after harvest, desiccated onto Si-wafer sample holders, and sputter coated with a layer 
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of Au/Pd (~30 nm) to avoid charging during the NanoSIMS measurements (Cameca 

NanoSIMS 50L, Lehrstuhl für Bodenkunde, TU München, Germany)32. The Cs+ 

primary ion beam was used with a primary ion impact energy of 16 keV. Prior to final 

analysis, any contaminants and the Au/Pd coating layer were sputtered away at 50 x 

50 µm using a high primary beam current (pre-sputtering). During this pre-sputtering, 

the reactive Cs+ ions were implanted into the sample to enhance the secondary ion 

yields. The primary beam (ca. 1.2 pA) was focused at a lateral resolution of ca. 100 

nm and was scanned over the sample, with 12C-, 13C-, 12C14N-, and 12C15N- secondary 

ions collected on electron multipliers with an electronic dead time fixed at 44 ns. The 

estimated depth resolution with 16 keV Cs+ ions is assumed to be approx. 10 nm. All 

measurements were done in imaging mode. For ion images with a 30 x 30 µm field of 

view, 100 planes with a dwell time of 1 ms/pixel and 256 x 256 pixels were recorded. 

NanoSIMS images were analyzed using the Open MIMS Image plugin available 

within ImageJ (https://imagej.nih.gov/ij/). Images were corrected for the electron 

multiplier dead time (44 ns), drift corrected, and summed. The 13C/12C, 12C15N/12C14N 

ratios were extracted from all images. 

 

Data analysis 

All statistical analyses were performed using the statistical computing language and 

environment R33.  
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SUPPORTING INFORMATION FOR CHAPTER 3 

 

 

Figure 3.S1. AM colonization is associated with greater plant biomass. Statistical 

significance is based on a Tukey’s HSD test performed on log-transformed data; error 

bars represent the standard error (n = 7). 
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Figure 3.S2. Microbial biomass measured by PLFA analysis. Mean PLFA 

concentrations measured in organic matter harvested from mesocosms containing AM 

plants only and both AM plants and soil microbes from grasslands fertilized with 0, 

28, and 196 kg N ha-1 yr-1. Uppercase letters denote the results of a Tukey’s HSD test 

performed on log-transformed PLFA sums from each treatment; lowercase letters near 

the upper right-hand corner of each bar denote the results of Tukey’s HSD tests 

performed on PLFAs of that subtype (AM fungi, bacteria, or non-AM fungi); error 

bars represent the standard error of the mean of total microbial PLFAs measured in 

each mesocosm type (p < 0.05; n = 7). 
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Figure 3.S3. Relative 15N enrichment of fungal hyphae, roots, and shoots. 
Lowercase letters denote the results of a Tukey’s HSD test comparing log-transformed 

mean δ 15N values of fungal hyphae; uppercase letters denote the results of a Tukey’s 

HSD test comparing mean δ 15N values of plant tissues (p < 0.05). Error bars represent 

the standard error (n = 7). 
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Figure 3.S4. Microbial net N mineralization potential. In the absence of plants and 

AM fungi, net N mineralization rates did not vary between microbial inocula sampled 

from switchgrass fields fertilized with 0, 28, and 196 kg N ha-1 yr-1. Lower N 

mineralized in treatments containing microbial inocula compared to controls suggests 

that some of the N mineralized was immobilized by microbes. Statistical significance 

is based on a Tukey’s HSD test (p < 0.001); error bars represent the standard error (n = 

7). 
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Figure 3.S5. NanoSIMS images of microbes and organic matter. The 
12C15N/12C14N (a-e) and 13C/12C (f-j) isotope ratios are shown in a color scale starting 
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with natural abundance values in dark blue (.003676 and .0111802, respectively). 

Fungal hyphae are indicated by arrows. Organic matter is indicated with an asterisk. 

Bacteria are indicated with a plus sign. 

 

 

 
 

Figure 3.S6. Microbial biomass measured by PLFA analysis. Mean PLFA 

concentrations in mesocosms containing AM plants only and those containing both 

AM plants and soil microbes that evolved under an environmental N gradient (0, 28, 

and 196 kg N ha-1 yr-1) are shown in yellow and light, medium, and dark green bars, 

respectively. Significance levels are indicated with the following symbols: · p < 0.1, * 

p < 0.05, ** p < 0.01, and denote the results of a Tukey’s HSD test on log-transformed 

data; error bars represent the standard error (n = 7). 
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Figure 3.S7. Nonmetric multidimensional scaling (NMDS) plot of microbial 

community composition based on PLFA profiles. Microbial community 

composition in mesocosms containing AM plants only (yellow symbol) and those 

containing AM plants and soil microbes that evolved under an environmental N 

gradient of 0, 28, and 196 kg N ha-1 yr-1 (light, medium, and dark green symbols, 

respectively) varied significantly (p < 0.01). Error bars show the standard error of the 

mean NMDS scores (n = 7). 
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Figure 3.S8. Mean relative 13C enrichment of microbial biomass measured 

through PLFA analysis. Since organic matter was enriched with 13C and plant 

photosynthates were depleted in 13C, lower PLFA δ 13C values suggest that microbes 

derived a greater proportion of their C from plant photosynthates. Letters denote the 

results of a Tukey’s HSD test performed on log-transformed data; error bars represent 

the standard error (p < 0.01, n = 7). 
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Table 3.S1. Plant and fungal δ 13C. 

  
Treatment Tissue δ13C (± SE) 

 

control 

fungal hyphae -15.46 (0.61) a 

root -27.63 (0.11) c 

shoot -30.20 (0.10) e 

 

+ microbes (N0) 

fungal hyphae -14.91 (1.07) a 

root -27.71 (0.09) c 

shoot -30.28 (0.18) e 

 

+ AM fungi 

fungal hyphae -19.37 (0.76) b 

root -28.67 (0.19) d 

shoot -31.35 (0.23) f 
 

+ AM fungi 

+ microbes (N0) 

fungal hyphae -18.36 (0.83) b 

root  -29.95 (0.30) de 

shoot -31.67 (0.25) f 

Relative 13C depletion is shown in δ13C compared to Pee Dee Belemnite. The standard error is 

shown in parentheses (n = 7). Letters denote the results of a Tukey’s HSD test (p <0.05).  
 

Both plant tissues and extraradical AM fungi were depleted in 13C compared to the 

enriched organic matter added to the mesocosms (which had a δ13C of 49.5 ‰), 

showing that both plants and AM fungi took up N from the organic matter primarily in 

mineral rather than in organic form. Plant tissues and fungal hyphae grown in 

mesocosms with AM fungi were more depleted in 13C than plant tissues and fungal 

hyphae grown without AM fungi. The magnitude of relative 13C depletion in tissues 

harvested from mesocosms with AM fungi may be a sign of increased photosynthesis 

under these conditions.  
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CHAPTER 4 

 

AMMONIA-NITROGEN ACQUISITION BY PLANTS 

 

Abstract  

Nitrogen plays a complex role in the Earth’s ecosystems, affecting primary 

productivity, biodiversity, and climate. Here, we show evidence of a previously 

unrepresented feature of the nitrogen cycle: subsurface plant acquisition of nitrogen 

from ammonia gas. Plants derived up to 34% of total daily nitrogen from ammonia. 

Nearly 4% of nitrogen in soil organic matter traveled as ammonia gas belowground 

and accounted for over 9% of nitrogen acquired by plants per season, suggesting that 

90 Tg of annually-assimilated plant nitrogen may come from subsurface ammonia gas. 

This is comparable to the quantity of nitrogen added to terrestrial pools through 

fertilization or biological nitrogen fixation and has implications for global 

biogeochemistry and agricultural production. We propose an amended soil-plant 

model that includes this hitherto unaccounted-for pathway. 

 

Main Text 

Nitrogen (N) is a major nutrient limiting primary productivity in terrestrial ecosystems 

(1). N availability also influences biological diversity, climate, and agricultural yields 

(2). Despite N’s critical role in the biosphere, uncertainties in estimates of N stocks 

and fluxes often exceed ±50% (3). In order to optimize land management and predict 

global response to environmental change, it is necessary to constrain these estimates 
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through a better understanding of key processes. Mechanisms for plant N acquisition 

are of particular interest because these have direct implications for food production 

and ecosystem function. 

 

In a series of experiments designed to investigate microbial contributions to plant 

acquisition of N from soil organic matter, we observed that plants took up N from soil 

organic matter even under conditions that precluded direct contact with organic matter 

as well as indirect access to N through microbial transport or mass flow. Combined 

with our observation that N transport and uptake were higher under alkaline 

conditions, these results led us to hypothesize that as the organic matter decomposed, 

it released ammonia (NH3) gas that could travel through soil and contribute to 

subsurface plant N acquisition. Aboveground NH3 exchange between plant leaves and 

the atmosphere is known to occur through plant stomata and can contribute several 

percent of the total N assimilated by plants (4-6). Although this N pathway is 

sometimes included in models of the N cycle, belowground NH3 exchange is neither 

represented in conceptual models nor recognized as a quantitatively important 

mechanism for plant N assimilation (7-11).  

 

Soils and the near-surface rock layer beneath natural vegetation represent an enormous 

potential source of NH3, with estimated fluxes ranging from 2.4-39.0 Tg N yr-1 (12-

15). Several variables influence NH3 production in soil, including substrate 

availability, moisture, temperature, pH, soil texture, and microbial dynamics (16, 17). 

The current literature assumes that NH3 is either rapidly lost to the atmosphere or 
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converted into NH4
+ ions. NH4

+ is bioavailable, but relatively immobile and unreactive 

in soil. However, as a gas, NH3 can travel quickly—either vertically or laterally—

where it may encounter plants or microbes before entering the atmosphere. NH3 is also 

highly reactive, capable of forming bonds with many different organic and inorganic 

compounds in ways that NH4
+ cannot (18). Here we show that large amounts of NH3 

gas released from soils under natural vegetation can travel through the soil and 

contribute significantly to subsurface plant and fungal N uptake. This unexpected N 

pathway represents a previously unaccounted-for part of the terrestrial N cycle, with 

important implications for global N budgets and strategies for optimizing food 

production. 

 

We used the stable isotope 15N and compartmented mesocosms to track N movement 

from a point source of 15NH3 gas, through soils of varying pH, and into plant tissue 

(Fig. 4.S1). Within three days, plants took up 0.1 – 13.7% of the 15NH3-N, which 

accounted for up to one third of daily plant N assimilated from the soil (Fig. 4.1). N 

uptake was positively associated with pH of the soil separating the plants from the 

15NH3 source, suggesting that the N traveled through the soil as NH3 gas. Notably, 

although NH3 has a pKa of 9.2, NH3-N travel and associated plant N uptake were 

significantly enhanced even at pH 7, confirming that NH3 travels through soil even 

when bulk pH is neutral. Since approximately one third of the world’s soils have an 

estimated pH of 7 or higher, this process may be important in a wide range of soils 

globally (19, 20).  
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Figure 4.1. Daily contribution of subsurface NH3-N to plant N uptake. NH3-N 

uptake is shown in light green boxplots for non-AM plants and in dark green boxplots 

for AM plants. Bold black lines represent the median values; circles represent the 

mean values; whiskers represent the upper and lower quartiles (n = 6). Letters denote 

the results of a Tukey’s HSD test performed on log-transformed data (p < 0.05). 

 

In addition to abiotic controls on NH3 movement through soil, symbiotic associations 

with arbuscular mycorrhizal (AM) fungi also play a significant role in plant 

acquisition of NH3-N (Table 4.S1). When neutral or alkaline soil separated the plants 

from the NH3 source, AM plants took up approximately twice as much NH3-N as non-

AM plants (Fig. 4.S2). As indicated by δ15N values, roots of AM plants took up 

proportionally more NH3-N compared to non-AM plants.  Previous studies have 

shown that AM fungi may pass the lighter isotope to their hosts, suggesting that AM 

fungal contribution to plant N content may be even greater if such fractionation were 

taken into account (21, 22). Together, these data show that subsurface NH3 can 

contribute significantly to plant N content and that neutral to alkaline soil pH and 

symbiotic relationships with soil fungi facilitate plant acquisition of this N source.  
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To further investigate whether NH3 produced during soil organic matter decomposition 

contributes significantly to plant N, we grew plants in two-compartmented mesocosms 

with a patch of 15N-enriched organic matter (Fig. 4.S4). A hydrophobic gas-permeable 

membrane separated the plants from the organic matter, so that N gases could travel 

from the organic matter into the plant compartment, but water transport and direct root 

access were restricted. After 100 days of growth in the compartmented mesocosms, 

plants had taken up 1.6-3.7% of the N in the organic matter (Fig. 4.2a), accounting for 

6.2-9.3% of total plant N uptake (Fig. 4.2b). Again, association with AM fungi 

significantly increased total plant N uptake, roughly doubling the proportion and total 

quantity of N that AM plants took up from the organic matter compared to non-AM 

plants (Fig. 4.S5). Since neither the roots nor the fungi had direct access to the organic 

matter, and the hydrophobic membrane prevented water movement, the only 

remaining pathway for N travel between compartments was through gaseous diffusion. 

Combined with results from the experiments described above, these data show that N 

released from organic matter travels through soil as a gas and contributes to plant and 

fungal N nutrition in quantities that are relevant to global nutrient cycling and net 

primary productivity.  
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Figure 4.2. Plant N taken up from subsurface NH3 gas produced during organic 

matter (OM) decomposition. (A) Proportion of total OM-N taken up by non-AM and 

AM plants shown in light brown and dark brown boxplots, respectively. (B) 

Proportional contribution of OM-N to total N taken up by non-AM and AM plants in 

light green and dark green boxplots, respectively. Bold black lines represent the 

median values; circles represent the mean values; whiskers represent the upper and 

lower quartiles (n = 5). Letters denote the results of a Tukey’s HSD test performed 

separately for each plot on log-transformed data (p < 0.05). 

 

To assess global variation in this subsurface N pathway, we measured NH3 release 

from soils developed under natural vegetation (Fig. 4.S6 and Table 4.S2). Soils from 

grasslands, forests, and a desert shrubland in Alaska, Brazil, Canada, China, 

Colombia, Kansas, Kenya, New York, New Mexico, and Sweden released 0.96 – 

83.05 µg NH3-N ton-1 of soil year-1, or 0.18 – 13.28 µg NH3-N m2 year-1 for a 0.2-m 

layer of surface soil (23-30). Variation in NH3 production was positively associated 

with soil pH and negatively associated with clay content (Fig. 4.3a and 4.3b). 

However, NH3 production was not significantly associated with soil N, C, or microbial 
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respiration in these soils (Fig. 4.3c-e). This demonstrates that soil chemistry and 

mineralogy are strong controllers of subsurface NH3 production and transport, leading 

to significant differences in NH3 release from soils with similar organic matter content 

and microbial activity. However, high microbial activity can contribute to a large net 

NH3 flux even from acidic soils, as observed from the Swedish forest soil. Taken 

together, these data show that edaphic properties influence the quantity of NH3 that 

will be available for subsurface transport and biological assimilation. Therefore, soil 

chemical properties should be considered when evaluating the role of subsurface NH3 

in plant nutrition and net primary productivity in different environments.    

Figure 4.3. NH3-N release from soil developed under natural vegetation is 
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associated with pH and clay. (A) NH3-N release was positively associated with soil 

pH (y = 0.85(pH) - 8.98, R2 = 0.55, F = 16.33, p < 0.01, excluding values from 

Swedish forest soils). (B) NH3-N release was negatively associated with soil clay 

content (y = -0.10(% clay) - 2.08, R2 = 0.64, F = 18.07, p < 0.01). (C)-(E) NH3-N 

production was not significantly correlated with soil N content, C content, or CO2-C 

respiration from soils.  

 

Based on these observations, we propose a revised model of the terrestrial N cycle that 

includes subsurface NH3 travel and associated N acquisition by plants (Fig. 4.4). The 

spatial and temporal movement of NH3 gas is markedly different from that of the 

major bioavailable N species currently included in conceptual subsurface N pools (9). 

NH3 gas can move more quickly than NH4
+, NO3

-, and dissolved organic N, 

particularly under dry conditions. It is also capable of moving in all directions through 

nanoscale pore spaces belowground. Furthermore, biological mechanisms for NH3 

uptake, such as aquaporins or gaseous diffusion through the lipid bilayer, may be 

different from those involved in NH4
+ and NO3

- uptake (31). It is important to consider 

these mechanisms because they dictate the rate and capacity of N uptake and can be 

used to breed plants specifically for enhanced N uptake. Since fertilizer inputs often 

increase the concentration of N in soil, the potential for NH3 travel and associated N 

acquisition by plants may be enhanced in agricultural systems. Increasing global N 

deposition will also influence the prevalence of this N pathway in some regions (3). 
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Figure 4.4 Subsurface N cycle. (A) In most terrestrial N models, NO3
- and NH4

+ 

make up 100% of the N that non-N-fixing plants can take up from the soil. (B) The 

work presented here suggests that NH3 is also an important source of subsurface plant-

available N, accounting for up to 30% of N that plants assimilate from subsurface 

pools each day. 

 

Based on global estimates of approximately 1,000 Tg of N taken up by plants 

annually, our results suggest that up to 90 Tg yr-1 of plant N may come from 

subsurface NH3 gas released from soil organic matter (32). This represents a large 

portion of the global N budget and is comparable to the annual contribution of 

biological N fixation to terrestrial N pools or N fertilizer applications to agricultural 

systems (3). A better understanding of subsurface NH3 dynamics can be used to 

constrain uncertainty in Earth systems models and improve agricultural management. 
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Future research should consider the role of subsurface NH3 travel and plant uptake in 

biogeochemical cycles and biological mechanisms for NH3 uptake.  

 

Methods 

Plant and fungal propagation 

Brachypodium distachyon seeds were surface sterilized with ethanol and planted in 

cones (Ray Leach Cone-tainers, Stuewe and Sons, Inc., Tangent, OR) filled with 1:1 

mixtures of double-autoclaved sand and gravel (v:v) at near-neutral pH. For AM 

fungal inoculation, 500 spores of the AM fungus Rhizophagus irregularis (previously 

Glomus intraradices) were added at the time of seeding33. After approximately one 

month, plants were transplanted from cones into mesocosms containing 1:1 mixtures 

of double-autoclaved sand and gravel mixtures (v:v) at neutral pH.  

 

Three-compartmented mesocosms  

Three-compartmented mesocosms were used to track 15NH3 gas movement through 

soil and subsequent 15N uptake by plants. Mesocosms were made from plastic divider 

boxes (Uline, Chicago, IL) and rigid polypropylene dividers (United States Plastics 

Corporation, Lima, OH). Each mesocosm contained a plant compartment at one end, a 

pH-adjusted soil column in the middle (pH 4, 7, or 10), and a compartment for gas 

injection fitted with a septum at the other end. Compartment dividers were fitted with 

windows of 1 µm polyester felt to allow gas diffusion but prevent fungal and root 

growth into the middle compartment containing the pH-adjusted soil column. Five 

months after seeding, mesocosms were covered with tight-fitting lids and 20 mL of a 
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5% 15NH3 gas mixture (98 AT% 15NH3 in a balance of 95% N2 at natural abundance) 

were injected into the gas compartment (AirLiquide, Plumsteadville, PA). Traps 

containing 2% boric acid placed at the soil surface in the plant compartment were used 

to prevent 15NH3 gas from escaping from the mesocosm and being taken up by 

aboveground plant biomass. Three days after injection, acid was injected into empty 

vials in the injection compartment in order to capture any remaining 15NH3 gas that 

had not travelled through the mesocosm to further ensure no aboveground uptake. 

Plant roots and shoots, fungi, and soil samples were collected for elemental analyses 

(Thermo Scientific Delta V Isotope Ratio Mass Spectrometer coupled to a Carlo Erba 

NC2500 Elemental Analyzer). 

 

Two-compartmented mesocosms 

Two-compartmented mesocosms were used to track 15NH3 volatilization from 15N-

enriched organic matter through soil and into belowground plant tissue. Inside each 

mesocosm was a smaller container with 15N-enriched organic matter. A hydrophobic 

gas-permeable membrane (PTFE unlaminated membrane filter, Sterlitech Corporation, 

Kent, WA) separated the plants from the organic matter, so that N gases could travel 

from the patch into the plant compartment, but water transport and direct root and 

hyphal access were restricted. An acid trap was placed at the soil surface of the 

container with the organic matter, which was then closed with a lid to prevent NH3 gas 

from escaping vertically into the atmosphere and being taken up by aboveground plant 

tissues. Plant root, plant shoot, and AM hyphal 15N uptake were measured 100 days 

after transplanting. 
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Incubation 

Soils from grasslands, forests, and a desert shrubland in Alaska, Brazil, Canada, 

China, Colombia, Kansas, Kenya, New York, New Mexico, and Sweden used in 

studies by refs 23-30 were incubated to assess variation in NH3 and CO2 production 

from soils developed under natural vegetation34. All soil samples were homogenized 

and sieved to a particle size of 2 mm or smaller. Twenty grams of air-dried soil were 

added to 60 mL glass jars and mixed with water to 60% water holding capacity. These 

jars were placed inside a larger glass jar with a tight fitting lid. Each large jar also 

contained a 2% Boric acid trap to capture NH3 volatilizing from the soil and a 0.09 M 

KOH trap made with CO2-free water to capture CO2. Blank jars, containing NH3 and 

CO2 traps but no soil were used to assess background levels of NH3 and CO2. Eight 

replicates were used per treatment—four replicates were harvested for an initial time 

point and four replicates were incubated in the dark at 30 °C for 2 weeks. At both the 

initial and final time point, NH3 and CO2 emissions were measured in the traps using 

an ELIT NH4
+ selective electrode (NICO 2000, Middlesex, UK) for NH3 and an 

electrical conductivity meter for CO2 ref34. 
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SUPPORTING INFORMATION FOR CHAPTER 4 

 

 

 

Figure 4.S1. Three-compartmented mesocosms used to track subsurface 15NH3 

movement through soil and into plants. Mesocosms were made from plastic divider 

boxes and rigid polypropylene dividers. Each mesocosm contained a plant 

compartment at one end, a pH-adjusted soil column in the middle (pH 4, 7, or 10), and 

a compartment for gas injection fitted with a septum at the other end. Compartment 

dividers were fitted with windows of 1 µm polyester felt to allow gas diffusion but 

prevent fungal and root growth into the middle compartment containing the pH-

adjusted soil column. Five months after seeding, mesocosms were covered with tight-

fitting lids and 20 mL of a 5% 15NH3 gas mixture (98 AT% 15NH3 in a balance of 95% 

N2 at natural abundance) were injected into the gas compartment. Traps containing 2% 

boric acid placed at the soil surface in the plant compartment were used to prevent 
15NH3 gas from escaping from the mesocosm and being taken up by aboveground 

plant biomass. 
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Figure 4.S2. Plant 15N uptake from 15NH3. Total 15N uptake by non-AM and AM 

plants shown in light green and dark green boxplots, respectively. Bold black lines 

represent the median values; green circles represent the mean values; open circles 

represent the outliers; whiskers represent the upper and lower quartiles (n = 6). Letters 

denote the results of a Tukey’s HSD test (p < 0.01) performed on log-transformed 

data.  
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Figure 4.S3. 15N enrichment of fungi and plants following 15NH3 injection 

through soil columns with acid, neutral, and alkaline soil. (A) 15N enrichment of 

AM hyphae and plant roots and shoots grown with AM fungi shown in dark green 

boxplots. (B) 15N enrichment of plant roots and shoots grown without AM fungi 

shown in light green boxplots. Plant or fungal tissue and soil column pH (4, 7, 10) are 

indicated on the x axis. Bold black lines represent the median values; green circles 

represent the mean values; open circles represent the outliers; whiskers represent the 

upper and lower quartiles (n = 6). Letters denote the results of a Tukey’s HSD test (p < 

0.01) performed on the full set of log-transformed data. 
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Figure 4.S4. Two-compartmented mesocosms used to track subsurface gaseous 
15N movement from organic matter through soil and into plants. Inside each 

mesocosm was a smaller container with 15N-enriched organic matter. A hydrophobic 

gas-permeable membrane separated the plants from the organic matter, so that N gases 

could travel from the patch into the plant compartment, but water transport and direct 

root and hyphal access were restricted. An acid trap was placed at the soil surface of 

the container with the organic matter, which was then closed with a lid to prevent NH3 

gas from escaping vertically into the atmosphere and being taken up by aboveground  

plant tissues. 

 

 

 

 
Figure 4.S5. Total plant 15N uptake from subsurface NH3 gas produced during 

organic matter decomposition. 15N uptake by non-AM plants and AM plants shown 

in light green and dark green boxplots, respectively. Bold black lines represent the 

median values; green circles represent the mean values; open circles represent the 

outliers; whiskers represent the upper and lower quartiles (n = 5). Letters denote the 

results of a Tukey’s HSD test performed on log-transformed data (p < 0.05).   
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Figure 4.S6. NH3-N released from soils under natural vegetation across the 

world. Annual NH3-N release represented in orange box-and-whisker plots. Black 

lines represent the median values; whiskers represent the upper and lower quartiles (n 

= 4). Letters denote the results of a Tukey’s HSD test performed on log-transformed 

data (p < 0.05).  

 

 

Table 4.S1. ANOVA for daily contribution of subsurface NH3-N to plant N 

uptake. 

 

Source of variation df SS  MS F p 

pH 2 183.394 91.697 497.4355 < 0.001 

AM 1 3.745 3.745 20.3176 < 0.001 

pH:AM 2 0.098 0.049 0.2664 0.7679 

Residuals 30 5.530 0.184   

Degrees of freedom (df), sum of squares (SS), and mean square (MS). 
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