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Plant-associated microbes affect a wide-variety of plant functional traits, and thus they 

likely affect patterns of plant local adaptation. However, the role of microbes in plant 

local adaptation is rarely tested. In a survey of the plant local adaptation literature, I 

found that the vast majority of studies that report local adaptation (94%) performed 

transplants into microbe-containing soils and measured traits that are microbe-

mediated. In these studies, microbe-mediated effects are confounded with plant 

genotype effects. For my dissertation research, I sought to describe the phenomenon of 

microbe-mediated adaptation and provide a definitive test using a modified reciprocal 

transplant experiments that moved seeds and microbes into two habitats. Here I 

present my dissertation work in three chapters:  

 

In my first chapter, I propose two ways in which microbes facilitate patterns of 

adaptation for plants, microbe-mediated local adaptation and microbe-mediated 

adaptive plasticity. Microbe-mediated local adaptation is when plant genotypes have 

higher fitness at their home site because of a genotype-specific affiliation with locally 

important microbe(s). Microbe-mediated adaptive plasticity is when a plant genotype 

has higher fitness in multiple habitats because it demonstrates plasticity in associating 

with locally important microbes.  

 



 

In my second chapter, I describe soil conditions, plant phenotype, and microbial 

communities in two habitats. I used high-throughput tagged amplicon sequencing of 

SSU-rRNA genes (for bacteria) and ITS1 (for fungi) to characterize the root 

microbiome of Saint John’s wort, Hypericum perforatum. At each root sampling 

location, I quantified soil characteristics to evaluate habitat variables that are 

correlated with root microbial communities. I also collected information on plant 

growth and fecundity for each focal plant to identify microbes that are correlated with 

plant phenotype. We found that bacterial and fungal communities were significantly 

different between habitats. Community differences were correlated with soil nitrogen 

and pH, and two taxa in the phylum Actinobacteria were significantly correlated with 

plant height.  

 

In my third chapter, I test for microbe-mediated adaptation using the two habitats, 

limestone barrens (alvars) and old-fields, described in chapter two. I conducted 

reciprocal transplant experiments in two years, exploring microbe effects on plant 

germination, survival, and growth. I found that alvar seeds had higher probability of 

germination when transplanted into home soils with microbes, but only when 

transplanted into their home habitat. Similarly, alvar seedlings had a higher probability 

of survival when transplanted into their home live soils, but here transplant site was 

unimportant. I also found local microbes inhibited local adaptation for old-field 

seedlings and facilitated local adaptation for alvar seedlings. My results indicate that 

microbial mutualists were important for plants growing in marginal alvar habitats, and 

that microbes changed patterns of local adaptation. 
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CHAPTER 1 

MICROBE-MEDIATED ADAPTATION IN PLANTS 
 

In preparation for Trends in Ecology and Evolution as Renee H. Petipas, Jennifer A. 

Lau, and Monica A. Geber. Microbe-mediated adaptation in plants. 

 

Abstract 

There is growing interest in the role that microbes play in host adaptation. Here we 

discuss two ways in which microbes can facilitate patterns of adaptation for plants, 

microbe-mediated local adaptation and microbe-mediated adaptive plasticity. 

Microbe-mediated local adaptation is when plant genotypes have higher fitness at their 

home site because of a genotype-specific affiliation with locally important microbe(s). 

Microbe-mediated adaptive plasticity is when a plant genotype has higher fitness in a 

variety of habitats because it demonstrates plasticity in associating with locally 

important microbes. Currently, it is an open question when, where, and how often 

microbes affect patterns of adaptation, although recent works suggest microbes could 

play an important role in adaptation by local adaptation and adaptive plasticity. Here 

we discuss how to test for and differentiate between microbe-mediated local 

adaptation and microbe-mediated adaptive plasticity. We also discuss implications and 

future research directions in the field of microbe-mediated adaptation. This work not 

only has important implications for our understanding of plant evolutionary ecology, 

but also has implications for conservation, restoration, and agriculture. 
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Introduction 

Evolutionary ecologists consider plants to be autonomous organisms that respond to 

environmental pressures through evolution by natural selection and plasticity. In 

reality, symbioses with microbes are an indivisible part of plant ecology and 

evolution. Without exception, plants affiliate with a diversity of eukaryotic and 

prokaryotic microorganisms that inhabit the roots and rhizosphere (Partida-Martinez 

and Heil 2011). These microbes affect plant life history (Lau and Lennon 2011, 2012, 

Wagner et al. 2014, Panke-Buisse et al. 2017), functional traits (Friesen et al. 2011), 

adaptive phenotypes (Rodriguez et al. 2008), plasticity (Goh et al. 2013), the strength 

and direction of selection (Wagner et al. 2014, Lau and Lennon 2011), and heritability 

of adaptive phenotypes (Gehring et al. 2017). Here we consider how microbes affect 

two fundamental aspects of plant evolutionary ecology: local adaptation and adaptive 

plasticity.  

 

Microbes affect plant adaptation 
Local adaptation and adaptive plasticity are non-exclusive evolutionary responses to 

heterogeneous selection pressures. Local adaptation is the result of genetic 

differentiation in response to local conditions and is manifest when local genotypes 

have higher fitness in their home habitat compared with foreign genotypes (Kawecki 

and Ebert 2004). Adaptive plasticity is the result of phenotypic plasticity in response 

to local conditions and is manifest when local phenotypes have higher fitness in their 

home habitat compared with foreign phenotypes (Dudley and Schmitt 1996). 

 



 

 3 

Microorganisms have the potential to influence both local adaptation and adaptive 

plasticity. Microbes can alter plant functional traits (Friesen et al. 2011) in ways that 

increase plant fitness in response to biotic and abiotic factors, such as drought (Lau 

and Lennon 2012, Marasco et al. 2012), herbivory (Lee et al. 2012), low nutrients 

(Johnson et al. 2010), heavy metals (Meharg and Cairney 2000) and pathogens 

(Berendsen et al. 2012). Despite recent interest in the role of microbes in plant 

adaptation (Johnson et al. 2010, Smith et al. 2011, Lau and Lennon 2012, Lankau 

2013, Johnson et al. 2013, Wagner et al. 2014, Pickles et al. 2015, Revillini et al. 

2016, Rúa et al. 2016, Van Nuland et al. 2016) the framework for such investigations 

is lacking. We propose that microbe-mediated adaptive responses are the result of 

microbe-mediated local adaptation (MMLA) when plant genotypes have higher fitness 

at their home site because of a genotype-specific affiliation with locally important 

microbe(s) (Figure 1.1B), or microbe-mediated adaptive plasticity when a plant 

genotype has higher fitness in a variety of habitats because it demonstrates plasticity in 

associating with locally important microbes (Figure 1.1C).  

 

In this review, we elaborate on these definitions and provide examples. We also 

explore how to test for and differentiate between microbe-mediated local adaptation 

and microbe-mediated adaptive plasticity. Finally, we discuss implications and future 

research directions in the field of microbe-mediated adaptation. The framework 

presented here is not exclusive to plants. We focus primarily on plants because of the 

long and rich history of local adaptation and adaptive plasticity studies in this group 

and the ease of experimental manipulation, but this framework is easily usable in non-
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Figure 1.1 A-C: Without microbes (A) genotypes have similar fitness values in both 

habitats. When microbes are added you could find two patterns: B) Plant genotype 

interacts with microbial genotypes or communities in ways that enhance adaptation to 

local conditions (microbe-mediated local adaptation) or C) Plants are able to affiliate 

with locally important microbes in both habitats and subsequently have higher fitness 

across habitats compared to the plants without microbes (microbe-mediated adaptive 

plasticity). 
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plant systems. Indeed, interest in microbe-mediated adaptation has been growing 

across taxa (e.g. Biere and Tack 2013, Alberdi et al. 2016). 

Microbe-mediated local adaptation  
Microbe-mediated local adaptation happens when natural selection operates on plant 

traits that attract, retain, and regulate locally important microbe(s). The outcome is 

microbe-mediated changes to plant functional traits that lead to higher fitness of local 

plant genotypes compared with foreign plant genotypes that do not associate as well 

with local microbe(s). Microbe-mediated local adaptation can occur when plant 

genotype and microbial genotype interact to determine plant fitness in response to 

environmental conditions, or when plant genotype affects microbial community 

composition in ways that determine plant fitness in response to environmental 

conditions. 

 

Plant-microbe resource mutualisms provide some of the best evidence for microbe-

mediated local adaptation. Soil nutrient limitation is heterogeneous across the 

landscape. In response, some resource mutualisms have evolved to access the most 

limiting nutrient. In one example, researchers used a fully factorial greenhouse 

experiment manipulating seed source, soil source, microbial source, and the 

presence/absence of microbes, to ask how seed source and microbial source interacted 

to affect nutrient acquisition from different soil types that were limiting in either 

nitrogen or phosphorus. They found that genotypes of Andropogon gerardii were 

coevolved with local arbuscular mycorrhizal communities to access the most limiting 

nutrient at each site, as measured by percent nitrogen or phosphorus accumulated in 
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plant tissues. In other words, accessing limiting nutrients was predicated not only on 

plant genotype but also on being paired with sympatric (home) microbes. However, 

this enhanced nutrient uptake only translated to patterns of local adaptation in two of 

the sites (Johnson et al. 2010). Coevolved microbes also mediate plant responses to 

other environmental factors, such as herbivory, pathogens, drought, and heavy metals, 

but further work needs to be done to understand how this affects patterns of local 

adaptation.  

 

Although many studies have focused on coevolved interactions between plants and 

microbes, even diverse microbial communities can lead to microbe-mediated 

adaptation. Like other macro-organisms, plants host a wide variety of microbes in 

their rhizosphere, and these communities are a heritable component of the plant 

phenotype (Schweitzer et al. 2008, Peiffer et al. 2013, Simonsen and Stinchcombe 

2014). In addition, these heritable microbial communities affect plant phenotypes in 

ways that lead to adaptive responses to the local environments. For example, 

ectomycorrhizal fungal (EcM) communities of drought-adapted pinyon pine were 

heritable and inoculum from under drought-adapted trees reduced mortality and 

enhanced plant growth of drought tolerant plant genotypes by 25% under drought 

conditions (Gehring et al. 2017). Authors used the powerful approach of combining 

observational and experimental studies to identify an Ascomycete fungus in the genus, 

Geopora, that was correlated with drought tolerant trees. In this case, it seems that 

adaptive effects were the result of shifts in community composition (species 
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presence/absence) when trees are exposed to drought rather than the evolution of co-

adapted fungal strains. 

 

A discerning reader might question if microbe-mediated local adaptation is different 

from “regular” (plant genotype-mediated) local adaptation. Indeed, microbes are part 

of a local environment and plants can adapt to them. We argue that it is worth 

exploring because of the ubiquitous yet cryptic nature of plant microbial interactions. 

The earliest plant colonization of land was facilitated by microbes (Strullu-Derrien et 

al. 2014, Remy et al. 1994), and currently every plant on earth engages in some type 

of interaction with microbes (Partida-Martinez and Heil 2011). Over evolutionary 

time, plants have evolved in ways that shape microbial structure and function, and 

microbes have evolved in myriad ways to influence plant traits and therefore 

interactions with the environment. Additionally, these changes are still occurring 

today on microevolutionary timescales. Therefore, it is an interesting and open 

question in what ways and how frequently plant interactions with the environment are 

facilitated by microbes. Interactions with microbes are not only ubiquitous but are also 

cryptic in nature. Reciprocal transplant experiments have a long and rich history (see 

Cheplick 2015 for a nice overview). Throughout this time, microbes have been a 

confounding factor in experimental designs. This could lead to the erroneous 

conclusion that plant genotypic effects are responsible for adaptive outcomes, when in 

reality microbes have profound effects on many plant functional traits. Disentangling 

microbial from plant genotypic contributions to adaptation is important from a basic 

research perspective and also informs applied issues, such as predicting plant 

responses to human-mediated changes (see Implications section). 

 

Microbe-mediated adaptive plasticity  
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Microbe-mediated adaptation can happen via genetic differentiation in plant 

populations but it isn’t necessary. Plants exhibit a high degree of phenotypic plasticity 

and in many cases plastic responses are adaptive (Agrawal et al. 1999, Dudley and 

Schmitt 1996). Phenotypic plasticity occurs when a single genotype exhibits different 

phenotypes depending on abiotic and/or biotic conditions, and adaptive plasticity is 

when phenotypes are plastic in variable environments in ways that maximize fitness 

(Agrawal 2001). Microbe-mediated adaptive plasticity is when plant genotypes have 

higher fitness across a range of habitats because they demonstrate plasticity in traits 

that attract, retain, and regulate locally important microbes, and associating with 

locally important microbes subsequently affects plant functional traits in ways that 

enhance fitness. 

 

There is an extensive body of literature exploring how to test for adaptive plasticity 

and when it is expected to evolve (Dewitt and Scheiner 2004). The most rigorous 

demonstration of adaptive plasticity involves identifying different phenotypic traits 

and performing reciprocal transplants to link traits to fitness in different habitats. In a 

canonical example, authors tested the hypothesis that elongated stems of Impatiens 

capensis were adaptive in high density, low light environments. To test this idea, they 

manipulated the ratio of red to far red light to produce Impatiens phenotypes with 

elongated and non-elongated stems. Then these two morphs were transplanted into 

high and low-density environments. Authors found that plants with elongated stems 

had higher fitness in high density environments, and plants with non-elongated stems 

had higher fitness in low density environments (Dudley and Schmitt 1996).  
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There is growing interest in how microbes affect plant adaptive plasticity (Goh et al. 

2013), and evidence is accumulating that microbes affect plasticity of many important 

traits. For example, microbe-mediated adaptive plasticity could affect plant response 

to herbivory. In one case, authors collected mycorrhizal inoculum from large, 

herbivore exclosure treatments that either excluded all ungulate herbivores, allowed 

only native herbivores, or allowed native herbivores plus cattle. These ungulate 

exclosure treatments were immediately adjacent with no barriers to gene flow for the 

wind pollinated grass used in the experiment, thus authors assumed admixture of the 

plant population. Plants inoculated with AM fungi from areas with native herbivores 

tolerated herbivory more than plants inoculated with AM fungi from areas that also 

contained cattle and areas that had no ungulate herbivores for 18 years. And although 

mycorrhizal communities became less mutualistic in areas without herbivores, 

bacterial communities became more mutualistic. Plants inoculated with bacterial wash 

from areas with no herbivores had more biomass than any other microbial treatment 

(González et al. 2018), indicating perhaps that bacterial-enhanced plant competition 

could be adaptive in densely vegetated areas without herbivores.  

 

Flowering time is another trait that is a good candidate for exploring microbe-

mediated adaptive plasticity (Lau and Lennon 2011, 2012, Wagner et al. 2014, Panke-

Buisse et al. 2016). In one experiment, authors found that microbes from four 

naturally occurring soil microbiomes affected plasticity in flowering time of Boechera 

stricta. Authors didn’t test whether different microbe-mediated flowering times were 
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adaptive in the field and therefore didn’t establish adaptive plasticity. Later work 

showed that microbe-mediated changes in flowering time could be selected for in 

multi-generation experiments. In this work, authors used Arabidopsis thaliana 

genotype, Col-0, as a standardized plant genotype, to guarantee that shifts in flowering 

time were the product of microbiome selection and not interactions with underlying 

plant genotype. They then inoculated plants with naturally collected soil microbiomes 

and in each generation selected new microbial inoculum from the four earliest 

flowering plants, to be used in the next generation. Flowering time decreased by up to 

10% in treatments that received early flowering microbes (Panke-Buisse et al. 2016).  

 

An interesting research goal will be to develop a framework that allows us to 

hypothesize when microbe-mediated local adaptation will dominate versus microbe-

mediated adaptive plasticity. We can look to existing literature to inform these 

hypotheses. The adaptive plasticity hypothesis states that given sufficient heritable 

genetic variation in plasticity, phenotypes should be variable in ways that maximize 

fitness in response to selection pressures in different environments (Thompson 1991). 

Additionally, adaptive phenotypic plasticity is expected to evolve when: 1) 

environmental cues are reliable, 2) different phenotypes are optimal in different 

environments, and 3) no phenotype is optimal for all environments (Moran 1992, 

Ghalambor et al. 2007; Figure1.2 B). Microbe-mediated adaptive plasticity will evolve 

when all of the above conditions are met and additionally 4) microbes reliably covary 

with environments. If environments are not variable, cues are not reliable, variable 

phenotypes are no longer adaptive, and/or microbial presence is not reliable, then the 
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cost of plasticity will be too high (Grenier et al. 2016). In this case, if the postulates of 

natural selection are fulfilled, natural selection will act to remove plastic genotypes 

and converge on a fixed optimal phenotype (Figure1.2 A). 

 

Testing for microbe-mediated adaptation 

Experimental designs employed widely for plant evolutionary ecology can be used to 

test for microbe-mediated adaptation and to distinguish between microbe-mediated 

local adaptation and microbe-mediated adaptive plasticity. Here we advocate using 

reciprocal transplant experiments to understand how microbes affect patterns of plant 

adaptation and to distinguish between microbe-mediated local adaptation and microbe-

mediated adaptive plasticity. Reciprocal transplants can be employed exactly as in the 

traditional design with the added element of manipulating microbe(s) (Figure 1.3).  

 

Reciprocal transplants are done by locating two or more populations that inhabit 

different environments or occur along an environmental gradient. Populations are 

often chosen because one or more environmental variable is demonstrably different 

between populations. In the classical experiment, putative genotypes of plants are 

transplanted into a different environment and replanted into their natal environment. A 

reciprocal transplant to test for microbe-mediated adaptation, through either adaptive 

plasticity or local adaptation, would involve transplanting plant genotypes into 

different habitats and providing those plants with local or foreign microbes.  
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Figure 1.2 A&B: The scale of environmental heterogeneity, gene flow, and whether 

offspring are likely to encounter the same habitat as parents can influence whether 

adaptation will happen via genetic differentiation or adaptive plasticity. A) When 

environmental heterogeneity is coarse-grained, gene flow is minimal, and offspring 

are unlikely to encounter an environment different than their parents’ environment 

then adaptation via genetic differentiation (local adaptation) is expected. In contrast, 

B) when there is fine-grained environmental heterogeneity, more gene flow, and 

offspring are likely to encounter an environment different than their parents’ 

environment then adaptive plasticity may evolve. Arrows indicate gene flow and the 

thickness of the arrow indicates the relative amount of gene flow between habitats. 

 

A)

B)
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The exact details of the experimental set-up will depend on habitat characteristics, 

focal plant species, and microbial taxa of interest but regardless some version of the 

following could be deployed. 1) Create microbial treatments by isolating some 

fraction of the plant microbiome. Some options here include: isolates of individual 

taxa, microbial washes, or whole soil inoculum (for a discussion of efficacy see 

Howard et al. 2017). 2) Determine controls for microbial treatments. When working 

with soils, researchers isolate soil microbial effects without confounding them with 

soil abiotic effects by using a sterilized soil medium with a small amount of live or 

sterilized inoculum added back. The choice of soil sterilization methods can be taxon 

specific (e.g. fungicide) or general (autoclaving or gamma irradiation). Each method 

has advantages and disadvantages and thus should be researched carefully (Trevors 

1996). 3) Devise a transplantation scheme. Transplantation can occur directly in the 

soil using a mesh barrier to keep in microbial inoculum and exclude microbial taxa 

from the surrounding soil environment. Mesh with 0.45µm opening has been used to 

exclude other fungi and some bacterial taxa (McGuire 2007). Plants can be 

transplanted into pots with microbial treatments and placed in aboveground arrays in 

the two habitats. When transplanting into the field, especially if plants are surrounded 

by the soil environment, contamination by non-target microbes will always be an 

issue. For this reason, the duration of the experiment will need to be planned carefully, 

and sterile treatments will need to be monitored for contamination.  

 

A statistical model to understand interactive contributions of plant and microbes to 

plant local adaptation would include some measure of plant fitness (e.g. germination,  
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Figure 1.3: Fully factorial reciprocal transplant design to understand how microbes 

contribute to plant adaptation. In this design we move plant genotypes (circle = dark-

shaded plants, square = light-shaded plants) between two habitats (represented by 

circle and square shapes), with either microbes from circle habitat or square habitat. A 

sterilized inoculum treatment (“-“ indicates plants with autoclaved inoculum added vs 

“+” where live soil filtrate is added) is included to control for the addition of microbial 

filtrate. 
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survival, reproductive fitness) as a response variable and habitat type, plant genotype, 

microbial source, and sterilization as fixed effects (Figure 1.3). Unfortunately, this 

design results in the unsavory outcome of a four-way interaction. With large enough 

sample sizes and patience, one can overcome the complexity of a four-way interaction, 

but to fully understand complex interactions subsequent hypothesis testing should be 

done using planned comparisons. For clarity, the figures presented here assume that 

patterns of adaptation are attributable to microbes (Figure 1.1B and C), and thus we 

only present the live inoculum treatments.  

 

Models can be constructed to determine how habitat type, plant genotype, and 

microbial source affect fitness outcomes (Table 1.1). Significant main effects of 

habitat would indicate one habitat is more favorable overall to plant growth (Figure 

1.4A). Significant main effects of plant genotype would mean fixed genetic 

differences that don’t differ when exposed to different habitats or microbial 

communities (Figure 1.4B). Significant main effects of microbial source would 

indicate that both plant populations benefit from the microbes isolated from one 

habitat (Figure 1.4C). A two-way interaction between habitat and plant genotype 

would indicate plant local adaptation or maladaptation without a contribution of 

microbes (Figure 1.4D). A two-way interaction between habitat and microbial source 

would indicate microbe-mediated adaptive plasticity; that microbes are most beneficial 

in their home habitat but plant genotypes can utilize any microbes (Figure 1.4E). Two-

way interactions between plant genotype and microbial source (GpxGm) would 

indicate plant genotypes do best with their own microbes, regardless of habitat (Figure
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Table 1.1: Analysis of variance table exploring how habitat, plant genotype, and microbial source affect patterns of local 
adaptation. Interpretations are meant to represent possible outcomes but careful interpretation of data will be necessary to 
understand significant terms. +Gm is used loosely and can mean genetic change by microbes or shifts in community composition 
that drive microbe-mediated local adaptation. 
 

Fixed Effects  Interpretation   Interaction type 

    

Habitat Habitat quality differs   

Plant Genotype Plant genotype vigor differs   

Microbial Source 

 

Microbes from one source are more beneficial to plants than 

microbes from another   

Habitat*Plant Genotype Plant genotype mediated local adaptation  GpxE 

Habitat *Microbial Source Microbe-mediated adaptive plasticity  GmxE 

Plant Genotype * Microbial Source Plants are adapted to their home microbes  GpxGm 

Habitat * Plant Genotype *Microbial Source Microbe-mediated local adaptation   GpxGmxE+ 
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1.4F). A three-way interaction between plant genotype, microbial source, and habitat 

(GpxGmxE) would indicate microbe-mediated local adaptation, if home genotypes 

have higher fitness with their home microbes in their home habitat (Figure 1.4G). 

These outcomes are possibilities and not an exhaustive list of what could occur, so 

careful interpretation of data will be necessary to draw appropriate conclusions. 

 

In some cases, microbe mediated adaptive responses are the result of coevolved 

interactions that occur between genotypes of plants (Gp) and genotypes of microbes 

(Gm) but are insensitive to the surrounding environment (E). In other words, Gp x Gm 

interactions determine plant fitness without being affected by local conditions. For 

example, sympatric combinations of genotypes of tufted vetch (Vicia cracca) and 

strains of Rhizobium leguminosarum biovar. viciae collected from habitats with low, 

medium, and high soil nitrogen levels were found to have higher fitness than allopatric 

combinations regardless of the soil nitrogen environment they were exposed to in 

transplant experiments (Cauwenberghe et al. 2016), indicating coevolution between 

legume and rhizobia that was insensitive to nitrogen conditions. 

 

The reciprocal transplant design described above has the added of advantage of testing 

for GpxGm or GpxGmxE interactions. Simultaneous transplantation of the plant 

genotypes and microbial genotypes into contrasting habitats would give insight into 

sensitivity of plant-microbe interactions to environmental factors. If GpxGmxE 

interactions dominated, positive effects of microbial symbionts wouldn’t be evident  
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Figure 1.4 A-C: Outcomes of fully factorial design to test for microbe-mediated 

adaptation (either via local adaptation or adaptive plasticity). A-C demonstrate 

outcomes for significant main effects of habitat, plant source, or microbial source 

alone. The circle represents plants collected from the circle habitat and square 

indicates plants collected from the square habitat. 
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Figure 1.4 D-F: Potential outcomes for significant two-way interactions between all 

possible combinations of habitat, plant source, or microbial source. A two-way 

interaction between habitat and microbial source indicates microbe-mediated adaptive 

plasticity. The circle represents plants collected from the circle habitat and square 

indicates plants collected from the square habitat. 
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Figure 1.4 G: A three-way interaction between habitat x plant source x microbial 

source indicates microbe-mediated local adaptation. These reaction norms are meant 

to represent potential outcomes and are not an exhaustive list of all possible findings. 

The circle represents plants collected from the circle habitat and square indicates 

plants collected from the square habitat. 
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when both microbes and plant genotypes were moved into novel habitats (Figure 

1.4G); in contrast, if GpxGm interactions dominated, plants would still benefit from 

microbial symbionts when both were moved into novel habitats (Figure 1.4F). 

 

Reciprocal transplant experiments don’t tell us about the plant traits that are under 

selection or adaptive, and therefore omit an important piece of information (Cheplick 

2015). Care should be taken to measure not only plant fitness, but also plant functional 

traits that are influenced by the presence of microbes. This has two advantages, 

selection gradients can be estimated by comparing the relationship between fitness and 

a particular trait value to identify the type (directional, stabilizing, disruptive) and 

strength of selection acting on a population. This is important because selection could 

be an ongoing process that isn’t manifest in fitness values yet (e.g. Wagner et al. 

2014). Additionally, to rigorously demonstrate adaptive plasticity one needs to 

understand the relationship between trait values and fitness in variable habitats (Dewitt 

and Scheiner 2014). In the case of microbe-mediated adaptive plasticity, microbes 

affect trait values in ways that enhance plant fitness across habitats, resulting in fitness 

homeostasis (Figure 1.1 C).  

 

The same caveats and considerations that apply to typical reciprocal transplant 

experiments also apply to microbe-mediated adaptation transplant experiments. 

Researchers should design experiments with care to decide the relevant spatial scale of 

adaptation in their system, which aspects of fitness to measure (survival, germination, 

and reproduction), and how long the experiment should be monitored to detect 
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patterns of adaptation (Cheplick 2015). When designing a transplant experiment to 

address microbe-mediated adaptation, additional care should be taken to determine 

which microbial players are relevant, what manipulations would best isolate these 

taxa, and sterilization methods that would be most effective. Finally, since microbe-

mediated adaptation experiments are simultaneously manipulating multiple factors, 

proper planning of sample sizes is important to have the power to detect significant 

interactive effects. 

 

Implications and Future Research Directions 

Microbe-mediated adaptation and the spatial scale of adaptation 

Intra-population specialization can occur in plant microbe interactions, allowing for 

adaptation to fine-scale differences in biotic and abiotic conditions, an important 

factor considering strong selective gradients can be found over small spatial scales 

(Turkington and Harper 1979, Kalisz 1986, Galloway 1995). Intrapopulation 

adaptation could occur via microbe-mediated local adaptation if the plant population is 

highly-selfing with little admixture. Or it could occur via microbe-mediated adaptive 

plasticity if plants exhibit a high degree of plasticity for microbial attraction, retention, 

and regulation traits within a population.  

 

Work done with a native Kenyan grass, Themeda triandra, indicates that microbes can 

affect drought phenotypes over small spatial scales. Authors focused on savanna areas 

that have abundant and regularly spaced termite mounds. The presence of termites 

drastically affects edaphic conditions, changing nutrient and water availability over 
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small spatial scales (>50m) and posing an adaptive challenge for wind pollinated 

Themeda triandra, which is unlikely to genetically differentiate over these spatial 

scales. When T. triandra seeds from a common source were exposed to different 

arbuscular mycorrhizal communities collected on and off termite mounds they had 

different drought phenotypes. Plants inoculated with off-mound fungi closed stomata 

quickly when exposed to drought and halted biomass accumulation, whereas plants 

inoculated with on-mound fungi kept stomata open longer under drought conditions 

and continued to acquire biomass (Petipas et al. 2017).  

 

Microbe-mediated adaptation and climate change (temporal scale of adaptation) 

Plants can be helped or hindered by association with microbes under changing 

conditions. Some plants will have a hard time shifting their ranges if microbial 

mutualists aren’t moving at the same rate (Lankau and Keymer 2016). On the other 

hand, plasticity in plant-microbe associations may prove to be adaptive in the face of 

changing climate. A plant that is able to affiliate with a variety of microbes and/or is 

more effective at excluding microbial pathogens (Engelkes et al. 2008) will have an 

advantage as plant ranges change and local microbial communities shift. In addition, 

microbial change may be more evolutionary labile than plant genetic change. 

Microbes are less constrained to changing conditions because of wide-ranging 

metabolic strategies, high mutation rates, and short generation time.  

 

The significance of microbe-mediated adaptive plasticity was evident in a multi-

generation selection experiment that manipulated soil moisture for replicated plant 
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populations and their associated microbial communities over the course of multiple 

generations. There was minimal genetic response by plants but drought-adapted 

microbes buffered plants against contemporary exposure to drought (Lau and Lennon 

2012). Plants experienced a 58% reduction in fitness during drought when grown in 

association with wet-adapted microbes, but only a 20% reduction in fitness when 

grown in association with drought-adapted microbes. This rapid response mediated by 

microbes is promising for plant responses to climate change. In general, experimental 

findings have supported the idea that microbes will enhance plant response to 

environmental change (Kivlin et al. 2013). 

 

Microbe-mediated adaptation and agriculture and restoration 

The genomics era has (re)awakened people to the idea of using microbes in restoration 

(Wubs et al. 2016) and to make crops more productive, less susceptible to disease, and 

more drought tolerant (Bakker et al. 2012, Reid and Greene 2012). Rhizoctonia solani 

is an important fungal pathogen that infects a variety of economically important crops, 

such as sugar beet and rice. Rhizoctonia infection can be suppressed by inoculation 

with certain disease suppressive soil communities. Metagenomic work identified 

members of Proteobacteria, Firmicutes, and Actinobacteria that were associated with 

Rhizoctonia disease suppressive soils. From this work, authors were able to isolate one 

strain of Pseudomonas that decreased disease incidence and they determined the mode 

of action was probably via secondary metabolites (Mendes et al. 2011). 

 

Microbe-mediated adaptation and speciation 
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Perhaps the most extreme potential outcome of microbe-mediated adaptation is 

speciation of plant hosts. Given that microbes can influence plant reproductive traits 

including plant phenology (Lau and Lennon 2012, Wagner et al. 2014, Panke-Buisse 

et al. 2016), reproductive isolation and eventually speciation could potentially be 

affected by microbes. Recent work found differences in plant-mycorrhizal fungi 

interactions led to coexistence of Howea palms, and the authors speculated 

mycorrhizal fungi led to this adaptive divergence perhaps via flowering time (Osborne 

et al. 2017). Microbes are correlated with host speciation at deeper evolutionary time 

scales. For example, plants in the coffee family (Rubiaceae) form symbiotic 

associations with leaf fungal endophytes. These endophytes produce secondary 

metabolites that protect hosts from pathogens and herbivores, and thus authors 

proposed they affected host evolution. They found plant lineages hosting leaf 

endophytes had higher rates of speciation compared with those without endophytes 

(Verstraete et al. 2017). 

 

Challenges 

To really understand the effects of microbes to the extent we can harness them as 

technologies, we need to be able to identify and isolate important members of the 

community. The age of informatics has allowed us a glimpse into the diversity and 

complexity of the microbiome, but much work remains to disentangle single species 

from multi-species effects and how relevant microbial genotypic diversity is for 

adaptive benefits. For example, we know relatively little about intra-specific diversity 
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in many microbial taxa, including important groups such as arbuscular mycorrhizal 

fungi (Johnson et al. 2012). 

 

A further challenge is understanding context dependency in plant-microbe 

interactions. Plants do not universally benefit from interactions with microbes (even 

those generally referred to as mutualists), but rather these interactions are highly 

context dependent (Johnson 1993, Bronstein 1994) and depend on local selection 

pressures. One of the top research priorities into microbe-mediated adaptation should 

be efforts to delineate this context dependency.  

 

The stress gradient hypothesis posits that as stress increases mutually beneficial 

interactions dominate and antagonistic interactions are reduced (Bertness and 

Callaway 1994). This idea was originally put forth to understand plant-plant 

interactions, but is also a promising framework to understand the context dependency 

of beneficial plant-microbe interactions (O’Brien et al. 2016, David et al. 2018). 

Microbes facilitate plant survival and fitness under nutrient stress and water limitation 

but engaging in mutualistic interactions is costly, and therefore plants might forgo 

trading with mutualists when resources are abundant locally. This is evident in 

resource mutualisms. For example, legumes show autoregulation of rhizobia when soil 

nitrogen is abundant. There are other axes of variation that could drive context-

dependency in plant-microbe relationships, including plant characteristics such as 

annual/perennial, native /invasive, inbreeding/outcrossing, as well as microbial 
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characteristics such as vertical/horizontal transmission, obligate/facultative, microbial 

species interactions, and priority effects.  

 

Conclusions 

Microbe-mediated adaptation either through adaptive plasticity or local adaptation is 

an important area of inquiry that will expand our basic knowledge of plant 

evolutionary ecology, and also give us insight into the important problems of our day. 

Microbe-mediated adaptation may have important implications for agriculture, climate 

change, and restoration. Developing these microbially-based technologies to deal with 

these issues is predicated upon a careful delineation of microbe-mediated adaptation, 

which we hope we have provided here. 
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CHAPTER 2 

 

THE BACTERIAL AND FUNGAL MICROBIOME OF HYPERICUM 

PERFORATUM IN TWO DISTINCT HABITATS 

 

In preparation for Phytobiomes as Renee H. Petipas, Steven A. Higgins, Chantal 

Koechli, Spencer J. Debenport, Monica A. Geber, and Daniel H. Buckley. The 

bacterial and fungal microbiome of Hypericum perforatum in two distinct habitats. 

 

Abstract 
 
Root-associated microbes contribute to plant nutrition, health, and stress-tolerance. 

Saint John’s wort, Hypericum perforatum subsp. perforatum, is a medicinally and 

ecologically important perennial plant species that has a broad global distribution. 

Despite the importance of this species, little is known about the factors that structure 

its microbial communities and the identity of microbes that enhance plant growth and 

fitness. Here we collected H. perforatum root samples in two distinct habitats: alvars, 

a type of limestone barren, and old-fields. These habitats occur immediately adjacent 

to each other in Jefferson County, New York. We used high-throughput amplicon 

sequencing of the SSU-rRNA gene (bacteria) and the internal transcribed spacer 

region 1 (ITS1, fungi) to characterize the root microbiome of H. perforatum. At each 

root sampling location, we quantified soil characteristics to evaluate habitat variables 

that correlate with root microbial communities. We also collected information on plant 

height and fecundity to identify microbes that are correlated with plant size and 

fitness. We found that bacterial and fungal communities were significantly different 
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between habitats. These differences were correlated with soil nitrogen, pH, and plant 

height. Bacterial community composition was correlated with soil depth but not fungal 

community composition. Bacterial richness was similar between habitats but fungal 

richness was higher in old-fields. Microbial taxa positively associated with plant 

height included two OTUs belonging to the bacterial phylum Actinobacteria. This 

work contributes to a growing body of knowledge of the environmental determinants 

of microbial consortia and microbial taxa that are correlated with plant health. 

 

Introduction 

 
There is growing awareness that the plant root-associated bacteria and fungi that live 

on and within plant roots affect adaptive phenotypes (Berendsen et al. 2012, Bakker et 

al. 2012, Vandenkoornhuyse et al. 2015, Haney et al. 2015, Wintermans et al. 2016). 

Microbes affect a range of plant functional traits (Friesen et al. 2011) that mediate a 

plant’s response to the environment and ultimately influence plant productivity and 

fitness (Rodriguez et al. 2008, Rodriguez and Redman 2008, Goh et al. 2013). This 

new appreciation of the plant microbiome has instigated efforts to develop microbial 

products that can be used in agriculture. However, advances in this field have been 

hampered by a poor understanding of how biotic and abiotic factors affect microbial 

community composition and hence adaptive benefits for plants. Here we explore how 

the root microbiome of St. John’s Wort (Hypericum perforatum) differs between two 

distinct habitats in northern New York. We specifically consider how soil nutrients, 
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pH, and soil depth affect microbial communities and how plant phenotypes are 

correlated with microbial communities and specific microbial taxa. 

 

Soil macronutrients and pH are important determinants of the soil and plant root 

microbiome. Enhanced nitrogen causes decreases in fungal biomass and shifts in 

fungal community composition (Treseder 2004, Lauber et al. 2008). Bacteria show 

more variable responses; they either remain unaffected (Högberg et al. 2006, 

Marschner et al. 2001, Fierer et al. 2011) or have reductions in biomass and/or shifts 

in community composition (Fierer et al. 2011, Ramirez et al. 2012). Phosphorus 

availability also affects fungal abundance (Cassman et al. 2016) and community 

composition (Lauber et al. 2008), mainly via shifts in the relative abundance of taxa 

from Sordariomycetes and Agaricales. Enhanced phosphorus also causes changes to 

bacterial community composition but does not necessarily affect bacterial abundance 

(Cassman et al. 2016). In a comprehensive examination of fungal and bacterial 

diversity at 25 nutrient addition sites, Leff et al. (2015) found that nutrient addition 

affected fungal diversity weakly but community composition strongly, with 

mycorrhizal fungi declining disproportionately to other fungal taxa. Similarly, 

bacterial diversity was only marginally impacted but community composition shifted 

in response to nutrient additions. Potassium and plant micronutrients (e.g. calcium, 

magnesium, iron, etc.) affect microbial communities but the effects are less well 

studied. 

 



 

 42 

Soil pH can also impact microbial communities. Bacterial richness and diversity 

decrease in more acidic soils (de Vries et al. 2012, Fierer and Jackson 2006, Högberg 

et al. 2006, Lauber et al. 2008), whereas fungi are potentially less sensitive to pH 

(Frostegård et al. 1993, Rousk et al. 2010). Soil depth is another important determinant 

of soil microbial communities. Even with relatively minor changes in depth (10-20cm) 

bacterial communities shift dramatically and look more different than microbial 

communities sampled from soil surfaces in different biomes (Eilers et al. 2012). 

Likewise, the abundance (Ekelund et al. 2001), distribution, and species richness 

(Jumpponen et al. 2010) of fungi are strongly affected by soil depths, even within 

horizons. For both bacteria and fungi, diversity and abundance tend to decrease with 

increasing soil depths (Jumpponen et al. 2010, Ko et al. 2017). 

 

While local soil conditions (nutrients, depth, etc.) shape “bulk” soil microbial 

communities, further selection of microbes happens in the rhizosphere. The 

rhizosphere is the layer of soil directly adjacent to plant roots where plants secrete a 

vast array of compounds that act as chemical attractants or repellents of micro-

organisms. Differences in bacterial and fungal community composition and diversity 

near, on, or within the roots occur at the level of plant species and even genotype 

(Lundberg et al. 2012, Schweitzer et al. 2008, Peiffer et al. 2013, Lamit et al. 2016). 

Genotype-specific differences in root colonization are likely mediated by plant traits 

that affect microbial communities (de Vries et al. 2012, Wehner et al. 2013), including 

root architecture and exudation profiles. In turn, microbes that are retained in the 

rhizosphere and within roots are important determinants of plant fitness and stress 
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tolerance (Berendsen et al. 2012). A range of important plant functional and 

demographic traits are affected by interactions with microbes, including germination, 

survival, biomass, flowering time, height, and reproductive fitness (Friesen et al. 

2011). 

 

At this point, substantial work has been done to understand the root microbiome of 

many model/crop plants, including corn (Bouffaud et al. 2014), rice (Edwards et al. 

2015), wheat (Mahoney et al. 2017), barley (Bulgarelli et al. 2015), poplar (Beckers et 

al. 2017), sugar cane (de Souza et al. 2016), and Arabidopsis (Bulgarelli et al. 2012, 

Lundberg et al. 2012). From this work we can extract some generalities about the plant 

root microbiome, including the importance of the soil environment, and the small but 

consistently reproducible effects of plant genotype on root microbiome composition.  

 

Moving forward, the field will benefit from explorations of the root microbiome in 

non-model, non-crop species under a range of environmental conditions. This area of 

inquiry is important for two reasons. First, expanding our efforts to new plant taxa in 

diverse environments will provide new understanding about the context-dependency 

of the plant microbiome structure and function, a necessary goal given the growing 

interest in microbe-based technologies for agriculture and restoration. Second, 

exploring a range of plant species in different habitats can aid in the identification of 

microbial taxa that enhance plant stress tolerance, productivity, and reproductive 

fitness. Bioprospecting in a wide diversity of plant species and habitats could lead to 

the discovery of plant-associated microbes that could aid in agriculture and 
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restoration. Here we sequence the bacterial and fungal root microbiome of Hypericum 

perforatum in two distinct habitats. At each root sampling location, we quantified soil 

characteristics to evaluate habitat variables that correlate with root microbial 

communities. We also collected information on plant growth and fecundity for each 

focal plant to identify microbes that are correlated with plant growth and fitness. 

 

Methods 

Study system 
Hypericum perforatum, known commonly as Saint John’s Wort, is a medicinally 

important plant species that is used throughout the world to treat mild to moderate 

depression (Linde et al. 1996). Hypericum occurs natively in Africa, Asia, and parts of 

Europe and was introduced to North America in the late 1700s (Muhlenberg 1793). It 

is a perennial herb that occurs in a wide range of open, well-drained habitats. Saint 

John’s Wort has a diversity of reproductive strategies including clonal growth and 

outcrossing. However, pseudogamous apomicty seems to be the most common 

strategy with >90% of seeds produced apomictically (Maron et al. 2007).  

 

We explored the community composition of bacteria and fungi present in roots of 

Hypericum growing in two habitats, a type of limestone barrens called alvars, and old-

fields around Lake Ontario in Jefferson County, NY. Alvars are a globally rare habitat 

that occur throughout Northern Europe and around the Great Lakes in North America. 

They are characterized by limestone/dolostone bedrock that is covered by a thin and 

discontinuous layer of soil (Reschke et al. 1999). Alvars have low plant productivity 

and high plant species richness, which is unsurprising given the extreme temporal and 
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spatial environmental heterogeneity that occurs on alvars. Three distinct alvar types 

occur in New York State: shrublands, grasslands, and pavement grasslands (Edinger 

2014). For our characterization of the Hypericum microbiome we chose to focus on 

alvar pavements and alvar grasslands. We chose alvar pavements, hereafter referred to 

as “dry alvar” because they provide an extreme adaptive challenge to plants and are 

the most different from old-fields. We chose alvar grasslands, hereafter referred to as 

“wet alvar”, because they represent a mid-point between alvars and old-fields. They 

have similar plant cover to old-fields, more overlapping plant species, and 

intermediate soil depths. Microbial communities between dry and wet alvars were 

indistinguishable (i.e. no differences in species richness or community composition) 

and were combined into a single category labelled “alvar” for simplicity. 

 

Site selection 
We selected three geographic locations (hereafter called “sites”) where we could 

identify one wet alvar, one dry alvar, and one old-field habitat for root sampling. Alvar 

habitats were chosen based on the opening size (>2 acres) and the presence of 

Hypericum perforatum, we then paired alvar habitats with a nearby old-fields. At each 

of our sampling habitats (N = 6 alvar and N = 3 old-field) we demarcated an area to be 

used for root sampling. At two of the three sampling sites (Chaumont and 3-mile) we 

sampled within an ~two-acre sampling area (8000m2). The openings at the third 

location were smaller (Lim), so we were only able to designate a sampling area of 

~one-acre (3500m2). 

Rhizosphere sampling and plant phenotyping 

In August of 2014, at each site, we collected rhizosphere samples from ten H. 

perforatum plants per habitat. Both habitat types were sampled at one site per day, and 
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whether the old-field or alvar was collected first in the day was varied. We identified 

focal plants by laying out transects heading in the four cardinal directions that spanned 

the natural openings (~50 m transects). Hypericum perforatum is capable of 

rhizomatous growth, so we selected plants spaced by a minimum of two meters to 

avoid sampling the same individual. At each focal plant we measured the soil depth, 

recorded plant height, number of buds, and number of flowers. We also collected a 

rhizosphere sample consisting of a standardized root volume that contained 

surrounding soil and roots. To collect a standardized amount of soil and roots we used 

a 1.5 cm chisel to a depth of 10 cm, resulting in ~ 700 ml of soil, per collection point. 

The soil and roots were placed in a Whirlpak bag and then on ice while in the field, 

and then later in the day placed in the freezer at -20 °C until DNA extraction and 

sequencing. From these rhizosphere samples, we removed 150-200 ml of soil for soil 

nutrient analyses. These were placed in paper bags, dried at 40 °C for four days, and 

then sieved. We measured total nitrogen by dry combustion at 1350 °C. Soil pH was 

measured in distilled water. Organic matter was quantified by loss on ignition (LOI) at 

375 °C. All nutrients were extracted in ammonium acetate buffer (pH 4.9, modified 

Morgan). Phosphorus was determined colorimetrically by Ion Analyzer. All others 

were measured by inductively coupled plasma-optical emission spectrometry (ICP-

OES). The values are presented in parts per million (mg/kg) extractable levels in 

modified Morgan extract. Total nitrogen is presented as percent total nitrogen. Soil 

analyses were performed at the Analytical Lab and Maine Soil Testing Service at the 

University of Maine. 

 

DNA extraction and sequencing 

To describe the fungal and bacterial communities we removed the roots from the soil 

samples. We were careful to only sample roots that were visibly attached to the focal 
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Hypericum plant. Root samples were washed thoroughly in deionized water to remove 

visible soil matter. Roots were then finely ground (>3 mm) using liquid nitrogen and a 

mortar and pestle. We then weighed out ~0.05 g of root material for DNA extraction. 

Extractions were done with the MoBio PowerPlant DNA extraction kit (Qiagen, 

Germantown, MD). We modified the extraction protocol to include a bead beating 

step to ensure that root tissue was disrupted sufficiently and then extractions 

proceeded according to manufacturer’s directions. DNA yields were quantified using 

Quant-iT PicoGreen dsDNA Assay Kit (Life Technologies, Grand Island, NY). 

Bacterial SSU-rRNA were amplified with primers 515F and 927R (V4-V5; Kozich et 

al. 2013)) and fungal internal transcribed spacer 1 (ITS1) gene regions were amplified 

with primers nBITS2 and 58A2R. Amplicons were prepared in triplicate reactions 

containing 5 ng of DNA template, 12.5 µl of Q5 Hot Start High-Fidelity 2X 

Mastermix (New England BioLabs, Ipswich, MA, USA), 1.25 µl bovine serum 

albumin, 0.6 µl of Picogreen reagent, and 2.5 µl of combined forward and reverse 

barcoded primers in a total volume of 25 µl. Thermocycler conditions for bacterial 

PCR amplification were 95 °C for 2 minutes, followed by 30 cycles of 95 °C for 20 

seconds, 55 °C for 15 seconds, 72 °C for 10 seconds, with a final extension of 72 °C 

for 5 minutes. The thermocycler conditions for fungal ITS1 amplification were 95 °C 

for 30 sec, followed by 30 cycles of 95 °C for 5 seconds, 50 °C for 20 seconds, 72 °C 

for 10 seconds, with a final extension of 72 °C for 2 minutes. We then pooled 

triplicate reactions and standardized using the SequalPrep Normalization Plate Kit 

(Life Technologies, Grand Island, NY, USA). Finally, standardized reactions were 

pooled and then purified using the Wizard SV Gel and PCR Clean-up System 

(Promega, Madison, WI, USA). We submitted pooled libraries for 2 x 250 bp 

(bacteria) and 2 x 300 bp (fungi) paired-end sequencing using the Illumina MiSeq 
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platform at the Cornell Biotechnology Resource Center Genomics Facility (Ithaca, 

NY, USA). 

 

Bioinformatic pipeline 

A total of 5,624,189 and 13,450,730 reads for bacterial 16S and fungal ITS1 

amplicons, respectively, were processed using a custom bioinformatic pipeline. We 

merged forward and reverse reads using PEAR (v.0.9.2, minimum overlap 50 bp, 

assembly probability 0.001, and PHRED score cutoff of 30, Zhang et al. 2014), 

removed sequencing primers and adapters using cutadapt v1.14, and demultiplexed 

reads into individual samples with deML (Martin 2011, Renaud et al. 2014). We 

defined operational taxonomic units (OTUs) using a 3% dissimilarity cutoff with 

VSEARCH v2.5.2, an OTU clustering algorithm that simultaneously removes 

singletons and chimeric sequences. Taxonomic affiliations of 16S and ITS1 sequences 

were performed with the SINTAX algorithm within USEARCH v9.2.64 (sintax cutoff 

0.8) using the GreenGenes v13.8 or UNITE v7.2 sequence databases, respectively 

(DeSantis et al. 2006, Edgar 2010, Kõljalg et al. 2013, Edgar 2016) Prior to analyzing 

data we removed OTUs from our analysis that were not found in ≥20% and ≥5% of 

samples for bacteria and fungi, respectively. Due to the coamplification of H. 

perforatum ITS1 regions by the fungal ITS1 primers, this threshold was lowered to 

preserve fungal OTUs for analysis. In the end, we identified 729 bacterial OTUs in 68 

samples and 166 fungal OTUs in 57 samples. Sequences and associated metadata will 

be deposited into NCBI sequence database. 

 

Data analysis 
Statistical analyses were performed in R (Version 3.3.1, R Development Core Team, 

2016). We used permutational multivariate analysis of variance (PERMANOVA) to 
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understand how soil geochemistry differed between habitats. We then ran univariate 

analysis of variance (ANOVA) to understand how each individual soil parameter, 

plant phenotype, and soil depth varied between habitats. Univariate tests were 

conducted using the lme4 package (Bates et al. 2015) and p-values were estimated 

using lmerTest (Kuznetsova et al. 2017). To correct for multiple comparisons we 

adjusted our critical cut-off (p-value) by Bonferroni corrections. 

 

To understand how community composition varied between the two habitats we 

calculated Bray-Curtis dissimilarity distances for bacteria and Jaccard dissimilarity 

distances for fungi to run a Principle coordinate analysis (PCoA) analysis in the vegan 

package (Oksanen 2016). We performed a PERMANOVA using the ‘adonis’ function 

to understand how community composition varied between habitats. Using the same 

package, we ran a constrained analysis of principle coordinates (CAP) to understand 

how environmental variables correlated with microbial communities in the two 

habitats. To test which environmental variables affected microbial community 

composition we again used PERMANOVA and the ‘adonis’ function on soil 

geochemical measures and aspects of plant phenotype (height and bud number). We 

used univariate analyses to understand how richness and corrected richness values 

(Chao1) varied between habitats. To identify species that were more commonly found 

in one habitat we calculated the indicator value index (IndVal; De Cáceres and 

Legendre 2009) and used the indicspecies package (De Cáceres and Jansen 2016) to 

perform permutation tests that test the significance of OTU associations with habitat. 

We only report significant habitat-specific taxa at a stringent cut-off of P=0.001. To 
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determine the putative identity of fungal OTUs, we queried our fungal ITS1 sequence 

data using the blastn algorithm (Altschul et al. 1997) against species hypotheses (SH) 

within the UNITE fungal database (Kõljalg et al. 2013). In each case, we calculated 

which SH occurred most frequently in the top ten sequences that produced significant 

alignments with our fungal ITS1 sequence data.  

 

To determine how bacterial and fungal communities were correlated with each other 

and also with plant phenotype and soil geochemistry we used Procrustes analysis. 

Procrustean techniques offer a way to understand associations between multivariate 

data matrices. In our case we sought to align fungal and bacterial ordinations with 

each other, and also each taxonomic group independently with soil chemistry and 

plant phenotype. Although Mantel tests are more commonly used to understand 

concordance between multivariate objects, Procrustean approaches have higher 

statistical power and a more refined ability to detect correspondence at the level of 

individual observations (Peres-Neto and Jackson 2001). We used the repeated-

medians algorithm to fit ordinations and tested for significance using a Procrustean 

randomization test with 9,999 permutations (PROTEST; Jackson 1995 ).  

 

To identify taxa that correlate with aspects of plant phenotype, we used a method 

similar to that described in Wagner et al. 2014. We looked at which PCoA axes were 

correlated with plant phenotype. We then regressed significant axes against bacterial 

OTU abundances to determine OTUs that were contributing significantly to variation 

in those axes. OTUs that remained significant after p-value adjustments were used for 
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further analysis where we looked for correlation between individual OTUs and plant 

phenotype. We found a strong correlation between the height of a focal plant and the 

number of buds produced (F= 45. 2, R2=0.40, P<0.0001), so to simplify our analysis 

we used plant height as a representation of plant size and fecundity. Unfortunately, we 

were unable to do the same analysis with our fungal data because of low sequencing 

depth. 
 

Results 

Soil geochemistry and plant phenotype 

Overall soil nutrient conditions were different between old-fields and alvars 

(MANOVA; F(15,29)= 11.18, P<0.0001). After Bonferroni correction, alvars had 

significantly higher pH (F(1,26)= 17.02, P=0.0003) and shallower soils (F(1,52.6)= 169.31, 

P<0.0001); whereas old-field had significantly more soil magnesium (F(1,26)= 17.19, 

P=0.0003). After Bonferroni correction, we found plants growing in the old-fields 

were significantly taller than alvar plants (F(1,56)= 79.68, P<0.0001). A summary of soil 

geochemistry and phenotype results can be found in Table 2.1. 

 

Microbial community analysis 

We found significant differences in community composition of bacteria (F= 6.06, 

R2=0.084, P=0.0001) and fungi (F= 2.858, R2=0.050, P=0.0001). Overall, differences 

in community composition of bacteria were influenced by plant phenotype and soil 

depth (F(4,30)= 2.19, P=0.0001; Figure 2.1A) and also soil geochemistry (F(16,18)= 1.74, 

P=0.0001; Figure 2.2A). Fungal community composition was similarly influenced by 

plant phenotype and soil depth (F(4,28)= 1.17, P=0.0034; Figure 2.1B) and also soil 
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Table 2.1: Aspects of soil nutrient conditions, soil depth, and plant phenotype differed between alvars and old-field habitats. 
Values are means and standard errors and the habitat with higher values is indicated in the p-value column. Highlighted rows 
indicate soil variables and aspects of plant phenotype that continued to be significant after Bonferroni corrections for multiple 
comparisons. Significance codes: 0 ‘***’, 0.001 ‘**’, 0.01 ‘*’, 0.05 ‘.’ 

 

 

 

 

 

 
 
 Alvar 

 
Field 

 
P-value 

Soil Variable Mean SE N 
 

Mean SE N 
  Total nitrogen  0.7 0.09 15 

 
0.4 0.03 15 

 
Alvar ** 

pH 6.7 0.09 15 
 

6.2 0.08 15 
 

Alvar *** 
Organic matter  14.7 1.51 15 

 
10.0 0.55 15 

 
Alvar ** 

Phosphorus 1.7 0.20 15 
 

1.6 0.08 15 
 

NS 
Potassium 116.5 11.33 15 

 
152.6 18.13 15 

 
NS 

Magnesium 92.7 17.94 15 
 

265.7 37.66 15 
 

Field*** 
Calcium 5915.6 588.9 15 

 
4157.2 376.5 15 

 
Alvar* 

Aluminum 32.8 4.92 15 
 

24.7 3.95 15 
 

NS 
Boron 0.6 0.08 15 

 
0.4 0.04 15 

 
NS 

Copper 0.1 0.003 15 
 

0.1 0.01 15 
 

Field** 
Iron 3.2 0.19 15 

 
3.0 0.44 15 

 
NS 

Manganese 13.6 2.11 15 
 

9.8 1.13 15 
 

NS 
Sodium 17.1 1.74 15 

 
16.2 0.92 15 

 
NS 

Sulfur 13.9 1.38 15 
 

12.9 0.61 15 
 

NS 
Zinc 0.5 0.07 15 

 
0.7 0.07 15 

 
NS 

Soil depth 11.0 0.92 30 
 

40.0 2.19 26 
 

Field*** 
Plant height 37.1 1.90 30 

 
62.4 2.45 30 

 
Field*** 

Bud number 36.9 7.07 30 
 

67.9 10.42 30 
 

Field* 
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geochemistry(F(16,16)= 1.11, P=0.0022; Figure 2.2B). Percent total nitrogen, soil pH, 

potassium, and plant height were important drivers of both bacterial and fungal 

community composition (Table 2.2, Table 2.3, Table 2.4, and Table 2.5). Soil depth 

affected bacterial community composition (F= 3.77, R2=0.097, P=0.0002; Table 2.3) 

but not fungal community composition (F= 1.17, R2=0.036, P=0.069; Table 2.5). 

 

Alpha diversity 
We did not find significant differences in bacterial OTU richness (F(1,64.45)= 3.03, 

P=0.09; Figure 2.3A) or bacterial Chao1 alpha diversity estimates between habitats 

(F(1,66.02)= 1.13, P=0.29; Figure 2.3C). However, we did find fungal OTU richness 

(F(1,55)= 4.87, P=0.03; Figure 2.3B) and fungal Chao1 alpha diversity (F(1,53.83)= 7.27, 

P=0.009; Figure 2.3D) were higher in the old-field habitats.  

Indicator species 

Fifty-eight bacterial taxa were differentially abundant between the two habitats. Of 

these 39 were found on the alvars and 19 were found in the old-fields (Table S2.1). 

Five fungal taxa were differentially abundant between the two habitats and of these all 

five were more abundant in the old-fields. Fungal OTU 20 aligned to a potential plant 

pathogen (Cadophora malorum; Figure 2.4A), and OTU 239 matched to an uncultured 

Basidiomycete (Figure 2.4B), often found in soil and root samples. OTU 442 aligned 

to a species within the genus Fusarium, potentially Fusarium oxysporum, another 

plant pathogen (Figure 2.4C). Similarly, OTU 444 aligned to a species within the 

genus Fusarium, potentially Fusarium solani (Figure 2.4D). Finally, OTU 66 aligned 

to fungi called Paraphaeosphaeria sporulosa (Figure 2.4E), an ascomycete fungus 

that is often isolated from plant roots, but of an unknown functional designation 

(pathogen, saprophyte, etc.). 
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Figure 2.1 A and B: Constrained Analysis of Principle Coordinates (CAP) for 

bacteria (A) and fungi (B) mapping aspects of plant phenotype and soil depth. 

Analysis of variance indicated that bacterial and fungal community composition were 

affected by plant phenotype and soil depth. 
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Figure 2.2 A and B: Constrained Analysis of Principle Coordinates (CAP) for 

bacteria (A) and fungi (B) mapping soil edaphic conditions. Analysis of variance 

indicated that bacterial and fungal community composition were affected by soil 

nutrients. 
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Figure 2.3 A-D: Bacterial richness (A) and Chao1 diversity (C) were not significantly 

different between alvar and old-field habitats. In contrast, fungal richness (B) and 

Chao1 (D) were significantly different between the two habitat types. Values are 

means and bars are standard errors. 

  
 
 
 
 

●

●

300

310

320

330

alvar field

OT
U 

Ri
ch

ne
ss

Habitat
●
●

alvar
field

●

●

14

16

18

20

alvar field

OT
U 

Ri
ch

ne
ss

Habitat
●
●

alvar
field

A) B)

●

●

390

400

410

420

alvar field

Ch
ao

1 Habitat
●
●

alvar
field

●

●

20

25

30

alvar field

Ch
ao

1 Habitat
●
●

alvar
field

C) D)



 

 57 

 
 
 
 
 
 
 
 
 
 
 
 
 

 
Figure 2.4 A-E: Five fungal OTUs were identified as being more abundant in the old-

field habitat compared with alvar. The midline represents the median of the data and 

the upper and lower limits of the box represent the third and first quartile. Abundance 

is measured in sequence counts. 
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Procrustes analysis 
We did not find any correlation between bacterial and fungal communities (m2=0.960, 

P=0.54). Similarly, we did not find any relationship between bacterial communities 

and plant phenotype (m2=0.98, P=0.66). We did find concordance between fungal 

communities and plant phenotype (m2=0.87, P=0.0005). We found correlations 

between bacterial communities and soil nutrients (m2=0.54, P=0.0001) and also 

between fungal communities and soil nutrients (m2=0.82, P=0.004). A summary of 

results can be found in Table 2.6. 

 

Identifying microbial taxa correlated with plant height 

Using a different analysis that focused specifically on individual OTUs and specific 

aspects of plant phenotype, rather than the entire bacterial community and a composite 

ordination of plant phenotype (as done in the aforementioned Procrustes analysis), we 

found members of the bacterial community were associated with plant height (F(3,64)= 

8.35, P<0.0001), and this was mostly driven by significant correlations with PCoA 

axis 2 (P<0.0001) and PCoA axis 3 (P=0.0125). To understand which bacterial taxa 

were correlated with plant height across habitats we chose bacteria with the highest 

loadings on PCoA 2 and individually tested those for correlations with plant height. 

We found two OTUs 5 (F(1,66)= 18.16, R2=0.204, P<0.0001) and 57 (F(1,66)= 19.59, 

R2=0.217, P<0.0001) that were positively correlated with plant height (Figure 2.5A 

and 2.5B). Both OTUs are poorly defined members of the phylum Actinobacteria.
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Table 2.2: Permutational analysis of variance (PERMANOVA) indicates that bacterial community composition is related to soil 
nitrogen, pH, organic matter, potassium, magnesium, aluminum, manganese, and sulfur. We performed a PERMANOVA using the 
Bray-Curtis index of dissimilarity for bacterial OTU abundance data. Significance codes: 0 ‘***’, 0.001 ‘**’, 0.01 ‘*’, 0.05 ‘.’ 
 

 Soil Variable Df SumsOfSqs MeanSqs F.Model R2 Pr(>F) 
 

Total nitrogen 1 0.472 0.472 4.272 0.091 0.0002 *** 
pH 1 0.466 0.466 4.210 0.090 0.0001 *** 
Organic matter  1 0.189 0.189 1.705 0.036 0.025 * 
Phosphorus 1 0.150 0.150 1.360 0.029 0.114 

 Potassium 1 0.299 0.299 2.707 0.058 0.001 *** 
Magnesium 1 0.185 0.185 1.669 0.036 0.034 * 
Calcium 1 0.147 0.147 1.329 0.028 0.119 

 Aluminum 1 0.181 0.181 1.634 0.035 0.038 * 
Boron 1 0.141 0.141 1.272 0.027 0.151 

 Copper 1 0.100 0.100 0.905 0.019 0.573 
 Iron 1 0.139 0.139 1.253 0.027 0.166 
 Manganese 1 0.198 0.198 1.788 0.038 0.023 * 

Sodium 1 0.113 0.113 1.018 0.022 0.394 
 Sulfur 1 0.193 0.192 1.740 0.037 0.025 * 

Zinc 1 0.121 0.121 1.091 0.023 0.296 
 Residuals 19 2.101 0.111 

 
0.405 

  Total 34 5.192 
  

1 
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Table 2.3: Using permutational analysis of variance (PERMANOVA) we found 
bacterial community composition is related to plant height and soil depth but not bud 
number. We performed a PERMANOVA using the Bray-Curtis index of dissimilarity 
for bacterial OTU abundance data. Significance codes: 0 ‘***’, 0.001 ‘**’, 0.01 ‘*’, 
0.05 ‘.’ 
 

 
Df SumsOfSqs MeanSqs F.Model R2 Pr(>F) 

 
Height 1 0.384 0.384 2.861 0.074 0.0004 *** 
Soil depth 1 0.506 0.506 3.773 0.097 0.0002 *** 
Bud number 1 0.143 0.143 1.069 0.028 0.331 

 Residuals 31 4.159 0.134 
 

0.801 
  Total 34 5.192 

  
1 
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Table 2.4: Permutational analysis of variance (PERMANOVA) indicates that fungal community composition is related to soil 
nitrogen, pH, potassium, aluminum, and sulfur. We performed a PERMANOVA using the Jaccard index of dissimilarity for fungal 
OTU presence/absence data. Significance codes: 0 ‘***’, 0.001 ‘**’, 0.01 ‘*’, 0.05 ‘.’ 
 

Soil Variable Df SumsOfSqs MeanSqs F.Model R2 Pr(>F) 
 

Total nitrogen  1 0.613 0.613 1.404 0.041 0.003 ** 
pH 1 0.604 0.604 1.384 0.041 0.003 ** 
Organic matter  1 0.393 0.393 0.899 0.027 0.857 

 Phosphorus 1 0.430 0.430 0.984 0.029 0.517 
 Potassium 1 0.617 0.617 1.412 0.042 0.002 ** 

Magnesium 1 0.428 0.428 0.979 0.029 0.555 
 Calcium 1 0.382 0.382 0.875 0.026 0.886 
 Aluminum 1 0.534 0.534 1.224 0.036 0.032 * 

Boron 1 0.507 0.507 1.161 0.034 0.074 . 
Copper 1 0.440 0.440 1.007 0.030 0.444 

 Iron 1 0.450 0.450 1.031 0.030 0.361 
 Manganese 1 0.516 0.516 1.182 0.035 0.062 . 

Sodium 1 0.424 0.424 0.971 0.029 0.572 
 Sulfur 1 0.565 0.565 1.294 0.038 0.013 * 

Zinc 1 0.480 0.480 1.098 0.032 0.179 
 Residuals 17 7.422 0.437 

 
0.501 

  Total 32 14.804 
  

1 
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Table 2.5: Using permutational analysis of variance (PERMANOVA) we found 
fungal community composition is related to plant height but not bud number or soil 
depth. We performed a PERMANOVA using the Jaccard index of dissimilarity for 
fungal OTU presence/absence data. Significance codes: 0 ‘***’, 0.001 ‘**’, 0.01 ‘*’, 
0.05 ‘.’ 
 

 
Df SumsOfSqs MeanSqs F.Model R2 Pr(>F) 

 
Height 1 0.792 0.792 1.762 0.054 0.0001 *** 
Soil depth 1 0.527 0.527 1.173 0.036 0.069 . 
Bud number 1 0.447 0.447 0.994 0.030 0.508 

 Residuals 29 13.04 0.450 
 

0.881 
  Total 32 14.80 

  
1 
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Discussion 

Studies of plant microbiomes are still in their infancy. There is much to be learned 

about how soil environment shapes microbial communities and how plant phenotype 

correlates with microbial communities and individual taxa. Here we offer evidence 

that soil edaphic conditions have important effects on structuring microbial 

communities of a medicinally important plant species, Hypericum perforatum. We 

found that soil nitrogen, pH, potassium, and plant size were correlated with bacterial 

and fungal community composition. We demonstrated a correlation between fungal 

community composition and ordinated plant phenotype data. We were also able to 

identify two bacterial taxa that were significantly correlated with plant height.  

 

We found that significantly different bacterial and fungal communities occur on alvars 

compared with old-field habitats. These differences were correlated with total 

nitrogen, pH, potassium, plant height, and a variety of micronutrients for both bacteria 

and fungi. However, only bacterial community composition was correlated with soil 

depth. Nitrogen effects on microbes have been well documented and both fungi and 

bacteria experience changes in community composition in response to enhanced 

nitrogen (Frey et al. 2004, Ramirez et al. 2010, 2012, Nemergut et al. 2008, Fierer et 

al. 2011, Cassman et al. 2016). Interestingly, several studies report that bacteria 

demonstrate shifts in community composition but not simultaneous changes in species 

alpha diversity (Ramirez et al. 2010, Fierer et al. 2011), which is consistent with our 

findings. In contrast, changes in fungal richness usually accompany shifts in fungal 

community composition.  
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Fig. 2.5 A and B: Two bacterial OTUs (5 and 57) were significantly correlated with 

plant height (R2=0.20, P<0.0001 and R2=0.22, P<0.0001, respectively). Both OTUs 

are members of the bacterial phylum, Actinobacteria. 
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We also found that pH was correlated with community composition of both bacteria 

and fungi. The effects of soil pH on bacterial community composition are well 

documented. Extensive sampling of soil communities across a long-term liming 

experiment (pH 4.0-8.0) revealed a near doubling of bacterial richness with increasing 

pH (Rousk et al. 2010). It has been hypothesized that the main determinant of bacterial 

community composition is soil pH levels rather than factors that we typically ascribe 

to driving patterns of biogeography, such as temperature, plant community 

composition, or nutrient availability (Fierer and Jackson 2006, Lauber et al. 2008, 

Fierer et al. 2009). However, it is important to note the range of pH tested in many of 

these studies is far greater (pH 4-8) than the range experienced by our plants (pH 5.6-

7.2). Similar to other reports in the literature, our results suggest that fungal 

community composition is also affected by pH. In recent work, Glassman et al. (2017) 

asked if ectomycorrhizal fungal communities were primarily affected by niche (soil 

nutrients, tree host) or neutral (dispersal distance) processes. They found that one of 

the strongest predictors of fungal community composition was soil pH rather than host 

tree species or dispersal distance (Glassman et al. 2017). Many of the other nutrients 

found to commonly affect bacterial and fungal community composition (potassium, 

aluminum, and sulfur) have not been empirically tested but are also correlated with 

community composition in observational studies (Koorem et al. 2014, Tian et al. 

2017). A general caveat of our work is that many soil characteristics are confounded 

with each other and with habitat, and therefore it is hard to disentangle integrated 

habitat effects with the effects of a single soil characteristic.  
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Table 2.6: Using Procrustes analysis we found concordance between fungal 
communities and plant phenotype. We also found correlations between bacterial 
communities and soil nutrients and fungal communities and soil nutrients. The pair of 
data matrices is compared by using an algorithm that reduces the sum-of-the squared 
residuals between the two objects (m2 statistic). 
 
X Y m2 Correlation p-value 

Bacterial comm. Fungal comm. 0.960 0.201 0.5428 
Bacterial comm. Plant phenotype 0.982 0.136 0.6552 
Fungal comm. Plant phenotype 0.869 0.361 0.0005 
Bacterial comm. Soil nutrients 0.544 0.675 0.0001 
Fungal comm. Soil nutrients 0.824 0.420 0.0042 
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Extensive work has been done over the last decade to describe the microbiomes of 

model and crop plant species, including: corn (Bouffaud et al. 2014), rice (Edwards et 

al. 2015), wheat (Mahoney et al. 2017), barley (Bulgarelli et al. 2015), poplar (Beckers 

et al. 2017), sugar cane (de Souza et al. 2016) and Arabidopsis (Bulgarelli et al. 2012, 

Lundberg et al. 2012). Increasingly people are sequencing the microbiome of non-

model/non-crop plant species, such as: agave (Coleman-Derr et al. 2015), cacti 

(Fonseca-García et al. 2016), and Boechera stricta (Lundberg et al. 2016). The 

abundant taxa in our data set are consistent with abundant taxa found in other 

examinations of angiosperm root microbiomes. The model plant, Arabidopsis 

thaliana, and its wild relatives have an abundance of bacterial taxa in the groups 

Actinobacteria, Proteobacteria, Chloroflexi, and Bacteriodetes (Schlaeppi et al. 2014). 

Follow-up work examining 30 angiosperm species found overlap with these earlier 

results but expanded this to include taxa from Verrucomicrobia, Planctomycetes, and 

Armatimondates (Fitzpatrick et al. 2018).  

 

While we found many taxa in common in our alvar and old-field Hypericum 

populations we also found habitat-specific differences. For example, we found five 

fungal taxa that were more abundant in old-fields compared with alvars. Interestingly, 

the putative species assignment for three of the five species was to pathogenic fungal 

taxa (OTU 22, OTU444, and OTU 442), indicating that these former agricultural fields 

might be enriched in pathogens. Pathogen enrichment from former agricultural use can 

last many decades; when a chronosequence of former agricultural fields was surveyed 

in the Netherlands pathogen enrichment only declined in the fields that had been 
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abandoned for over thirty years (Hannula et al. 2017). Although we do not have exact 

dates since abandonment for our fields it was likely within the last thirty years; for 

example one old-field habitat (Lim) was in agricultural use as recently as ~ five years 

ago.  

 

A major objective of this work was to correlate microbial communities (or OTUs) 

with aspects of plant phenotype. We found that fungal community composition was 

correlated with plant height, bud number, and flower number between habitats. 

Further work is necessary to determine which community members significantly 

contribute to which aspects of plant phenotype. Unfortunately, at this point we lack the 

power to test within habitats to determine if this effect is driven primarily by the 

existence of fungal pathogens in the old-fields. Because we had low sampling depth 

for our fungal sequences we decided to opt for the conservative approach of using 

presence-absence data for our analysis and therefore were unable explore PCoA axes 

in ways that allowed us to correlate particular OTUs to phenotypic effects. We were, 

however, able to explore correlations between bacterial OTUs and plant phenotype.  

 

We found two bacterial OTUs within the phylum Actinobacteria that occur in both 

habitats and were positively correlated with plant height. Interest has been growing in 

the plant-growth promoting effects of Actinobacteria. Actinobacteria are a group of 

Gram-positive filamentous bacteria and are one of the largest designations within the 

domain (Stackebrandt and Schumann 2006). There is high potential within this group 

for plant growth promotion. For example, Actinobacteria can fix nitrogen, solubilize 
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phosphate, enhance iron acquisition, and produce myriad phytohormones (Sathya et al. 

2017). The complexity of the bacterial and fungal community demands we develop 

hypotheses about taxa that could potentially positively or negatively affect plant 

growth. Here we have described two bacterial OTUs that correlated strongly with an 

important plant phenotype, height. Further work should focus on culturing and 

rigorously testing plant growth promoting effects of these taxa. Another caveat of this 

work is the correlative nature and although we are speculating that these OTUs could 

enhance plant growth it is also possible that these OTUs affiliate with larger plants, 

and only further empirical research will definitively test the growth-promoting 

capacity of these species. 

 

Major advances have occurred in the field of plant microbiome research over the last 

decade but we are still in the very early stages of understanding the factors that affect 

the composition of the plant microbiome. A promising avenue of research is exploring 

observational data sets to identify taxa that correlate with important aspects of plant 

phenotype so testing putative growth-promoting taxa can occur in a targeted manner. 

Here we have provided important information about how soil edaphic conditions 

affect bacterial and fungal communities and we have identified two OTUs that could 

be tested in future work for plant growth-promoting effects. 
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CHAPTER 3 

 

A TEST OF MICROBE-MEDIATED ADAPTATION IN PLANTS: MICROBE-

MEDIATED ADAPTATION TO LIMESTONE BARRENS  

 

In preparation for Ecology Letters as Renee H. Petipas, Amy Wruck, and Monica A. 

Geber. Microbe-mediated local adaptation to limestone barrens in northern New York. 
 

Abstract 

Plant root-associated microbes are important in determining plant phenotype and tolerance to 

local environmental conditions, and thus they could affect patterns of local adaptation. Here 

we explore the role of microbes in plant local adaptation to limestone barrens (also called 

alvars) and neighboring old-fields in New York State. We conducted reciprocal transplant 

experiments in two years exploring microbe effects on plant germination, survival, and 

growth. We found that alvar seeds had higher probability of germination when transplanted 

into home soils with microbes, but only when transplanted into their home habitat. Similarly, 

alvar seedlings had a higher probability of survival when transplanted into their home live 

soils, but in this case transplant site was unimportant. We also found patterns of local 

adaptation were significantly affected by the presence of microbes. Microbes decreased 

germination rates for old-field seeds in their home habitat, which created a pattern of 

maladaptation where local old-field seeds had significantly lower germination than foreign 

alvar seeds. In contrast, microbes enhanced survival for alvar seedlings in their home habitat, 

which created a pattern of local adaptation where local alvar seeds had significantly higher 

survival than foreign old-field seeds. Our results indicate that microbial mutualists are 
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important for plants growing in marginal alvar habitats, and that microbes changed patterns of 

local adaptation, enhancing alvar seedling survival but detracting from old-field seedling 

germination. Understanding the involvement of microbes in plant local adaptation is 

important for understanding basic questions in ecology, such as what determines patterns of 

plant distribution and abundance, but also for broader applied topics, such as predicting plant 

responses to human-mediated changes to the environment. 

 
Introduction 

Colonization by bacterial and fungal microbes is a ubiquitous and ancient feature of 

plant biology (Partida-Martinez and Heil 2011). The last decades have witnessed a 

revolution in our understanding of plant-microbe interactions. Previously, researchers 

believed that antagonistic interactions dominated, while plant pathogens are 

undoubtedly important, we now understand many plant-associated microbes have 

coevolved with plants in ways that fundamentally affect how plants interface with 

their environment. This new understanding demands that we re-evaluate our view of 

plant evolutionary ecology to consider how microbes affect fundamental processes, 

such as local adaptation. 

 

Local adaptation occurs when natural selection operates on genetically based adaptive 

phenotypes in response to local conditions. The result is plant genotypes have higher 

fitness in their home habitat compared to plant genotypes from other (“foreign”) 

habitats (Kawecki and Ebert 2004). Adaptive phenotypes are the result of plant 

genotype but also can be affected by plant-associated microbes. Microbes affect a 
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wide array of plant functional traits (Friesen et al. 2011) and consequently alter plant 

response to local plant stressors. For example, microbes affect plant response to 

drought (Lau and Lennon 2012, Marasco et al. 2012, Gehring et al. 2017), herbivory 

(Lee et al. 2012), low nutrients (Johnson et al. 2010), heavy metals (Meharg and 

Cairney 2000) and pathogens (Berendsen et al. 2012).  

 

Variation in intraspecific interactions between plants and microbes can lead to patterns 

of local adaptation. For example, ecotypes of Andropogon gerardii collected from 

areas with low phosphorus and low nitrogen were better able to access these resources 

when grown in combination with their home arbuscular mycorrhizal fungi (Johnson et 

al. 2010). Similarly, genotypes of Pinus edulis were 25% larger when grown with their 

drought tolerant ectomycorrhizal fungal communities under drought conditions 

(Gehring et al. 2017).  

 

Despite growing interest in the ways in which microbes affect plant local adaptation 

(Johnson et al. 2010, Smith et al. 2011, Lau and Lennon 2012, Lankau 2013, Johnson 

et al. 2013, Wagner et al. 2014, Pickles et al. 2015, Revillini et al. 2016, Rúa et al. 

2016, Van Nuland et al. 2016) most studies are done in the greenhouse, which 

removes plant microbe interactions from their complex environmental context. 

Understanding how the interaction is structured by the environmental context is 

critical because the outcomes of mutualisms are highly context dependent (Johnson 

1993, Bronstein 1994) and environmental context is the fundamental property of local 

adaptation. We are the first group, to our knowledge, to use reciprocal transplants 
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planted directly into two habitats to assess how biotic and abiotic aspects of the soil 

interact with plant source to influence germination, survival, and growth and hence 

patterns of local adaptation. 

 

Here we used reciprocal transplant experiments in two years to understand how plant 

source, microbes, and the environment contribute to patterns of plant local adaptation. 

We moved microbes, seeds, and soils between two habitats, limestone barrens (also 

called alvars) and surrounding old-fields (Figure 3.1). With this design we can ask 

how habitat, seed source, soil source, and microbes interact to affect fitness. We can 

also explore the context dependency of positive microbe effects. And ultimately, with 

this design we can test how microbes affect patterns of local adaptation. We 

hypothesized that habitat, soil source, seed source, and microbes would all interact to 

determine fitness outcomes and that positive microbe effects would dominate on 

alvars. Finally, we hypothesized that these positive microbe effects would lead to 

patterns of adaptation being facilitated by microbes for plants growing on alvars. In 

contrast, we hypothesized that neutral to negative interactions dominate in the more 

benign, old-field habitat because there are fewer impediments to growth. 
 

Methods 

Study system 

Alvars are floristically diverse, critically endangered habitats that occur throughout 

Northern Europe and around the Great Lakes in North America. They are 

characterized by distinct vegetation and thin soils that overlay dolostone or limestone 

bedrock (Reschke et al. 1999). Alvars are notable for their extreme temporal and 

spatial environmental heterogeneity. New York State recognizes three distinct alvar 
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Figure 3.1: A fully factorial design was used to transplant seeds, soils (with and 

without microbes), into two habitats to investigate how microbes affect patterns of 

local adaptation. Yellow coloration indicates alvar seed source, soil source, and 

habitat; orange color indicates old-field seed source, soil source, and habitat. All 

treatments received autoclaved background soil from either old-field or alvar mixed 

with sand and calcined clay (indicated by crosshatching), and then some plants 

received a small amount of live soil inoculum (3% soil vol.) indicated by a rectangle 

filled with horizontal lines, or a small amount of autoclaved soil inoculum, indicated 

by the empty rectangle. The boxes outlined in dashed lines are those used to 

understand how microbes affect patterns of local adaptation.  
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types: shrublands, grasslands, and pavement grasslands (Edinger et al. 2014). These 

physiognomic types are interspersed and have markedly different vegetation, soil 

depth, and hydrology. This is an interesting system to ask questions about local 

adaptation because over a relatively small spatial scale alvars are interspersed with 

more common habitats, such as old-fields, agricultural lands, and forests. We chose to 

explore plant local adaptation to alvar pavement grasslands compared to surrounding 

old-fields. Alvar pavements (henceforth referred to as alvars) have significantly higher 

pH (Figure S3.1A), shallower soils (Figure S3.1B), and higher nitrogen than old-fields 

(Figure S3.1C). However, phosphorus levels are similar (Figure S3.1D). 

 

Site Selection 

We identified three sites (Three-mile creek, Chaumont Barrens, Limerick Cedars) in 

Jefferson County, NY that had tracts of alvar land and adjacent old-fields (Figure 3.2). 

To find open areas on alvars, we used Google Earth (v. 7.1.8.3036). After identifying 

10-15 open areas, we navigated to those areas using GPS (Garmin GPSMAP 76S), 

and from these we chose three suitable alvar habitats. We chose locations that had 

large openings (> 2 acres) and where our focal plant species, Hypericum perforatum 

was present. Hypericum perforatum was chosen for this experiment because it is 

widely found in alvars and adjacent old-fields and is known to be highly reliant on 

microbial symbionts (Seifert et al. 2009). We paired our alvar habitats with the closest 

possible old-field habitat (distances between alvars and fields at a site: Three-mile 

creek (3-MI)=1.34km; Chaumont barrens (CH)=1.95km; Limerick Cedars 

(Lim)=1.7km; Coordinates for all the locations can be found in Supplemental data  
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Figure 3.2: Reciprocal transplants were done at three different sites in Jefferson 

County, NY. For each site we identified one alvar (yellow circles) and one old-field 

(orange squares) habitat, and reciprocal transplants were done between habitats within 

a site (plants were never moved across sites).  
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Table S3.1; Figure 3.2). At each of our habitat pairs, we delineated an area to be used 

for microbial inoculum and seed sampling and for transplanting our experimental 

plants. At two of the three sampling sites (3-MI and CH), we measured 50m heading 

in the four cardinal directions to create a sampling/transplant area of approximately 

8000m2. At the Lim site the natural openings were smaller, so we were only able to 

designate a sampling/transplant location that was less than half the size (3500m2) of 

the other two sites. 

 

Soil inoculum and seed sampling  

In 2014 and again in 2015, we collected experimental inoculum and seeds from the 

sites for our reciprocal transplant experiments planted out in 2015 and 2016. In both 

collection years we used the same collection protocol, but in 2014 we collected at all 

three sites and in 2015 we only collected soil inoculum and seeds at two sites (3-MI 

and CH). In August of 2014 and 2015, at each site, we collected seeds and soil from 

10 H. perforatum plants per habitat. One site was collected per day (both habitat types 

were collected on the same day at a site) and whether the old-field or alvar was 

collected first in the day was varied. For each sample, we identified a focal plant 

within our sampling area and because H. perforatum is capable of rhizomatous 

growth, we sampled plants spaced by a minimum of two meters. For each focal plant, 

we collected the seeds and soil immediately surrounding the plant including the roots. 

To collect a standardized amount of soil and roots we used a 1.5cm chisel to a depth of 

10cm, resulting in ~ 700ml of soil per collection point. The entire plant, soil and roots, 

were placed in a Whirlpak bag and then on ice. Seeds were removed later in the day 
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and all the soil and root samples were placed in the freezer at -20°C until the 

transplant experiment. Seeds were placed in glassine bags, sealed in plastic containers 

with dessicant, and left at room temperature until use in experiments. The rhizosphere 

samples of each plant were used as inoculum “soil donors”. One soil donor was used 

for one replicate in each treatment of a particular soil type (Figure 3.1) and then soil 

donor identity was treated as a random effect in statistical models. This allowed us to 

minimize the amount of soil collected on fragile alvars but also to pair live and 

autoclaved treatments so we could calculate the microbe effect (described in Data 

Analysis). 

 

Background soil, soil inoculum, and seed preparation 

We transplanted either seedlings or seeds of H. perforatum from alvars and from 

adjacent old-field habitats into the site where they were collected and into the paired 

habitat type, with either their home and away soils in a fully factorial design. To 

distinguish between the effects of habitat-specific differences in soil chemistry versus 

microbes on plant performance and adaptation, seeds were transplanted into both live 

soils and autoclaved soils (Figure 3.1). We filled experimental pots with 50% 

autoclaved field-collected soil and 50% mixture (1:1 v/v) of autoclaved sand and 

calcined clay (Turface, Industrial Materials Corp., Deerfield, IL, USA). Background 

soil was collected in March 2014 and May 2015. To collect background soils, we 

returned to the same sampling area (described above) and identified between 20-30 

Hypericum perforatum. At each plant, we sampled ~480ml of soil to a depth of 20cm 

until we had 12 L of soils per habitat, per site (N=6; 3 alvar sites and 3 old-field sites). 
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Background soils were stored at 4°C until use in the experiment. We homogenized 

background soils and inoculums by hand. We chose this method to preserve some of 

the soil structure that would be important to support native microbial communities 

(Petersen and Klug 1994). Before use in the experiment, background field-collected 

soils and sand/calcined clay mix were autoclaved separately for 1 hour at 121°C and 

allowed to sit for 24 hours and then autoclaved again for 1 hour and allowed to sit for 

24 hours. This autoclave protocol was designed to eradicate as much of the soil 

microbial communities as possible while minimizing changes to soil chemistry. 

Autoclaving resulted in minimal changes to soil nutrient composition (Figure S3.2). 

This mixture was added to pots made of nylon mesh (Sterlitech, Kent, WA, USA) with 

0.45µm diameter pores that allowed the movement of nutrients and water in and out of 

pots but obstructed the movement of most microbes (McGuire 2007). We used these 

pots so we could transplant directly into the two habitats (Figure S3.3) and still 

preserve microbial treatments within the pots while preventing considerable 

contamination from the surrounding soil.  

 

To introduce microbes to our experimental pots, we added a small amount (3% soil 

volume) of either live soil or autoclaved soil from our soil donor plants (described 

above). We chose to use whole soil inoculum because we didn’t have a-priori 

hypotheses about which groups of microbes would be important, and we wanted to 

preserve the full range of taxa and their interactions (Hoeksema et al. 2010) that are 

important for determining microbe-mediated plant fitness outcomes. For example, 

plants can benefit simultaneously and non-additively from multiple microbial taxa 
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(Afkhami and Stinchcombe 2016). After adding soil media and inoculum, pots were 

topped with 50ml of autoclaved sand; this created contrast between the pot surface and 

the surrounding soil so we could identify when there was significant contamination 

from the surrounding soil. 

 

Seeds were sterilized for ten minutes using 10% sodium hypochlorite (commercial 

bleach) and 1ml of commercially available dish detergent to act as a surfactant. After 

sterilization, seeds were rinsed three times with deionized reverse osmosis (DI/RO) 

water, moved to sterile filter paper in petri dishes, and placed for cold stratification. 

After seven days at 4°C, seeds were transplanted directly into pots and moved to the 

field (Germination Transplant Experiment) or moved to the growth chamber until 

being transplanted into pots as seedlings (Seedling Transplant Experiment). 

 

Germination Transplant Experiment 

In 2016, we sterilized and stratified seeds, then we added 50 seeds directly to 10 cm 

nylon pots that were planted in both habitats in the field to assess germination. Plants 

were watered weekly until the conclusion of the experiment. Germination was 

monitored for seven weeks in the field. 

 

Seedling Transplant Experiment 

In 2015, we germinated seeds on sterile filter paper in petri dishes in a growth 

chamber before transplanting to pots. Seeds were germinated with 14 hours daylight 

and daytime temperatures at 25°C and nighttime temperatures at 13°C. Humidity was 
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at 30% during the day and 50% at night. To allow plants to establish, we then moved 

germinants to experimental pots in the greenhouse. In this experiment we used two 

different sizes of nylon pot. For the old-field transplant sites, we used pots that were 

20cm deep and on the alvar we transplanted out pots that were 10cm deep. This was 

necessary to accommodate naturally occurring differences in soil depths (Figure 

S3.1B). Plants were fertilized once in the greenhouse to aid in establishment. Plants 

were watered in the field twice immediately after planting and then once per week 

until the end of the experiment. We recorded survival at four intervals after transplant. 

At ~12 weeks we removed plants from the transplant sites. Above ground biomass 

was cut away and weighed. Belowground material was washed clean of planting 

media. Roots were weighed (wet) and for each plant ~50-200mg of root material was 

collected haphazardly to assess mycorrhizal colonization. Root samples were stored at 

-20°C until staining. Roots were rehydrated (~5 hours in DI/RO water), then cleared 

with 10% potassium hydroxide (KOH), acidified in 1% hydrochloric acid, and stained 

with 0.05% trypan blue in lactoglycerol (Phillips and Hayman 1970). Mycorrhizal 

colonization was estimated for a subset of plants (N=9 per treatment) using the 

magnified intersection method (McGonigle et al. 1990). We examined ~100 

intersections at x200 magnification. At each intersection we assessed the presence of 

arbuscules, hyphae, vesicles, and septate fungi (non-mycorrhizal fungi).  

 

Data analysis 

In all analyses, we tested how main effects of habitat, plant source, soil source, and the 

presence of microbes interact to determine germination, survival, and biomass. In 
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these models we included random effects of site (3-MI, CH, Lim), and because one 

soil donor was used across multiple treatments, we included a random effect of soil 

donor. When appropriate, we tested the assumptions of linear models using graphical 

approaches. We plotted residuals vs. fitted values to verify homogeneity of variances 

and histograms of residuals to confirm normal distributions (Zuur et al. 2009). When 

necessary we performed data transformation so data better fit the assumptions of linear 

regression. When we detected a significant main effect of microbes or an interaction 

between microbes and other fixed effects, we re-analyzed data using microbe-effect 

(ME) as the response variable. To calculate ME we paired plants within treatments by 

soil donor, and then we subtracted the response variable value of the plant that 

received autoclaved inoculum from the response variable value of the plant that 

received live inoculum. The resulting values were either positive (indicating a positive 

microbe effect), around zero (indicating no microbe effect), or negative (indicating a 

negative microbe effect). We then analyzed ME using mixed effect models with the 

same random effects described previously and habitat, plant source, and soil source as 

fixed effects. Planned contrasts were used to test specific hypotheses about the role of 

microbes in plant local adaptation. To do this we compared response variables of seed 

sources within live and sterile treatments using only the treatments outlined in dashed 

lines in Figure 3.1. This allowed us to compare survival, germination, and biomass of 

local vs. foreign seed sources in the two habitats, with and without their local 

microbes. Analyses were performed in R version 3.3.1 (R Development Core Team 

2016). Estimated marginal means were used to explore treatment differences and 

specific hypotheses about local adaptation (lsmeans package, Lenth 2016).  
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Germination 

Summer of 2016 was unusually dry, consequently we had many zero values for 

germination, and thus our data did not fit the assumptions of linear regression. 

Therefore, we analyzed our results using a hurdle model compartmentalized into a 

logistic regression and a generalized linear model. First, we summarized results from 

all census weeks into one value called maximum germination, which equaled the 

maximum number of germinants observed across all census dates. To perform the 

logistic regression, we re-coded our data as 0 if there was no germination in a pot and 

as a 1 if at least one seed germinated. We then used a model selection process to 

evaluate the effects of habitat, plant source, soil source, and microbes on the 

probability of germination (1) or not (0). In the second stage of the hurdle model, we 

excluded pots that did not have any germinants and only analyzed pots with 

germinated seedlings using a generalized linear model (glm) with a poisson 

distribution. We used a backward model selection process to identify the most 

parsimonious statistical model. We began by identifying the maximal model, which 

contained all factors and interactions. We then used a stepwise model simplification 

process by sequentially dropping terms and assessing if there was a significant 

increase in deviance with a term removed. If there was a significant increase in 

deviance, we restored the term to the model and continued testing lower order 

interactions until we arrived at the minimal adequate model (Crawley 2015). Models 

were compared using likelihood ratio tests (LRT) and a critical value of 0.05. We then 

used estimated marginal means tests to understand how treatments differed. To 

analyze ME on the presence or absence of germination we used stepwise regression on 



 

99 

ordinated logistic regression (or cumulative link models-clmm). In this analysis we 

treated microbe-effect as an ordinal categorical variable because the resulting values 

were either -1, 0, or 1. Analyses were performed in R version 3.3.1 (R Development 

Core Team 2016) using packages lme4 (Bates et al. 2015) for the logistic regression 

and nlme (Pinheiro et al. 2017) for the glm and package ordinal (Christensen 2018) for 

cumulative link models (clmm).  

 

Seedling survival 

To test how habitat, plant source, soil source, and the presence of microbes interact to 

determine seedling survival we took two approaches. First, we performed survival 

analysis using Cox proportional hazards models containing fixed and random effects 

to analyze survival over the course of the experiment (four census dates). To perform 

this analysis, we calculated the number of days each individual survived from planting 

until death. In addition, we indicated if the individual was still alive at the conclusion 

of the experiment (i.e. right censored). We then used analysis of deviance to model 

effects. To visualize survival, we constructed Kaplan Meyer survival curves in R. We 

also analyzed the final survival census date (~Sept 26) alone using the stepwise model 

simplification process described in the germination section. Again, we used estimated 

marginal means tests to understand how treatments differed. We found congruent 

results between survival analysis over the course of the entire experiment and the final 

survival census date so to simplify the presentation of our results we are only 

discussing the final survival census date (survival analysis results table and survival 

curve figure can be found in supplemental, Table S3.2 and Figure S3.3). To analyze 
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ME on survival, we used stepwise regression on ordinated logistic regression models 

(or cumulative link models-clmm). In this analysis, we treated microbe-effect as an 

ordinal categorical variable because the resulting values were either -1, 0, or 1. 

Analyses were performed in R version 3.3.1 (R Development Core Team, 2016). We 

used coxme function for the hazards model and ggsurvplot in the survival package 

(Therneau 2015) for the Kaplan Meyer curves. Package lme4 (Bates et al. 2015) was 

used for the logistic regression and package ordinal (Christensen 2018) was used for 

cumulative link models (clmm).  

 

Biomass 

To understand how biomass was influenced by habitat, plant source, soil source, and 

the presence of microbes we used stepwise regression on linear mixed effects models. 

We used a backward model selection process as described previously. To analyze ME 

on total biomass we used stepwise regression on linear mixed effect models.  

 

Mycorrhizal colonization 

We analyzed mycorrhizal colonization data in two-steps. First, we analyzed how the 

presence of live microbial inoculum (microbes) affected the total number of fungal 

structures found within roots. This analysis was used to evaluate how well our 

treatments held up over the experimental period. We used step-wise regression to 

compare a model that included a fixed effect of microbes to a model that only included 

random effects. Next, we analyzed data that only included plants that were initially 

exposed to live inoculum to understand how arbuscular and vesicular colonization was 
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influenced by habitat, plant source, and soil source. We used the same model selection 

process described above and estimated marginal means to understand treatment 

differences. As a measure of how mutualistic mycorrhizal fungi were from the 

different habitats, we used linear regression within treatment groups of plants to 

explore how the number of arbuscules influenced plant biomass. Negative linear 

relationships indicate parasitic interactions, while positive linear relationships indicate 

mutualistic interactions (Johnson et al 2010). 

 
Results 

Germination 

The probability of germination during the course of the experiment was affected by 

habitat, seed source, soil source, and the presence of microbes (Habitat*Seed 

Source*Soil Source*Microbes Interaction: =3.91, df=1, P=0.05; Figure 3.3; Table 

3.1). Estimated marginal means tests indicate that the significant four-way interaction 

was largely driven by how microbes interacted with seed source and habitat. For 

example, probability of germination decreased by over 50% when alvar seeds were 

transplanted with alvar microbes into a foreign habitat compared with alvar seeds 

being transplanted with alvar microbes in their home habitat (Estimated marginal 

means test: z.ratio= 2.15, P=0.03). However, when alvar seeds were paired with old-

field microbes, habitat was unimportant for germination (Estimated marginal means 

test: z.ratio= -0.85, P=0.40). When we only analyzed non-zero values to determine 

factors that influence the number of seedlings produced, we found higher total  
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Figure 3.3 A-D: The probability of germination during the course of the experiment 

was affected by habitat, seed source, soil source, and the presence of microbes 

(habitat*seed source*soil source*microbes interaction). Alvar seeds (yellow circles) 

had highest germination when transplanted with alvar microbes in their home habitat. 

Old-field seeds (orange circles) had similar germination across treatments. Open 

circles indicate treatments that received live soil inoculum and stippled circles are 

treatments that received autoclaved soil inoculum. Points represent mean germination 

probability and bars represent standard error. Inset: Microbe effect on germination 

rate. Only alvar seeds, transplanted with alvar soils, into alvar habitat experienced 

positive microbe effects. Other treatment groups experienced either neutral or negative 

microbe-effects.
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Table 3.1: Percent germination of treatment groups. Microbe effect is the presented here as the difference in germination 
percentage between live and autoclaved treatments. *N= total observations in each group. We had ~30 replicates for plants 
transplanted into alvar habitat and about ~20 replicates for plants transplanted into the old-field habitat because in 2016 one of our 
field sites was unavailable due to a change in ownership. Germination values are the percent of seeds in a treatment group that 
germinated over the course of the experiment.  

Habitat Seed Source Soil Source Inoculum N Germination Microbe Effect 

Alvar Alvar Alvar Live 29 62.1  
Alvar Alvar Alvar Autoclaved 30 40.0 22.1 
Alvar Alvar Field Live 30 50.0  
Alvar Alvar Field Autoclaved 27 51.9 -1.9 
Alvar Field Alvar Live 28 42.9  
Alvar Field Alvar Autoclaved 27 48.1 -5.2 
Alvar Field Field Live 27 51.9  
Alvar Field Field Autoclaved 28 53.6 -1.7 
Field Alvar Alvar Live 20 45.0  
Field Alvar Alvar Autoclaved 19 68.4 -23.4 
Field Alvar Field Live 20 75.0  
Field Alvar Field Autoclaved 19 68.4 6.6 
Field Field Alvar Live 20 55.0  
Field Field Alvar Autoclaved 20 50.0 5 
Field Field Field Live 20 40.0  
Field Field Field Autoclaved 20 60.0 -20 
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Figure 3.4 A-B: Germination probability reaction norms for treatments without 

microbes (A) and with microbes (B). Planned contrasts were used to test for the 

differences between local and foreign plant populations in each habitat with and 

without microbes. Without microbes no patterns of adaptation were evident. 

Treatments with microbes had decreased seed germination for old-field seeds (orange 

circles), and this led to a pattern of maladaptation for old-field seeds where they had 

significantly lower fitness than foreign alvar seeds (yellow cirlces) in their home 

habitat. Points represent mean germination probability and bars represent standard 

error. 
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germination in the alvar habitat (Habitat: =5.87, df=1, P=0.015) and that more seeds 

germinated when alvar seeds were grown with microbes (regardless of source; 

Seed.Source*Microbe interactions: =4.19, df=1, P=0.04). Consistent with the full 

model analysis, microbes had the most positive effects on germination for the alvar 

seeds transplanted into their home site with home soil inoculum and significantly 

worse germination when transplanted with home soil inoculum in the old-field site 

(Habitat*Seed Source*Soil Source Interaction: =4.16, df=1, P=0.04; Figure 3.3 

inset; Table 3.1). Patterns of local adaptation for germination were significantly 

affected by the presence of microbes. In the treatment without microbes there was no 

evidence of local adaptation (Figure 3.4A). Adding microbes changed patterns of 

adaptation by decreasing old-field seedling germination, thereby creating a pattern of 

maladaptation where old-field seeds had lower fitness than alvar seeds in their home 

habitat (Estimated marginal means test: z.ratio=2.19, P=0.03; Figure 3.4B) 

 

Seedling survival 

The probability of seedling survival was jointly affected by habitat and soil source 

(Habitat*Soil Source: =10.30, df=1, P=0.001). Plants (regardless of seed source) 

survived better when transplanted into soils that were natal to a particular habitat. This 

was especially pronounced for the sympatric combination of old-field soil in the old-

field habitat, where survival for seedlings transplanted into old-field soil in the old-

field habitat was ~30% greater than seedlings transplanted into alvar soils in the old-

field habitat (Estimated marginal means test: z.ratio=-3.61, P=0.0003). We also 

detected a significant plant source, soil source, and microbial interaction  
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Figure 3.5 A-D: Probability of seedling survival was significantly increased for alvar 

seedlings (yellow circles) when they were transplanted with live, alvar soils. Microbe-

mediated enhancement to survival occurred regardless of transplant habitat. Old-field 

seedling (orange circles) survival was highest in old-field soils in the old-field habitat. 

Points represent mean survival probability and bars represent standard error. Open 

circles indicate treatments that received live soil inoculum and stippled circles are 

treatments that received autoclaved soil inoculum. Inset: Microbe effect on survival. 

Alvar seeds, transplanted with alvar soils, experienced positive microbe effects in old-

field and alvar habitats. Other treatment groups experienced either neutral or negative 

microbe-effects.
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Table 3.2: Percent survival of treatment groups. Microbe effect (ME) is the difference in survival percentage at the last census 
between live and autoclaved treatments. The colors indicates fully home treatments (yellow=alvar, orange=old-field) or treatments 
where only seeds are moved (light yellow=alvar, orange=light orange). 

     Census 1  Census 2  Census 3  Census 4  

Habitat Seed Source Soil Source Inoculum  N Surv.  N Surv.   N Surv.   N Surv.  ME 

Alvar Alvar Alvar Live  30 90.0  30 90.0  30 86.7  30 83.3  

Alvar Alvar Alvar Autocl.  30 76.7  30 73.3  30 70.0  30 70.0 13.3 

Alvar Alvar Field Live  30 93.3  30 86.7  30 83.3  28 71.4  

Alvar Alvar Field Autocl.  30 93.3  30 86.7  30 86.7  29 72.4 -1.0 

Alvar Field Alvar Live  30 80.0  30 76.7  30 73.3  26 57.7  

Alvar Field Alvar Autocl.  30 80.0  30 73.3  30 73.3  28 67.9 -10.2 

Alvar Field Field Live  30 86.7  30 90.0  30 86.7  29 65.5  

Alvar Field Field Autocl.  30 73.3  30 70.0  30 70.0  30 63.3 2.2 

Field Alvar Alvar Live  30 80.0  28 78.6  27 81.5  27 81.5  

Field Alvar Alvar Autocl.  30 56.7  29 65.5  29 62.1  29 51.7 29.8 

Field Alvar Field Live  30 86.7  28 78.6  28 78.6  28 78.6  

Field Alvar Field Autocl.  30 96.7  29 93.1  29 93.1  29 89.7 -11.1 

Field Field Alvar Live  30 73.3  30 63.3  30 63.3  29 62.1  

Field Field Alvar Autocl.  30 73.3  28 64.3  28 60.7  27 63.0 -0.9 

Field Field Field Live  30 93.3  30 90.0  30 90.0  30 90.0  

Field Field Field Autocl.  30 93.3  30 90.0  30 90.0  30 86.7 3.3 
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Figure 3.6 A-B: Survival probability reaction norms for treatments without microbes 

(left) and with microbes (right). Planned contrasts were used to test for the differences 

between local and foreign plant populations in each habitat with and without microbes. 

Without microbes no patterns of adaptation were evident. Treatments with microbes 

had increased seedling survival for alvar seedlings (yellow circles), and this led to a 

pattern of local adaptation where alvar seedlings had significantly higher fitness than 

foreign old-field seedlings (orange circles) in their home habitat. Points represent 

mean survival probability and bars represent standard error. 
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 (Seed Source*Soil Source*Microbes Interaction: =4.99, df=1, P=0.03). Alvar 

seedlings were 37% more likely to survive when transplanted into alvar soils with 

microbes compared with old-field seedlings (Estimated marginal means test: z ratio=-

2.67, P=0.008; Figure 3.5 A-D; Table 3.2). Survival was not significantly different 

between alvar and old-field seedlings in old-field soils with (z.ratio=-0.34, P=0.73) or 

without microbes (z.ratio=0.88, P=0.38) or in sterilized alvar soils (z.ratio=-0.54, 

P=0.59) Consistent with the full model analysis, microbes had the most positive 

effects on survival for the alvar seedlings transplanted with their home soil inoculum 

(regardless of transplant habitat; Seed Source*Soil Source Interaction: =4.45, df=1, 

P=0.03; Figure 3.5 A-D inset; Table 3.2). Patterns of local adaptation were 

significantly affected by microbes. No pattern of local adaptation was evident when 

plants were transplanted without microbes (Figure 3.6A). In contrast, alvar microbes 

significantly affected alvar seedling survival, thereby leading to patterns of local 

adaptation where local alvar seedlings had higher fitness than foreign old-field 

seedlings in the alvar habitat (z.ratio=2.67, P=0.008; Fig 3.6B) 

 

Biomass 

The minimal model for total biomass included a significant effect of soil source (Soil 

Source: =12.81, df=1, P=0.0003) and an interaction between habitat and microbes 

(Habitat*Microbes: =10.26, df=1, P=0.0013; Figure 3.7 A-D; Table 3.3). Plants 

grown in old-field soils had significantly more total biomass. Plants grown in the alvar 

habitat had equivalent biomass regardless of microbial treatment (Estimated marginal 

means test: t.ratio= 0.117, df = 290.36, P=0.9), but plants transplanted into the old-  
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Figure 3.7 A-D: Plants transplanted into the old-field sites had more total biomass 

when transplanted with live soil inoculum. We did not find evidence that microbes 

disproportionately affected plants from one source or that microbes from one soil 

source were particularly beneficial to plants, but rather plants generally benefitted 

from microbes in the old-field habitat. Open circles indicate treatments that received 

live soil inoculum and stippled circles are treatments that received autoclaved soil 

inoculum. Inset: Microbe effect on biomass. Alvar (yellow circles) and old-field 

(orange circles) plants both experience positive microbe effects when transplanted into 

alvar soils in the old-field habitat. Old-field seeds experience positive microbe effects 

when transplanted into old-field soils in the old-field habitat and alvar seeds 

experience very slight positive microbe effects when transplanted into old-field soils 

in the old-field habitat.
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Table 3.3: Plant total biomass measurements. Microbe effect is the presented here as the difference in total biomass between live 
and autoclaved treatments. The colors indicates fully home treatments (yellow=alvar, orange=old-field) or treatments where only 
seeds are moved (light yellow=alvar, orange=light orange. 
 

 

 

 

 

 

 

 

 

     Biomass  

Habitat Seed Source Soil Source Inoculum  N Mean SE ME  

Alvar Alvar Alvar Live  25 0.29 0.03   

Alvar Alvar Alvar Autoclaved  21 0.35 0.05 -0.05  

Alvar Alvar Field Live  20 0.47 0.07   

Alvar Alvar Field Autoclaved  21 0.59 0.08 -0.13  

Alvar Field Alvar Live  15 0.31 0.07   

Alvar Field Alvar Autoclaved  19 0.22 0.04 0.08  

Alvar Field Field Live  19 0.58 0.07   

Alvar Field Field Autoclaved  19 0.49 0.07 0.09  

Field Alvar Alvar Live  22 1.23 0.21   

Field Alvar Alvar Autoclaved  15 1.10 0.28 0.14  

Field Alvar Field Live  22 1.45 0.18   

Field Alvar Field Autoclaved  26 1.11 0.19 0.34  

Field Field Alvar Live  18 1.23 0.24   

Field Field Alvar Autoclaved  17 0.65 0.18 0.59  

Field Field Field Live  27 1.82 0.30   

Field Field Field Autoclaved  25 1.13 0.22 0.68  
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Figure 3.8 A-B: Total biomass (g) reaction norms for treatments without microbes 

(left) and with microbes (right). Planned contrasts were used to test for the differences 

between local and foreign plant populations in each habitat with and without microbes. 

Without microbes no patterns of adaptation were evident and this was unchanged with 

the addition of microbes. Points represent mean total biomass and bars represent 

standard error. 
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field habitat benefited from microbes (Estimated marginal means test: t.ratio= 4.75, df 

= 288.71, P<0.0001). Consistent with the full model analysis, microbes had the most 

positive effects on biomass in the old-field habitat (Habitat: =8.88, df=1, P=0.003; 

Figure 3.7 A-D inset; Table 3.3). There was no evidence of local adaptation in 

treatments without (Figure 3.8 A) or treatments with microbes (Figure 3.8 B) for the 

response variable of biomass. 

 

Mycorrhizal colonization 

On average autoclaved plants had 12% less total colonization than plants that were 

planted with live inoculum (Microbes: =9.50, df=1, P=0.002). For plants inoculated 

with live soil, soil source (Soil Source: =4.67, df=1, P=0.03) and seed source (Seed 

Source: =8.46, df=1, P=0.004) independently affected the proportion of arbuscules 

occurring in roots. Plants transplanted into live alvar soils had more arbuscules (Figure 

3.9 A-D; Table 3.4), and alvar plants had more arbuscules (Figure 3.9 A-D; Table 

3.4), regardless of soil source. The minimal model for vesicular colonization included 

main effect of habitat (Habitat: =18.85, df=1, P<0.0001). This was driven by the 

fact that plants transplanted into alvar habitat produced ~76% more vesicles than 

plants transplanted into the old-field habitat. We found a significant positive 

relationship between arbuscules and total biomass when alvar seeds were paired with 

their home soil but only in the old-field habitat (R2=0.62, F=14.09, P=0.01; Figure 

3.10 B; Table S3.3), whereas we didn’t find a significant relationship between 

arbuscules and biomass in the other treatments (Figure 3.10 A, C-H; Table S3.3). 
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Figure 3.9 A-D: Alvar plants produced more arbuscules per unit root length regardless 

of soil source or habitat, and plants transplanted into the alvar soils produced more 

arbuscules regardless of habitat or seed source. Points represent mean proportion of 

arbuscular colonization and bars represent standard error. 
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Table 3.4: Average proportion of mycorrhizal colonization. *N= total observations in each group, Total=proportion of 
intersections where arbuscules, vesicles, or fungal hyphae were observed, Arbuscular=proportion of intersections where arbuscules 
were observed, Vesicular=proportion of intersections where vesicles were observed, and Non-AMF=proportion of intersections 
where septate fungi (usually considered non-AMF) were observed. 
 

     
Total 

 
Arbuscular 

 
Vesicular 

 
Non-AMF 

Habitat Seed Source Soil Source Inoculum N Mean SE 
 

Mean SE 
 

Mean SE 
 

Mean SE 

Alvar Alvar Alvar Live 8 0.95 0.03 
 

0.25 0.07 
 

0.37 0.04 
 

0.26 0.07 
Alvar Alvar Alvar Autocl. 8 0.84 0.07 

 
0.13 0.05 

 
0.31 0.08 

 
0.50 0.08 

Alvar Alvar Field Live 9 0.91 0.03 
 

0.17 0.02 
 

0.26 0.03 
 

0.32 0.06 
Alvar Alvar Field Autocl. 9 0.92 0.03 

 
0.21 0.04 

 
0.28 0.03 

 
0.54 0.07 

Alvar Field Alvar Live 9 0.90 0.03 
 

0.16 0.04 
 

0.30 0.06 
 

0.33 0.05 
Alvar Field Alvar Autocl. 9 0.93 0.03 

 
0.08 0.02 

 
0.24 0.05 

 
0.39 0.05 

Alvar Field Field Live 9 0.95 0.01 
 

0.07 0.01 
 

0.30 0.05 
 

0.31 0.05 
Alvar Field Field Autocl. 8 0.79 0.06 

 
0.08 0.04 

 
0.19 0.04 

 
0.56 0.06 

Field Alvar Alvar Live 9 0.90 0.03 
 

0.23 0.04 
 

0.21 0.04 
 

0.24 0.04 
Field Alvar Alvar Autocl. 8 0.76 0.07 

 
0.14 0.03 

 
0.14 0.04 

 
0.15 0.04 

Field Alvar Field Live 9 0.83 0.07 
 

0.21 0.07 
 

0.16 0.04 
 

0.30 0.03 
Field Alvar Field Autocl. 9 0.60 0.10 

 
0.07 0.02 

 
0.10 0.03 

 
0.28 0.05 

Field Field Alvar Live 9 0.85 0.05 
 

0.18 0.06 
 

0.18 0.03 
 

0.17 0.04 
Field Field Alvar Autocl. 9 0.81 0.06 

 
0.06 0.03 

 
0.18 0.05 

 
0.21 0.04 

Field Field Field Live 9 0.76 0.07 
 

0.11 0.03 
 

0.13 0.03 
 

0.18 0.02 
Field Field Field Autocl. 9 0.65 0.05 

 
0.09 0.01 

 
0.08 0.01 

 
0.20 0.03 
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Figure 3.10 A-H : Alvar seeds planted with alvar soils in the old-field habitat (B) 

were the only plants that had a positive relationship between the proportion of 

arbuscules in the roots and the total biomass of the plant, indicating coevolved 

interactions that maximize benefit to both partners. The following treatments showed 

no relationship between proportion of arbuscules and total plant biomass: A) Alvar 

habitat, alvar seed, and alvar soil, C) alvar habitat, old-field seed, and old-field soil, D) 

old-field habitat, old-field seed, and old-field soil, E) alvar habitat, alvar seed, and old-

field soil, F) old-field habitat, alvar seed, and old-field soil, G) alvar habitat, old-field 

seed, and alvar soil, and H) old-field habitat, old-field seed, and alvar soil. 
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Discussion 

There is growing interest in the topic of microbes and plant adaptation (Johnson et al. 

2010, Smith et al. 2011, Lau and Lennon 2012, Lankau 2013, Johnson et al. 2013, 

Wagner et al. 2014, Pickles et al. 2015, Revillini et al. 2016, Rúa et al. 2016, Van 

Nuland et al. 2016, Petipas et al. 2017, González et al. 2018). Our experiment provides 

one of the strongest tests to date of microbe-mediated adaptation. Through the use of 

reciprocal transplant experiments, planted directly into the soil environment, we were 

able to ask how patterns of plant fitness and the direction of microbe effects were 

shaped by interactions between plant source, microbial source, and the local 

environment. We also compared local vs. foreign populations of plants with and 

without local microbes to test specific hypotheses about the role of microbes in plant 

local adaptation. We found that alvar plants experienced more positive microbe effects 

for germination and seedling survival when planted in combination with their home 

microbes, and these effects were potentially driven by coevolution between alvar 

plants and local mycorrhizal fungi. In contrast, we found that old-field plants tended to 

experience neutral to negative interactions with microbes in early life history and no 

evidence of mutualistic coevolution. Microbes had variable effects on patterns of plant 

local adaptation. Microbes decreased germination rates for old-field seedlings leading 

to a pattern of maladaptation, whereas they increased alvar seedling survival leading to 

patterns of local adaptation, where alvar seedlings had higher survival in their home 

habitat compared with foreign old-field seedlings. Interestingly, no patterns of local 

adaptation were evident in treatments that received sterilized inoculum. In the 
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following discussion, we will first tackle where microbe effects were the strongest and 

then how microbes affected patterns of local adaptation. 

 

In this study, we found asymmetrical benefits between habitats of interacting with 

microbes. Plants do not universally benefit from interactions with microbes, even 

those generally referred to as mutualists, but rather these interactions are highly 

context dependent (Johnson 1993, Bronstein 1994). The stress gradient hypothesis 

posits that as stress increases mutually beneficial interactions dominate and 

antagonistic interactions are reduced (Bertness and Callaway 1994). There is wide 

support for this idea in the plant facilitation literature (He et al. 2013), but it is also a 

promising framework to understand the context dependency of beneficial plant-

microbe interactions (O'Brien et al. 2015, David et al. 2018). Early support for this 

idea comes from findings that resource mutualisms provide optimal benefit to hosts 

when nutrients are limiting (Johnson 1993). However, tests in a variety of plant-

microbe systems are increasingly common (Defossez et al. 2011, Aghili et al. 2014, 

O’Brien 2015, David et al. 2018).  

 

Our findings support the idea that mutualistic interactions dominate in stressful 

environments but only for early life stages. In many habitat types, early seedling 

mortality is high due to seedling vulnerability to biotic and abiotic stress (Harper 

1977). Therefore, natural selection should operate on phenotypes that allow for the 

proper timing of germination and enhance seedling survival (Postma and Ågren 2016). 

Selection is likely even more pronounced in harsh habitats (Bradshaw 1971), such as 
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alvars that have shallow soils, experience low water availability, and extremely high 

soil temperatures. Perhaps, in response to strong selection on early life-history stages 

alvar plants have evolved cooperative relationships with microbes. For example, 

seedling survival increased 37% when alvar seedlings are planted with alvar microbes 

and probability of germination increased 88% in the presence of alvar microbes in 

their home habitat.  

 

However, we didn’t find evidence that mutualistic interactions were more common on 

alvars for later growth stages. Total biomass was higher when seedlings were planted 

with microbes in old-field habitats (with no effects of soil source or seed source). The 

reason that microbes are not as important to alvar plants for biomass production could 

be the result of three (non-mutually exclusive) factors. First, microbes may not be as 

important for alvar plant growth in later growth stages. We expected that large plant 

size would be advantageous in both alvar and old-field habitats. However, selection 

might not favor large biomass on alvars, since it is not a competitive environment and 

large plants could be unsustainable in dry years. Second, disproportionate 

contamination in plants transplanted into the alvar habitat diminished our ability to 

detect habitat by seed source interactions. Transplanting pots directly into the ground 

was advantageous in allowing us to achieve a high level of biological realism but the 

downside was contamination. This was evident when we stained roots at the 

conclusion of the experiment, and high levels of contamination were detected in all 

treatment groups but especially in those transplanted into the alvar habitat. 

Contamination was more acute in alvar habitats because we used small (10cm deep) 
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transplant pots and some roots penetrated the pots by the conclusion of the 

experiment. Finally, we could have had reduced statistical power because of low 

seedling survival in some treatment groups. For example, we only had ~50% survival 

for alvar plants that were transplanted into sterilized alvar soil in the old-field habitat. 

This reduction in sample size could have made it difficult to detect treatment effects 

on biomass. 

 

Consistent with our findings that alvar plants experienced more positive microbe 

effects that can facilitate patterns of local adaptation, we also found that alvar plants 

had a higher proportion of arbuscules within their roots. Furthermore, these arbuscules 

were positively correlated with plant biomass when transplanted into their home soils. 

This relationship indicates mutualistic coevolution with local mycorrhizal fungi 

(Johnson et al. 2010). However, we found a significant positive linear relationship in 

the old-field habitat only and a trend in the alvar habitat. This could be caused by very 

high levels of stress in the alvar habitat by the end of the experiment, which could 

have been exacerbated by small pot size that prevented lateral root growth. Very high 

levels of stress (as opposed to ambient levels) could change the balance of cost to 

benefits of hosting mutualistic symbionts. To corroborate this assertion, we found that 

plants transplanted into the alvar habitat had a higher proportion of vesicles. Vesicular 

colonization is often seen as indicative of fungal hoarding (Johnson 1993), and the 

number of vesicles increases under various plant stressors, such has high soil 

temperatures (Entry et al. 2002) 
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We chose to stain for mycorrhizal fungi at the conclusion of our experiment because 

mycorrhizal fungi are ubiquitous plant symbionts (occurring in 80% of vascular plant 

families; Schüβler et al. 2001) that have documented effects on plant germination, 

survival (Horton and van der Heijden 2008), and reproductive fitness (Smith and Read 

1998). Arbuscular mycorrhizal fungi also affect patterns of local adaptation (Rúa et al. 

2016, Johnson et al. 2010). In addition, Hypericum perforatum benefits from 

mycorrhizal colonization across its native and introduced range (Seifert et al. 2009). 

Although we looked at mycorrhizal fungi in the plant roots, we inoculated plants with 

whole soil inoculum. Therefore, many other important plant-associated microbial taxa 

could be responsible for the observed effects. Two important taxonomic groups that 

are likely associated with Hypericum are plant growth promoting rhizobacteria 

(PGPR) and dark septate endophytes (DSE). Interest has been growing in the role of 

PGPR in enhancing plant growth and evidence exists that they can affect both survival 

and germination (Lucy et al. 2004). Less is known about dark septate endophytes, but 

it seems that under certain conditions they can be mutualistic with their plant hosts 

(Jumpponen and Trappe 1998). Dark septate endophytes are particularly common in 

arid environments and have been hypothesized to be important for plant drought 

tolerance (Mandyam and Jumpponen 2014). In other work, we described how bacterial 

and non-mycorrhizal fungal diversity differed between habitats within roots of 

Hypericum perforatum. We found that indeed fungal and bacterial communities are 

significantly different between habitats, but additional work needs to be done to link 

taxa described in this descriptive research to taxa that are mediating plant fitness 

effects on alvars. 
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The role of microbes in plant local adaptation is an active area of research. Microbes 

can change patterns of local adaptation by affecting plant functional traits (Friesen et 

al. 2011) and subsequently interactions with the local environment (Johnson et al. 

2010, Gehring et al. 2017). However, when and where we might expect to see these 

effects is still unclear. Some studies find broad support for the potential role of 

microbes in plant local adaptation. Common garden experiments with Bradyrhizobia 

and the annual legume, Amphicarpaea bracteate, suggested that plant reproductive 

fitness was maximized when plants were combined with local genotypes of microbes. 

Average seed biomass increased by 39% when plants were transplanted with a native 

bacterial genotype (Parker 1995). Similarly, survival of poplar trees was enhanced 2.5-

fold when trees were planted into native soils (Smith et al. 2011). However, other 

works find little evidence of population level structuring of plant-microbe interactions. 

Populations of Acacia and their associated rhizobia were collected throughout south-

eastern Australia and grown in a fully factorial design. Although the authors found 

generally positive effects of microbial inoculation, they found little evidence of 

adaptation in sympatric pairs of microbes and plants (Barrett et al. 2011).  

 

Similar to previous work, we found that interactions between local plants and local 

microbes affect plant fitness, and thus change patterns of plant phenotype and fitness 

(Parker 1995, Smith et al. 2011, Johnson et al. 2010). Additionally, our work indicates 

that: 1) microbial effects on local adaptation are more pronounced in early life-history 

stages (germination and seedling survival), but more general microbial benefits 
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dominate later in life. And 2) microbes can either affect patterns of local adaptation 

through increasing fitness or decreasing fitness. For example, alvar microbes enhanced 

alvar seedling germination but old-field microbes decreased old-field seedling 

germinations. An important caveat is that previous studies used a common garden 

approach and therefore fail to capture interactions between plants and microbes that 

are habitat-specific. We took a different approach and planted experimental units 

directly into the soil environment in two habitats. This allowed us to construct reaction 

norms and evaluate patterns of local adaptation rather than speculating about patterns 

of local adaptation based on microbial-mediated changes in fitness.  

 

Our results support the idea that positive microbe interactions dominate in more 

stressful habitats. Unraveling factors that affect the functioning of mutualisms should 

be one of the highest priorities of plant-microbe research because it has direct bearing 

on our ability to incorporate microbes in meaningful ways into conservation, 

restoration, and agriculture. We also add support to the idea that microbes can affect 

patterns of local adaptation. Our study is the first to perform rigorous reciprocal 

transplant experiments in the field to understand the role microbes play in local 

adaptation. Microbe-mediated local adaptation is a previously over-looked mechanism 

by which plants come to have higher fitness under local conditions than foreign 

genotypes. This research is important to inform our understanding of the evolutionary 

ecology of plants, but also in applied use of microbes in field such as restoration, 

conservation, and agriculture.  
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APPENDIX 

 
Table S2.1: Bacterial operational taxonomic units (OTUs) identified as differentially abundant in either alvars or old-fields at a cut-
off value of P=0.001. Thirty-nine OTUs were over-represented in the alvar and nineteen were more commonly found in the old-
fields. Significance values are not adjusted for multiple comparisons. 
 
 

OTU Habitat Stat Phylum Class Order Family 

OTU_189 alvar 0.89 Chloroflexi Thermomicrobia JG30-KF-CM45 NA 
OTU_412 alvar 0.89 Actinobacteria Thermoleophilia Solirubrobacterales NA 
OTU_139 alvar 0.87 Actinobacteria Acidimicrobiia Acidimicrobiales C111 
OTU_19 alvar 0.86 Actinobacteria Actinobacteria Actinomycetales Pseudonocardiaceae 

OTU_326 alvar 0.86 Proteobacteria Alphaproteobacteria Rhizobiales NA 
OTU_78 alvar 0.86 Proteobacteria Alphaproteobacteria Rhizobiales Bradyrhizobiaceae 
OTU_90 alvar 0.86 Actinobacteria Acidimicrobiia Acidimicrobiales C111 

OTU_523 alvar 0.85 Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae 
OTU_89 alvar 0.83 Proteobacteria Alphaproteobacteria Rhodospirillales Rhodospirillaceae 

OTU_155 alvar 0.82 Planctomycetes Planctomycetia Pirellulales Pirellulaceae 
OTU_332 alvar 0.81 Acidobacteria Chloracidobacteria RB41 NA 
OTU_107 alvar 0.81 Proteobacteria Alphaproteobacteria Rhizobiales Hyphomicrobiaceae 
OTU_795 alvar 0.79 Acidobacteria Chloracidobacteria RB41 NA 
OTU_627 alvar 0.78 Proteobacteria Alphaproteobacteria Rhodospirillales Rhodospirillaceae 
OTU_142 alvar 0.78 Chloroflexi Thermomicrobia JG30-KF-CM45 NA 
OTU_185 alvar 0.78 Proteobacteria Alphaproteobacteria Rhizobiales Hyphomicrobiaceae 
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OTU_116 alvar 0.77 Chloroflexi Anaerolineae S0208 NA 
OTU_207 alvar 0.73 Actinobacteria Thermoleophilia Gaiellales Gaiellaceae 
OTU_951 alvar 0.72 Chloroflexi Anaerolineae A31 S47 
OTU_251 alvar 0.72 Proteobacteria Alphaproteobacteria Rhizobiales NA 
OTU_2889 alvar 0.70 Bacteroidetes Saprospirae Saprospirales Chitinophagaceae 
OTU_643 alvar 0.69 Actinobacteria Thermoleophilia Gaiellales Gaiellaceae 
OTU_2512 alvar 0.69 Proteobacteria Alphaproteobacteria Rhizobiales Rhizobiaceae 
OTU_3211 alvar 0.69 Bacteroidetes Cytophagia Cytophagales Cytophagaceae 
OTU_434 alvar 0.67 Proteobacteria Betaproteobacteria Rhodocyclales Rhodocyclaceae 
OTU_546 alvar 0.67 Proteobacteria Alphaproteobacteria NA NA 
OTU_390 alvar 0.67 Chloroflexi Anaerolineae S0208 NA 
OTU_115 alvar 0.65 Chloroflexi Anaerolineae SBR1031 A4b 
OTU_461 alvar 0.64 Actinobacteria MB-A2-108 0319-7L14 NA 
OTU_397 alvar 0.64 Firmicutes Clostridia Clostridiales Clostridiaceae 
OTU_949 alvar 0.63 Chloroflexi Anaerolineae A31 S47 
OTU_154 alvar 0.63 Proteobacteria Deltaproteobacteria Desulfuromonadales Geobacteraceae 
OTU_574 alvar 0.62 Proteobacteria Alphaproteobacteria Rhodospirillales Rhodospirillaceae 
OTU_1840 alvar 0.62 Actinobacteria Actinobacteria Actinomycetales Micromonosporaceae 
OTU_2337 alvar 0.62 Planctomycetes Planctomycetia Gemmatales Isosphaeraceae 
OTU_580 alvar 0.61 Acidobacteria S035 NA NA 
OTU_450 alvar 0.60 Nitrospirae Nitrospira Nitrospirales 0319-6A21 
OTU_741 alvar 0.59 Proteobacteria Alphaproteobacteria Rhodospirillales Rhodospirillaceae 
OTU_628 alvar 0.58 Actinobacteria Thermoleophilia Gaiellales Gaiellaceae 
OTU_68 field 0.86 Proteobacteria Alphaproteobacteria Rhizobiales Hyphomicrobiaceae 
OTU_22 field 0.86 Proteobacteria Alphaproteobacteria Rhizobiales Hyphomicrobiaceae 
OTU_59 field 0.81 Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae 
OTU_49 field 0.80 Actinobacteria Thermoleophilia Gaiellales Gaiellaceae 
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OTU_72 field 0.80 Actinobacteria MB-A2-108 0319-7L14 NA 
OTU_162 field 0.79 Proteobacteria Betaproteobacteria Methylophilales Methylophilaceae 
OTU_225 field 0.79 Actinobacteria Thermoleophilia Gaiellales Gaiellaceae 
OTU_110 field 0.76 Actinobacteria MB-A2-108 0319-7L14 NA 
OTU_69 field 0.76 Proteobacteria Gammaproteobacteria Xanthomonadales Sinobacteraceae 

OTU_2804 field 0.75 Actinobacteria Thermoleophilia Gaiellales Gaiellaceae 
OTU_5485 field 0.75 Verrucomicrobia Spartobacteria Chthoniobacterales Chthoniobacteraceae 
OTU_2622 field 0.74 Actinobacteria Thermoleophilia Gaiellales Gaiellaceae 
OTU_34 field 0.72 Proteobacteria Gammaproteobacteria Enterobacteriales Enterobacteriaceae 
OTU_95 field 0.68 Proteobacteria Alphaproteobacteria Rhodospirillales Rhodospirillaceae 

OTU_464 field 0.66 Acidobacteria Acidobacteriia Acidobacteriales Acidobacteriaceae 
OTU_829 field 0.65 Proteobacteria Betaproteobacteria Methylophilales Methylophilaceae 
OTU_553 field 0.64 Chloroflexi Anaerolineae A31 S47 
OTU_812 field 0.62 Actinobacteria Actinobacteria Actinomycetales Nocardioidaceae 
OTU_1430 field 0.52 Bacteroidetes Saprospirae Saprospirales Chitinophagaceae 
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Figure S3.1: Alvar soils have higher pH (A), shallower soils (B), and more total 

nitrogen (C) than old-field soils. However, phosphorus does not differ between the 

two habitats (D). 
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Table S3.1: Coordinates for each habitat pair used in the transplant experiment.  
 
 

Site Habitat Coordinates 

Three Mile Creek Alvar N44 7'45.88" W76 10'6.44" 

 
Field N44 7'3.67" W76 9'47.54" 

    Chaumont Barrens Alvar N44 6'27.40" W76 5'33.20" 

 
Field N44 5'49.10" W76 4'24.10" 

    Limerick Cedars Alvar N44 3'5.00" W76 2'29.60" 

 
Field N44 03’31.39” W76 03’35.48 
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Figure S3.2: Principle component ordination of soil nutrient samples demonstrating 

that soil autoclaving did not drastically change nutrient composition of the soils used 

in the transplant experiment. The blue circle is the live soils collected from the old-

field, and the purple circle is the old-field soil that was autoclaved. The red circle is 

the live soils collected from the alvar, and the green circle is the alvar soil that was  

autoclaved. Despite autoclaving circles from one habitat still occupy the same area. 
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Figure S3.3: Images of nylon pots transplanted directly into the ground. The image on 

the left is a pot used in the germination experiment that was transplanted into the field 

habitat and the image on the right is a pot used in the germination experiment that was 

transplanted into the alvar habitat.
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Table S3.2: Analysis of Deviance Table on Survival Analysis. Terms added sequentially first to last. Significance codes: 0 ‘***’, 
0.001 ‘**’, 0.01 ‘*’, 0.05 ‘.’ 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Fixed Effect Log Likelihood Chi-square df P-Value  

NULL -782.33     

Habitat -767.20 30.25 1 4E-08 *** 

Soil Source -764.48 5.44 1 0.020 * 

Inoculum -764.02 0.93 1 0.335  

Seed Source -763.45 1.14 1 0.285  

Habitat*Soil Source -757.85 11.20 1 0.001 *** 

Habitat*Inoculum -757.80 0.09 1 0.766  

Soil Source*Inoculum -757.18 1.22 1 0.265  

Habitat*Seed Source -756.45 1.47 1 0.226  

Soil Source*Seed Source -756.22 0.45 1 0.504  

Inoculum*Seed Source -754.89 2.66 1 0.103  

Habitat*Soil Source*Inoculum -754.29 1.20 1 0.273  

Habitat*Soil Source*Seed Source -754.18 0.23 1 0.630  

Habitat*Inoculum*Seed Source -754.04 0.27 1 0.601  

Soil Source*Inoculum*Seed Source -751.34 5.41 1 0.020 * 

Habitat*Inoculum*Seed Source*Soil Source -750.78 1.12 1 0.21  
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Figure S3.3: Kaplan Meyer survival curve for alvar seeds (A) and old-field seeds (B). 

The X-axis indicates time at transplant (0) through four survival census dates (1-4) and 

the Y-axis is probability of survival. To simplify the visualization, we subset the data 

by seed source and averaged over habitat because habitat was not a significant term in 

our analysis. Alvar seeds had the lowest survival over the course of four survival 

census dates in alvar soil that was autoclaved. Old-field seedlings survived best in 

their home soil regardless of microbes. 
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Table S3.3: Regressions of total plant biomass on arbuscule number for treatments. Regressions were performed on plants that 
received live soil inoculum only. 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Habitat Seed Source Soil Source N R2 F P  

Alvar Alvar Alvar 8 0.14 2.15 0.19  
Alvar Alvar Field 9 0.20 3.04 0.12  
Alvar Field Alvar 9 -0.14 0.03 0.88  
Alvar Field Field 9 -0.08 0.42 0.54  
Field Alvar Alvar 9 0.62 14.09 0.01 * 
Field Alvar Field 9 -0.14 0.01 0.93  
Field Field Alvar 9 0.04 1.29 0.29  
Field Field Field 9 0.06 1.51 0.26  


