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 The structure and composition of articular cartilage and other load-bearing 

biological tissues are highly complex and heterogeneous.  As a result, their functional 

mechanical properties exhibit clear spatial variations.  Unlocking the structure-

function relationship in these materials is critical for devising strategies to restore 

tissue impaired by injury or disease and can provide a template for successful implant 

design.  Here, we describe a tissue deformation imaging stage (TDIS) allowing for 

simultaneous force measurement and visualization of microscale deformation in soft 

biological tissues under controlled shear strain.  In combination with a fast confocal 

microscope, the TDIS is used to test the microscale response of articular cartilage to 

shear loading.  To obtain the location-specific shear modulus of this tissue, we employ 

a high-resolution technique that involves tracking the deformation of a line 

photobleached into a fluorescently stained sample loaded in the TDIS.  We find that 

the quasi-static and dynamic shear moduli are lowest roughly 100 m below the 

articular surface.  Here, articular cartilage is highly nonlinear, stiffening under 

increased shear strain and becoming more compliant under increased compressive 

strain.  Using a simple thought model, we relate these results to structural features of 

the collagen network in articular cartilage.  Furthermore, we demonstrate that the 

region of maximum compliance is also the primary site of shear energy dissipation in 

articular cartilage.   Our findings suggest that damage to or surgical removal of the 

surface of this tissue will increase the joint’s susceptibility to shear-induced damage.  



 

 

Finally, similar experiments are performed on intervertebral disc and growth plate, 

demonstrating the versatility of our in-situ strain mapping techniques.   
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 CHAPTER 1  

INTRODUCTION 

 

1.1 STRUCTURE AND COMPOSITION OF ARTICULAR CARTILAGE 
 

Articular cartilage covers the ends of bones in articulating joints and protects them 

from damage.  For years, it has eluded attempts at reproduction--no engineered 

material is able to perform this function as successfully or for as long.  The complex 

and inhomogeneous structure of articular cartilage endows the tissue with a specific 

mechanical response that enables it to remain effective for 6-9 decades, or most of a 

human lifetime.  Conversely, metal and plastic total joint replacements typically last 

around 10 years [1].   

The extracellular matrix (ECM) of articular cartilage is comprised of a fluid-

saturated network of crosslinked collagen fibers interspersed with cells and highly 

charged macromolecules known as proteoglycans.  Collagen, the most abundant 

protein in the human body, is a triple-helical molecule approximately 1.5 nm in 

diameter.  In cartilage, collagen molecules assemble into fibrils with diameters ranging 

from 20 and 200 nm and form a network containing pores of diameter 60 to 200 nm 

[2].  Approximately 90% of collagen in articular cartilage is type II collagen.  

Proteoglycans, the second-most abundant solid component of articular cartilage, 

consist of chains of hyaluronic acid linked through protein cores to glycosaminoglycan 

(GAG) molecules with repeating sulfate and carboxyl groups that become charged in 

solution.  The weight percentages of water, collagen and proteoglycans in articular 

cartilage are roughly 70%, 20% and 5% [2].  Cells known as chondrocytes are 

interspersed within the ECM of articular cartilage and comprise only about 5% of the 

total volume in adult tissue.   
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As depicted in Figure 1.1, both the structure and composition of the 

macromolecular network that forms articular cartilage are highly heterogeneous and 

vary with depth z from the articular surface [3, 4].  The superficial zone (z<200 m) is 

characterized by thin, densely packed collagen fibrils aligned parallel to the articular 

surface (in a direction known as the “split line” direction) and low proteoglycan 

content.  Superficial zone chondrocytes are flat and elongated along the direction of 

the collagen fibers.  Just below this region in the intermediate zone, collagen fibrils are 

sparser and randomly oriented.  In certain regions of adult cartilage, the deep zone 

(z>1.5 mm) contains stiff fiber bundles that emit orthogonally from the bone.  The 

total thickness of articular cartilage from surface to bone varies with species, age and 

location, but is typically around 2 mm in adult human joints [5]. 

  

 
Figure 1.1 Arrangement of collagen, proteoglycans and chondrocytes along a cross-
section of articular cartilage.  Adapted from Setton et al [6].  
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1.2 FUNCTION OF ARTICULAR CARTILAGE 
 

The primary function of articular cartilage is to prevent damage in long bones due 

to everyday joint motion.  This is a substantial task—a typical human knee joint, for 

example, undergoes roughly 1 million loading cycles each year [7].  In addition, all 

joints in the body act at a significant mechanical disadvantage that allows for motion 

over a large range of angles [8].  Consequently, joint stresses can reach values as high 

at 18 MPa [9], which is roughly equal to the pressure applied by a small car parked on 

a quarter.  Articular cartilage is responsible for transmitting forces between adjacent 

bones in this high-stress loading environment.   

One of the chief benefits provided by the presence of articular cartilage is a 

lubricated, low-friction surface [10-12].  In fact, the coefficient of friction in articular 

cartilage has been measured to be as low as 0.002, about an order of magnitude lower 

than ice-on-ice.  This feature allows opposing bones to slide over one another with 

minimal wear.  Assisting in this process is a lubricating liquid known as synovial fluid 

that is encapsulated in a fibrous casing surrounding the joint.  Synovial fluid, which is 

secreted from the inner lining of the joint capsule (the synovium), also supplies 

articular cartilage with essential nutrients.  However, since cartilage is an avascular 

tissue, dispersal of these nutrients into cartilage relies on slow, passive mechanisms: 

deformation-induced flow and diffusion [13].  As a result, cartilage has a limited 

capacity to heal itself after significant damage [14].    

Articular cartilage also protects joints by distributing forces to minimize contact 

stresses.  In some joints (e.g., the hip), the shape of articular cartilage is optimized for 

stress distribution [15].  Furthermore, congruence of opposing cartilage surfaces has 

been statistically correlated with cartilage thickness [16].  Joint surfaces with high 

congruence and thin cartilage effectively distribute forces with minimal deformation.  
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On the other hand, joint surfaces with low congruence (for example, in the knee) have 

the thickest cartilage, allowing for increased contact area with increasing compressive 

strain.   

  The high deformability of articular cartilage relative to the underlying bone also 

contributes to its protective capabilities.  The shear and Young’s moduli of cartilage 

(G and E) have been measured to be 0.5 and 1.5 MPa, around 3 orders of magnitude 

lower than those of bone.  As a result, when opposing bones move relative to one 

another, articular cartilage takes up most of the shear and compressive strain.  

Localizing strain in cartilage protects long bones from excessive damage.  

Due to its low stiffness and viscoelastic nature (see Section 1.6), articular cartilage 

was traditionally believed to function as a “shock absorber” capable of cushioning the 

joint by dissipating energy from everyday motion or sudden impacts [17].  However, 

this idea came into question in the 1970’s with the recognition that articular cartilage 

is no more effective than trabecular bone at reducing the peak impact force of a 

sudden compressive load [17-20].  On the other hand, articular cartilage is exposed to 

shear loading as well as compressive loading during joint articulation.  Even purely 

compressive strains are often accompanied by shear strains as large as 2% [21, 22].  In 

fact, despite its extremely low coefficient of friction, it is estimated that in vivo shear 

stresses in articular cartilage can reach levels as high as 1.2 MPa [23].  Nevertheless, 

the ability of this tissue to dissipate shear energy has received little attention.   

 

1.3 INJURY AND DISEASE IN ARTICULAR CARTILAGE 
 

In the healthy state, articular cartilage has the remarkable ability to protect the 

joint while enduring physiological loading for many decades.  However, this ability 

can be compromised by injury or disease, most notably osteoarthritis.  Osteoarthritis, 
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the most common disease in articular cartilage, is characterized by pain and 

discomfort in the affected joint.  It is the leading cause of disability in the United 

States, affecting more than 46 million people and costing the country around $128 

billion each year [24].  In fact, it is estimated that 25% of all visits to primary care 

physicians are due to osteoarthritis.   

The first visible feature of osteoarthritis is usually localized fibrillation at the 

surface.  This is sometimes accompanied by large-scale structural changes such as 

inflammation and cracking.  Other symptoms include formation of repair cartilage 

with inferior properties, growth of bone spurs and, in severe cases, an eventual 

complete loss of cartilage. 

In osteoarthritis, articular cartilage degenerates progressively, undergoing changes 

in structure and composition due to increased metabolic activity and mechanically-

induced damage.  Degradation is focal, beginning at specific sites near the surface of 

articular cartilage before propagating deeper into the tissue [25].  In the initial phase of 

this disease, synthetic activity of chondrocytes intensifies, resulting in enhanced 

production of structural proteins comprising the ECM and increased cell proliferation.  

This stage is followed by a boost in production of inflammatory signaling molecules 

(cytokines) and catabolic enzymes that degrade collagen and proteoglycans [26].  

Since chondrocytes respond to both mechanical and biochemical stimuli, it is not clear 

whether this disease is initiated by mechanical trauma or chemical factors.  However, 

the fact that it is associated with aging suggests that it is assisted by naturally-

occurring degradative processes in the joint (e.g., proteoglycan loss). 

Like osteoarthritis, injury in articular cartilage can lead to substantial pain and loss 

of joint mobility.  Furthermore, due to its avascular nature, articular cartilage 

possesses a limited ability to regenerate and recover from injurious damage.  Damage 

can be microscopic or, in more severe cases, can be characterized by large fissures and 
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broken fragments of cartilage.  Causes of injury in cartilage include mechanical 

trauma and unnatural joint motion as a result of damage to important stabilizing 

ligaments.  Recent research has demonstrated that the strongest predictor of 

mechanically-induced damage in articular cartilage is excessive shear stress, 

suggesting that shear, not compression or tension, is the dominant failure mode in 

articular cartilage [27, 28]. 

Osteoarthritis and injury underscore the importance of identifying local 

mechanical properties in articular cartilage.  These properties govern how the tissue 

responds to contact stresses resulting from joint motion.  Therefore, mapping their 

depth-dependent variations may be critical for understanding the functional 

consequences of site-specific damage to cartilage in the early stages of osteoarthritis 

and developing models for how disease initiates and progresses.  Similarly, 

measurements of the spatially-dependent stiffness of cartilage could help predict the 

effect of focal injury on the capacity of cartilage to protect the joint. 

 

1.4 REPAIR STRATEGIES FOR ARTICULAR CARTILAGE 
 

A number of corrective procedures are used to repair injured or diseased cartilage.  

The particular technique selected by the surgeon depends on the nature and severity of 

damage.  The most extreme example is total joint replacement.  This surgery involves 

replacing a damaged joint surface (bone and cartilage) with metal and plastic 

components designed to allow for low-resistance motion [1].  Alternatively, 

microfracture surgery is a surgical treatment aimed at stimulating the release of blood 

and bone marrow by drilling through a layer of articular cartilage and forming small 

defects in the underlying bone [29].  Stem cells within the marrow then form a 

replacement tissue over the course of 2-4 months.  However, this replacement tissue is 
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often mechanically inferior to healthy tissue, closely resembling fibrocartilage in the 

meniscus and intervertebral disc.   

For less severe damage, surgeons can transplant healthy cartilage from donors 

(allografts) [30] or from areas in the same joint that bear less load (autografts).  In 

addition, to reduce pain and inflammation, damaged cartilage is often treated by 

cartilage debridement.  This procedure involves shaving the surface of damaged 

cartilage to smooth the surface (chondral shaving) or removing loose, degenerative 

debris in the joint.  Other repair techniques include autologous cell implantation [31] 

and other cell-based strategies.   In these procedures, chondrocytes or stem cells are 

removed from a low-stress region of cartilage, cultured in vitro until a particular 

population is reached and implanted into a damaged area.    

Tissue engineering offers a promising alternative to the cartilage repair strategies 

outlined above.  This technique involves using cells as building blocks for the 

generation of functional tissue for use as an implant.  Cells are typically seeded into a 

scaffold and exposed to environmental conditions favorable for synthesis of a 

particular tissue.  Unfortunately, growing tissue with mechanical and organizational 

properties approaching those of native cartilage is a significant challenge that requires 

an understanding of how cartilage development is affected by both biochemical and 

mechanical stimuli [32]. 

Each of the corrective procedures described in this section seeks to replace 

damaged cartilage with a synthetic or biological substitute that mimics the functional 

behavior or native, healthy cartilage.  However, this endeavor requires a detailed 

knowledge of the complex, heterogeneous functional properties of healthy tissue to 

serve as a guide for successful replacement.  As such, to direct the pursuit of an 

effective treatment for cartilage injury and disease, there is a need for development of 
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a technique capable of characterizing the mechanical properties of healthy, damaged 

and engineered replacement cartilage. 

 

1.5 THE PATELLOFEMORAL GROOVE: ANATOMY AND KINEMATICS 
 

The knee, perhaps the most complex joint in the body, contains three sites of 

articulation (Figure 1.2).  The femur contacts the tibia at two separate locations (the 

medial and lateral tibiofemoral joints), while the patella (kneecap) contacts the 

trochlear groove of the femur in what is known as the patellofemoral joint.  Each point 

of articulation is buffered by protective layers of cartilage.  For example, the trochlear 

groove is covered by a thick layer of cartilage that conforms to the shape of the 

underlying bone.  This shape resembles a channel dug between two mounds.  The 

opposing cartilage coating the underside of the patella is not fully congruent with this 

shape and does not fit snugly into the inner channel of the trochlear groove.   

 

 
 
Figure 1.2 Bone, cartilage and ligaments in the knee joint.  

 

During knee bending, the patella presses against and slides along the trochlear 

groove.  These actions are accompanied by lateral tilting of the patella, and these 
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coordinated motions induce shear and compressive strain in both layers of cartilage.  

Using a combination of magnetic resonance imaging (MRI), electromyography 

(EMG) and finite element modeling, Besier et al. [23] estimated in vivo hydrostatic 

pressures and shear stresses to be as high as 3.5 and 2.0 MPa, respectively, in the 

femoral cartilage of the patellofemoral joint during a squatting motion.  A separate 

MRI study demonstrated that femoral cartilage decreases in thickness by 

approximately 44% in statically loaded human cadaveric joints [33], but did not 

resolve spatially-dependent variations in strain.  On the other hand, Guterl and 

coworkers recently tested cadaveric patellofemoral joints under physiological loading 

conditions (i.e., a contact stress of 3.3 MPa) and measured local shear and 

compressive strains exceeding 10% [34].  These studies serve as guides for in vitro 

mechanical testing experiments by providing estimates of stresses and strains in the 

patellofemoral joint.  

 

1.6 MECHANICAL TESTING OF ARTICULAR CARTILAGE 
 

Like all fiber-based biological tissues, articular cartilage is a non-linear, 

viscoelastic, heterogeneous and anisotropic material.  Therefore, its mechanical 

properties depend on strain, rate of strain, location and loading direction (among other 

factors).  The non-linear nature of cartilage is most easily demonstrated by a simple 

tensile test.  In 1976, Woo et al. performed such a test by stretching dumbbell-shaped 

explants of articular cartilage clamped between two moveable plates perpendicular to 

the articular surface.  They found that the stress grows exponentially with strain, and 

that the stress-strain curve is well-described by an equation of the form 

   exp 1A B    (1.1) 
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where   is the tensile stress,   is the tensile strain and A and B are constants.    is 

given by the tensile force F divided by the sample cross sectional area A, and  is 

given by the ratio of the increase in length L to the initial length L.  The local slope 

d d   of the stress-strain curve gives the tensile Young’s modulus tE , so cartilage 

becomes stiffer at higher tensile stresses and strains.  The physical explanation for this 

stiffening behavior is known as the fiber recruitment model (Figure 1.3).  At small 

shear strains (toe region), collagen fibrils are unraveled from a buckled configuration 

and cartilage is relatively compliant.  In the linear region, the material has stiffened 

due to straightening of collagen fibrils.  Finally, at the failure point, collagen fibrils are 

ripped apart and the material’s integrity is compromised.   

 

 
 
Figure 1.3 Illustration of the tensile behavior of articular cartilage and the fiber 
recruitment model.     

 

As a result of its poroelastic and viscoelastic nature, articular cartilage exhibits a 

rate-dependent stiffness.  When a poroelastic system (i.e., a system comprised of a 

fluid-immersed solid network) is compressed by a porous indenter at a constant stress, 

frictional forces are generated between the fluid and solid phases that slow 

deformation as fluid is exuded out of the material.  As a result, the applied strain will 
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vary with time, relaxing to a constant value after fluid exudation is complete.  

Similarly, applying a constant strain will result in a time-dependent stress response.   

The poroelastic behavior of cartilage under compression is well modeled by the 

biphasic theory of Mow et al. [35], which has been shown to be consistent with Biot’s 

theory of soil consolidation [36].  Biphasic theory assumes that frictional drag between 

fluid and solid is proportional to their relative velocities and that the inherent 

viscoelasticity of the solid component of cartilage is negligible.  According to this 

model, the equilibration time for an unconfined creep compression test is given by  

 2
ct h E k  (1.2) 

where h is the initial sample height, Ec is the equilibrium compressive modulus and k 

is the sample permeability [13].  For a standard sample of cartilage with height 3 mm, 

equilibrium compressive modulus 1 MPa and permeability 16 410  m Ns , t=900 s.   

As a result of its location-dependent structure and composition, the mechanical 

properties of articular cartilage are highly heterogeneous.  The dependence of the 

tensile properties of cartilage on distance from the articular surface (i.e., depth) were 

first measured using partial thickness sectioning [37].  This technique involves cutting 

a full thickness specimen of tissue into two or more pieces and testing each piece 

individually.  To improve spatial resolution, Schinagl and coworkers used  

fluorescently stained chondrocyte nuclei as markers to track tissue deformation in 

compressed samples of articular cartilage imaged via video microscopy [38].  With 

this technique, variations in Ec over 125 m increments were successfully measured.  

In a separate study, individual chondrocyte and local tissue deformations were 

measured by imaging fluorescently stained cells in cartilage samples before and after 

compression with a confocal microscope [39].  In addition to adult tissue, similar 

methods have been applied to fetal and newborn bovine articular cartilage [40].  Each 
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of these studies revealed that the compressive stiffness of articular cartilage at all 

stages of growth increases with depth. 

Like tensile and compressive loading, shear loading elicits a complex response in 

articular cartilage.  For example, cartilage demonstrates strain rate-dependent 

viscoelastic properties under shear.  Since pure shear involves no volume change, 

poroelasticity and fluid flow should not play a role in shear deformation.  As a result, 

shear testing of cartilage reveals what is known as its “flow-independent” viscoelastic 

behavior [13].  Hayes and Bodine [41] used a simple shear experimental setup to study 

the shear properties of full-thickness samples of articular cartilage at high frequencies 

(f= 20-1000 Hz).  They found that the storage modulus G′, a stiffness parameter 

associated with elastic stress (see Section 1.8), increases by almost a factor of two 

over the studied frequency range.  Similarly, the loss modulus G′′, a parameter 

associated with viscous stress, increases with frequency, but is nearly an order of 

magnitude lower than G.  Using a torsional testing apparatus, Zhu et al. measured the 

complex shear modulus *G G iG    and phase angle between stress and strain 

 1tan G G     for samples tested at lower frequencies (f=0.01-20 Hz).  They 

showed that at a compressive strain of 9%, *G  is an increasing function of frequency 

on the order of 1 MPa.  On the other hand,  is approximately 10° at f=0.01 Hz and 

15° at f=20 Hz.   

These pioneering studies unequivocally demonstrated the inherent viscoelastic 

nature of the macromolecular network of cartilage.  However, to facilitate testing, both 

Hayes and Bodine and Zhu et al. tested samples of articular cartilage that had been 

flattened on the surface by removing a thin section roughly ~100 m in thickness.  

Therefore, their data does not capture the effect of the superficial zone on the shear 

properties of cartilage.  Furthermore, neither study attempted to resolve regional 

differences in *G  or .  In a more recent study by Elliot et al. [42], the depth-
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dependent shear modulus G(z) was inferred from measurements of the tensile modulus 

Et and Poisson’s ratio  in three 500 µm-thick partial thickness samples using the 

relation 

  2 1 .tE G    (1.3) 

This equation assumes structural isotropy within each section [43].  However, the 

structure of articular cartilage can vary significantly over length scales much smaller 

than 500 µm [4].  Moreover, measurements of the physical properties of partial 

thickness sections of this tissue are often inconsistent with similar measurements 

performed on full-thickness specimens [44].  Finally, this methodology does not allow 

for measurements of the depth-dependent viscoelastic properties of cartilage.  

 

1.7   SHEAR TESTING OF MATERIALS 
 

The simple shear configuration depicted in Figure 1.4 is useful for testing the shear 

properties of a material.  A sample of known cross-sectional area A is sandwiched 

between two plates, and a shear force is imparted onto the material by sliding one 

plate over the other in the x1 direction.  The shear stress F/A is then plotted as a 

function of the shear strain  .  
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Figure 1.4 A material tested in a simple shear configuration before (a) and after (b) 
shear. 

 

After shear, a material point P on the tested sample with coordinates  1 2 3, ,x x x  

will displace by  1,0,0u u


 to new coordinates    1 2 3 1 2 2 3, , , ,x x x x x x x      as 

indicated in Figure 1.4b.  The infinitesimal strain tensor defined by the equation [43] 

 1
2
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ij

j i

uu
x x


 

     
 (1.4) 

is then equal to  

 

1
2

1
2

0 0
0 0 .

0 0 0
ij


 

 
   
  

 (1.5) 

For small deformations, it is appropriate to use Cauchy’s three-dimensional 

formulation of Hooke’s law ( F kx  ) to relate this strain to a stress tensor, i.e.  
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where Cij is known as the stiffness tensor and the total strain tensor T is related to ij 

via p  T I σ  (where p is the hydrostatic pressure of the fluid phase).  If we assume 

that the material is transversely isotropic (i.e., its mechanical properties are symmetric 

with respect to rotations about the z axes), then Hooke’s law becomes  

 

11 11 12 13 11

22 12 11 13 22

33 13 13 33 33

23 44 23

31 44 31

12 11 12 12

0 0 0
0 0 0
0 0 0

.
0 0 0 0 0
0 0 0 0 0
0 0 0 0 0

C C C
C C C
C C C

C
C

C C

 
 
 
 
 
 

     
     
     
     

     
     
     
          

 (1.7) 

According to this model, the stress tensor for simple shear can be written as 
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 (1.8) 

Denoting 12  by  (as in Figure 1.4) and the constant  1
11 122 C C  by G, we obtain   

 .G 


  (1.9) 

Thus, for small deformations, application of shear does not induce normal stresses or 

shear stresses in orthogonal directions. 

For larger deformations, constitutive relations (i.e., equations relating stress and 

strain) involve the deformation gradient tensor defined as [45] 

 .ij i jF x x    (1.10) 

In the case of simple shear, we have 

 
1 0
0 1 0 .
0 0 1

ijF
 

   
  

 (1.11) 
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This tensor incorporates both stretching and rotation.  However, since stresses in a 

material originate from change in shape and not from rotation, forming a constitutive 

relationship requires a tensor that is independent of rotation.  To this end, we write   

  F V R  (1.12) 

where V is a stretching transformation and R is a rotation.  Multiplying F by its 

transpose yields 

 .T T T    F F V R R V  (1.13) 

But since the transpose of a rotation is just the inverse rotation, T R R I .  Therefore, 
TF F  involves stretching only.  As such, constitutive equations can be formed using 

the Finger tensor T B F F .  For example, the neo-Hookean model for non-linear 

materials assumes that the total stress tensor can be written as 

 p p G     T I I B  (1.14) 

From Equation 1.11, we then obtain 

 
 21 0

0 .
0 0

ij

p G G

T G p G
p G

 



   
 

   
    

 (1.15) 

Thus, like the Cauchy model, the neo-Hookean model gives the relation 

12G T     , where 12   (Figure 1.4).  However, unlike the Cauchy model, 

shear strain is coupled with normal stress.  In particular, application of  leads to a 

normal stress difference  

 2
11 22 .T T G   (1.16) 

The neo-Hookean model works well for complex materials like rubber up to 

strains of around 1.  However, for the case of an arbitrary nonlinear solid, mechanical 

response is best described by a generalized model that assumes  

 2
0 1 2 ...a a a   T B B  (1.17) 
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In such a material, the constitutive equation may contain terms of order 2 or higher in 

.  Therefore, the shear modulus G at a given strain  is often computed from the local 

slope d d   of the stress-strain curve.   

An important limitation of the simple shear test is its inability to pinpoint 

variations in shear modulus for heterogeneous materials like articular cartilage and 

other biological tissues.  As a result, a need exists for a technique allowing for 

determination of the depth-dependent viscoelastic shear properties of heterogeneous 

soft materials.    

 

1.8   OSCILLATORY RHEOLOGY 
 

The technique of oscillatory rheology allows for measuring the time-dependent 

(viscoelastic) shear properties of a complex liquid or solid.  In practice, a sample is 

sheared sinusoidally according to  

  0 exp i t   . (1.18)   

The rate of strain is then given by 

     0 0 2exp expt i i t i t          . (1.19) 

The strain and the rate of strain are therefore 90° out of phase.  However, by 

definition, the response of a viscoelastic material will depend on both strain and rate of 

strain [45].  Thus, the stress will lag the strain by o o0 90   according to  

   0 exp i t     . (1.20) 

In the limit of small strains, we define the complex modulus as 

  0

0

* expG i  
 

  . (1.21) 

The visoelastic properties of a material can be fully described by |G*|, a measure of its 

overall stiffness, and , a measure of how “fluid-like” like the material is [46].  G′ and 

G′′, the real and imaginary parts of G*, are known as the storage and loss moduli.   
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Oscillatory rheology relies on the assumption that the shear history of a material 

does not affect its current state, i.e. 

        1 expy
top h

du y v y v i t
dt

   . (1.22) 

where the coordinate y corresponds to x2 in Figure 1.4.  This assumption requires that 

the tested material be homogeneous and that inertia be negligible.  Ding et al. solved 

the equations of motion for a viscoelastic material given by  

 v
t y

  
 

 
 (1.23) 

and 

      ,
,

t v y t
y t G t t dt

y





   

  (1.24) 

where  G t  is the relaxation modulus defined from the relation 

    0t G t   (1.25) 

given a step strain    0t H t   [47].  They found that inertia does not significantly 

affect the shear profile of a material when the dimensionless number  

 2 2* 2 *a h G  (1.26) 

is less than 1.  For a material of thickness 3h  mm, density 1 g/cm3 and complex 

shear modulus |G*|= 1 MPa, a* is less than 1 for oscillation frequencies f less than 100 

kHz.    

Figure 1.5 depicts the stress-strain curve for a viscoelastic material.  Due to the 

phase shift between  and , such a material exhibits hysteresis.  Therefore, the stress-

strain curve is elliptical.  This is most easily shown by taking max sin t   , 

 max sin t      and calculating  and  at t=     .  At this instant,  has 

reached a value of 0 and is in the midst of changing direction.  On the other hand, 

   max sin 0t         .  The energy dissipated per cycle per unit volume 

dE V  and |G*| for a viscoelastic material undergoing harmonic oscillations are 

given by the area inside the ellipse and the slope of its major axis, respectively [46].     
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Figure 1.5 Stress-strain curve and associated rheological parameters for a linear, 
viscoelastic material.      

 

The exact frequency-dependent behavior of a viscoelastic material can be modeled 

by springs and dashpots arranged in a particular configuration (Figure 1.6) [48].  

While a strain across the spring generates an instantaneous, linear stress  

 ,spring spring springG   (1.27) 

the stress across a dashpot is proportional to the rate of strain, i.e. 

 .dashpot dashpot dashpotd dt    (1.28) 

In the Kelvin-Voigt model (Figure 1.6b),  

 spring dashpot     (1.29) 

and 

 .spring dashpot     (1.30) 

Solving for  using Equations (1.27) and (1.28) then gives the differential equation 

 spring dashpotG d dt     . (1.31) 

Imposing an oscillatory shear strain  0 exp i t    as in (1.18), we find 

 * .G G i      (1.32) 
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Therefore, we have  
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Figure 1.6 Spring-dashpot models of viscoelastic materials.   

 

According to the Kelvin-Voigt model,  and G′′ increase monotonically with .  

However, in many materials, G′′ plateaus and  goes to zero at high .  This behavior 

is reproduced by the Zener (or standard linear solid) model (Figure 1.6c).  Solving for 

G* in the Zener model, we obtain  
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. (1.34) 

 
The frequency-dependence of |G*| and  are plotted in Figure 1.7.  
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Figure 1.7 Frequency dependence of |G*| and tan in the Zener (standard linear solid) 
viscoelastic model.   

 

To better understand the physical significance of |G*|, , G′, and G′′, imagine 

imparting a fixed amount of shear energy W to a viscoelastic material (say, from a 

falling object) over a quarter cycle.  We have 

 
 top 2

plate
0

,
u t

W Fdu
 

   (1.35) 

 which can be written as  
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or 
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0
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t

W V G d
  

 


  . (1.37) 

In Equations (1.35), (1.36) and (1.37), utop, h, A, ,  are defined as in Figure 1.4, 

while V=Ah is the volume of the tested sample.  Inserting  and  from Equations 

(1.18) and (1.21) yields  

     
 2

0 0
0

exp exp
t

W V G i t iG i t d
  

    


    (1.38) 

which is equivalent to  
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   2 2

1

0 0

t t dW V G d G d
dt

         
 

    . (1.40) 

The second term above is proportional to d dt , which goes to zero when shearing 

ceases.  Therefore, it represents dissipated energy Wd.  On the other hand, the first 

term is proportional to the applied strain and represents stored energy Ws.  

Representing  and  in real space as  
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 (1.41) 

we can solve for Ws and Wd and obtain  
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 (1.42) 

Dividing, we have 

 2 tand sW W   . (1.43) 

According to Equations (1.42) and (1.43), tan is proportional to the ratio of dissipated 

to stored energy in a deformed viscoelastic material.  As a result, it is often referred to 

as the “loss tangent.”  On the other hand, the storage and loss moduli G′ and G′′ are 

each associated with stored and dissipated energy.   

Now, let a mass m impart an oscillatory force onto a viscoelastic material given by  

  0 exp .F F i t  (1.44) 

If this force is suddenly “turned off,” the system’s response can be described by the 

differential equation  
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 The solution to this equation is  

  top top 0 exp 1 tanG Au u t it i
mL


 

   
 

 (1.47) 
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which becomes  

   1
top top 20 exp exp tanG A G Au u t it t

mL mL


    
     

   
 (1.48) 

assuming  is small.  From Equation (1.48), we can solve for 1 en , the number of 

oscillations the material will undergo before the initial amplitude has decayed by a 

factor of 1/e, and obtain   

 1
1 .

tanen
 

  (1.49) 

Hence, tan  is also a measure of how easily vibrations are damped in a material.   

The parameter tan  also affects the ability of a material to reduce the peak impact 

force caused by an incident, falling mass.  If we assume that the external force due to 

this mass disappears once the mass has made contact with the viscoelastic material and 

is oscillating on it, the post-impact vibrating system can be described by Equation 

(1.46) with a solution given by Equation (1.47).  Calculating  

 
2

top
2

d u
F m

dt
  (1.50) 

and setting 0dF dt  , the maximum impact force can be calculated, yielding 

      
1
42 3

max 0 2 2 2
' 1 tan exp tanmG AF V

h
         (1.51) 

 for tan 1.73  , where V0 is the initial velocity of the mass prior to impact.  

Assuming a fixed stiffness G′, the peak force is therefore a non-monotonic function of 

tan that is minimized at tan=0.4 [49].  This is the optimal loss tangent for impact 

force reduction.  However, note that Fmax is also decreased via reduction of G′.   

Materials that reduce peak impact forces are often referred to in scientific literature 

as “shock absorbers.”  However, this term is also commonly used to describe materials 

that dampen damaging mechanical vibrations resulting from impulsive loads (e.g., 

automotive shock absorbers) [50].  These two descriptions are related but not 

equivalent.   For example, a compliant (low G′) but perfectly elastic (tan=0) material 
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can significantly reduce the maximum stress imparted by an incident mass despite its 

inability to dampen the resulting vibration (see Equations (1.49) and (1.51)).  

Oscillatory rheology is an ideal technique for testing the protective capabilities of 

articular cartilage.  As described above, the parameters |G*| and tan are easily 

associated with functional properties of soft biological tissues including strain 

localization, vibration damping and impact absorption.  However, to correlate these 

properties with the structural and compositional features of cartilage, it is necessary to 

develop a new technique capable of spatially mapping |G*| and tan with a high 

resolution.  This will allow us to gain insight into which regions of tissue are 

optimized for which particular tasks.   

 

1.9   GUIDE TO THE THESIS 
 

The following chapters depict a set of experiments designed to measure spatial 

variations in the functional properties of articular cartilage and other soft biological 

tissues deformed by shear.  Chapter 2 contains a paper describing the first 

measurements of local variations in the shear modulus of neonatal bovine articular 

cartilage under quasi-static loading [51].  A technique is used that expands on the 

feature-tracking method used by Schinagl et al. to map local variations in compressive 

strain in this tissue.  Chapter 3 is the follow-up paper confirming that adult human 

articular cartilage exhibits a qualitatively similar shear modulus profile [52].  In 

addition, this paper describes Grid Resolution Automated Tissue Elastography 

(GRATE) and Weight-Averaged Noisy Differentiation (WAND), two novel 

techniques that increase resolution and accuracy in shear modulus maps of soft 

biological tissues.  Chapter 4 is a manuscript containing measurements of the energy 

dissipation capacity and other viscoelastic properties of articular cartilage as a function 
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of depth from the articular surface.  The major finding of this paper is that articular 

cartilage effectively dissipates shear energy only near the surface, suggesting that 

damage to this region can compromise proper tissue function.  In Chapter 5, results 

from experiments on other biological tissues performed using the Tissue Deformation 

Imaging Stage (TDIS) and GRATE are briefly summarized.  Chapter 6 introduces a 

novel technique designed to measure the flow properties of soft biological tissues or 

porous gels and illustrates an example of its application.  Finally, Chapter 7 discusses 

the major results of the thesis and outlines future directions while the appendix 

explains in detail the design and use of the TDIS, the custom device used to perform 

the measurements described in Chapters 2-5.  
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CHAPTER 2 

MAPPING THE DEPTH DEPENDENCE OF SHEAR PROPERTIES IN 

ARTICULAR CARTILAGE 

 

2.1 ABSTRACT  
 

Determining the depth dependence of the shear properties of articular cartilage is 

essential for understanding the structure-function relation in this tissue.  Here, we 

measured spatial variations in the shear modulus G of bovine articular cartilage using 

a novel technique that combines shear testing, confocal imaging and force 

measurement.  We found that G varied by up to two orders of magnitude across a 

single sample, exhibited a global minimum 50-250 m below the articular surface in a 

region just below the superficial zone and was roughly constant at depths greater than 

1000 m (the “plateau region”).  For plateau strains %75.0plateau   and overall 

compressive strains %5 , Gmin and Gplateau were 70  kPa and 650  kPa, 

respectively.  In addition, we found that the shear modulus profile depended strongly 

on the applied shear and axial strains.  The greatest change in G occurred at the global 

minimum where the tissue was highly nonlinear, stiffening under increased shear 

strain and weakening under increased compressive strain.  Our results can be 

explained through a simple thought model describing the observed nonlinear behavior 

in terms of localized buckling of collagen fibers and suggest that compression may 

decrease the vulnerability of articular cartilage to shear-induced damage by lowering 

the effective strain on individual collagen fibrils. 
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2.2 INTRODUCTION 

 

Articular cartilage is a specialized connective tissue that covers bones in 

diathroidal joints and transmits load across them.  Its complex and inhomogeneous 

structure endows it with a specific mechanical response that enables it to remain 

effective for 6-9 decades, or most of a human lifetime.  However, diseases of cartilage 

like osteoarthritis (OA) are common, affecting 46 million people and representing the 

leading cause of disability in the United States [24].  Damage to the structure of 

articular cartilage gives rise to disease by compromising proper functionality.  

Consequently, determining the complicated relationship between structure and 

function in this tissue is critical to understanding the origin of cartilage diseases.  

Articular cartilage is comprised mainly of water, type II collagen, chondrocytes 

and proteoglycans.  These constituents are not distributed uniformly throughout the 

tissue.  For example, collagen fibrils form a porous network with a pore density and 

predominant fibril orientation that vary with depth.  In adult tissue, fibrils in the 

superficial zone tend to align parallel to the articular surface, those in the middle zone 

are randomly oriented and those in the deep zone are thicker and typically align 

perpendicular to the underlying bone [4].  Like its structure and composition, many of 

the mechanical properties of articular cartilage have been shown to exhibit strong 

spatial variations.  The depth dependence of the compressive and tensile properties of 

this tissue was first measured using partial thickness sectioning [37].  This technique 

involves cutting a full thickness specimen of tissue into three or four pieces and testing 

each piece individually.  It has been used, for example, to demonstrate that the strain-

dependent mechanical properties of articular cartilage are manifestations of its strain- 

and depth-dependent properties [53].  To improve spatial resolution, individual 

chondrocyte and local tissue deformations were measured by imaging fluorescently 
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stained cells in cartilage samples before and after compression with a confocal 

microscope [39].  More recently, by using fluorescently stained chondrocyte nuclei 

imaged by video microscopy as markers to track tissue deformation, fine variations in 

the axial strain of full thickness samples of articular cartilage were measured [38].  In 

addition to adult tissue, this method was also applied to fetal and newborn bovine 

articular cartilage [40].  These studies revealed that the compressive stiffness of 

articular cartilage at all stages of growth increases with depth.   

On the other hand, few attempts have been made at determining spatial variations 

in the shear properties of articular cartilage.  Bulk measurements of the complex shear 

modulus G* of articular cartilage were performed for the case of simple shear [41] and 

torsional shear [54].  But these studies did not determine the dependence of G* on 

depth d from the articular surface.  In another study [42], the depth-dependent shear 

modulus G(d) was inferred from measurements of the tensile modulus and Poisson’s 

ratio in three 500 µm-thick partial thickness samples using the assumption of 

structural isotropy within each section.  However, the structure of articular cartilage 

can vary over length scales much smaller than 500 µm.  Furthermore, measurements 

of the physical properties of partial thickness sections of this tissue are often 

inconsistent with similar measurements performed on full-thickness specimens [44].  

As a result, a more complete understanding of the relationship between structure and 

function in articular cartilage requires a more detailed measurement of the depth-

dependent shear modulus.   

To address this need, in this paper we determine the dependence of the zero-

frequency (i.e., equilibrium) shear modulus G on depth d from the articular surface 

with a high spatial resolution using a novel method that builds on previously 

demonstrated fluorescence tracking techniques [38, 55].  We then test how the shear 

modulus profile G(d) depends on the applied axial strain and shear strain. We find that 
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our results can be explained by a simple thought model that takes into account known 

variations in collagen fibril alignment within articular cartilage. 

 

2.3 METHODS 

 

2.3.1 Sample Preparation 

 

Seven full thickness, 6 mm diameter explants were harvested sterilely from the 

patellofemoral groove of six 1-3 day old calves (Gold Medal Packing, Oriskany, NY).  

The harvesting procedure produces cylinders with an undamaged articular surface.  

After dissection, samples were soaked in phosphate-buffered saline (PBS) 

supplemented with 100 U/mL penicillin and 100 g/mL streptomycin for 30 minutes.  

Each cylinder was then cut along its long axis into two hemi-cylinders, and a small 

section (1-3 mm) of the deep region of each hemi-cylinder was removed with a razor 

blade to flatten the facet opposing the articular surface.  After cutting, the average 

sample thickness was 3.7 mm.  Stored samples were placed into Dulbecco’s Modified 

Eagle’s Medium (Invitrogen, Carlsbad, CA) supplemented with 10% fetal bovine 

serum (Invitrogen) at 37˚ C in 5% C02 atmosphere for a maximum of 24 hours.  One 

hour before mechanical testing, explants were removed from culture and placed into a 

10 µg/mL carboxyfluorescein diacetate, succinimidyl ester (Invitrogen) solution for 30 

minutes to fluorescently stain chondrocytes within the tissue.   

 

2.3.2 Mechanical Testing 

 

Cartilage hemi-cylinders were loaded between the two metal plates of a custom 

tissue deformation imaging stage (Figure 2.1) that was mounted on a confocal 
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microscope.  A PBS bath ensured that the samples remained hydrated.  After adhesion 

of the sample to the shearing plates and adjustment of the axial strain (Section 2.7), 

shear deformation was induced by displacing the moveable plate in a direction parallel 

to the articular surface using fine-adjustment screws.  Lateral shear displacements 

were imposed incrementally in steps of 40 µm (1-3% of the total tissue thickness), and 

the applied shear force was measured with a load cell (S300, Strain Measurement 

Devices, Meriden, CT) mounted onto the stationary plate.  Samples were imaged and 

forces were recorded after the sample relaxed to its mechanically equilibrated state 

(see Section 2.7).   

 

 
 
Figure 2.1 Schematic of tissue deformation imaging stage.  The device sits on the 
stage plate of an inverted confocal microscope, allowing the visualization of 
fluorescently stained cells as shear is applied.   

 

Imaging and tracking of fluorescently stained cells within the tissue during shear 

(Figure 2.2) allowed for measurement of the strain field within the tissue.  Using a 10x 

lens with NA = 1, the field of view (636 m x 636 m) was always smaller than the 
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thickness of a typical cartilage plug ( 7.3  mm).  Therefore, after each increment of 

shear strain and subsequent force equilibration, multiple snapshots were taken 

throughout the sample and pieced together in order to obtain an image spanning the 

entire tissue.  

 

 
 
Figure 2.2 Confocal micrographs taken at the surface of a sample of articular cartilage 
(A) before and (B) after application of a plateau shear strain of 2.4%.  Both images are 
636 m x 636 m. 

 

2.3.3 Data Analysis 

 

The horizontal displacement field of cells in 317 x 40 µm windows was calculated 

by performing particle image velocimetry analysis [38, 55] on confocal images before 

and after application of shear.  The depth-dependent displacement (Figure 2.3A) was 

determined by assuming homogeneity along the direction parallel to the articular 

surface and averaging over all displacements in windows located at a depth d.  The 

depth-dependent shear strain )(d  (Figure 2.3B) was then extracted from )(dx  by 
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computing the local slope via a five-point linear least-squares fit.  Subsequently, the 

chord shear modulus profile (Figure 3C) was calculated according to the equation  

 ( ) ,
( )

G d
d



  (2.1) 

where   is the total applied stress required to deform the tissue from zero strain to  

)(d .  For each sample at a given lateral shear displacement, the parameters max ,  

plateau ,  Gmin and Gplateau are defined, respectively, as the maximum shear strain over 

the sample, the mean shear strain in the plateau region, the minimum shear modulus 

over the sample and the mean shear modulus in the plateau region.  The “plateau 

region” is defined as the deep (d > 1000 m) area of tissue over which the structure 

and mechanical properties are homogeneous.  Since )(d  is hypothesized to be 

inhomogeneous and may be highly localized, total  (i.e., the displacement of the 

shearing plate divided by the sample thickness) does not allow for proper comparison 

between samples of different thicknesses.  Therefore, we report our data as a function 

of plateau .   
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Figure 2.3 Depth dependent (A) displacement, (B) shear strain and (C) chord shear 
modulus for a typical sample of articular cartilage subject to a compressive strain of 
2.5% and a plateau shear strain of 2.3%.   

 

In addition to the chord shear modulus, we define the incremental (or tangential) 

shear modulus  dGi  to be the incremental shear stress   divided by the incremental 

shear strain  d  imposed on the sample so that 

    
.iG d

d








 (2.2) 

For a given initial and final condition,   is measured as initialfinal    and  d  as 

the local slope of the function    dxdxdx initialfinal  )( .  The incremental shear 

modulus is particularly useful for identifying stress-strain relations in nonlinear 

materials.   

In materials with complex structures, not only is the shear strain often a nonlinear 

function of the shear stress, but the shear strain can also depend on the applied axial 

strain.  In cartilage, such a dependence is logical, given that axial stress is known to 
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modify the depth-dependent collagen architecture [56, 57].  In fact, previous studies 

have demonstrated that the torsional shear stiffness of articular cartilage is sensitive to 

the applied axial strain [54].  However, the connection between axial and shear strain 

has not been characterized.  As such, we propose here an analytical scheme to describe 

the coupling of axial and shear strain.  Based on the above discussion, it follows that 

the strain field, in addition to being depth dependent, will vary with τ and ε such that 

   ,
( , , ) ( , , )plateau

G d
d d
 

     
   (2.3) 

where the second equality results from the assumption that the shear stress  scales 

with the plateau shear strain plateau .  Incorporating plateau  and   into a single 

parameter effective  then gives  

   .
( , )effective

G d
d


 
  (2.4) 

The simplest possible model for ),(  plateaueffective  is one with a linear dependence on 

 , i.e. 

 1effective plateau C     (2.5) 

In this context, effective  can be interpreted as the shear strain in the plateau region at 

zero compression.  The method used for determining 1C  is elaborated on in the results 

section.    

 

2.3.4 Statistical Analysis 

 

Comparison between Gmin and Gplateau was performed using a two-tailed paired t-

test.  Gmin/Gplateau for similarly tested samples was related to plateau  and   using a 

repeated measures analysis of variance (ANOVA) with a Tukey test for post hoc 

comparison.  The dependence of Gmin/Gplateau on plateau  and effective  for all tested 
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samples was analyzed by a one-way ANOVA with a Tukey post hoc test.  Differences 

were considered significant for p < 0.05.    

 

2.4 RESULTS 

 

The slope of the displacement map for a typical sample of articular cartilage under 

a compressive strain of 2.5% and a plateau shear strain of 2.3% (Figure 2.3A) was 

constant over a significant range of depths (d > 500 µm), indicative of constant shear 

strain.  However, near the surface, the slope varied significantly.  Similarly, the shear 

strain (Figure 2.3B) and shear modulus (Figure 2.3C) profiles exhibited significant 

spatial variations.  In particular, the shear modulus exhibited a global minimum (Gmin) 

at a depth of around 125 µm and a region of constant G at d > 500 µm (Gplateau).  We 

observed the same qualitative behavior as a function of depth in all studied samples.  

For example, the average shear modulus profile for four samples tested at 2.5% ≤ 

γplateau ≤ 3.8% and 3% ≤ ε ≤ 5% dropped to its minimum value at d = 125 µm and 

flattened out at d > 500 µm (Figure 2.4).  Similarly, four samples tested at 0.6% ≤ 

γplateau ≤ 0.9% and 5% ≤ ε ≤ 6% had distinct minima in their shear modulus profiles 

with Gmin roughly one-tenth of Gplateau (68 ± 8.6 kPa vs. 650  ± 140 kPa, p = 0.023) 

(Figure 2.5).   
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Figure 2.4 Shear modulus profile for n = 4 samples tested at 2.5% ≤ plateau ≤ 3.8% 
and 3% ≤ ε ≤ 5%.  Data are represented as mean ± SD. 

 

Near the articular surface, all tested samples exhibited highly nonlinear tissue 

properties.  In particular, in four samples of articular cartilage subject to compressive 

strains 5% ≤ ε ≤ 6%, the relative stiffness of the weakest region with respect to the 

plateau region (Gmin/Gplateau) increased substantially with γplateau (Figure 2.6A).  

Furthermore, increasing ε from 2.0%-2.5% to 6.0-7.5 % in four samples sheared to 

2.0% ≤ γplateau ≤ 3.1% decreased Gmin/Gplateau significantly (Figure 2.6B).  To further 

elucidate this nonlinear behavior, we have plotted shear modulus profiles for a 

representative sample loaded under different shear and compressive strains (Figure 

2.7).  Gi(d) in the transitional region between the superficial and middle zones (100 > 

d > 300 µm) increased significantly with each of three consecutive applied shear 

strains of  %8.0 plateau  (Figure 2.7A).  This strain stiffening was most dramatic at 

a depth d = 212 m, where Gi increased by about an order of magnitude, and least 

dramatic in the plateau region.  On the other hand, increasing the axial strain from 5% 

to 17% decreased the incremental shear modulus near the surface of the tissue to such 

an extent that the minimum shear modulus (0.02 MPa) was almost two orders of 
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magnitude smaller than the stiffest portion of the deepest region of tissue (1 MPa) 

under an applied strain of %8.0 plateau  (Figure 2.7B).  This decrease was most 

pronounced at depths between 100 µm and 300 µm.  Moreover, the characteristic dip 

in shear modulus just below the superficial zone narrowed significantly under 17% 

compression.   

 

 
Figure 2.5 Gmin and Gbulk for n = 4 samples tested at 0.6% ≤ plateau ≤ 0.9% and 5% ≤ ε 
≤ 6%. Data are represented as mean ± SEM, *p < 0.05. 

 

In order to account for the coupling between shear and axial strains, Gmin/Gplateau 

was compared to plateau  for a representative sample subject to axial strains of 2.5% 

and 7.5% (Figure 8A).  As a result of the weakening of the transitional region under 

axial compression, Gmin/Gplateau was significantly lower at %5.2 than at %5.7 .  

Moreover, the overlap of Gmin/Gplateau was most significant where the curves appear 

linear.  Therefore, 1C  was calculated by maximizing the r² value of a linear fit through 

Gmin/Gplateau vs. effective  (Equation 2.5).  Plotting Gmin/Gplateau against effective  instead of 

plateau  (Figure 2.8B) collapsed the data onto a single curve, revealing a plateau at 

small values of effective , a stiffening region at intermediate values of effective  and a 

leveling off at large values of effective .  Note that this plot was shifted along the x 



 

 38 

direction to ensure that the minimum value of effective  was zero in order to compensate 

for the possibility of a prestrain induced in the sample while loading it into the device.  

The collapsed data are well-characterized by a sigmoidal curve (r² = 0.995).  

Similarly, while the mean value of Gmin/Gplateau for seven tested samples did not 

depend significantly on plateau  (p = 0.088) (Figure 2.8C), the mean value of 

Gmin/Gplateau  was less scattered (Figure 2.8D) and increased with effective  ( 710p ), 

where 1C  for each sample was calculated as described above.  This result 

demonstrates the utility of using effective  as a parameter allowing for comparison of 

samples compressed to different axial strains.  Moreover, our finding that Gmin/Gplateau 

increased with effective  while C1 was negative with an average value -0.85 ± 0.71 

verifies that the most compliant region of tissue was stiffened by shear strain and 

weakened by axial strain. 

 

 

 

 
 
Figure 2.6 (A) Ratio of minimum shear modulus to plateau shear modulus for n = 4 
samples compressed to 5% ≤  ≤ 6% and subject to low and high plateau shear strains.  
Data is represented as mean ± SEM, *p < 0.05.  (B) Ratio of minimum shear modulus 
to plateau shear modulus for n = 4 samples sheared to 2.0% ≤ plateau ≤ 3.1%  subject to 
low and high compressive strains .  Data is represented as mean ± SEM, *p < 0.05. 
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2.5 DISCUSSION 

 

The results in this study establish that articular cartilage exhibits complex and 

highly inhomogeneous shear properties.  G exhibited a global minimum at the deep 

edge of the superficial zone that was significantly smaller than the shear modulus in 

the plateau region.  In addition, the data presented above demonstrate that the shear 

modulus profile of articular cartilage was highly sensitive to the applied axial strain 

and the plateau shear strain.  In particular, the region of tissue between the superficial 

and middle zones became stiffer under increased shear strain and weaker under 

increased axial strain. 

The technique described in this study, which combines confocal imaging with 

controlled shear testing and force measurement, revealed variations in the functional 

properties of articular cartilage on the scale of 30-50 m, most of which are 

concentrated within the first 500 µm of the surface.  Furthermore, the value for Gplateau 

(650  ± 140 kPa) in samples tested at 0.6% ≤ plateau ≤ 0.9% and 5% ≤ ≤ 6% is 

consistent with the value of roughly 550  kPa from previous measurements of G for 1-

2 week old calf explants sheared at a low frequency (0.01 Hz) [58]. 
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Figure 2.7 (A) Incremental shear modulus Gi vs. depth for a single representative 
sample of articular cartilage under an axial compression of 17% subject to three 
sequential applications of shear strain.  (B) Incremental shear modulus Gi vs. depth for 
the same sample subject to a plateau shear strain of 0.8% and compressed to axial 
strains of 5% and 17%. 

 

The trends and phenomena described herein were verified in seven samples taken 

from six different joints.  However, quantitative variations in the shear modulus 

profile between samples were significant (Figures 2.8C,D).  We surmise that these 

differences are due to animal-animal variation.  In addition, while we did not measure 

split line directions in our experiments, it is possible that Gmin/Gplateau may be sensitive 

to the angle between the split line direction and the direction of shear.    
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Figure 2.8 Ratio of minimum shear modulus to bulk shear modulus vs. (A) bulk shear 
strain and (B) effective shear strain for a single representative sample.  The data in (B) 
are well represented by a sigmoidal curve (r² = 0.995).   (C) Gmin/Gbulk vs. plateau 
shear strain and (D) Gmin/Gplateau vs. effective shear strain.  Data in C & D are 
represented as mean ± SD with n = 7, *p < 0.05 compared to effective = 0.5% and 1.5%, 
† p < 0.05 compared to effective = 2.5% and 3.5%.    

 

According to in situ static loading experiments on intact human patellofemoral 

joints, in vivo strains may reach values as large as 44% [33].  Thus the compressive 

strains studied in these experiments (2-19%) were physiologically relevant.  On the 

other hand, the current literature is unclear as to how large in vivo shear strains are.  

Nevertheless, the data presented herein indicate that even seemingly small 

physiological shear strains may involve much larger local shear strains in the region 

below the superficial zone, and axial strain exacerbates these differences.  Moreover, 

the zero-frequency shear modulus measured in this work isolates the static aspect of 

the shear response and is therefore a useful metric of the tissue stiffness.  
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In previous studies of the shear properties of articular cartilage, the first 300 µm of 

tissue was typically discarded in order to obtain flat samples that fit easily into 

standard shearing devices [41, 54].  However, the current study suggests that the 

surface may be critical in determining the global shear properties of this tissue.  

Furthermore, while partial thickness sectioning studies involving the analysis of 500 

µm fragments revealed the first hint of heterogeneity in the shear properties of 

articular cartilage [42], the present results reveal that the length scale of this 

heterogeneity is in fact much smaller. 

While a detailed quantitative model elucidating how the measured depth-

dependent shear properties of articular cartilage arise from its inhomogeneous 

structure and composition remains a task for the future, we have developed a thought 

model that may help explain our results.  In healthy articular cartilage, there is a 

structural transition between the aligned and densely packed collagen fibrils of the 

superficial zone and the randomly oriented, sparse collagen fibrils of the middle zone.  

Moreover, differential contrast microscopy (DIC) studies demonstrated that collagen 

fibers buckle most significantly in this transitional region, as evidenced by the 

appearance of “chevron” discontinuities just below the superficial zone in indented 

samples of articular cartilage [59].  While these experiments were performed on adult 

tissue, and articular cartilage collagen architecture is known to change appreciably 

during development, the existence of a region with randomly oriented collagen fibrils 

just below a superficial zone with tangentially oriented collagen fibrils has also been 

observed in neonatal rabbit articular cartilage specimens [60].  We therefore 

hypothesize that the effect of small shear strains is to bend buckled collagen fibrils in 

the transitional region into alignment.  Since collagen is much easier to bend than to 

stretch, this region is initially the weakest area of tissue under shear.  However, once 

the collagen fibrils in the transitional region become aligned and taught, this region 
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stiffens (Figure 2.9).  This model explains the local strain stiffening observed at depths 

of around 150 µm.  It is also consistent with localized linear stiffening in Gmin/Gplateau 

at indermediate values of γplateau (Figure 2.8B,D).  We propose that the second plateau 

corresponds to a regime in which all collagen fibers are fully stretched.  Furthermore, 

additional compression should enhance the buckling of collagen fibrils, resulting in 

the observed decrease in shear modulus with increased axial strain and making 

plausible the coupling between shear and axial strain described in Equation 2.5.  This 

idea is consistent with recent theoretical investigations demonstrating that indentation 

or compression can alter the depth-dependent structure of the collagen network in 

articular cartilage and significantly reduce the strain in individual collagen fibrils 

oriented perpendicular to the loading direction [56, 57].   

  

 
 
Figure 2.9 Schematic representation of collagen fibrils (solid black lines) under (A) 
no load, (B) compression, (C) compression and early-stage shear and (D) compression 
and late-stage shear.   

 

The detailed, depth-dependent shear modulus profile of healthy articular cartilage 

suggests certain potential functional benefits.  For example, the compliant region just 

below the superficial zone may act as an internal slip or energy dissipation 

mechanism, helping to maintain cartilage integrity over years of wear.  Furthermore, 

by allowing tilt between opposing cartilage layers, this region may enhance the ability 
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of the tissue to generate conformal joint surfaces and thereby enhance lubrication.  If, 

as these theories suggest, the compliance of the transitional region is associated with 

the durability of articular cartilage, our finding that compressive strain decreases G 

just below the superficial zone implies that axial compression should improve 

resistance to wear.  This conclusion is supported by previous work demonstrating that 

compressive strain decreases the susceptibility of articular cartilage to crack formation 

in the articular surface [61].  However, it is also possible that the compliant region 

may simply arise from a morphological or mechanical constraint during development.  

Future studies aimed at explaining differences in performance and durability between 

cartilage from different joints (e.g., the ankle and patellofemoral groove) by 

comparing their depth-dependent shear moduli may help to determine if there is a 

functional advantage of this weak region near the surface. 

Since structural degradation and fibrillation due to osteoarthritis are known to be 

highly localized phenomena [25, 62-66] and have been shown to begin in the 

superficial zone [25, 63, 64, 66], our high-resolution method should also help 

elucidate how osteoarthritis progresses.  In particular, it may be possible to track the 

progression of this disease by studying the shear properties of tissue in various stages 

of osteoarthritis and answer the fundamental question of how alterations to the 

structure of articular cartilage and its shear modulus profile precipitate disease.  

Similarly, it would be insightful to study the effects of injury on G(d), as recent work 

has shown that mechanical failure is most likely to occur in the superficial zone [67], 

perhaps as a result of the weakness of this region to shear demonstrated in this study.  

Furthermore, this technique may be used as a diagnostic tool for engineered cartilage 

and may even be extended to reveal interesting, unknown inhomogeneities in the shear 

properties of other types of tissue. 
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2.7 SUPPLEMENTARY SECTION 

 

2.7.1 Sample Gluing 

 

To enable adhesion of the sample to the shearing plates, the semi-circular caps of 

the explants were glued to these plates with Dermabond (Ethicon, Somerville, NJ) 

adhesive.  Full contact between the articular surface and the movable plate was 

impossible due to the natural curvature of the tissue.  However, this difficulty was 

overcome by ensuring that the gap between these surfaces was completely filled with 

hardened adhesive.  Confocal microscope (LSM 5 Live, Carl Zeiss, Inc., Jena, 

Germany) images of samples adhered with Dermabond mixed with rhodamine 

fluorescent dye revealed that the glue did not penetrate more than 10 µm into the 

tissue.  Furthermore, experiments performed by axially compressing (ε = 5%) samples 

of articular cartilage between plates made of sintered steel with 10 µm pores (Small 

Parts, Inc., Miramar, FL) demonstrated qualitatively identical shear modulus profiles 

(Figure 2.10) to those obtained at larger plateau shear strains 2.5% ≤ γplateau ≤ 3.8% 

using glue as an adhesive (Figure 2.4), verifying that the results presented in this study 

were not artifacts of the method of adhesion.   
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Figure 2.10 Shear modulus profile for n = 4 samples tested at plateau  = 0.2% and ε = 
5%.  Data are represented as mean ± SD. 

 

Due to the difficulty of preventing slip, only very small plateau shear strains were 

reached in the porous platen experiments ( plateau  = 0.2%).  Thus, while the minimum 

shear modulus for the gripped samples was significantly lower than that of the glued 

samples, this discrepancy is reasonable given the localized strain stiffening behavior 

described in the manuscript and the inherent differences between glued samples 

(which retain their natural curvature at the surface) and samples flattened against a 

porous surface. 

 

2.7.2 Adjustment of Axial Strain 

 

While gluing each sample to the shearing plates, care was taken to ensure that 

axial strain was not applied.  The thickness of the tissue in the zero-compression state 

was measured as the distance between the stationary plate attached to the deepest 
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region of tissue and the nearest point on the curved glue-tissue interface at the 

moveable plate.  The applied axial strain was then controlled by adjusting the 

stationary plate in a direction perpendicular to the articular surface using a translation 

stage.  Total compressive strains ε ranging from 2-19% were studied, and each sample 

was tested at two or more compressive strains.  Whenever the axial strain was altered, 

samples were allowed to relax for at least one hour to allow fluid to flow out of the 

tissue.  It should be noted that due to the natural curvature of the samples, sample 

loading and application of axial strain may also have induced a shear strain prior to 

controlled shear deformation.   

 

2.7.3 Force Measurement 

 

After each displacement, the measured shear force increased dramatically and then 

decayed in an exponential fashion with a time constant of approximately 65 seconds 

(Figure 2.11).  Therefore, force data was taken 10 minutes (> 9 time constants) 

subsequent to shear deformation, enabling measurement of the zero-frequency 

response of the tissue. 
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Figure 2.11 Force response of an articular cartilage sample to a bulk shear strain of 
0.8% applied at t = 200 s.  The time constant of an exponential fit is 65 seconds.    

 

2.7.4 Confocal Imaging 

 

The microscope’s confocal imaging capabilities allowed for imaging at vertical 

distances of up to 80 µm into the tissue.  Interestingly, tests confirmed that cell 

displacements and the resulting strain profiles were in fact independent of imaging 

distance, suggesting that the experiments described in this study may also be 

performed using a standard fluorescence microscope.  However, it should be noted 

that images taken with the confocal microscope were clearer and easier to analyze than 

those taken with a fluorescence microscope.  
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CHAPTER 3 

HIGH-RESOLUTION SPATIAL MAPPING OF SHEAR PROPERTIES IN 

CARTILAGE 

 

3.1 ABSTRACT 
 

Structural properties of articular cartilage such as proteoglycan content, collagen 

content and collagen alignment are known to vary over length scales as small as a few 

microns [3, 4].  Characterizing the resulting variation in mechanical properties is 

critical for understanding how the inhomogeneous architecture of this tissue gives rise 

to its function.  Previous studies have measured the depth-dependent shear modulus of 

articular cartilage using methods such as particle image velocimetry (PIV) that rely on 

cells and cell nuclei as fiducial markers to track tissue deformation [51, 68].  However, 

such techniques are limited by the density of trackable markers, which may be too low 

to take full advantage of optical microscopy.  This limitation leads to noise in the 

acquired data which is often exacerbated when the data is manipulated.  In this study, 

we report on two techniques for increasing the accuracy of tissue deformation 

measurements.  In the first technique, deformations were tracked in a grid that was 

photobleached onto each tissue sample [69].  In the second, a numerical technique was 

implemented that allowed for accurate differentiation of optical displacement 

measurements by minimizing the propagated experimental error while ensuring that 

truncation error associated with local averaging of the data remained small.  To test 

their efficacy, we employed these techniques to compare the depth dependent shear 

moduli of neonatal bovine and adult human articular cartilage.  Using a photobleached 

grid and numerical optimization to gather and analyze data led to results consistent 

with those reported previously [51, 68] but with increased spatial resolution and 



 

50 

characteristic coefficients of variation that were reduced by up to a factor of 3.  This 

increased resolution allowed us to determine that the shear modulus of neonatal 

bovine and adult human tissue both exhibit a global minimum at a depth z of around 

100 µm and plateau at large depths.  The consistency of the depth dependence of 

* ( )G z for adult human and neonatal bovine tissue suggests a functional advantage 

resulting from this behavior.    

 

3.2 INTRODUCTION 
 

Measuring the depth-dependent mechanical properties of articular cartilage with a 

high spatial resolution can help elucidate the functional benefits resulting from the 

tissue’s complex structure. As such, recent studies have investigated the depth-

dependent compressive and shear properties of this tissue [38, 39, 51, 68, 70-72] using 

particle image velocimetry (PIV) and other feature-tracking algorithms.  

Unfortunately, the spatial resolution in these techniques is limited by the density of 

trackable markers (i.e., cells or cell nuclei).  For example, in adult human articular 

cartilage, where cells are particularly sparse, the depth-dependent shear modulus G(z) 

has been reported to an accuracy of ~350 m [68, 72].  However, near the surface, 

structural properties can vary over much smaller length scales [3].            

Here, we describe two techniques for improving measurement resolution in G(z).  

To increase the spatial accuracy of local displacement measurements, we used grid-

resolution automated tissue elastography (GRATE).  This technique builds on 

pioneering efforts for measuring deformation in intervertebral disk under flexion [69] 

and entails tracking the displacement of gridlines photobleached onto the sample.  

Since the gridlines are continuous, measurement resolution is limited by diffraction 

rather than the density of trackable markers.  To reduce noise inherent in processing 
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the extracted displacement data, we employ weight-averaged noisy differentiation 

(WAND).  This numerical technique addresses amplification of noise associated with 

differentiation of discrete experimental data and draws from previously described 

methods [73-76]. 

We applied these procedures to neonatal bovine and adult human articular 

cartilage tested in a tissue deformation imaging stage (TDIS) [51, 77].  We found that 

these techniques substantially improve the resolution and accuracy of the measured 

shear modulus profiles.  

 

3.3 METHODS 

 

3.3.1 Sample Preparation: Adult Human Tissue 

 

Three 6 mm diameter cylindrical explants of thickness 2-3 mm were harvested 

from frozen adult human tibial plateus (Musculoskeletal Transplant Foundation).  

After dissection, samples were bisected into hemi-cylinders and placed into PBS until 

thawed.  Prior to mechanical testing, hemi-cylinders were placed into PBS with 7 

µg/mL 5-dichlorotriazinylaminofluorescein (5-DTAF) for 2 hours [69, 77].   5-DTAF 

modifies amines in proteins and fully stains the extracellular matrix.  Shear modulus 

profiles obtained using carboxyfluorescein diacetate, succinimidyl ester (CFDA-SE), a 

cellular stain, were consistent with those obtained using 5-DTAF, verifying that matrix 

proteins are not mechanically altered by this stain (data not shown). 
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3.3.2 Sample Preparation: Neonatal Bovine Tissue 

 

Three 6 mm diameter cylindrical explants of thickness 3-4 mm were harvested 

from patellofemoral grooves of 1-3 day old calves.  Prior to mechanical testing, 

samples were placed into PBS and 7 µg/mL 5-DTAF for 2 hours.   

 

3.3.3 Mechanical Testing 

 

Cartilage hemi-cylinders were placed between two glass shearing plates of a TDIS.  

Sandblasted protrusions ~10 µm in diameter on the moving plate gripped the surface 

and prevented slip (Section 3.7).  Results were consistent with those obtained using 

smooth glass (data not shown).  The opposing face of the tissue was adhered to the 

stationary plate using cyanoacrylate glue.  For all experiments, the compressive strain 

on the hemi-cylinder was 10%.  After positioning the device onto an inverted Zeiss 

LSM 510 confocal microscope, five lines spaced by 50 µm were photobleached onto 

the hemi-cylinder along the z axis (Figure 3.1A) using a 488 nm laser.  Samples were 

imaged (Figure 3.1B) during sinusoidal shear with frequency f = 100 mHz and a 

shearing plate peak-to-peak displacement amplitude of 32 µm. 
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Figure 3.1 Confocal micrographs of 5-DTAF-stained human articular cartilage with 
vertical photobleached lines (A) before and (B) during application of shear.  The 
photobleached lines are spaced by 50 µm. 

 

3.3.4 Data Analysis: PIV 

 

For PIV, the displacement amplitude at a given depth 0( )u z  was determined using 

software adapted from MatPIV [51, 55] with a window size of 317 x 20 µm2.   

 

3.3.5 Data Analysis: GRATE 

 

For GRATE, custom MATLAB (The Mathworks, Inc., Natick, MA) software was 

used to determine 0( )u z .  For an image taken at time t, this software first plots I(x), the 

average intensity across vertical regions of width w=20 µm centered at a depth z, 

versus horizontal location x (Figure 3.2A).  It then determines mn(z,t), the locations of 

the five local minima of I(x) corresponding to the five photobleached lines indexed by 

n.  To better determine these minima, a parabola is fit to I(x) over 11 pixel-wide 

regions centered at mn(z,t).  The locations Mn(z,t) of the minima of these parabolic fits 

give the photobleached line locations.  The mean photobleached line location u(z,t) is 

the average of Mn(z,t) over all lines.  u(z,t) is then plotted as a function of time, 
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yielding a sinusoidal curve (Figure 3.2B).  Both the displacement amplitude 0( )u z and 

the displacement phase angle δu(z) are obtained by fitting a cosine to u(z,t). 

 

 
 
Figure 3.2. (A) Mean intensity I(x) at depth z for a sheared sample of articular 
cartilage at time t (blue).  Also shown are local parabolic fits near each photobleached 
line location (black) and the calculated photobleached line locations (red stars).  (B) 
Mean photobleached line location u(z,t) at depth z vs. time t for a sheared sample of 
articular cartilage (blue circles) and sinusoidal fit (black solid line). 

 

3.3.6 Data Analysis: Obtaining * ( )G z  from 0( )u z  

 

For a dynamically sheared inhomogeneous material, the shear strain amplitude 

γ0(z) is given by 

 
2 2

0 0 0( cos ) ( sin )u u
d du u
dz dz

            
 (3.1)                                                                                                                                                         

if the stress is assumed to be uniform with z.  This relation reduces to du0/dz in the 

limit where δu(z) = 0. To obtain 0 , differentiation of 0 cos uu   and 0 sin uu   was 

performed numerically using either five-point linear least-squares fitting (5PLSQ) 

(Section 3.7) or WAND (see below).  The complex shear modulus profile is given by: 

 0

0

* ( )
( )

G z
z




  (3.2)                                                                                                                              

where 0  is the measured stress amplitude.   
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3.3.7 Data Analysis: WAND 

 

WAND addresses the amplification of noise associated with differentiation of 

discrete experimental data. To differentiate a function f sampled at depths zi such that 

fj = f(zj), we employ the finite difference derivative operator:  

  D i j
i j

j i i j

f f
z w

z z




  (3.3) 

where the weights wj  satisfy 

 1 and 0.j j
j i

w w


   (3.4) 

D smoothes the measurement error in the differentiated series by using a weighted 

average of the standard finite-difference derivative between zi and data points in its 

neighborhood.  We determine wj using the CVXopt Python package to calculate 

   iarg min  s.t. 100ei i
w

 


 (3.5) 

which minimizes the propagated experimental error i  while ensuring that the 

smoothing (or truncation) error ie  remains 100 times smaller (Section 3.7). 

 

3.4 RESULTS 

 

For representative samples of adult human and neonatal bovine articular cartilage, 

GRATE displacement and shear modulus profiles were consistent with those obtained 

using PIV (Figure 3.3A-B).  However, using GRATE decreased scatter in these 

profiles.  WAND further smoothed shear strain and shear modulus profiles in both 

PIV and GRATE data, particularly the former.   
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Figure 3.3 Depth dependence of peak-to-peak displacement amplitudes and complex 
shear moduli for single representative samples of (A) neonatal bovine and (B) adult 
human articular cartilage subject to shear at 100 mHz and analyzed using 5PLSQ and 
WAND. 

 

In both neonatal bovine (n=3) and adult human (n=3) articular cartilage, the 

standard deviation of the local shear modulus was substantially lower when WAND 

was used instead of 5PLSQ and when GRATE was used instead of PIV (Figure 3.4A-

B).  We define cV as the ratio of the mean standard deviation of * ( )G z  to the mean 

value of * ( )G z over the range 0<z<1000 µm.  In neonatal bovine tissue, cV was 

nearly 0.5 for data analyzed with PIV and 5PLSQ.  However, cV was 0.26 when PIV 

and WAND was employed, 0.14 when GRATE and 5PLSQ were used and 0.15 when 

GRATE and WAND were used.  Similarly, in adult human tissue, cV was reduced 

from 0.70 to 0.58 when implementing WAND instead of 5PLSQ on images analyzed 

with PIV.  cV was lowest (0.36) when both GRATE and WAND were used.      
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Figure 3.4 Depth dependence of complex shear moduli for n=3 samples of (A) 
neonatal bovine and (B) adult human articular cartilage subject to shear at 100 mHz 
and analyzed using PIV and GRATE.   

 

The shear modulus of adult human cartilage * ( )G z depended strongly on z 

(Figure 3.3).  In particular, the shear stiffness displayed a global minimum of 0.4 MPa 

at a depth z~100 µm.  The shear modulus profile for neonatal bovine articular cartilage 

exhibited similar features. 

 

3.5 DISCUSSION 

 

In this study, we combined GRATE and WAND to measure the spatially-

dependent shear stiffness of articular cartilage with a spatial resolution of less than 20 

µm.  Given the same set of images, GRATE yields displacement profiles with reduced 

scatter and higher spatial resolution than PIV, leading to more accurate shear modulus 

profiles.  In addition, we demonstrated that strain profiles obtained using PIV can be 

smoothed using WAND, yielding shear modulus profiles with substantially reduced 

scatter and a resolution that approaches the separation between markers.  These 
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techniques should also be applicable for mapping shear modulus profiles in other soft 

biological tissues with small-scale inhomogeneities. 

By performing GRATE and WAND on samples of adult human articular cartilage, 

we found that * ( )G z exhibits a global minimum at a depth z~100 µm.  A similar 

qualitative behavior was observed in bovine neonatal tissue.  The fact that the general 

shape of the shear modulus profile is maintained across different species implies that 

such a depth-dependent mechanical response is phylogenetically conserved and 

therefore may have an important as yet undiscovered functional benefit.    
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3.7 SUPPLEMENTARY SECTION 

 

3.7.1 Comparison of Boundary Condition to Previous Studies 

 

Previous studies have tested the shear properties of two samples of articular 

cartilage articulating against one another with slip [68, 72].  Such experiments have 

the advantage of a more physiological boundary condition with a low coefficient of 

friction.  On the other hand, by preventing slip and moving the shearing plate 

sinusoidally, our experimental setup has the advantage of allowing for measurement of 

the complex shear modulus profile * ( )G z  and displacement phase angle profile δu(z) 

of articular cartilage.  For other techniques where slip occurs between the shearing 
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plate and the sample, it is impossible to determine the shear stress.  Furthermore, in 

general, the sample will not displace sinusoidally, making determination of 

* ( )G z and δu(z) impossible.  

 

3.7.2 Five-Point Linear Least-Squares Fitting 

 

In five-point linear least-squares fitting (5PLSQ), the derivative dF/dz of a 

function F at a point z is calculated as the slope of a best-fit line through five adjacent 

points on a curve of F vs. z centered at z.  At the location z near the surface of the 

sample that has only one neighboring data point on the side of decreasing z, dF/dz is 

calculated as the slope of a best-fit line through location z and its two adjacent 

neighbors.  Similarly, at the location z closest to the surface of the sample, dF/dz is 

calculated as the slope of the line passing through location z and its adjacent neighbor 

on the side of increasing z.  

 

3.7.3 Weight-Averaged Noisy Differentiation (WAND) 

 

In WAND, we assume that the measurements for 0 cos uu   and  0 sin uu   have 

uncorrelated errors.  Therefore, measurement uncertainty can be modeled as the 

addition of a zero-mean Gaussian random variable, iF , to the true value of the 

function ( )f z  (i.e., 0 cos uu   or 0 sin uu  ), 

 ( ) .i i if f z F   (3.6) 

In the above equation, if  is the result of measuring ( )f z  at a depth iz z . 

 There are two sources of error in the differentiation of if : the measurement 

uncertainty in the data itself and the procedure employed in approximating the 

derivative [73].  We refer to these two sources of error as random error and truncation 
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error, respectively.  Straightforward application of finite-differencing methods to the 

differentiation of noisy data results in minimal truncation error, but maximal 

amplification of the measurement noise.  Therefore, a smoothing procedure is 

employed to reduce this effect.  We introduce a weighted finite difference derivative 

operator 

  D i j
i j

j i i j

f f
z w

z z




  (3.7) 

where the weights jw  satisfy 

 1 and 0.j j
j i

w w


   (3.8) 

The truncation error associated with this operator is given by the difference between 

the true derivative  if z  and the value of the operator.  This error can be expressed 

in terms of the second derivative  *f z  of the original function at a particular depth 
*z  that is usually unknown,  

       *D .
2

i j
i i i j

i j

f f
e f z f z f z w




      (3.9) 

Typically, this error is bounded by choosing a value for  *f z  that corresponds to 

the largest expected curvature in the original data ( )f z .  Often, conventional 

differentiation methods can be used to estimate a bound on the value of  *f z .  The 

random error variance 2
i  of a series differentiated using Equation (3.7) is  

 
2 2

2 .j j j
i i

j i j ii j i j

w w
z z z z


 

 

   
           
   (3.10) 

For a particular set of differentiation weights, Equations (3.9) and (3.10) can be used 

to determine both the random i  and truncation ie  errors associated with using D. 

 Finding the differentiation operator D amounts to determining the weights jw  

in Equation 4.  Ideally, this operator would minimize both the random error (Equation 

(3.10)) and the truncation error (Equation (3.9)).  However, the more the function is 

smoothed to reduce i , the larger ie  becomes.  Thus, these two equations cannot be 
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simultaneously minimized [73] and a choice must be made on how large the truncation 

error is allowed to grow.  Since i  is associated with the experimental measurement 

while ie  is an inherent property of ( )f z , it is natural to require that i ie  .  We 

therefore find the weights that minimize i  such that ie  remains smaller than the 

random error by some chosen factor g.  In other words, we take as inputs the raw 

data ( )if z , the estimate on the bound for  *f z  and the factor g to perform the 

convex minimization 

   iarg min  s.t. ei i
w

g  


 (3.11) 

using standard quadratic programming packages (e.g. MATLAB or the CVXopt 

Python package).  The resulting values for jw  define the optimal derivative at the 

point iz  while ensuring that ie  is a factor g smaller than i .  Typically, we choose g 

=100 so that 100 i ie  .   



 

62 

CHAPTER 4 

LOCALIZATION OF ENERGY DISSIPATION IN ARTICULAR CARTILAGE 

 

4.1 INTRODUCTION, RESULTS AND CONCLUSION 
 

The surface of every long bone is covered by a protective layer of articular 

cartilage that varies in both structure and composition from the articular surface down 

to the bone.  Although its function as a distributor of load [8] and lubricating surface 

[11, 12] is well characterized, whether this tissue also acts as a shock absorber remains 

highly controversial.  In particular, while the low stiffness of articular cartilage 

relative to bone suggests a shock absorbing function, its ability to absorb energy under 

rapid compression has been found to be insignificant compared to the underlying bone 

[17, 19].  On the other hand, the energy absorbing capacity of this tissue under shear 

has received little attention despite the fact that shear forces in articular cartilage 

correlate with tissue damage and disease [27, 28] and can exceed an individual’s body 

weight over an area as small as 5 cm2 [23].  Here, we use confocal strain mapping to 

measure the depth-dependent profile of shear energy absorption in cartilage.   Our 

measurements show that at physiological strains and frequencies, approximately 50 

times more shear energy is dissipated in cartilage than in the underlying bone.  

Moreover, nearly half of this energy is absorbed in a thin section of tissue just below 

the surface.  We find that energy absorption in this region is enhanced at high 

compressive strains but diminished under high shear strains, giving insight into how 

mechanical trauma leads to damage in cartilage.  In addition, using an analytical 

model, we demonstrate that damage to this maximal energy absorbing region (MEAR) 

of articular cartilage substantially compromises the tissue’s ability to dissipate shear 

energy.  These findings help explain how damage to the surface of articular cartilage 



 

63 

precipitates degeneration elsewhere in the tissue and, ultimately, the onset of 

osteoarthritis.      

Articular cartilage is comprised of a fluid-saturated network of crosslinked 

collagen fibers interspersed with cells and highly charged proteoglycan molecules.  

Both the structure and composition of this network are known to vary with depth z 

from the articular surface [3, 4, 78, 79], giving the tissue heterogeneous mechanical 

properties [38, 39, 71] that are essential for proper function.  For example, collagen 

fibril alignment is parallel to the surface in the superficial zone (z<100 m), random in 

the intermediate zone (100 m<z<500 m) and, for mature tissue, perpendicular to the 

bone-cartilage interface in the deep zone (z >500 m).  Like collagen orientation, 

collagen content, proteoglycan concentration and cell shape also depend strongly on 

depth.  As a result of its location-specific architecture, articular cartilage is known to 

have a depth dependent stiffness [38, 51, 68] and permeability [80].  Here, using 

recently developed strain mapping techniques [13], we relate the depth-dependent 

structural features of cartilage to its local energy dissipation capacity.  

To perform the energy absorption measurements, we tested fluorescently stained, 

hemi-cylindrical samples of articular cartilage in a tissue deformation imaging stage 

(TDIS) as shown in Figure 4.1.  We applied an oscillatory shear strain by sinusoidally 

displacing the moving plate parallel to the articular surface while measuring the force 

on the stationary plate.  We determined the strain field in the tissue as a function of 

depth z by using a fast confocal microscope to image lines photobleached onto the flat 

surface of the sheared sample and track their local slope [52].  These measurements 

were performed over a physiologically relevant range of frequencies f, compressive 

strains c and shear strain offsets i (Figure 4.1b).  In addition, unstained samples were 

imaged before and after shear using confocal reflectance to relate our findings to 

structural changes induced by deformation.   
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Figure 4.1 (a) Schematic diagram of the tissue deformation imaging stage (TDIS).  
The sample is sheared between the stationary and moveable plates while it is imaged 
from below with an inverted confocal microscope.   (b) Outline of the experimental 
design.  The circles represent points in the phase space of frequency, shear strain 
offset and axial strain at which experiments were performed.  

 

We find that the shape of the stress-strain curve of articular cartilage under shear 

varies dramatically with depth.  Far from the articular surface (z=2275 m), it is 

nearly linear, indicative of an elastic response (Figure 4.2a).  However, near the 

surface (z=192 m), it is elliptical, indicating that energy is dissipated during each 

oscillation cycle [46].  In particular, dE V , the energy dissipated per unit volume, is 

given by the area inside the ellipse (Figure 4.2b).  We plot ( ) tot
d dE z E , the local 

fraction of shear energy dissipated per cycle, in Figure 4.3a.  At all frequencies, 

( ) tot
d dE z E  is largest just below the surface.   In addition, proportionately more 

energy is dissipated in this maximal energy absorbing region (MEAR) of articular 

cartilage as the frequency approaches physiological levels (f=1000 mHz).  These data 

indicate that nearly half of the imparted shear energy is absorbed by the dissipative 

region at z<500 m and that the MEAR may be important for protecting the rest of the 

tissue from damage. 
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The local shear energy dissipated per cycle per unit volume in any material is 

related to its local properties by 

 2 1
0( ) | * ( ) | sin ( )dE z V G z z    (4.1) 

where 0  is the stress amplitude, |G*(z)| is the local dynamic shear modulus and (z) 

is the local phase angle between the stress and strain.  |G*| is a measure of the overall 

stiffness of a material, while is related to the ratio of viscous and elastic stresses.  

For elliptical stress-strain curves, |G*| corresponds to the slope of the ellipse’s major 

axis and max sin    is the positive x-intercept of the ellipse (Figure 4.2b).  To 

determine the origin of shear energy dissipation, we plot |G*(z)| and (z) in Figure 

4.3b-c.  At all tested frequencies, |G*(z)| exhibits a global minimum near the surface.  

Conversely, (z) peaks just below the surface, a trend that is more pronounced at high 

frequencies.  According to Equation 4.1, articular cartilage is particularly effective at 

absorbing shear energy near the surface because this region of tissue is both compliant 

(low |G*|) and lossy (high ).   
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Figure 4.2 (a) Shear stress  versus shear strain  at depths z=192 m and z=2275 m 
in a sample sheared at 1 Hz.  Equilibrium values of  and  are set to zero.  (b) From 
stress strain curves such as those shown in (a), |G*|,  and Ed/V can be obtained 
from the slope of the major axis, the positive x-intercept and the enclosed area, 
respectively. 

 

To visualize the structural signature of the MEAR, compressed samples of 

articular cartilage were imaged under confocal reflectance prior to shear loading 

(Figure 3d).  As shown in Figure 4.3e, confocal reflectance intensity is lowest at 

z=150 m, nearly the same location where most of the shear energy is absorbed.  This 

region is known to have the lowest concentration of collagen, which accounts for the 

observed reduction in confocal reflectance intensity.  In addition, the fibril orientation 

in this region is known to be highly random [3].  
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Figure 4.3 (a) Complex shear modulus |G*|, (b) stress phase angle δτ and (c) relative 
energy dissipated ( ) tot

d dE z E  vs. depth z in articular cartilage sheared at f=10, 100 
and 1000 mHz with ui=0 m and c=20%.  The inset in (a) shows the fraction of 
energy dissipated in the region z<500 m at each frequency.  Data points are mean 
values and error bars are ±1 standard deviation (n=6).  In (a) and (b), error bars are 
only shown for selected points to enhance clarity. (d) Confocal reflectance micrograph 
of a representative sample of articular cartilage subjected to 20% compression and (e) 
the corresponding average intensity profile along the long axis.  Shading in all figures 
indicates the region located between z=50 m and z=150 m. 

 

To determine how shear energy absorption varies under different initial strain 

conditions, we plot ( ) tot
d dE z E  for shear strain offsets i=0% and 12% in Figure 4.4a-

b.  Energy dissipation profiles at other initial shear and compressive strains are shown 

in the Section 4.3.  We find that at i=12%, the relative shear energy dissipation near 
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the surface has decreased substantially and that ( ) tot
d dE z E  is more uniform.  This 

effect results from localized stiffening of tissue just below the surface (Figure 4.4c-d), 

a phenomenon that has been described previously for quasi-steady shear loading [51].  

Confocal reflectance micrographs show that within the MEAR, there are observable 

structural changes with increasing strain that help explain the origin of this stiffening 

(Fig. 4e-h).  With no applied shear strain, collagen fibrils near z=100 m are oriented 

randomly (Fig. 4e), resulting in a symmetric Fourier transform (Fig. 4f).  In this 

configuration, small shear strains will induce bending of the fibrils.  However, 

application of a 12% shear strain offset causes these collagen fibrils to rotate and 

stretch in the direction of shear (Fig. 4g), generating aligned structures that skew the 

Fourier transform and substantially increase its aspect ratio (Fig. 4h), especially in the 

MEAR (Fig. 4i).  The collagen network is stiffer in this stretched state [81], causing 

the material to resist deformation and absorb less energy.  Thus, the capacity of 

cartilage to dissipate shear energy is compromised at large shear strains.  This picture 

is consistent with the finding that shear stress is the primary mechanism for failure in 

articular cartilage [27, 28].   
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Figure 4.4 |G*|  vs. depth z in a representative sample of articular cartilage sheared 
from an initial strain (a) i=0% and (b) 12% with f=1 Hz and c=20%.  Corresponding 
energy dissipation profiles ( ) tot

d dE z E  for (c) i=0% (c) and (d) 12%.  Shading in a-d 
indicates the region located between z=50 m and z=150 m.  Confocal reflectance 
micrographs with corresponding Fourier transforms (contrast enhanced) and angular 
spectra taken near the surface of a sample of articular cartilage (e-f)  before and (g-h) 
after application of a 12% shear strain.  The red arrow to the left of (g) depicts the 
direction of shear while the red lines in f and i denote the angles of maximal 
alignment.  (i) Change in Fourier transform aspect ratio before and after application of 
a 12% shear strain versus depth z.   



 

70 

Interestingly, compressive strain should lead to buckling of fibers in the MEAR, 

thereby lowering its stiffness and increasing its capacity to absorb energy [51].  In 

vivo, cartilage experiences multi-axial strain during joint motion.  As such, the high 

compressive strains experienced by articular cartilage in its natural loading 

environment may actually be beneficial for tissue health by allowing for larger shear 

strains without damage.   

To determine whether the shear energy dissipated in cartilage is significant 

compared to that dissipated in the underlying bone, we have developed an analytical 

linear viscoelastic model of bone covered by a thin layer of articular cartilage under a 

shear impulse (see Section 4.4) [82].  We model the bone and cartilage as a composite 

material made up of homogeneous layers with a thickness of 40 m.  Within each 

layer, |G*| and are constant.  As in [8], the cartilage is modeled as a cylindrical cap 

and the bone is modeled as a truncated cylinder of trabecular bone on top of a hollow 

cylinder of cortical bone.  Cartilage and bone dimensions are taken to approximate the 

distal half of a bovine femur.   

We apply an impulse in the form of a ¼ cycle sinusoidal shear displacement at the 

articular surface and calculate the resulting deformation of the entire bone/cartilage 

system, assuming that the shear force does not vary spatially.  Values of the cartilage 

and bone material properties are obtained from our experiments and the literature [83, 

84].  Imposing a deformation frequency of 1 Hz, we find that cartilage cartilage bone
d dE E  , the 

ratio of energy dissipated in the cartilage to that dissipated in the bone/cartilage 

system, is 0.98.  Therefore, shear energy dissipation in articular cartilage is 

considerably larger than in the underlying bone.     

Energy absorption determines the extent to which vibrations are damped in an 

oscillating system.  While overdamping in the joint is likely to decrease the efficiency 

of motion and heat the joint to dangerous levels, excessive vibrations are also 
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undesirable since they are known to lead to joint damage [85].  For small  , the 

number of cycles required for the initial amplitude to dampen by a factor 1 e  is given 

by  tan11 en [86].  From our analytical viscoelastic model, we find 

that 1 3en  for the entire cartilage/bone system.  However, if the cartilage is removed, 

1 en  increases to a value of 12.  

  The existence of a significant shear-energy absorbing region near the surface 

of articular cartilage may have implications for understanding the progression of 

osteoarthritis.  Recent studies have shown that osteoarthritis first manifests itself near 

the surface of articular cartilage before progressing deeper into the tissue [25].  

Damage to the primary shear energy dissipating region (z<500 m) in the early stages 

of osteoarthritis will exacerbate the effects of shear stress elsewhere in the tissue and 

facilitate the progression of the disease.  Furthermore, it will lead to altered loading on 

chondrocyte cells deeper in the tissue, an effect that has been shown to promote 

catabolic activity [87-89] and, potentially, cell death [90, 91].   

 Articular cartilage that has been damaged by injury is often treated by a class 

of surgical procedures known as cartilage debridement.  These may involve the 

removal of loose debris in the joint, shaving the top section of damaged cartilage to 

smooth the surface (chondral shaving), or completely abrading a region of cartilage 

and a thin section of the underlying bone to promote regrowth (subchondral abrasion).  

The results of this study suggest that removal of the energy-absorbing surface region 

will increase susceptibility to shear-induced damage in the rest of the tissue.  This 

hypothesis is supported by studies that have demonstrated that chondral shaving can 

lead to enhanced cell death in the underlying tissue [92].  Consequently, it may be 

important for orthopaedic surgeons to weigh this effect against the potential benefits 

of surface smoothing in injured articular cartilage. 
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4.2 METHODS   

 

4.2.1 Sample Preparation  

 

Seven cylindrical explants 6 mm in diameter and 3-4 mm in thickness were 

harvested from the patellofemoral groove of 1-3 day old calves using a biopsy punch.  

Six samples were designated for shear testing at f=10, 100 and 1000 mHz with 20% 

compression and an initial shear displacement ui of 0 m while the sample was 

designated for testing at ui=0, 100, 200 and 300 m with c=10% and 20% and f=1000 

mHz.  After dissection, samples were stored in phosphate-buffered saline (PBS) 

supplemented with 100 U/mL penicillin and 100 g/mL streptomycin at room 

temperature for less than 24 hours.  Before mechanical testing, each sample was 

bisected along its long axis into two equally-sized hemicylinders and placed into 

placed into PBS with 7 µg/mL 5-dichlorotriazinylaminofluorescein (5-DTAF) for 2 

hours.  5-DTAF is a fluorescent dye that binds to amines in proteins.  It fully stains the 

extracellular matrix of articular cartilage.    

 

4.2.2 Mechanical Testing  

 

Each hemicylindrical cartilage sample was tested in a tissue deformation imaging 

stage (TDIS) with sandblasted glass shearing plates [51, 52, 77].  After loading the 

sample, adjusting compression to 10 or 20% and adjusting the initial shear 

displacement to 0, 100, 200 or 300 m, five lines separated by 50 m were 

photobleached along its long axis as described previously [52, 69].  The sample was 

then imaged under 20x magnification with a Zeiss LSM 5 Live as it was sheared at a 

frequency f=10, 100 or 1000 mHz with a shearing plate amplitude of 16 m.  
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Sequences of 1000 images 317 x 317 m in size were taken at each of 10 locations 

along the sample and stitched together.  The imaging rate was chosen such that for 

each oscillation cycle, 100 images were obtained. 

   

4.2.3 Confocal Reflectance Imaging 

 

Five separate samples were loaded into the TDIS and imaged with a Zeiss 

LSM 710 in reflectance mode using a 488 nm laser for illumination.  Confocal 

reflectance is an imaging modality commonly used to visualize collagen in gels and 

tissue.  Samples were compressed by 20% and imaged under 0% and 12% shear strain.  

Aspect ratios and characteristic angles of the Fourier transform of each confocal 

micrograph were measured to quantify fibril alignment.   

 

4.2.3 Data Analysis  

 

Sample displacement along the x direction as a function of depth z and time t u(z,t) 

was determined by tracking each of the photobleached lines [52].  At each depth z, 

u(z,t) was fit to a cosine curve in order to determine the displacement amplitude u0(z) 

and the displacement phase angle u(z).  We define u(z) relative to the shearing plate 

at z=0 m.   

 It can be shown that if the shear stress  is assumed to be uniform with z, 0(z), the 

shear strain amplitude, is given by  

    
2 2

0 0 0( ) cos sinu u
d dz u u
dz dz

            
 (4.2) 

while (z), the phase angle of the strain relative to the displacement of the shearing 

plate, is given by 
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    0 0( ) arctan sin cos .u u
d dz u u
dz dz      

 (4.3) 

In the limit where u(z) is independent of z, Equation 4.2 reduces to 0(z)= 

0( )du z dz and Equation 4.3 reduces to (z) = u(z).  Five point linear least squares 

fitting (5PLSQ) was used to differentiate u0cos(u) and u0sin(u) in order to calculate 

0 and u from experimental data.     

(z,t), the local shear strain in the sample as a function of time, was determined by 

numerically differentiating u(z,t) with respect to z at a each time point t.  Stress-strain 

Lissajous plots were obtained by plotting the measured stress (t) vs. (z,t).  At a 

particular depth z, the magnitude of the complex shear modulus |G*|(z) is defined as 

 0/0(z), where 0 is the amplitude of the shear stress (assumed to be uniform in z).  

The local phase angle of the stress is the phase of (z) relative to (z).  Finally, the 

energy dissipated per cycle per unit volume at a depth z, calculated by performing the 
integral

1 cycle

( , ) ( , )z t d z t  , is given by 2 1
0 | * | sindE V G    . 

 

4.3 DEPENDENCE OF SHEAR ENERGY ABSORPTION ON INITIAL 

CONDITIONS 

 

In Fig. 4.5, we plot ( ) tot
d dE z E  for i=0%, 4%, 8% and 12% at a compressive 

strain c =10% and frequency f=1 Hz.  Relative shear energy dissipation near the 

surface decreases with increasing i, resulting in a more uniform shear energy 

dissipation profile.   
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Figure 4.5 (a) ( ) tot

d dE z E vs. depth z in a representative sample of articular cartilage 
sheared at from an initial shear strain i=0%, 4%, 8% and 12% with f=1 Hz and 
c=20%.  (b) ( ) tot

d dE z E vs. depth z in a representative sample of articular cartilage 
sheared at c=10 and 20% with f=1 Hz and ui=200 m. 

 

Conversely, we find that increasing the compressive strain c slightly 

decreases ( ) tot
d dE z E  near the surface at a shear strain offset i=8% (Fig. 4.5b).  This 

effect is a consequence of decreased stiffening of the surface region with increasing 

c

 

4.4 COMPOSITE VISCOELASTIC MODEL OF CARTILAGE-ON-BONE 

UNDER  

 

We take the cartilage-on-bone system to be comprised of N homogeneous layers 

of equal thickness (Fig. 4.6).  Within each layer n, the complex shear modulus 
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*
n n nG G iG    (where *

,cosn n nG G    and *
,sinn n nG G   ) and the area nA  are 

constant and known.  The top of the sample (z=0) is attached to a moveable plate, 

while the bottom of the sample (z=L) is attached to a plate that is constrained to be 

fixed.  We apply shear by sinusoidally displacing the moveable plate (i.e., z=0) in the 

horizontal direction according to the equation 

    1 0, exp .appu z t L i t    (4.4) 

The boundary condition on the bottom plate gives 

  , 0Nu z L t   (4.5) 

while continuity of  ,nu z t  at layer boundaries requires that  

    
1

1 1
, ,  n n

n L n L
u z t u z t

N N

    
     

   
 (4.6) 

for n=2, …, N. 

In our model, we take the internal shear force F to be equal throughout the sample.  

That is,   

 ( , ) 0.F z t
z





 (4.7) 

Assuming linear viscoelasticity, F is proportional to the local shear stress and local 

shear strain according to 

     *
n n n

n

F t
t G

A
    (4.8) 

while the local shear strain is defined by the equation 

  ,n
n

u z t
z







. (4.9) 

Equation (4.8) implies that within a layer of constant *
nG  and nA , n must be 

independent of z.  Therefore, from Equation (4.9), we have that  ,nu z t  must have no 

terms of higher order than 1 in z.  In other words,  

    , ( )expn app n nu z t L z i t      (4.10) 

and 
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    expn app nz L i t     (4.11) 

where n  and n  may be complex.  Accordingly, both the amplitude and phase of the 

shear displacement  ,nu z t  may vary as a function of z.   

 

 
 
Figure 4.6 Composite viscoelastic model of bone covered by cartilage.  The 
bone/cartilage system is taken to consist of N layers within which G* and A are taken 
to be constant.   

 

Determining the response of the cartilage-on-bone system to a shear deformation 

amounts to solving for F, n  and n  (2N+1 variables) and using these parameters to 

calculate  ,nu z t in each layer n.  If *
nG , nA , L are known, this can be accomplished 

using the N+1 boundary conditions described by Equations (4.4), (4.5) and (4.6) and 

the N force equations described by Equation. (4.8). 

We begin by plugging Equation (4.10) into Equations (4.4), (4.5) and (4.6) to 

obtain 
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1

1 1

1

1
.

N N

n n n n

L
n L

N


 

    


 


  

 (4.12) 

Combining the expressions for 1 and n gives 

    1
2

1
1 .

N

N n n
n

n L
N

  



    (4.13) 

Using the expression for N, we then have 

    1
2

11 .
N

N n n
n

n
L N

  



     (4.14) 

But from Equation (4.8),  

    *
n n nF t G A t  (4.15) 

for all n.  However,    ,n nt u z t z     (Equation (4.9)).  Therefore, 

    * exp .n n app nF t G A L i t    (4.16) 

Since F(t) is independent of n, we may write 

    * *exp expn n app n N N app NG A L i t G A L i t       (4.17) 

for all n, or  

 
*

* .N N
n N

n n

G A
G A

   (4.18) 

Plugging this expression into Equation (4.14) gives 

 
  * *

* *
2 1 1

11 .
N

N N N N
N N

n n n n n

n G A G A
L N G A G A

 
  

  
    

 
  (4.19) 

Solving for N , we obtain 

 
 

1* *
1

* *
2 1 1

1
1 .

N
N N N N

N
n n n n n

n G A G AL
N G A G A






  

   
     

  
  (4.20) 

In our model, we first determine N  using Equation (4.20).  All other n  are then   

calculated via Equation (4.18) and used to evaluate n  for all n by way of Equation 

(4.12).  With n  and n , we can compute the depth-dependent displacement  ,nu z t  

and shear strain  n t  in each layer using Equations (4.9) and (4.10).  Furthermore, 
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the energy dissipated in layer n from a shear impulse in the form of a ¼ cycle 

oscillation can be determined by numerically integrating the expression  

      
,

,
0

f n

d n n n n nE t V iG z t d


    (4.21) 

where ,f n  is the local shear strain at 1 4t f  and nV  is the volume of layer n.    

Fig. 4.7 shows the actual assumed dimensions of the bone/cartilage system.  These 

dimensions are taken to approximate those of the distal half of a bovine femur.  The 

diameter of the cylindrical section of cartilage is 4 cm, while the inner and outer 

diameters of the hollow cortical bone are 2 and 0.7 cm, respectively.  The conically-

shaped trabecular bone diameter varies from 4 cm on the cartilage side to 2 cm on the 

cortical bone side.  The cartilage is 5 mm thick, the trabecular bone is 3 cm thick and 

the cortical bone is 6 cm thick.   
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Figure 4.7 Assumed dimensions of the cartilage-on-bone system (cross section).  The 
cartilage is cylindrically shaped, the trabecular bone is a truncated cone and the 
cortical bone is a hollow cylinder.  Note that this diagram is not to scale.      

 

The entire system is assumed to be comprised of homogeneous layers with 

thickness L/N=40 m and values of *
nG  in each layer of cartilage and bone are 

obtained from our shear experiments and the literature, respectively.  
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CHAPTER 5 

VISUALIZATION AND ANALYSIS OF DEFORMATION IN INTERVERTEBRAL 

DISC AND GROWTH PLATE 

 

5.1 INTERVERTEBRAL DISC 
 

Intervertebral disc (IVD) is the soft tissue that holds vertebrae together in the 

spine.  It consists of a jelly-like interior known as the nucleus pulposus surrounded by 

a durable exterior known as the annulus fibrosus (AF).  Like articular cartilage, the AF 

has a complex, heterogeneous structure.  It is comprised of unidirectional layers (plies) 

with collagen fibers (type I and II) in alternating orientations (Figure 5.1).  These plies 

are held together by a thin network of proteins that include aggrecan, versican, fibrilin, 

elastin, and lubricin.   

 

 
 
Figure 5.1 Annulus fibrosus sample orientations with imaged faces shaded in blue. 
Transverse specimens were oriented such that the radial direction was vertical and 
approximately orthogonal to the imaging plane (-).  Circumferential specimens were 
oriented with the imaging plane parallel with the outer AF surface.  From Michalek, 
Buckley et al. [77]. 
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Due to its avascular nature and low cell density, AF is slow to repair damage due 

to focal injury and age-related degeneration.  Furthermore, physiological loading 

induces multi-axial shear strains in the IVD that may be responsible for acute damage 

[93-95].  However, micro-scale shear strains produced by IVD deformation have not 

previously been measured.     

To this end, we have performed experiments to visualize and quantify strains in 

bovine AF induced by oscillatory shear (f=0.05 Hz, max=5%) in two perpendicular 

orientations (Figure 5.1) using the tissue deformation imaging stage (TDIS) [77].  

Images (Figure 5.2) were analyzed using a particle image velocimetry (PIV) to 

measure local strains after pre-processing.   

 

 
 
Figure 5.2 Images of samples in (a-b) transverse and (d-e) circumferential orientations 
(a,d) before and (b,e) after strain.  (c) Trace of shear strain over one deformation cycle 
for transverse shear.  (f) Trace of fiber rotation over one shear cycle for 
circumferential shear.  Solid curves are sinusoidal fits.  From Michalek, Buckley et al. 
[77]. 
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Data obtained from these transverse shear experiments are shown in Figure 5.3.  

Strain in layers with collagen fibers oriented orthogonal to the imaging plane was 

significantly higher than strain in tangentially oriented layers.  Furthermore, no slip 

between layers was observed before or after treatment with elastase, an enzyme that 

digests elastin between plies.  Prior to these experiments, whether transverse shear in 

AF involves interlamellar sliding was unknown.   

 

 
 
Figure 5.3 Local shear strain amplitude as a function of radial strain for transverse 
shear in AF layers with tangentially oriented fibers (solid bars) and orthogonally 
oriented fibers (striped bars).  Data are shown for both control samples and samples 
digested in elastase.    

 

 We have also visualized circumferential shear in AF samples punctured with 

needles.  Needle puncture is commonly used to perform both therapeutic and 

diagnostic procedures on IVD.  However, recent experiments have demonstrated 

localized cell death near the puncture site.  By imaging lines photobleached onto 

punctured AF subjected to shear on our TDIS, we have measured local strains near 
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puncture sites to understand the mechanical consequences of these procedures (Figure 

5.4).   

 

 
 
Figure 5.4 Representative 2-dimensional strain maps of (a) control and (b) punctured 
AF samples.  The puncture is indicated by the dotted while line, and areas of enhanced 
strain are indicated by white arrows. 

  

We find that the puncture sites are surrounded by regions of strain amplication and 

strain shielding.  However, within a few cycles, strains stabilize and damage to the AF 

no longer spreads. 

 

5.2 GROWTH PLATE 

 

Growth plate is the cartilaginous tissue located near the ends of long bones whose 

synthesis and enlargement is the predominant mechanism for longitudinal bone 

growth.  While mechanical forces are known to affect the extent and direction of bone 

growth [96, 97], the micro-scale response of growth plate to loading is poorly 

understood.   
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Growth plate is comprised of four distinct zones that lie along the long axis of the 

bone (Figure 5.5).  This axis is both spatial and temporal, as it represents the life cycle 

of growth plate cells [8].  Cells in the resting zone (closest to the end of the bone) are 

smallest.  As these cells age, they enter the proliferation zone, the site of growth plate 

cell division.  Adjacent in time and space is the hypertrophic zone, where cells 

increase in volume by accumulating glycogen.  Finally, cells enter the calcification 

zone where they die as the extracellular matrix is calcified.  During all stages of 

growth, growth plate cells sit along distinct columnar structure.  

 

 
 
Figure 5.5 Confocal image of fluorescently stained rat growth plate demonstrating its 
zonal structure.  The height of the entire image is 332 m.   

 

By tracking the deformation of vertically photobleached lines in fluorescently-

stained rat growth plates subject to oscillatory shear (f=0.1 Hz, umax=32 m) 

perpendicular to the long axis of the bone (Figure 5.6a-b), we have measured local 

variations in the shear modulus of this tissue for the first time.  We find that growth 

plate is most resistant to shear in the hypertrophic zone and most compliant in the 

resting zone (Figure 5.6c).   
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Figure 5.6 Confocal micrograph of rat growth plate (a) before and (b) after 
application of 10% shear strain.  (c)  Shear modulus profiles for n=5 tested samples as 
a function of distance z from the resting zone.  

 

Unexpectedly, we have also observed slip between columns of cells in sheared 

growth plate specimens.  To help visualize this phenomenon, a line was photobleached 

parallel to the direction of shear prior to loading.  As a result of intercolumnar sliding, 

a discontinuity appears in this line as shear is applied (Figure 5.7a).  A time trace of 

the vertical displacement of this discontinuity is shown in Figure 5.7b.  As 

demonstrated in this plot, the maximum height of the discontinuity is around 9 m.   
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Figure 5.7 (a) Due to interlamellar sliding, horizontal photobleached lines become 
discontinuous as the growth plate is sheared.  (b) Vertical displacement of line 
segments denoted by 1 and 2 in (a).  (c) Confocal micrograph of intact cell columns 
following shear-induced tearing.   

 

Finally, we find that after applying sufficient shear stress to tear the growth plate, 

individual columns of cells still remain intact (Figure 5.7c).   Our data suggests that 

the contribution of the fibrillar sheath surrounding cell columns in growth plate to the 

mechanics and (possibly) growth of this tissue is more significant than previously 

assumed. 
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CHAPTER 6 

A NOVEL TECHNIQUE FOR MEASURING FLOW VELOCITIES IN POROUS 

MATERIALS USING LINE PHOTOBLEACHING 

 

6.1   INTRODUCTION 
 

Fluid flow is known to stimulate metabolic activity in articular cartilage and many 

other tissue types through mechanisms that may include shear stress, hydrostatic 

pressure and the generation of electrostatic potentials via ion movement [98-102].  For 

example, chondrocytes exhibit increased matrix synthesis in the presence of either 

cyclic compression or fluid profusion.  However, structural inhomogeneities and 

complex boundary conditions are expected to induce spatial variations in fluid flow 

within tissues and tissue-engineered constructs.  As a result, understanding the cellular 

response to fluid flow requires micron-scaled measurements of fluid velocity that are 

difficult in porous materials.  Standard methods for quantifying fluid flow in porous 

media include laser doppler anemometry (LDA) [103] , magnetic resonance imaging 

(MRI) [104] and nuclear magnetic resonance (NMR) [105].  However, LDA requires 

micron-scales tracer particles that may interact with the material’s fibrous network.  

Furthermore, MRI and NMR are expensive and limited in spatial resolution to 

approximately 1 mm.  On the other hand, photobleaching techniques are typically 

reserved for measurements of the diffusion characteristics of particles in a porous 

material [106-110].   

 

6.2   METHODS 
 

Here, we describe a novel photobleaching technique allowing for high-resolution 

(~10 m) visualization and measurements of velocity profiles in porous gels and 
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tissues.  This technique involves photobleaching a 1 pixel-wide line perpendicular to 

the direction of flow in a material perfused with a fluorescein/water mixture (Figure 

6.1a-b).  Line photobleaching is conducted using an inverted Zeiss LSM 5 Live line-

scanning confocal microscope.  A 100 mW 488 nm laser is focused onto the center of 

an image at 90% power for 300 ms.  Subsequently, the diffusion- and advection-

initiated flow of the photobleached region is imaged at 100 frames/s.   

Assuming that the photobleached line can be approximated as a  function, the 

concentration of C photobleached fluorophores after photobleaching at y=0, t=0 

should be described by the diffusion equation with drift, i.e. 

          2

02

, , ,C y t C y t C y t
D Q y t v

t y y
 

  
  

  
 (6.1) 

where v is the flow velocity, D is the diffusion constant and Q0 is the laser’s 

photobleaching power in units of (m3s)-1.  This equation is solved by  

  
2

0 ( ), exp
42

Q y vtC y t
DtDt

  
  

 
. (6.2) 

According to Equation (6.2), the profile of photobleached molecules should 

progressively spread out (due to diffusion) while shifting linearly in time with velocity 

v.  Therefore, the flow velocity can be measured by tracking the intensity minimum of 

images taken after photobleaching is complete (Figure 6.2c-d).   
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Figure 6.1 Confocal images taken (a) 0.14 s and (b) 1 s after line photobleaching.  (c) 
Intensity distribution and (d) location of intensity minimum as a function of time.  The 
slope of (d) is taken to be the measured flow velocity.       

 

6.3 RESULTS 
 

To validate this technique, hollow, rectangular devices sealed with coverslips were 

profused with water and fluorescein using a syringe pump (Figure 6.2a).  Experiments 

were conducted at flow rates ranging from of 10, 25 and 50 µL/min by placing these 

devices on the stage plate of the inverted confocal microscope.  Velocity 

measurements at depths z=50, 100 and 200 m at the center of the chamber were 

performed for each flow rate.  Since the width (w=9.3 mm) of the flow chamber is 
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much larger than its vertical height (h=1.2 mm), the equation for Poiseuille flow in a 

rectangular channel in the limit where w>>h 

 3

6( , ) ( ) Qv z Q z h z
wh

   (6.3) 

is appropriate [111].  In the above equation, v is the fluid velocity at height z given a 

flow rate Q.  Figure 6.2b plots the measured (markers) and predicted (lines) flow 

velocities at each flow rate and depth z.  According to these data, line photobleaching 

produces accurate results consistent with Equation (6.3). 

 

 
 
Figure 6.2 (a) Schematic of flow chamber used to validate flow visualization 
technique.  (b) Measured and calculated velocity as a function of flow rate at z=50, 
100 and 200 m.       
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This technique has been successfully implemented to measure flows in alginate 

and agarose gels.  For example, Tony Chen and Professor Hani Awad at the 

University of Rochester recently developed a bioreactor consisting of chondrocytes 

seeded in an agarose gel exposed to flow across the surface (Figure 6.3a).  Although 

they observe a superficial zone-like region with enhanced matrix synthesis and 

collagen alignment in the first 50 m below the gel surface, finite element models 

based on Brinkman’s equation [112] suggest that there is no flow within the gel.  

Using our photobleached line flow visualization technique, we verified that 

measurable flows are in fact induced inside the gel down to depths consistent with 

their findings (Figure 6.3b).   

 

 
 
Figure 6.3 (a) Cartilage bioreactor and (b) measured flow velocity profile.  Positive 
distances correspond to locations outside the gel.     
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These data illustrate the efficacy of line photobleaching for obtaining flow velocity 

profiles in porous gels.  This technique should also be useful for measuring flows in 

complex biological tissues including articular cartilage and invertebreal disc. 
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CHAPTER 7 

CONCLUSIONS AND FUTURE DIRECTIONS 

 

7.1 DISCUSSION  
 

The experiments described in this thesis highlight the importance of visualizing 

microscale deformation in soft biological tissue in order to understand their 

mechanical function.  Information obtained from these tests can help guide corrective 

procedures aimed at restoring function after injury or disease.  For example, the 

proximity of an implant’s depth-dependent mechanical properties to those we have 

measured can serve as a barometer for implant suitability.  Furthermore, our finding 

that cartilage dissipates shear energy primarily near its surface suggests that surgical 

procedures should aim to keep the superficial zone intact.   

 

7.2 FUTURE DIRECTIONS  
 

To extend this work, we are currently studying how local degradation of specific 

ECM components induced by enzymatic digestion alters the shear modulus profile of 

cartilage.  We are also working to visualize deformation in and near cells using higher 

magnification lenses integrated with the TDIS.  This should allow for an improved 

understanding of the underlying mechanisms of mechanotransduction in cartilage.    

As well as cartilage, IVD and growth plate, we have also begun to mechanically 

test a number of other tissues including epimysium (the thin sheath surrounding 

muscle) and cornea.  Moreover, we have used GRATE to probe strain variations in 

tissue engineered intervertebral disc and to observe localized stiffening surrounding 

cells cultured in media containing tumor-secreted growth factors.  Other materials that 

are candidates for testing with the TDIS include tendon, heart valve and meniscus. 
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In addition to physiological loading, it is possible to image injurious tension, shear 

or compression in cartilage or other tissues using the TDIS.  This exciting possible 

application of the techniques described in this thesis can provide insight into where 

damage and wear are initiated (i.e., which regions of a particular tissue are more 

susceptible to damage).  Our techniques may also be used to simultaneously visualize 

and measure structural changes induced by mechanical loading of a tissue-engineered 

material in a bioreactor.  Cyclic loading and flow during growth are known to generate 

stiffer, more resilient tissue engineered constructs [113].  If the TDIS is integrated 

with an incubator, the physical mechanisms through which this stiffening occurs can 

be better understood.   
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APPENDIX A 

THE DESIGN AND USE OF THE TISSUE DEFORMATION IMAGING STAGE 

 

A.1 INTRODUCTION  

 

Many biological tissues are highly complex and inhomogenous in their structure 

and composition.  As a result, their mechanical properties exhibit clear spatial 

variations.  Determining these location-dependent mechanical properties and 

understanding their biological function is critical for tissue engineers attempting to 

create replacement tissues that mimic the properties of native tissue as closely as 

possible.  In addition, the ability to compare the spatial dependence of mechanical 

properties in healthy and damaged tissue may provide insight into the effects of wear 

or disease. 

As a particular example, articular cartilage, the soft connective tissue that coats 

bones in joints, has a structure that is highly dependent on depth from the articular 

surface.  In vivo, this tissue is constantly subject to both shear and axial forces.  

However, the depth dependence of its shear properties is poorly understood.  Given 

the fact that cartilage damage due to osteoarthritis exhibits clear spatial variations, 

measuring the spatially dependent shear properties in healthy and diseased articular 

cartilage could aid our understanding of the origin of osteoarthritis and assist in the 

development of a sensitive diagnostic tool for this disease. 

Unfortunately, performing these measurements is difficult.  The most commonly 

used method is to test partial thickness sections cut from different regions of the tissue.  

However, this technique is coarse and cannot resolve small scale variations in 

mechanical properties.   In 1996, Schinagl et al. developed a method for measuring 

fine variations in axial strain in compressed samples of articular cartilage using video 
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microscopy [38].  Their idea was to image these compressed cartilage explants under a 

fluorescence microscope and track tissue deformation using fluorescently stained cells 

as markers.  However, their apparatus cannot be used to measure the spatial 

dependence of shear mechanical properties, which pose a particular challenge to 

researchers due to the difficulty of gripping soft biological tissue.   

In light of the foregoing, there is a need for a robust device that combines the 

ability to image cells within a sample of biological tissue with simultaneous force 

transduction and control of shear, thereby allowing researchers to measure fine spatial 

variations in the shear mechanical properties of these materials. 

 

A.2 DETAILED DESCRIPTION OF THE TDIS  

 

A schematic illustration of the tissue deformation imaging stage (TDIS) is 

shown in Figure A.1a.  The sample sits on a glass slide (9) and is sandwiched in 

between two shearing plates, (10 and 11).  A circular rim (not shown) is inserted 

around these shearing plates and filled with water or phosphate buffered saline (PBS) 

in order to keep the sample hydrated as experiments are performed (if necessary).   
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Figure A.1  (a) CAD drawing and (b) annotated photograph of the TDIS.     

 

Adhesion of the specimen to the shearing plates is achieved either by using a 

glue suitable for biological tissue (e.g., Dermabond) or by coating the shearing plates 

with fine sandpaper or frosted glass.  If an adhesive is used, the sample is glued to the 

plates before they are loaded onto the shearing apparatus.   

The stationary shearing plate (11) contains a thru-hole and is fastened to a load 

cell (4) by tightening a handscrew through this opening into a threaded hole in the load 

cell (4).  The load cell (4) is a commercial product (S300, Strain Measurement 

Devices).  As oriented in the figure, it measures forces in the x direction.  Through a 

connecting slab of aluminum (5), the load cell (4) is coupled to a biaxial translation 
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stage (T1XY, Thorlabs).  This stage allows the user to adjust both how far the plate 

(11) stands above the glass slide (9) and the spacing between shearing plates (i.e., the 

axial compression of the sample).  An aluminum frame (7) supports the translation 

stage and allows access to the handscrews that fasten the shearing plates (10 and 11).  

An L-shaped connecting piece (8) locks this aluminum frame into the microscope 

adapter plate (12), which fits onto the stage of an inverted fluorescence microscope.   

One of the shearing plates (10), on the other hand, connects to the movable 

region (1) of a piezoelectric transducer (P-628.1CL, PI) through a T-shaped aluminum 

adapter (3).  This movable region displaces with respect to the piezo base (2) upon 

application of a voltage.  The base is connected to the adapter plate (12).   

Referring now to Figure A.2, experiments are conducted by first fluorescently 

staining particular markers inside a sample of tissue (e.g., cells or cell nuclei).  The 

sample is then loaded into the apparatus (as described above) and the device is placed 

onto the stage of an inverted microscope capable of fluorescence detection or another 

imaging technique.  Subsequently, the piezoelectric transducer is subjected to a time 

varying voltage, causing the shearing plate (10) to displace accordingly.  For example, 

by applying a sinusoidally varying voltage to the piezoelectric transducer, the shearing 

plate (10) is displaced along the x-direction according to 

  ( ) exptopu t A i t  (A.1) 

where utop is the displacement of the shearing plate from its equilibrium position and A 

and ω are the amplitude and frequency of oscillation.  Markers are then imaged with 

the inverted microscope and tracked as the sample is deformed, as depicted 

schematically in Figure A.2.  Using a technique such as particle tracking, feature 

tracking or particle image velocimetry (PIV), the time-dependent displacement field 

( , )u r t   (where the vector r  represents a location inside the imaging plane) of these 
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markers is readily obtained.  The shear strain field may then be deduced using the 

relation 

 ( , ) x

y

sr t
r

 



  (A.2) 

and the complex shear modulus according to the equation 

 * ( )( , )
( , )

tG r
r t





  (A.3) 

This parameter represents the location and frequency-dependent stiffness of the 

material under shear.  In particular, its real part G  defines the elastic energy density 

stored in the sheared material while its imaginary part G   is proportional to the energy 

density dissipated each cycle due to the viscosity of the material.  The TDIS can be 

used to test materials with shear moduli |G*| ranging from 10 Pa to 10 MPa.  Materials 

with |G* |<10 Pa cannot be held between the shearing plates without buckling and 

materials with |G* |>100 Pa exceed the capacity of the force measuring device.   

 

 
Figure A.2.  Illustration of a biological tissue tested in the TDIS.  Fluorescent markers 
on the flat side of the specimen are used to track deformation.   

 



 

 102 

The TDIS therefore allows a sample of biological tissue to be sheared 

controllably while fluorescently stained cells (or other markers) within the material are 

imaged with a fluorescence microscope and the applied shear force is measured with a 

strain gauge.  In this way, the shear stiffness of the material can be mapped as a 

function of position within two-dimensional imaging planes.  Furthermore, if the 

studied material is homogeneous in the direction perpendicular to the imaging plane, 

the measured shear modulus profile will apply to the entire tissue. 
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