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Nanofabricated, fluid filled channels are presented as tools for the manipulation and 

detection of single DNA molecules.  Both the conformation and position of DNA 

molecules within such devices can be controlled using a combination of 

electrophoretic and entropic forces.  Application of these forces allows for 

fluorescently labeled molecules to be stretched in the channel, visualized using 

fluorescence microscopy, and analyzed in a number of ways, providing valuable and 

biologically relevant information about a DNA sample.  In addition to investigating 

fluorescence microscopy as a means for sensing molecules in the channel, the 

possibility of electrical detection is explored.  To this end, a fabrication method is 

described which allows for the integration of single walled carbon nanotube sensors 

and nanofluidic channels.  While this device is currently being tested, it is intended 

that the incorporated carbon nanotubes may be used in a field effect transistor mode 

with the goal of detecting perturbations in local solution potential caused by DNA 

molecules as they are driven through the channels. 
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CHAPTER 1 

INTRODUCTION 

 

1.1 Nanofluidic Channels for Observation of DNA Molecules 

Nanofluidic channels are long, narrow cavities, manufactured in glass or silicon 

wafers by thin film fabrication methods.  When filled with fluid, these structures can 

be used for the purpose of performing biological or chemical analysis on minute 

amounts of sample.   Traditional nanoscale cavities, such as those that lie within 

polymer gels and nanoporous packed beds, have long been employed in separation 

science.  However, it is only within the last decade or so that nanofabricated structures 

with lithographically defined geometries have been explored and utilized in analytical 

systems.  

 

Already, arrays of nanoscale posts [1-4], traps [5-10], pores [11-13], wires [14-19], 

channels [20-23], and other structures have been tested in “lab-on-chip” devices.  

They have been used for the purposes of separating cells [24, 25], proteins [26], and 

DNA [4, 27] by size, charge and other properties, and for single molecule 

manipulation and detection [28].  In all cases, the devices derive their unique 

functionality from the fact that critical dimensions of the nanostructures are of similar 

order to the size of the molecules being analyzed.  While there are many possible 

nanofabricated structures worth investigating, in this thesis we focus on the use of 

nanochannels for manipulation and observation of individual, double stranded DNA 

molecules. 

 

There are two main reasons for studying DNA molecules in nanoscale channels.  The 

first is technological, and the second is purely scientific.  Technologically, lab on chip 
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devices with nanochannel features hold promise for automation of what are currently 

labor intensive DNA assays.  For example, both fragment length analysis and optical 

mapping are widely used techniques in molecular biology, and both can be performed 

in nanochannels.   

 

From a purely scientific point of view, the study of DNA conformation and dynamics 

in nanochannels can be used to validate theoretical models for confined polymers.  

Even since the 1970s have theorists been interested in this topic, and they developed 

models for confined polymers long before it was possible to image them 

experimentally [29, 30].  Here, we elaborate on the two areas which benefit from 

DNA/nanochannel experiments: bioanalytical technology and polymer theory. 

 

1.2 Technological Applications of Single Molecule DNA Observation 

In the past decade, considerable effort has been spent incorporating the DNA detection 

methods described above into lab on chip devices.  It has long been believed that such 

devices would have the advantages of lower cost, faster run times, lower required 

sample volumes, a higher degree of automation, and portability [31-33].   Already 

there are a number of devices [34-40], both in commercial and proof of principle 

stages, that can obtain DNA sequence information and whose performance benefits 

from the advantages listed above. 

 

DNA fragment length measurement is just one of the many types of procedures 

performed in bioanalysis, however its importance cannot be overstated.  Nearly all gel 

and capillary based DNA electrophoresis techniques function to segregate the 

components of a heterogeneous collection of DNA molecules according to fragment 

length.  The distance that a segregated plug of molecules is observed to migrate 
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through the separation medium can be used to infer fragment length.  These length 

measurements, combined with other standard processes, such as digestion by 

restriction enzymes, yield valuable sequence information.   

 

Here, we describe two examples of applications which directly employ measurement 

of DNA fragment lengths.  In genetic fingerprinting, an individual’s DNA is cleaved 

by an enzyme at a unique set locations along the genome.  The result is a collection of 

fragments with a specific set of lengths for each individual.  To determine molecular 

lengths, typically gel or capillary electrophoresis separations are performed.  In order 

to generate enough DNA molecules for a strong signal, polymerase chain reaction 

(PCR) is used to amplify the DNA molecules before they are run through the 

separation medium.  However, when nanochannels are used for sizing, the single 

molecule nature of the measurement precludes the need for pre-measurement DNA 

amplification.  Another standard technique in which information is obtained from 

length measurements is the Sanger sequencing method.   In this method a gel or 

capillary separation with single base resolution is used to infer a DNA sequence de 

novo.  While nanochannel length measurements with single base resolution have not 

yet been demonstrated, such are theoretically possible. 

 

Fragment length measurements are of great use, and we will see later why 

nanochannels are well suited for assisting with this.  In some cases, however 

determining the lengths of various fragments in a sample is not enough.  For example, 

biologists may wish to do such things as 1) correctly order the short sequences 

generated during shotgun sequencing, 2) detect genetic rearrangements within a 

chromosomes or between two different chromosomes, 3) identify an organism based 

on a hybridized probe fingerprint, a concept similar to the restriction enzyme 
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fingerprinting described above, with the difference being that the order of identified 

motifs is preserved, or 4) obtain epigenetic information. 

 

One molecular biology technique used to obtain such information is called optical 

mapping.  In optical mapping of the most general sense, the DNA backbone is labeled 

with a die of one color, and a probe with a second color is bound to some feature or a 

set of features on the DNA.  Conceivably, those features may be anything from DNA 

motifs of a specific sequence, to proteins bound to the DNA or even methylation sites.  

The location of a particular sequence motif is determined by binding a complimentary 

oligomer probe with its own label.  Other features may be identified by binding 

labeled antibodies.  Either before or after the probes are bound, the entire DNA 

molecule can be elongated so that it is in a conformation suitable to optical 

investigation.  The elongated molecules and bound probes are eventually imaged, 

resulting in a map which reveals the position of each probe relative to the end points 

of the DNA molecule. 

 

The accuracy of optical mapping depends largely on the reliability of the DNA 

stretching method.  One approach for elongating and stabilizing DNA is called 

molecular combing.  In molecular combing, DNA molecules in solution are attached 

to a silanized glass slide and are then stretched out during evaporation of the solution.  

Microfluidic and nanofluidic channels offer new approaches for molecular elongation, 

and it is the belief of this author that nanochannels represent the best approach.  The 

reasons for this will be discussed shortly. 
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1.3 Importance of the Theory of Confined Polymers 

From a purely scientific standpoint, theoretical polymer physics benefits greatly from 

the study of DNA molecules in nanochannels.  Double stranded DNA in a channel is 

an ideal system for studying both contour and dynamics of dilute, linear, self-avoiding 

polymers in confined environments.  Here we mention two examples, from biology, of 

concepts that rely on an understanding of the behavior of confined polymers.  Those 

situations are 1) the packing of a bacteriophage genome into its viral capsid head, and 

2) segregation of chromosomal DNA molecules during cellular mitosis. 

 

As part of the viral life cycle, viruses must package their newly replicated genomes for 

delivery into other host cells.  Bacteriophage 29φ  must package its 6.6 mμ  long 

double stranded DNA genome into a nmnm 5442 ×  capsid.  Because this space is 

smaller than the volume occupied by the DNA molecule in free solution, energy is 

required to pack it in tightly.  In 2001 Smith et. al published a paper showing that the 

bacteriophage 29φ  motor can package DNA against a large internal force [41]. 

 

According to concepts from polymer theory, the force resisting packing arises from 

the electrostatic and entropic repulsion between segments of the DNA molecule.  In 

order to estimate such forces, an large number of models are available, however there 

is still much room for improving the models.  Experiments involving DNA packed 

into nanochannels offer a unique opportunity to directly measure the forces required 

for compression. 

 

Another example from biology is the segregation of chromosomal DNA molecules 

during cell division of rod shaped bacteria.  This basic physical issue of chromosome 

segregation has been in question for many years, despite recent progress in in-vivo 
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visualization experiments.  In 2006, Jun and Mulder [42] reported Monte Carlo 

simulations which suggest that under the strong confinement conditions of a rod 

shaped bacterial membrane, topologically distinct domains of a polymer complex 

repel each other through entropic repulsion.  Computer simulations showed that this 

explanation can account for all of the major spatiotemporal features of the replicating 

circular chromosomes.  

 

 The following year, in a report by Arnold and Jun the segregation process was 

remodeled using molecular dynamics simulations [43].  In this article, a simpler 

topology was investigated, namely, two overlapping linear polymers confined to a 

nanochannel.  It was again found that that the entropic repulsion between chains can 

be sufficiently strong to cause segregation over a time scale that is short compared to 

diffusion.  Later in this chapter we describe a nanochannel-based single molecule 

experiment which gives support to the theory of entropic segregation.  

  

As is evident, experiments which allow for direct observation of an ideal polymer, in 

environments with various degrees of confinement, are of great help in further 

development of polymer theory.  The study of DNA in nanochannels is a valuable tool 

in this area (the study of DNA molecules with manipulation by optical tweezers [44] 

or magnetic beads [45] being an example of others).  In the next section, and 

throughout this thesis, we give examples of specific nanochannel experiments which 

provide data to corroborate or modify concepts from polymer theory. 
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1.4 Specific Experiments Demonstrating the Use of Nanochannels and Similar 

Structures for DNA Analysis 

In this section we review the literature of nanofluidic channel devices for DNA 

analysis.  We also review work involving structures which differ slightly from 

nanochannels but which rely on the same principles and perform many of the same 

functions.  The section is organized according to the geometry of the described 

structures.  We start with microchannels, which are the largest of the structures 

discussed.  We then review intermediate structures such as nanoslits, entropic traps, 

and pillar arrays.  Finally, we discuss recent work on nanochannels.  This section 

differs from Chapter 2, in that we do not presently develop the theory of confined 

polymers in detail or discuss measurement limitations.  Instead we only give a survey 

of the performed experiments and the results.   This section differs from Chapter 3 as 

well.  Here the reviewed experiments are only those which involve DNA molecules, 

and do not include experiments involving zero mode waveguides.  Throughout the 

following subsections, the relevance of the described experiments to either lab on chip 

technology or to polymer theory will be discussed. 

 

1.4.1 Microchannel Devices 

In 2002, Foquet et. al demonstrated a device in which double stranded DNA molecules 

were flowed through a microscale channel, and were illuminated with a focused laser 

spot [20].  Emitted light from the fluorescently stained molecules was collected, 

resulting in a series of pulses of various height and duration.  It was found that the 

integrated intensity of each pulse corresponded linearly to the number of dye 

molecules present in the molecule.  This in turn could be used to infer the number of 

base pairs in each DNA fragment.   
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As mentioned in Section 1.2, there are certain situations in biological analysis for 

which only a small amount of initial sample can be obtained but for which it is 

desirable to avoid pre-measurement amplification of DNA.  This single molecule 

microchannel sizing technique was shown to be suitable for those situations.  A 

histogram showing the various fragment populations in the sample was generated after 

detecting a total of just 10,000 molecules over a period of two minutes.  This 

corresponds to only 76 fg of DNA. 

 

The microchannels used in this experiment had cross sections which were large 

enough that DNA conformation was not significantly altered.  The path of the flowing 

molecules through space was well defined by the channel walls, and the flow speed 

could be controlled using electroosmosis.  This allowed for a sample which was dilute 

enough that the probability of having two molecules pass through the observation 

volume at the same time was extremely small.  The moderate confinement of the 

channel walls, in conjunction with an under-filled objective, also allowed for an 

evenly illuminated observation volume.  Had the intensity of incident light in the 

observation volume tapered significantly at the channel edges, reliable fragment sizing 

would not have been achievable. 

 

The Foquet fragment sizing method is interesting because it performs the same 

measurement as pulsed gel electrophoresis.  Pulsed gel is a technique used for 

separating large DNA molecules (10’s of kb and larger), which typically requires high 

voltages and run times which are on the order of 10’s of hours.  The advantage of 

pulsed gel over the Foquet method is that it can be used as a preparative step in DNA 

purification.  Typically, after separation of the molecules into bands, those bands may 

be cut out of the gel.  Many DNA molecules are present in each band, and after the gel 
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is dissolved, the DNA can be used for other purposes.  Foquet’s method of single 

molecule observation and counting does not currently allow for recovery of the 

analyzed molecules.  Although, one might imagine modifications of the chip that 

would permit single molecule sorting and collection. 

 

In addition to being used for DNA sizing, microchannels can be employed in 

experiments which test polymer theory models.  In 1997 Perkins et al. examined the 

stretching of DNA in elongational flow in microchannels [46].  Both the internal 

mechanics and hydrodynamic coupling between molecular segments were probed in 

this experiment.  It was found that the molecule could be modeled as a wormlike 

chain.  Tension was transmitted along the backbone, and a gradient of high tension at 

the center of the molecule and zero tension at the free ends was found to exist.  This 

resulted in a number of possible dumbbell-like conformations  

 

This type of analysis is critical for the refinement of polymer theory.  The behavior of 

dilute polymers in elongational flow has been a topic of theoretical discussion since 

the 1970s, and single molecule theories had been developed [47], but the proposed 

models had not been tested by single molecule observation until the Perkins report in 

1997.  In elongational flows, the velocity gradient along the direction of flow stretches 

the polymer, and the polymer exerts a force back on the solvent.  According to 

Perkins, this leads to non-Newtonian properties of dilute polymer solutions such as 

viscosity enhancement and turbulent drag reduction [46].   

 

1.4.2 Nanoslits 

While the uniform illumination volume and high throughput of single molecules 

through microchannels are advantages, microchannel cross sections are too large to 
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have an effect on the conformation and dynamics of a DNA molecule.  A double 

stranded molecule does not need to deform in order to enter a microchannel.  If the 

channel depth is made to be 10’s of nanometers, however, then the story is a much 

different one.  Long DNA strands must deform in order to enter the channel.  In 

addition to altering DNA equilibrium conformation, this confinement affects both 

internal and external dynamics of the molecule.  

 

As a demonstration of this, Bakajin et al studied DNA stretching and relaxation in 

nanoslit devices of various depths [48].   In the experiment, they electrophoretically 

drove a DNA molecule through a nanoslit until it happened to wrap around a pillar 

which was intentionally fabricated in the channel.  This caused the DNA strand to 

elongate as would a ribbon hooked on a post in the wind.  When the molecule finally 

freed itself from the pillar, it continued downstream, relaxing as it moved through the 

channel.  This relaxation process was observed using fluorescence microscopy, and 

the end to end extension as a function of time was determined.  It was found that 

relaxation time varied with nanoslit depth.  It was also found that an electrophoretic 

force acts on a tethered molecule in same way as does a hydrodynamic flow.  This 

concept was termed electrohydrodynamic equivalence.  

  

The initial study by Bakajin was followed by a number of papers which investigate 

polymer dynamics in slits.  In a series of works Doyle et. al experimentally 

investigated both the relaxation times and diffusivity of several lengths of DNA 

molecules in slits [49-52].  In keeping pace with experimental reports, theorists have 

used brownian dynamics simulations [53-55], dynamic Monte Carlo simulations [56], 

lattice Boltzmann methods [57] in attempts to explain the data, and to corroborate  

previously published analytical approaches to modeling polymers in slits [29].  Most 
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recently Levy and Strychalski of the Craighead group [58] and Bonthuis of the Dekker 

group [59] have investigated DNA diffusion in slits with depths of 33nm and higher.  

Proper theoretical interpretation of these experiments remains under debate, because 

there is still a discussion in the polymer physics community as to whether the models 

proposed by Brochard and deGennes’ [29, 60] or Odijk [61, 62] should be used for 

DNA in nanoslits.   

 

While the study of DNA in nanoslits is interesting from a polymer physics point of 

view, it also has significant technological application.  Here we describe the methods 

being used to stretch and detect single DNA molecules in sub-micron sized channels 

for the purpose of rapid gene mapping.  A key component of optical mapping analysis 

is elongation of DNA molecules so that they are in a conformation conducive to 

fluorescent visualization of hybridized probes or cleaved restriction sites.  While 

molecular combing and other techniques stretch DNA and affix it to a surface, it is 

also possible to elongate a DNA molecule in a controlled way, and interrogate it while 

it is still in solution.  Two approaches to single molecule elongation are: 1) stretching 

via hydrodynamic forces; 2) stretching via confinement induced forces.   

 

In recent reports, chips have been designed to hydrodynamically stretch a DNA 

molecule as it enters a detection region [35, 40].  When a pressure gradient is applied, 

the channel geometry near the region of interest induces a non-uniform sheer flow, 

which stretches DNA molecules.  Due to high flow speeds through the microchannel, 

many molecules may be detected per unit time.  Obtaining large a number of single 

molecule measurements combines the unique information gained by interrogating 

molecules on an individual basis, with the statistics of an ensemble average.  Such a 



12 

setup has been used to rapidly map the position of fluorescently labeled probes on 

long DNA molecules [35, 40]. 

 

In 2006, Schwartz et al. presented a novel approach to optical mapping using nanoslit 

devices [61].  In the report, DNA molecules were elongated using nm100  deep 

nanoslit devices filled with low ionic strength solution which increased the degree of 

stretching.  Specific sites on the DNA strands were marked prior to insertion in the 

nanoslit by using using a complementary enzymatic labeling scheme.  A new class of 

endonucleases was used to nick, but not cleave, double stranded molecules at specific 

sites.  Nick translation of DNA molecules in bulk solution using fluorochrome-labeled 

nucleotides followed by counterstaining of DNA backbones with the bis-intercalator 

YoYo-1 resulted in molecules for which the backbone appeared as one color, and the 

modified restriction sites as another color.  The pre-processed molecules were then 

elongated in the nanoslit device and imaged used fluorescence microscopy.  The 

YoYo-1 dye and the nick translated fluorochrome emitted at different wavelengths but 

could be excited with a single laser.  The experiments resulted in optical barcode maps 

which could be used for any number of purposes (See Section 1.2). 

 

1.4.3 Nanopillar Arrays 

The earliest nanofluidic devices employed channels which contained arrays of 

nanoscale pillars.  The devices were designed to be used as sieving matrices for 

separation of DNA molecules according to length.  It was hoped that precise control of 

pillar geometry and spacing would lead to greater separation performance as compared 

with traditional polymer matrices.  In articles by Cabodi [27] and Austin [2-4] several 

variations of pillar devices were tested.  It was shown that large DNA molecule 
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separation could be achieved, although single base pair resolution was not 

demonstrated. 

 

Often, for molecular diagnostic purposes, it is desirable to use a separation process as 

a purification step with the idea that the separation molecules will be isolated and used 

for a variety of purposes.  In order to separate nucleic acids and proteins by size for 

preparative purposes, most often gel filtration chromatography or gel electrophoresis 

is used.  Though these methods are popular for sample preparation, they are not ideal.  

The disadvantages are that gel filtration chromatography has poor resolution, and that 

sample recovery following gel electrophoresis is difficult.  The nanofabricated 

separation devices mentioned have resulted in greatly improved separation speed and 

resolution as compared to gels, however, due to small initial plug sizes in the channels, 

throughput is extremely low.  The solution to this may lie in continuous mode 

separation, which has been demonstrated in a variety of nanofluidic devices.  

 

Initially it was shown that an asymmetric “Brownian-ratchet” based devices could be 

used to separate long DNA molecules in a continuous mode [63, 64].  In the presence 

of an electric field and no sieving matrix, DNA molecules of different sizes migrate at 

the same velocity.  However, as they migrate, they also diffuse at a size dependent 

rate.  An initially tight band of small molecules, driven through free solution, spreads 

out to a greater degree than an equally initially tight band of large molecules, since the 

small ones diffuse faster.  Austin et. al showed that a lattice of asymmetric obstacles 

can rectify the Brownian motion of the molecules.  Thus, instead of the band of small 

molecules simply becoming more disperse, it is deflected to one side as it’s driven 

down the obstacle course.  DNA molecules of different sizes, or any other analytes 
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with a range of diffusivities can be separated in a continuous fashion as they are driven 

down the Brownian ratchet array [65]. 

 

Pillar arrays were also shown to effect separation using a novel pulsed gel procedure 

called “entropic recoil” [66].  Entropic recoil occurs when molecules are positioned so 

that they straddle the interface between a microchannel and nanopillar populated 

region.  Through thermally induced motion, the segment of the DNA strand straddling 

the interface tests the volume of configuration space available to it in the microchannel 

versus nanopillar regions.  The difference in available configuration volume between 

the two regions corresponds to a difference in entropy.  Finally, the entropic difference 

results in a free energy gradient and thus a force, which pulls the molecule out of the 

pillar array [67].   

 

This entropic recoil effect is significant for two reasons.  First, it presents a means for 

directly measuring a confinement induced force.  Such measurements can be used to 

corroborate models of polymer theory.  Second, it can be employed in the separation 

of molecules by size.  A procedure for doing this was developed by Turner et. al and is 

illustrated in Figure 1 below. 
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Figure 1.  Phases of entropic recoil separation procedure.  Collect) A sub-threshold 

voltage is applied which causes the DNA molecules to migrate to the entrance of the 

nanopillar array, but which is not large enough to drive them into the array.  Drive) a 

larger voltage is applied, driving the collected molecules into the array, either partly or 

entirely, depending on their length.  Recoil) The electric field is switched off. Short, 

fully inserted molecules remain in the nanopillar array.  Longer molecules, which 

straddle the interface between the pillar region and the microchannel region 

experience an entropically induced force, which causes them to recoil into the 

microchannel.  The three phases are repeated until separation of two populations is 

achieved. 

 

 

1.4.4 Entropic Trap Arrays 

The entropic trap array consists of alternating deep and shallow regions in series as 

part of a microfabricated, fluid-filled channel [5-8].  DNA molecules are forced to 
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change conformation as they travel through the alternating deep and shallow regions.  

Because the internal conformation change costs entropic free energy, they are 

temporarily trapped at the entrance to a thin region.  A molecule in the deep region 

diffuses, when a sufficient number of DNA monomers happen to move into the high 

field region near the slit entrance, the molecule’s escape from that trap is initiated.  

Interestingly, longer DNA molecules have a higher probability of escaping due to the 

fact that they have more surface area in contact with the high field region.  This effect, 

higher mobilities for larger molecules, is being studied in great detail by a number of 

groups and ways in which it can be optimally used in an integrated system are being 

investigated.  In its first design the entropic trap array was particularly well suited for 

separation of DNA molecules of length 10’s of kbp and greater.  This is a size range of 

considerable practical importance, since it is difficult to separate any molecules 

greater than around 40 kbp in a gel without the use of a pulsed field approach.  

 

While the relative size of the thin slit and the DNA’s radius of gyration are important, 

another critical parameter in entropic trap array separation efficiency is the spacing 

between subsequent traps.  As DNA molecules exit one narrow gap, travel through the 

deep region, and approach the next narrow gap, they must have sufficient time to relax 

to their equilibrium conformation in each deep region before encountering the next 

thin slit.  It has been shown that even at high fields and trap spacing on the order of 

microns, the molecules still have sufficient time to relax, a fact which allows the field 

to be applied in a DC mode.  Note that this is in contrast to pulsed field gel 

electrophoresis where DNA relaxation is achieved by temporarily turning off, or 

switching the direction of the electric field. 
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In the spirit of continuous flow separation, Han et. al has adapted the entropic trap 

device by creating a two dimensional periodic nanofilter array [9, 10, 26].  Deep 

nanochannels (~330 nm) run longitudinally and shallow (~50 nm) channels run 

laterally.  Additionally, two perpendicular components of the applied electric field can 

be independently controlled.  The structural anisotropy leads to different trajectories 

for different-sized or charged biomolecules.   

 

This anisotropic nanofilter array (ANA) allows for three Sieving mechanisms to be 

used (Ogston sieving, entropic trapping, and electrostatics sieving.)  In Ogston sieving, 

the mobility of different sized molecules is solely determined by the configurational or 

conformational entropy loss within the constrictions due to steric exclusion.  For 

macromolecules with diameters larger than the constriction size, molecules must 

deform to pass, a process known as entropic trapping and described above.  Mobility 

through the array is therefore determined by the entrance attempt frequency which 

varies significantly with polymer length.  Finally the devices can also be used in an 

electrostatic sieving mode.  In this mode, repulsive or attractive interaction between 

charged analyte molecules and the electric potential in the nanoconstriction determine 

the probability of a molecule entering that constriction, and thus the mobility through 

the array. 

 

1.4.5 Nanochannels for DNA Analysis and Polymer Theory 

It was previously mentioned that DNA molecules confined to nanoslits change their 

conformation by flattening in the vertical dimension and bulging in the other two 

spatial dimensions.  Similarly, the conformation of a molecule is greatly altered when 

it enters a nanochannel.  A nanochannel confines the molecule in two dimensions and 

allows it to expand in the third dimension only (i.e. the direction of the nanochannel 
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axis) .  The theory describing this confinement induced expansion is covered in detail 

in Chapter 2, but here we say a few brief words about the basic characteristics of the 

theory and its applications.   

 

Since as early as 2002, researchers have been using observation of fluorescently 

labeled DNA molecules in nanochannels for technological applications.  Cao et al 

created 10nm wide channels for DNA analysis [68] and gradient structures for loading 

DNA into nanochannels from microchannels [69].  Tegenfeldt et al. showed that a 

genomic length molecule could be stretched and its observed length used to infer the 

total contour length of the molecule [70].  As a proof of principle, phage−λ  DNA 

concatemers were imaged in nm100  diameter channels and analyzed.  Given just 

twenty statistically independent measurements, or one minute of observation, the 

extension length of a λ  monomer could be measured to an accuracy of mμ15.0± , or 

bp400± . 

 

The method for measuring fragment length compares well with the pulsed field gel 

technique.  For electrophoretic separations in gels, there is a loss of resolution at high 

molecular weights because of the nonlinear decrease of mobility with increasing 

molecule length.  However, for single molecules measurements of fluctuating 

molecules, by collecting enough photons, fragment length can be determined to 

arbitrary precision.  This concept is developed fully in Chapter 2.  

 

As was mentioned in section 1.4, it is also possible to determine the contour length of 

a fluorescently stained DNA molecule simply by measuring its fluorescence intensity.  

What, then, is the advantage of performing length measurements on elongated 

molecules in channel?  In fact if the goal is length measurement on its own, then there 
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is no advantage to using nanochannels.  Nanochannels can only provide increased 

utility when length measurements are combined with additional measurements, 

performed simultaneously on the molecule, in which the information obtained is 

sensitive to preservation of the order of bases along the direction of elongation.  

Several examples of this follow. 

 

In 2005 Rhein et. al demonstrated real time observation of enzymatic digestion of an 

elongated DNA molecule in a channel [23].  Briefly, a nanofluidic channel was filled 

with buffer and restriction enzymes known to cut the DNA strand at two locations.  A 

chemical gradient of magnesium ions was also set up across the channel.  Because 

magnesium ions are required for proper functioning of the restriction enzyme, a DNA 

molecule could only be cleaved once it reached the part of the nanochannel where the 

Mg2+ concentration was sufficient.  DNA molecules were driven into nanochannels, 

were allowed to rest in the channel, and were observed to break into several pieces 

over a period of tens of seconds.  Confinement of the fragments in a nanochannel 

resulted in an elongated length that was linearly dependent on contour length.  It also 

resulted in highly suppressed center of mass diffusion.  Thus, immediately after the 

molecule broke into fragments, both the size and order of each fragment could be 

determined.   In this first example, as in the next two, we see that the ability of a 

nanochannel to both elongate a molecule and preserve the order of the monomers in 

space is the reason for its technological utility. 

 

The essential function of a restriction digest assay is to identify and localize a finite 

number of sequence motifs in a larger DNA sequence.  This is due to the fact that each 

restriction enzyme cuts only after recognizing specific sequences and is sensitive even 

to single base mutations.  But localizing motifs along a sequence can also be achieved 
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by other methods, as mentioned in the discussion in Section 1.4.3, on optical mapping 

in nanoslits.  The complementary enzymatic labeling scheme of Schwartz et al. is a 

convenient method, although target motifs are limited to sites which can be recognized 

by a special class of restriction enzymes.  Another technique, employed by U.S. 

Genomics company [35, 40], is to hybridize fluorescently tagged oligomer probes or 

PNA molecules, either of which can be designed to target a motif of an arbitrary 

sequence.  While neither labeling technique has yet been demonstrated in 

nanochannels, both should be possible, in principle.  The main advantage of 

nanochannels would be to improve the elongation and detection methods. 

 

Although the U.S Genomics experiments showed that hydrodynamic elongation can 

be employed to linearize and detect individual molecules for gene mapping, there are 

several aspects of this method which likely limit its resolution and sensitivity.  Here 

we explain why confinement induced stretching in nanochannels offers a path around 

such measurement limitations.  Figure 2 illustrates the difference in geometry between 

devices used for hydrodynamic elongation versus those used for confinement induced 

elongation. 

 

To begin with, DNA molecules that are stretched by confinement in a nanofluidic 

channel are observed to elongate in an extremely uniform manner, while 

hydrodynamically stretched polymers adopt a “flower and stem” configuration (2).  

This uneven degree of elongation may introduce complications during genomic 

mapping analysis. 
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Figure 2. Comparison between (A) hydrodynamic stretching a microfluidic device, 

and (B) confinement induced stretching in a nanofluidic device. Red arrow indicates 

direction of fluid flow, large black arrow indicated direction of electric field, and small 

black arrows indication direction of DNA motion  

 

 

 

 

 

Figure 3. Flower and Stem Model of polymer in a fluid flow. In polymer strands in 

fluid flow with high velocities tension is believed to increase along the strand leading 

to an inhomogeneous stretching. The stretched out part is called "stem" while the 

trumpet-like end is called "flower". This behavior which was originally observed for 

tethered DNA. (2) 

 

Secondly, using hydrodynamic forces, it is possible to stretch a molecule to about 80% 

if its full contour length, but extremely difficult to achieve higher degrees of 

elongation.(2) For DNA molecules in nanochannels, 80% stretching has also been 
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observed, and higher degrees of elongation are expected as channel dimensions 

continue to shrink. 

 

Confinement induced elongation also acts on each molecule in an extremely reliable 

and consistent way.  For hydrodynamic stretching, the elongation factor may depend 

on where and how the molecule enters the region of non-uniform sheer flow [35, 40]. 

The result of this is that many molecules passing through the illumination volume do 

so in a minimally stretched state. 

 

Finally, effective hydrodynamic stretching requires that flow speeds be greater than a 

certain threshold value to obtain a significant degree of elongation.  Further increasing 

the flow speed only minimally increases the stretching factor.  While it is true that 

high flow speeds permit more molecules to be detected per unit time, the number of 

photons collected from each molecule decreases linearly with a decrease in exposure 

time.  The tradeoff between single molecule resolution and frequency of events must 

be considered.  It is clearly desirable to have flexibility with flow speed in order to 

find the optimal operating conditions.  Stretching by nanochannel confinement works 

at zero velocity as well as at very high flow speeds. 

 

For these reasons, there is motivation to improve nanochannel procedures for DNA 

elongation.  In line with this goal, work has been done in the Craighead group on rapid 

fragment sizing using various DNA flow speeds through a nanochannel.  In an article 

by Reccius et al. it was reported that a molecular length resolution of 114nm could be 

achieved with a measurement time of 20ms per molecule [71].  Various aspects of the 

contour and dynamics of DNA molecules were also investigated in detail as the 

molecules passed through the channels. 
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In addition to the technological justification for studying DNA in nanochannels, there 

is theoretical motivation.  Nanochannel experiments provide a means for testing 

polymer theory in ways that were previously not possible.   Here are several examples.  

 

The report by Tegenfeldt, described in the beginning of this subsection, demonstrated 

a method of single molecule fragment sizing.  In order to perform analysis using that 

method, a number of concepts from polymer theory were applied, the details of which 

are described fully in Chapter 2.  In brief, it was shown that fundamental 

characteristics of confined flexible polymers, such as molecular width and persistence 

length (a characterization of backbone flexibility), are responsible for statistical 

mechanical properties such as extension factor, spring constant and relaxation time.  

The analysis was based on Pierre deGennes’ “blob” model, which is valid as long as 

the diameter of the channel is much larger than the persistence length of the molecule.  

Since the persistence length of double stranded DNA is on the order of nm50 , this 

condition is just barely met for the 100nm channels investigated in the Tegenfeldt 

report.  The data was described very well by the model, lending support to deGennes’ 

decades old theoretical description of self avoiding polymers in cylindrical 

confinement. 

 

If channels with much smaller diameters are used, deGennes’ model begins to break 

down and an entirely different mathematical description is required.  Evidence 

supporting this model, attributed to Odijk, was made available with the experiment of 

Reisner et. al, in which the dynamics of double stranded DNA in channels with 

diameters as small as nm35  was investigated [72].  While we do not go into the details 
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of the Odijk model in this thesis, the interested reader is referred to a number of 

articles on the topic [62, 73]. 

 

In addition to testing DNA in nanochannels of various diameters, intrinsic properties 

of the molecule itself, such as persistence length and effective DNA width, may be 

adjusted and their affect on polymer dynamics can be determined.  This was shown 

recently in an article by Reisner, in which buffer solutions of various ionic strengths 

were used as a knob to adjust intrinsic molecular properties [74].  The effect of ionic 

strength on DNA extension in a channel is quite dramatic.  In addition to its 

technological applications, the result has received attention in the polymer physics 

community, reigniting the debate between applicability of the deGennes’ and Odijk 

models. 

 

The experiments just mentioned, probed the dynamics of DNA molecules in 

nanochannels, caused by thermal fluctuations about an equilibrium state.  In contrast, 

there have been several investigations of DNA dynamics resulting from a particular 

initial conformation or position that is not an equilibrium state of the molecule.  

Following Turner’s description of entropic recoil from pillar arrays, the same recoil 

process was observed to occur for molecules partly inserted into nanochannels.  

Molecules recoiling from nanochannels were easier to track and analyze, due to the 

fact that the portion of a molecule in the low entropy region was confined to a straight 

channel, as opposed an array of posts where it could zigzag through space.  Analysis 

led to the discovery an additional dynamic process termed “contraction” and a 

modification to the recoil theory.  This is elaborated upon further in Chapter 4. 
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In 2005 Reccius et. al reported an investigation of the dynamical properties of highly 

compressed DNA molecules in nanochannels [75].  In the experiment, constrictions 

were created inside of nanochannels, such that a molecule travelling through the 

channel could not easily pass.  It would compress up against the constriction, and 

when the driving force was switched off, it would slowly decompress to its 

equilibrium comformation in the nanochannel.  This is an interesting experiment from 

a polymer physics point of view.  Many biophysical questions involve DNA 

compression such as DNA packaging in bacteriophage heads, as mentioned earlier, or 

winding of DNA into tightly packed coils in the nucleus.  However, long DNA 

molecules such as λ -phage DNA form micron size spherical coils in free solution, 

which are difficult to resolve in detail with optical microscopy.  Consequently, 

previous quantitative studies had been restricted to investigating elongated DNA.  

Because confining DNA in nanochannels increases its equilibrium dimensions in one 

dimension, it enabled optical investigation of this previously unreachable regime of 

compression and ensuing expansion. 

 

More recently, a single molecule, fluorescence video microscopy experiment was 

performed by the Craighead group demonstrating the spontaneous unfolding of 

initially folded DNA molecules in nanochannels.  This experiment provides evidence 

for the theory by Jun and Arnold, which describes entropically induced segregation of 

overlapping segments of a DNA molecule in a nanochannel   Although some 

differences were found between simulation and experiment, the result definitively 

shows the existence of an entropically induced force causing resisting the overlap of 

topologically distinct molecular segments.  This report is described in more detail 

later, as the article is presented verbatim in Chapter 5. 
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1.5 Chapter Summaries 

Here we give brief summaries of the remaining Chapters in this thesis, and, where 

appropriate, describe the way in which a chapter relates to the others.   Chapter 2 lays 

the conceptual groundwork for understanding the behavior of single DNA molecules 

confined to nanofluidic channels.  Initially, the structure and properties of DNA 

molecules in free solution are reviewed.  While the chemical composition of DNA is 

important to its biological function, emphasis is placed on understanding the 

mechanical properties, which are critical in determining DNA configuration and 

dynamics in solution.  The mechanics are explained in terms of theories for self-

avoiding linear polymers, originally developed by Flory, deGennes and others.  For 

randomly coiled DNA molecules in free solution, we review scaling laws for the mean 

coil radius, and the entropic spring like forces which resist expansion or compression 

of the sphere.  This is done both for an ideal polymer, and a real polymer in aqueous 

solvent.  

 

Next, a brief review of important concepts in the field of micro- and nano-fluidics is 

given.  It is shown that interactions between channel walls and electrolyte solutions 

result in both bound surface charge and an accumulation of mobile charges near the 

wall surfaces.  An understanding these effects is required for proper interpretation of 

observed DNA conformation and dynamics.  Of those effects reviewed is the 

dependence of zeta potential and Debye screening length on ionic strength.  Particular 

consideration is given to the limiting cases of both high and low ionic strengths.  High 

ionic strength conditions are pertinent to the experiments described in Chapters 3, 4, 

and 5, in which the conformation and dynamics of DNA molecules in nm100 X

nm100 cross sectional channels are studied.  Low ionic strength conditions, on the 
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other hand, are relevant for the device described in Chapters 6 and 7, constructed with 

the objective of electrically detecting single DNA molecules. 

 

For the final part of Chapter 2, having established a basic model for DNA in free 

solution and an understanding of the chemical and physical environment inside of a 

nanochannel, the behavior of highly confined single DNA molecules is reviewed using 

a combination of theoretical models and published experimental results.  The 

deGennes’ blob model is derived for linear polyelectrolytes in cylindrical 

confinement.  This model enables the calculation of end to end extension length along 

the direction of the channel axis, fluctuations about the mean extension, spring-like 

forces resisting extension and compression, expressions for hydrodynamics friction of 

the confined polymers, and from this, calculated relaxation times for polymers whose 

end to end distance is transiently perturbed about its equilibrium length.  In all cases, 

emphasis is placed on scaling with channel diameter and molecular properties such as 

persistence length and contour length.  

 

Chapter 3 is a published review on the use of nanofabricated, fluid filled cavities for 

manipulation and detection of single biomolecules.  The article was written for a 

special issue of the journal Biopolymers with a focus on modern, single molecule 

microscopy.   The focus of the paper is on two separate effects that depend on 

dimensional relations.  The first is the relationship between nanofluidic channel length 

scales and the length scale associated with a diffraction-limited, focused beam of light.  

It is shown that, using structures which are smaller in size than the spatial resolution 

afforded by the diffraction limit, one is able to tailor the size and shape of the optical 

probe (the illuminated volume of fluid) in a way that was previously challenging or 

impossible.  The second dimensional relation explored is a comparison between 
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nanofluidic cavity length scales and length scales associated with single biological 

macromolecules, such as DNA.  Due to the fact that nanocavities can be made with 

critical dimensions smaller than the radius of gyration for long DNA molecules in free 

solution, one can use the structures to manipulate the conformation and dynamics of 

the molecules in ways that were previously not possible.  Such manipulation allows 

for new methods of obtaining information about a particular DNA molecule’s 

biological or mechanical properties       

 

Chapter 4 is a published article on dynamics of single DNA molecules in 

nanochannels.  In this article, entropic recoil from nanochannels is investigated for the 

first time.  In addition to the recoil motion, a new type of motion is observed for 

molecules after they enter a nanochannel at high velocity and are then stopped in the 

channel.  During the entrance event, the spring-like molecules are stretched beyond 

their equilibrium extension length.  If the driving force is subsequently switched off, 

the molecule will remain in the channel and will slowly contract to its equilibrium 

length.  That equilibrium length is dictated by the channel diameter and molecular 

properties.  Contraction of a hyperextended molecule in a channel may also occur 

while a molecule is undergoing the recoil process, given the appropriate starting 

conditions.  Decoupling these two types of motion is critical for proper analysis of the 

forces exerted on the confined polymer. 

 

During analysis of recoil data, it was observed that on rare occasions molecules were 

driven into a channel in such a way that some middle portion of the molecule enters 

first, creating a folded front end.  In such cases, the recoil force could be used to pull 

on the longer end alone, causing the molecule to unfold.  Initial observations of folded 

molecules at rest in a channel, and not perturbed by the recoil force, revealed that 
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spontaneous unfolding did not occur over a short timescale.  Later, however, by 

extending the duration of measurement, spontaneous unfolding was observed.  

Chapter 5 is a recently published article describing experiments in which this 

spontaneous unfolding process is analyzed and a theory describing the driving force is 

proposed. 

     

Chapter 6 is a paper in progress.  It describes the concept of a device in which 

nanofluidic channels with integrated carbon nanotubes is constructed for electrical 

detection of single DNA molecules.  Chapter 7 is a description of the fabrication 

process of this device.  It includes discussion of various fabrication restrictions that 

result from anticipated device requirements.  Chapter 8 includes concluding remarks 

and discussion of a number of possible future projects.  Finally, Appendix A shows 

calculations from Chapter 2 for determining the full chemical equilibria in a 

nanofluidic channel given a variety of buffer concentrations, and Appendix B gives 

step by step instructions for fabricating the electrical detection devices. 

 

1.6 Conclusion 

Nanofludic channels have utility as tools for the investigation of polymer theory, and 

as technological devices.  For testing polymer theory, the high degree of confinement 

imposed on DNA molecules, and ease of observation using fluorescence video 

microscopy permit convenient and novel experiments.  Due to the similar size of 

nanochannels to some biological structures such as cellular nuclei and viral capsids, 

nanochannel experiments help to answer fundamental questions in biology.   

 

For developing new technologies, the ability of nanochannels to assist in performing 

single molecule fragment length measurements makes them an important tool.  The 
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true advantage of nanochannels, is that while enabling measurement of the end to end 

length of a molecule they also preserve the order of bases and allow for a range of 

other features to be probed and mapped along the molecule.   In this thesis, one of our 

goals is to describe the physics involved with elongating, manipulating and observing 

molecules in nanochannels.  In the course of doing so, we discuss the fundamental 

limits of the technology for acquiring sequence specific information, and outline 

current avenues of investigation for building the next generation of devices.   
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CHAPTER 2 

CONCEPTUAL FOUNDATIONS FOR DNA IN NANOCHANNELS 

 

2.1 Introduction 

Nanofluidic channel based devices can be used to elongate and observe DNA, 

enabling fragment length measurements on single molecules.  By taking such 

measurements, sequence information can be inferred in a relatively short period of 

time.  It is possible, for example, to identify eight fragment lengths in a mixture of λ

bacteriophage DNA and its HindIII digest by individually interrogating a total of 

15,000 molecules over a period of two minutes [1].  Using conventional gel 

electrophoresis techniques to perform the same measurement would take at least 30 

times as long and would require orders of magnitude more sample.  Furthermore, for 

identification of DNA molecules with lengths even greater than λ -DNA, pulsed gel 

electrophoresis is required.  While typical pulsed gel times are on the order of 24 

hours, the run time for a nanochannel device performing the equivalent of a pulsed gel 

measurement remains on the order of minutes.  

 

This chapter is devoted to explaining the physics behind manipulation and observation 

of single DNA molecules in nanochannels, and ultimately to exploring the 

fundamental performance limiting factors.  In order to do this, we take a somewhat 

circuitous, but necessary, route.  We start by establishing a mathematical model for a 

DNA molecule in free solution.  While this model is based on only a few simple 

assumptions, it predicts both the static conformations and the dynamics of 

unconstrained DNA reasonably well.   Second, before discussing how the behavior of 

DNA changes when it is inserted into a nanochannel, we review the physics of 

electrolyte solutions inside nanoscale channels.  A variety of electrokinetic effects 
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occur in nanoscale channels which, it turns out, can have a significant effect on DNA 

motion.  In the final part of this chapter, we build upon the models for DNA in free 

solution, adapting them so that they can be used to describe molecules confined inside 

nanochannels.  We learn that these models are widely used in the literature for 

performing analysis of nanochannel based DNA length measurements, and we use 

them to assist in determining the performance limiting factors of such a device. 

 

2.2 Mathematical Models for DNA Molecules in Free Solution 

 

2.2.1  Pertinent Chemical and Physical Features of Double Stranded DNA 

The DNA molecules discussed in this thesis are long and flexible linear polymers 

which have unique chemical, mechanical and electronic properties.  A cartoon of 

double stranded DNA (dsDNA) is shown in Figure 1a.  Basic knowledge of DNA 

structure by the reader is assumed.   Only a few of the essential features are mentioned 

here and for a more detailed description one can refer to any number of articles [2, 3].  

Briefly, the dsDNA molecule is composed of two strands, each of which is built from 

a series of nucleic acid bases.  In aqueous solution, the hydrophobic nitrogenous bases 

are found in the interior of a dsDNA molecule and the hydrophilic sugar phosphate 

backbone on the outer surface.  The dsDNA has a cross sectional diameter of nm2 and 

a length which is proportional to the number of basepairs in the molecule.  The 

contour length can be calculated by ( ) nmBasepairsLC 34.0# ×= , where nm34.0  is 

the inter-basepair spacing.  The segment of DNA depicted in the cartoon is 27 base 

pairs in length. 

 

While short pieces of DNA are stiff, the work presented in this thesis is concerned 

with very long molecules which should be viewed as highly flexible.  A unit called the 
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persistence length, Pl , is defined as the distance between two points along the 

backbone over which the tangents of the backbone at those two points are 

uncorrelated.  If the condition PC lL >>  is met, we consider the molecule to be 

flexible.  For double stranded DNA nmlP 50≈ , and the contour lengths of our 

investigated DNA molecules are in the range of  mμ1001− .  This corresponds to a 

range of few kilobasepairs (kbp) to a few hundred kbp.  Given that a mμ20  DNA 

molecule has a length to width ratio of 10,000 to 1, it is easy to imagine why it is very 

flexible.  In solution, such a molecule would look something like the cartoon in Figure 

1b.  The reason for this spherical conformation is not obvious, but the remainder of 

this section is devoted to statistical mechanical arguments which show from first 

principles why this is the case.   

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 1 Cartoons of DNA molecules.  A) Close up of a double stranded DNA 

molecule.  At this level, properties such as the chemical composition of the backbone 

and the nitrogenous bases are visible.  The width of the DNA, nm2 ,  and the interbase 

spacing, nm34.0 , can also be distinguished.  On such a small scale DNA molecules 

appear relatively stiff.  B)  Depiction of a “long”  ( PC lL >> ) DNA molecule in free 

solution.  The molecule is most likely to assume some random, spherical conformation.
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The mathematical models presented here have great utility, and so they are described 

in detail.  Using the models, it is possible to predict many important characteristics of 

DNA in solution.  For example the scaling of sphere size with contour length, the 

density of monomers at a given distance from the center, and the spring-like resistance 

to stretching or compression can all be calculated.  In short, such models are needed in 

order to make sense of the behavior of long DNA molecules in free solution, and 

ultimately those confined to nanoscale channels. 

 

2.2.2 Ideal Polymer Model (Random Walk on a Lattice) 

As we have just seen, a DNA molecule has a relatively complicated chemical structure 

with the potential for interactions between neighboring and non-neighboring base 

pairs and some inherent stiffness.  It is at first surprising, therefore, to learn that 

several models exist which account for none of these things, yet still do a reasonable 

job at predicting global properties of the polymer.  We assume the DNA molecule can 

be modeled as a generic flexible polymer chain composed of a large number, N , of 

monomers each of length a  with a contour length aNLC ⋅= .  It should be noted that 

in this model, the monomer length, a , is not equal to the spacing between basepairs.  It 

is, rather, comparable to the persistence length.  

 

In order to calculate statistical properties of the polymer, we begin by looking at a 

snapshot of the chain in some instant of time.   For simplicity in developing the model, 

we imagine that such a chain sits on a two dimensional square lattice in some random 

configuration.  Later we can extend the argument to three dimensions and to a lattice 

of arbitrary geometry.  The lattice spacing is defined to be the same as the length of 

each monomer.   In order to determine how the chain should be placed on this lattice 

we use a random walk approach [4].  Suppose that in placing the chain on this surface, 
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we place the end of the first monomer at the origin, and allow it to point in one of four 

directions, so that its other end touches one of the four nearest neighbor lattice points.  

For the next step in the random walk, monomer number two starts on the same lattice 

point as the end of monomer number one, and is also allowed to point in any one of 

four directions.  Since this is an ideal chain model, it may even land back on the 

origin, ignoring the fact that in reality two monomers cannot overlap.  We continue 

placing the remaining 2−N  monomers on the lattice in this manner.  When finished, 

the randomly generated conformation is said to begin at the origin and end at the 

position R
v

, where ∑= n naR rr
 and nar  is a vector of length a  which represents the thn  

step of the random walk.  On a lattice of arbitrary geometry there are z  nearest 

neighbors to each lattice point, and thus z  possible steps for the polymer to take, each 

of which carries equal statistical weight (for the 2  square lattice, 4=z ).    The total 

number of possible conformations for the chain on that lattice is given by the partition 

function,  ( ) N
R N zRZ =Ω= ∑ r

r
, where ( )RN

r
Ω  is the number of microstates 

corresponding to the observable R
v

.   

 

We consider the vector, R
r

, which points from the origin to the last monomer, where, 

again, the origin is the location of the first monomer.  We would like to determine the 

average distance between the first and last monomer.  Clearly, the average value R
r

 

is zero, so we compute the mean square. 

 

 

The nar  vectors are uncorrelated in their orientation, therefore in the calculation above, 

the sum of the cross products between different nar  is zero.  The above expression 

holds for three dimensions as well as two.  The probability distribution function for R
r

Equation 1 2222 NaaaarR
n nnm mn ==⋅== ∑∑rr
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can also be calculated.  Derivations can be found in any standard treatment of the 

random walk [5], and here we just state the result.  For the 3-D case, 

 

 

 

Thus the probability distribution of R
r

 is a Gaussian about 0=R
r

.  From statistical 

mechanics, we know that in the canonical ensemble ( ) ( ) ( )( )∑ ΩΩ=
R NN RRNRP

rrr
, .  

We rearrange this to obtain an expression for the number of microstates as a function 

of R
r

for the polymer of constant monomer number N .   

 

 

 

It is now possible to calculate the entropy as a function of R
r

 using the equation 

( ) ( )[ ]RkRS B

rr
Ω−= ln .  The result is 

 

 

 

where the log of the prefactors have been absorbed into the constant ( )0S .  Given an 

expression for the entropy, we can calculate the conformational free energy of the 

polymer as a function of R
r

. 

 

 

The elastic restoring force is the derivative of free energy with respect to end to end 

distance, R . 
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Here we make a comment regarding the calculated radius, and the radius measured by 

experiment.  Besides calculating the end to end distance between the first and the last 

monomer, as is done above, it is also possible to define a quantity called the  radius of 

gyration, GR , where  

  

 

This is the mean square of the separation distance between all possible pairs of 

monomers in the chain.  Technically, the radius of gyration, and not the end to end 

distance, is most often measured directly by experiment.  However, there is a simple 

relation between the two 622 RRG =  , as shown in [6].   For the purpose of 

evaluating basic scaling laws for isolated polymers we will continue to work with the 

mean square end to end distance 2R , but clearly it is easy to convert from one to the 

other. 

  

2.2.3 Self-Avoiding Polymer Models 

In reality, the ideal polymer model described above fails for DNA in an electrolyte 

solution.  Experimental results for a real chain in aqueous solution indicate that radius 

of gyration does not scale in accordance with Equation 1.  Rather, yNR ∝ , where y  

is between 55.0  and 6.0  depending on the measurement technique used.  The reason 

for this is that the ideal polymer model does not take into account volume exclusion 

(i.e. two monomers cannot exist in the same place at the same time).   

 

While the mathematical properties of simple random walks are trivial, those of the self 

avoiding walk (SAW) are complex.  Therefore we describe a shortcut for calculating 

the scaling of 2R  with molecular parameters such as N , v , and a .  This clever 

derivation was first described by Flory. 

Equation 6 ( )∑∑
= =

−=
N

n

N

m
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We start with a chain in the conformation of sphere with an unknown radius, R , and 

an internal monomer concentration 3
int RNc ≅ .  Due to monomer-monomer 

interactions, there is a repulsive energy in the chain given by 
3232

int RNTkRcTkF BBrep υυ =≅  where υ  is the excluded volume parameter.  This 

parameter roughly corresponds to the volume of space occupied by a monomer and we 

use an estimate of 2wa=υ  as argued by [7].  The repulsive energy increases in 

magnitude for smaller R , thus accounting for the polymer’s tendancy to swell as a 

result of excluded volume interactions.  However, as R  increases, the entropy of the 

chain decreases, resulting in an increase in the elastic free energy term of Equation 5.  

The full conformational free energy expression is given by the sum of the repulsive 

and elastic energy terms.   

 

 
The total free energy has a minimum at 

  

Thus we find that the scaling exponent of radius with polymer length is 53=y .  It is 

important to note that while the Flory calculation gives an accurate result for the 

equilibrium radius, this derivation benefits from the remarkable cancellation of two 

errors.  Both the entropic spring term and the volume exclusion term overestimate the 

energies.  Thus, while the Flory approach can safely determine R , caution should be 

exercised if using this approach for the calculation of dynamical polymer properties.  

More can be found on this topic in the book by deGenne’s [4].  
  

Equation 7 ⎟⎟
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2.3 Electrolyte Solutions in Nanochannels 

In order to understand the behavior of single DNA molecules in nanochannels, it is 

necessary to first describe the chemical properties of the nanochannel/buffer system.  

For single-molecule optical detection experiments, nanochannels are fabricated as 

trenches in fused silica, and are capped with a second fused silica wafer, resulting in 

four silicon dioxide channel walls.  As in any micro/nano-fluidic device, the chemical 

properties of the walls in aqueous solution play an important role in determining the 

behavior of the device.  Fortunately, these properties have been extensively studied for 

silicon dioxide substrates in various types and concentrations of electrolyte solutions.  

The resulting electric potentials and ionic distributions are also well understood and 

are explained in the literature [8].  In this section, the relevant pieces are reviewed. 

 

2.3.1 Electrolyte Properties 

We begin with the basic properties of electrolyte solutions.  They are formed by the 

dissolution of electrolytes in a solvent; commonly acids, bases, or salts in water.  The 

components of an electrolyte compound may strongly or weakly dissociate, depending 

on their thermodynamic properties in the solvent.  The degree of dissociation for a 

given compound can be calculated using tabulated values.  For the general reaction 

yBxABA yx +↔ , the dissociation constant is defined as [ ] [ ] [ ]yx
yx

d BABAK =  where 

terms in brackets represent concentration in molarity.  In this way, given a known 

initial concentration of electrolyte, the concentration of charged ions resulting from 

the electrolyte dissociation can be determined.   

 

For acids or bases in aqueous solution, the acid or base dissociation constant aK  or 

bK  can be used to predict the concentrations of +H  and −OH  ions as well as that of 

the conjugate acids and bases.  For the acid dissociation reaction 
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+− +↔+ OHAOHAH 32 , AH  is the acid and −A  is the conjugate base.  The acid 

dissociation constant is defined as [ ][ ] [ ]AHAOHKa
−+= 3 .  Commonly for acids and 

bases the quantities [ ]+−= HpH 10log , [ ]aa KpK 10log−= , and [ ]bb KpK 10log−= , are 

used for convenience.  

 

Rearranging the equation for aK , and taking the negative logarithm of both sides, 

results in [ ]−−= AHApKpH a log  which is the Henderson-Hasselbalch equation.  

Given a known [ ]HA , apK and pH , it is possible to calculate the concentration of 

conjugate base ions (or conjugate acid ions if we are talking about a base).  This is 

important for determining solution characteristics such as ionic strength or ionic 

screening length, concepts which are discussed further below.  It should be noted that 

both monoprotic and polyprotic acids and bases are possible, and in the case of 

polyprotic acids and bases, multiple apK  and bpK  values are available in the 

literature.   

 

In order to characterize the electrical properties of a solution, a quantity called ionic 

strength is defined as ( ) [ ]iii cz 2212 ∑=Γ  , where iz  is the valence and ic  is the 

concentration of the i th ionic species.   While the desired concentration of dissociated 

salt ions is often in the mM  range, it is important to bear in mind that the dissociation 

of water into hydroxide and hydronium ions sets the lower limit on the possible 

concentration of charged species in aqueous solution at M710− . 

 

2.3.2 Surface Charge 

Prior to immersion in an aqueous solution, the silicon dioxide surfaces of the channel 

walls are terminated with uncharged silanol groups.  In a solution, however, a fraction 

of these groups ionizes.  Given a known apK  for the surface group, and a known 
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solution pH , the probability of deprotonation can be determined using the 

Henderson-Hasselbalch equation.  For the case of silicon dioxide, the silanol groups 

on the surface have 5=apK .  If the buffered solution is 3.8=pH , as is often the 

case,  then %99  of the surface sites are ionized.  An estimated surface density of 

between 14105×  [9] and 141032×  [10] sites per 2cm , results in a surface charge 

density of roughly 2100 cmCμ− .  Given this surface charge, if the capacitance of the 

buffer/solution interface is known, it should be possible to calculate the difference in 

electric potential between the buffer and bulk solution.  In the next section, we 

develop the concept of the double layer, which could be used to estimate that 

capacitance. 

 

2.3.3 Double Layer 

This surface charge results in an electric field in the solution, an accumulation of 

oppositely charged ions (counter-ions), and a depletion of like charged ions (co-ions) 

near the wall.  The plate of charge on the surface together with the diffuse region of 

charge in solution near the surface is referred to as the electric double layer.  

Numerous models exist to describe the double layer in detail.  A version of the Gouy-

Chapman-Stern (GCS) model is depicted in Figure 2, and shows a negatively charged 

surface in contact with an ionic solution.  Solvated counter-ions exist in high 

concentration near the charged surface.  Due to solvation, they are not able to directly 

contact the wall material but can be located as close as the diameter of one water 

molecule from the wall.  Depending on surface and ion chemistry, some ions may 

specifically adsorb to the surface.  Often the energy of specific adsorption is enough to 

disrupt the solvation layer, allowing ions to directly contact the surface. 
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The layer of specifically adsorbed ions and the solvated ions nearest to the surface is 

referred to as the Stern layer.  For the most part, this compact layer of ions can be 

considered immobile.  Beyond the Stern layer is a layer of counter-ions and co-ions 

which are not packed tightly enough to be held in place.  This mobile layer of ions, 

called the diffuse layer, is responsible for various electrokinetic effects.  We therefore 

describe both the electric potential and the ionic distribution as a function of distance 

from the surface. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
  

Figure 2.  Modified Gouy-Chapman-Stern model of the electric double layer 

near a negatively charged suurface.  Water molecules (empty circles) adsorb 

to the surface or to ions in solution.  Specifically adsorbed anions (large 

circles with negative sign) and cations (not shown contacting wall) may lie at 

the inner Helmholtz plane.  Hydrated cations (circles with positive signs 

surrounded by water molecules) may lie at the Gouy plane or in the diffuse 

layer.   The potential at the shear plane is called the zeta potential. 
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2.3.4 Calculation of Local Ion Concentration and Electrostatic Potential in the 

Diffuse Layer 

In this double layer model, the interface between the Stern and diffuse layers is called 

the shear plane, at which location the no-slip boundary conditions are applied when 

solving for potential and ion distributions.  As mentioned above, the electric potential 

at the shear plane is referred to as the zeta potential, ζ .  Assuming, for the moment, 

that the value of ζ  can be determined, it is possible to calculate the potential at any 

point in the diffuse layer.  We use the Poisson-Boltzmann equation, which is obtained 

by starting with the Poisson equation, and rewriting the charge density using 

Boltzmann statistics.   

 

 

where y  is the distance between point in solution and the shear plane, ( )yΨ is the 

electric potential at y , e  is the charge of a proton, ic ,0  is the bulk concentration of the 
thi ionic species, z  is the valence of the thi ionic species, and ε  is the dielectric 

constant of the fluid.  Analytical solutions for this equation are available only for 

certain geometries and under limited buffer conditions.  Presently, we obtain an 

approximation for electric potential near a single infinite plate.  For the case of a 

symmetric electrolyte, Equation 9 becomes ( ) ( )Tkezezc Bψεψ sinh2 0
2 ⋅=∇ .  

Applying the boundary conditions ( ) ζ=Ψ 0  and ( ) 0=∞Ψ , the solution is:  

  

 

 

where F is Faraday’s constant, R is the molar gas constant, T is the temperature in 

degrees Kelvin, and Dλ  is the Debye length, which characterizes the length scale over 

which a charged surface is screened by ions in solution, and is given by: 

Equation 9 ( ) ( )∑ ⎟⎟
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2.3.5 Zeta Potential 

The potential at the shear plane directly affects a number of electrokinetic phenomena.  

Electroosmosis, particle electrophoresis, and streaming potential are all interpreted in 

terms of the zeta potential.  It is therefore important to understand how it may be 

affected by solution properties.  An abundance of experimental work has led to the 

following scaling relations: 

Dλζ ~     

( )Dλζ log~     
for Dλ  varying with indifferent (non specifically adsorbing) counterion concentration .  

These two relations are used in the next section.  Dependencies of ζ  on pH , 

temperature, counterion valency and counterion size, and the possibility of specific 

adsorption have also been shown, as described in ref [8], though they will not be 

explored in this chapter.   

 

2.3.6  Properties of TBE Buffer Used in Experimental Sections 

DNA nanochannel experiments in the literature have been performed under a variety 

of buffer conditions.  While, traditionally, high ionic strength buffers (5X and 1X 

TBE) have been used, recently several reports have investigated the effect of low ionic 

strength buffers on DNA extension in both nanoslit and nanochannel devices [11].  

Much debate exists as to the proper interpretation of results, and so this represents an 

interesting area of investigation for the theory of confined polymers.   

  

Equation 11( )22 2 Γ
=

F
RT

D
ελ

Equation 12mVeTkB 502 ≈<<ζ

Equation 13mVeTkB 502 ≈>>ζ
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The most notable effects of high ionic strength are the suppression of electroosmosis 

relative to electrophoresis of DNA, and the short Debye screening lengths.  These 

conditions serve to simplify both the experimental procedure of manipulating DNA in 

channels, and the theoretical interpretation of results in terms of polymer models, by 

allowing molecules to be modeled as uncharged cylinders. The experiments described 

in Chapters 3, 4 and 5 of this thesis were all performed under high ionic strength 

conditions (5X TBE with 4% β ).  While the proposed experiment of the Chapter 6 

will almost certainly require low ionic strength conditions, for the purpose of 

developing confined polymer models we limit our discussion to the high ionic strength 

regime. 

Table 1.  Ionic strength, debye screening length, and zeta potential at the fused 

silica/ electrolyte shear plane for each of the five buffers.  All values for ionic 

strength and debye screening length are calculated using theoretical models.  The 

value for zeta potential of silica in 1X buffer was measured experimentally in the 

literature [12].  Values for zeta potential at other ionic strengths are extrapolated 

using Equations 12 and 13. 

As‐mixed 

Component 

5X with 

beta 

1X with 

beta 

0.5X with 

beta 

0.05X 

with beta

0.005X 

with beta 

Ionic Strength  0.15  M  0.031 M  0.016 M  0.0031 M 0.0003 M 

Debye Screening 

Length 

0.78 nm  1.8 nm  2.5 nm  5.5 nm  17 nm 

Fused Silica Zeta 

Potential 

‐21 mV 

 

‐40 mV  ‐48 mV 

 

‐‐  ‐‐ 
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2.4 Model for DNA in Nanofluidic Channels 

In section 2.1 we used polymer models to describe the conformation and dynamics of 

DNA molecules in free solution.  Now, we will see that if the same molecules are 

inserted into long, narrow nanochannels, their behavior changes dramatically.  For 

example, it was shown that an unconstrained molecule assumes a spherical shape, with 

an end to end radius that scales with the number of monomers as 53NR ∝ .  Now, 

however, we force the molecule to enter a channel which has a diameter much smaller 

than the free solution R .  The result is that the molecule is tightly confined in two 

dimensions, but elongates very far in the third dimension, the direction of the channel 

axis [4].   

 

Furthermore, the average separation distance between the first and the last monomer 

has different functional dependence on the total number of monomers.  This separation 

distance, which we now call zL , is essentially the extent to which the molecule 

stretches along the channel axis.  Instead of 53NR ∝  we now have NLz ∝ .  This has 

important implications for nanochannel based DNA length measurements.  If, for 

example, a hybridized probe is bound at some position along the molecule, the linear 

scaling of extension length with monomer number allows for a one to one mapping 

between the spatial position along the polymer, and the position within the genome. 

 

In addition to the scaling of zL  with N , extension length has a number of other 

dependencies, such as with channel diameter, the Debye screening length, and the 

DNA persistence length.  In order to explain those dependencies, we now build upon 

the DNA free-solution polymer model to generate a model which is applicable in 

confined environments. 
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2.4.1  deGenne’s Blob Model for Linear Polymers in Cylindrical Confinement 

Here we review the statistical properties of single molecules confined to channels such 

that the following conditions are met: PlDR >>  [4].  The reasons for these 

conditions are straightforward.  First, the channel diameter must be smaller than the 

molecule’s free solution radius of gyration.  If it is not, the molecule will not need to 

deform in order to enter.   Second, the local bending of the molecule must occur over a 

distance shorter than the channel diameter.  If this condition is met, the DNA molecule 

may be modeled as a series of blobs lined up along the axis of the channel.  This 

model, first proposed by deGennes’ has proven to be valid for double stranded DNA 

molecules with lengths of a few kilobases or longer, in channels ranging from roughly 

one-hundred to several hundred nanometers in diameter.  It is therefore the model of 

choice for the remainder of this chapter. 

 

Figure 3 depicts a confined DNA molecule in the blob model picture.  In the model, 

the molecule partitions into a series of blobs, each with a diameter equal to the channel 

diameter, D .  The monomers within each blob act very much like they would inside a 

small sphere in free solution, and so the number of monomers per blob must satisfy 

the relation 53agD = .  This is the same as Equation 8 with the variable for the total 

number of monomers in the molecule, N , replaced by one for the number of 

monomers per small blob, g .  The number of blobs is given by gN , so that the full 

scaling law for the equilibrium extension length of the molecule along the direction of 

the channel axis is   

 

     
Equation 14( ) ( )
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Following deGennes’ argument that the confined blobs lose their ability to diffuse in 

three dimensions, the free energy cost for confinement of a single blob is of order TkB , 

and the free energy of confinement for the full length molecule is TkB  times the 

number of blobs.   

  

     

As is evident, the energy cost associated with confinement goes up with decreasing 

channel size.  Because of this, in situations where the degree of confinement is not 

uniform along the length of the molecule, a free energy gradient exists.  This results in 

an entropically induced force on the molecule.  Such a force acts only on the portion 

of the molecule which can “feel” the nonuniform degree of confinement by testing the 

space via diffusive motion.  Specific examples of non-uniform-confinement induced 

forces are described in later chapters.  For the remainder of the present chapter, we 

focus on the dynamics of molecules undergoing thermal agitation only. 

 

 

 

 

 

 

 

 

 

 
  

Equation 15 
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Figure 3.  Cartoon of a confined DNA molecule (Blue) in nanochannel of 

diameter, D.  Volume exclusion effects cause the molecule to elongate along 

the direction of the channel axis, with an extension length given by Lz.  

According to the deGennes’ model, the molecule is viewed as a series of 

noninterpenetrating spherical blobs (Black Dashed Outlines).  Each blob has a 

diameter equal to the channel diameter. 



57 

2.4.2  Thermally Induced Motion of DNA Molecules in Nanochannels 

Polymer segments within each blob act as if they are part of a large sphere in free 

solution.  Monomers can feel one another’s presence through hydrodynamic 

interactions (i.e. propogation of momentum through the solvent).  However, over a 

distance larger than the channel diameter, hydrodynamic interactions are quickly 

damped by the channel walls.  Therefore monomers belonging to different blobs and 

separated by a distance greater than  are hydrodynamically screened from one 

another.  The friction , then, scales linearly with the extended length of the molecule.  

The expression zLπηξ 6=  , where η  is the viscosity of the solvent, is derived in an 

article by Brochard and deGennes [13].  Thus, friction increases for longer molecules 

and for smaller diameter channels.  We will use this expression for the friction 

momentarily. 
 

Thermal agitation of the blobs cause fluctuations in the end to end extension length of 

the confined DNA molecule.  When a strand experiences such random extensions or 

compressions about its equilibrium length, it responds like a spring by resisting that 

extension or compression.  Given a channel with a constant diameter , we can use 

Equation 14 and 15 to obtain an expression for the spring constant.  After rewriting 

Equation 14 to solve for  and substituting this expression for  in Equation 15, we 

obtain 

 

 

Using the fact that the spring constant is the curvature of the free energy function, 
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We can use this expression for k  in Hook’s Law, the standard equation for the force 

exerted by a spring kxfspring −=  where x  is the displacement from equilibrium.  It 

should be noted that an extended molecule in a channel only has some relation to a 

true Hookian spring.  While the expression for instantaneous force as a function of 

displacement is identical, the typical equations of motion are not.  As described, 

thermal agitation causes the molecule to randomly expand or compress to some length 

other than its equilibrium extension length.  However, because the ratio of inertial 

forces to viscous forces in these systems is so low (i.e. Reynolds number less than 1), 

the contracting or expanding DNA molecule cannot accumulate momentum during the 

return to equilibrium.  Therefore, a plot of the extension length versus time is not 

sinusoidal.  This is evident in the time trace of Figure 4a. 

 

What sense can be made of the spring-like nature of the molecule, and of its 

apparently random fluctuations in extension?  In fact, over a short period of time, the 

measured lengths from a series of snapshots of the molecule are correlated [14].  After 

a thermally induced extension, there is a mean relaxation time, τ , over which the 

molecule returns to its equilibrium length.  For the lowest vibrational mode, this is 

given by kξτ = .   
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This is an important fact to consider.  It means that in order to obtain a series of 

statistically independent length measurements, we must wait a minimum time, τ , 

between each measurement. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Further evidence of the spring-like nature of the molecule can be seen by plotting the 

measured extension lengths in a histogram.  The result is a Gaussian distribution of 

lengths centered on the mean extension length, with a standard distribution, σ , that 

can be calculated using statistical mechanics.  The change in free energy associated 

with a thermally induced expansion or compression of the molecule can be calculated 

using as ( ) ( ) ( )Econfzconfzconf LFLFLF −=δ .  In the canonical ensemble, the probability 

Figure 4.  A) Time trace showing extension length in channel over 80 sec.  The 

relaxation time for this molecule is approximately 10sec.  While some correlation 

exists among nearby frames, the extension length does not evolve through time as it 

would for a classical spring.  B) Histogram of lengths measured over the same time 

trace.  As the number of measurements increases, the distribution is approaches a 

Gaussian about the mean value mLZ μ7.26= . 
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of observing the molecule in a given extended state is ( ) ( )( )TkLFLP BzconfZ δ−∝ exp .  

The width of the Gaussian curve in Figure 4b is the square root of the variance, with 

the variance given by 

 

 

We have established expressions for both the average extension length, zL ,  and its 

standard deviation.  Assuming, for the moment, that the dominant contribution to the 

error of a single length measurement is thermal agitation of the molecule, we define 

the resolving power of the system to be tzLR σ= .  Using Equation 14 and 19 yields  

 

 

The resolution improves for longer molecules.  This is an interesting result because the 

resolution for length measurements using gel electrophoresis scales in the opposite 

way, causing analysis of longer molecules to be more costly and time-consuming.  

This is further evidence that the first marketable nanochannel devices may be those 

that address the kilobase to megabase DNA length regime.  

 

 

2.5 Conclusion: Chapter 2 Summary and Relation to Subsequent Chapters 

In this chapter we have presented mathematical models which describe the 

conformation and motion of DNA in nanofluidic channels.  We began by introducing 

models for self avoiding polymers in free solution.  We then discussed electrolyte 

solutions in nanochannels, reviewing surface charge and mobile ion distributions.  

Finally, we modified free solution models for DNA in order to describe the same DNA 

molecules in highly confining nanochannel environments.  The analysis led to a 

determination of the factors contributing to DNA length measurement resolution.  This 
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theoretical framework provides the reader with a basic knowledge of the physics and 

challenges associated with DNA in nanochannels, and prepares the reader to critically 

evaluate the remaining chapters of the thesis.  Here we describe the relation of theory 

covered in this chapter to each of the remaining chapters.   

 

As mentioned in the Introduction, Chapter 3 is a published review of single molecule 

detection and manipulation using nanofluidic structures.  While the first part of this 

review focuses on the use of nanostructures for tailoring a diffraction limited focal 

volume, the second part discusses the use of nanofabricated slits and cavities for 

manipulating DNA molecules.  The DNA models presented in Chapter 2 are the base 

for understanding the many different experiments performed on confined molecules, 

that are summarized in Chapter 3.   

 

The original experiment presented in Chapter 4 describes the force experienced by a 

molecule straddling the interface between a microchannel and a nanochannel, and the 

resulting motion.  While blob theory is not used explicitly in this paper, it is necessary 

to have an understanding of equilibrium extension length for a confined molecule, as 

well as the effect that confinement has on conformational free energy.  The 

experiment presented in Chapter 5, also, does not explicitly use a blob theory 

expression, however the concepts of excluded volume interactions, equilibrium 

extension length, and free energy of confinement are again critical.  During data 

analysis, both of the experiments described in these chapters benefitted from an 

understanding of length measurement error.  Furthermore, both the experiments in 

Chapters 4 and 5 could be built upon by future researchers simply by varying 

parameters such as channel diameter or ionic strength, as is evident by an 
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understanding of the models described in Chapter 2.   This would likely result in 

valuable data, adding to our understanding of the physics of confined polymers. 

 

Finally, the device and experiment described in Chapters 6 and 7 relies heavily on the 

concepts of ion distributions and charge screening in nanochannels, the groundwork 

for which has been developed in Chapter 2.  
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CHAPTER 3 

NANOFLUIDIC STRUCTURES FOR SINGLE BIO-MOLECULE 

FLUORESCENT DETECTION* 

 

*Published Journal Article:  Biopolymers 2007, Volume 85, Issue 2, pg 131 

 

J. T. Mannion and H. G. Craighead 

 

School of Applied and Engineering Physics 

Cornell University, Ithaca, NY 

 

Fluid-filled nanofabricated cavities can be used to increase the spatial resolution 

of single molecule confocal microscopy based techniques by creating smaller and 

more uniformly illuminated probe volumes.  Such structures may also be used to 

temporarily stretch single macromolecules, permitting the resolution of 

molecular details that would otherwise be beyond the capabilities of a diffraction 

limited system.   

 

Introduction. 

A variety of techniques are being explored to detect, manipulate, and identify 

individual biological molecules.  While analytical methods such as fluorescence 

correlation spectroscopy (FCS) (1) and fluorescence recover after photobleaching 

(FRAP) can be used with diffraction limited optical systems (2), there exist several 

approaches for beating the diffraction limit.  Total internal reflection fluorescent 

microscopy (TIRF) (3) and near field scanning optical microscopy (NSOM) (4,5) rely 

on decaying evanescent waves to create a sub-diffraction limited focal volume.  Two-
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photon excited fluorescence is also available as a method for shrinking illumination 

volume and increasing signal to noise (6,7), and can be used non-invasively on living 

organisms (8). 

 

Nanofabricated, fluid-filled structures have been used to decrease illumination 

volume, both increasing signal to noise and the working concentration at which single 

molecule experiments may be run (9).  Such devices consist of a series of channels, 

apertures or cavities of other shapes with dimensions on the order of ten to several 

hundred nanometers.  For the cases in which these features are smaller than the 

wavelengths of the light source used for detection, they can direct and confine light 

more precisely than can be done using diffraction limited optics.  Specifically, they 

have been used for single molecule measurements regarding binding kinetics (10), 

diffusion of molecules confined to lipid membranes (11), detection of multiple 

fluorescent labels in a heterogeneous solution (12,13), and DNA fragment sizing (14).  

The technologies which perform these tasks fall into one of two categories, namely 

they are either “zero mode wave-guides” or “sub-micrometer channels”. 

 

Additionally, nanofluidic structures are of particular use in the analysis of biological 

polymers.  When a cavity is smaller than the free solution diameter of a polymer, the 

nanostructure can be used to constrain the molecule in one or two spatial dimensions.  

The resulting entropically mediated forces cause the molecule to extend in the 

unconstrained dimensions.  Given the polymeric properties of and interest in genomic 

DNA, these molecules are prime candidates for such manipulation and analysis.  The 

second half of this review discusses ways in which nanofluidic structures can be used 

to measure the mechanical properties of single DNA molecules (15-18) and perform 

sequence analysis (19-22).  As with the structures that are used to confine light, the 
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devices that perform these tasks can be placed into one of two categories.  They are 

either “nanoslits”, which allow a DNA strand to exist in a quasi two dimensional 

plane, or they are called “nanochannels” and confine the polymer to a line.   

 

Nanofluidic structures for modifying sample illumination. 

In order to obtain single molecule occupancies in a diffraction limited focal volume, 

dilute concentrations are needed, a requirement which may be undesirable or even 

prohibitive depending on the sample and experiment (9,10).  The kinetics of many  

 

 

 

 

 

 

 

 

 

 

 

 

Figure 1.  A Histogram of MK  values for 30,000 enzymes taken from the Brenda 

Database (www.brenda.uni-koeln.de).  The effective concentration ranges for 

diffraction limited and zero-mode waveguide FCS are shown in grey and blue, 

respectively.  Kinetics for the vast majority of enzymes are out of reach for diffraction 

limited FCS.  FCS is not yet a viable tool above the 100 Mμ regime.  Figure reprinted 

with permission (10). 

http://www.brenda.uni-koeln.de/�
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enzymes, for example, can only be studied at physiologically relevant concentrations 

(Figure 1).  Smaller probe volumes allow single molecule occupancy at higher 

concentrations and also provide the benefit of reduced background noise from Raman 

scattering of solvent molecules and fluorescent impurities.   

 

Zero Mode Waveguides 

Circular apertures, fabricated in a thin layer of aluminum on a glass cover slip, provide 

a reduced focal volume and allow for single molecule detection at concentrations as 

high as Mμ200 (9).  These structures, called zero-mode waveguides (ZMW), exhibit a 

cut-off wavelength dc 7.1=λ , where d is the ZMW diameter, above which no 

propagating guided modes exist in the metallic system.  Light of wavelengths longer 

than cλ  decays exponentially along the length of the aperture, and is confined in the 

transverse plane by the walls of the hole.  For the smallest ZMWs the depth of decay 

is 10 or 20 nm and LVeff
2010−< , or 10 zeptoliters.  This is more than four orders of 

magnitude smaller than a diffraction limited probe volume. 

 

Such apertures were first used to monitor the synthesis of double stranded DNA by 

polymerase enzymes fixed to the bottom of a ZMW (figure 2), an assay which 

represents a promising approach for single molecule sequencing (23-25), and as 

mentioned, have applications for measuring binding kinetics.  The oligomerization of 

a λ -repressor protein, for example, occurs at concentrations ranging from nM10 to 

Mμ100 and its multiple kinetic binding constants can be precisely determined using a 

zero-mode waveguide (10).    
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Figure 2.  Use of a ZMW with a confocal microscopy setup.  In one scenario, 

fluorescently labeled analyte molecules interact with an enzyme bound to the bottom 

of aperture.  Figure reprinted with permission (9). 

 

Another application is in the study of lipid membranes, an area in which there are 

many topics of interest.  Membrane bound receptor binding kinetics, lipid domain 

dynamics, and membrane bound ion channel behavior, for example, may all be studied 

using fluorescent detection (7,26,27).  In addition to offering roughly an order of 

magnitude shallower illumination depth than does TIRF microscopy, zero-mode 

waveguides provide high spatial resolution in the transverse plane.  Apertures as small 

as 50 nm can be used to investigate lipid diffusion and binding kinetics for a receptor 

on a liquid-disordered phase membrane (11).  While not all membranes will penetrate 

into the hole (some gel phase membranes will not (11,28)) the more flexible 

membranes will protrude far enough that they interact with the observation volume 

(figure 3).  Information regarding the shape of the membrane within the aperture can 

be gained through measuring the diffusion of fluorescent molecules constrained to 

membrane, and the binding affinities of molecules for membrane bound receptors can 
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also be determined.  It is even possible to investigate living cell membranes (29).  

Work currently being done in our lab includes investigating the effects of 

microtubules and actin filaments on cell membrane penetration. 

 

 

 

 

 

 

 

 

 

Figure 3. Lipid bilayer membranes are thought to coat the surface of the zero mode 

waveguides.  The structures are characterized by a diameter, typically between 50 and 

200 nm; a height, ~ 100 nm; and a characteristic evanescent decay length that ranges 

from 15 nm for small structures to more than 35 nm for larger ones.  These 

experiments used fluorescently labeled lipid DHPE-Oregon Green and tetanus toxin-

Alexa488 as fluorescent probes.  The fluorophores are only excited and detected when 

near the bottom of the structure, in the evanescent field, providing a focal volume on 

the order of a few tens of zeptoliters.  The zero mode waveguides are illuminated from 

the bottom by a microscope in epi-illumination mode.  (Inset) Scanning electron 

micrograph of a zero-mode waveguide.  Figure reprinted with permission (11). 

 

Submicrometer Channels 

Having the option to adjust flow rate through the detection region, enables the balance 

of competing factors such as throughput and detection efficiency.  Submicrometer-
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sized fluidic channels allow this while maintaining focal volume restriction (30).  Such 

channels can be fabricated on fused silica wafers using metal oxide semiconductor 

(MOS) compatible processes, allowing for manufacturing scalability and permitting 

visible wavelength spectroscopy with low autofluorescence as compared to 

borosilicate or pyrex glass.  A focused laser beam aligned to the channel results in an 

effective probe size with a length defined by the diffraction limit, but a width and  

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4. Artist’s rendition of a gaussian beam focused on a channel with a cross 

section smaller than the spot size of the beam.  Analyte flows inside of the channel 

(outlined in red) along the x-direction.  (a) Cross sectional view of channel (red 

square).  The width and height of channel, given by yL  and zL , define the effective 

focal volume in two dimensions.  Note that analyte is restricted to the brightest part of 

the spot in these two dimensions.  (b) Side view of channel (partially outlined by red 

rectangle).  The length of channel which is illuminated in this dimension is determined 

by the size of the diffraction limited spot.   
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height defined by the channel walls (figure 4).  It is also worth noting that, for a 

diffraction limited spot in free solution, the majority of fluorophores are detected 

while traveling along the weakly illuminated edges of the observation volume, and 

confining molecular passage to the center of the illumination volume (figure 4) is a 

convenient way to minimize these low signal to noise events. 

 

To identify multiple target molecules in a heterogeneous mixture, a set of 

distinguishable labels with high binding specificity must be available.  Several choices 

are available for use with sub-microfluidic channels.  Quantum dots are an excellent 

fluorophore due to their broad excitation and narrow emission spectrum and their high 

quantum yield, and can easily be incorporated into an assay (31).  Dendrimer-like 

nucleic acid labels can be engineered to substantially increase the number of 

distinguishable probes in a set, starting with just two fluorophores, and may be 

designed to have a high affinity for any number of target molecules (13).  In order to 

take advantage of such a versatile set of labels, two laser beams of different 

wavelengths can be focused on a channel enabling discrimination on the basis of both 

number and energy of photons collected in a signaling event (figure 5).  Going a step 

further, separating the two spots by a distance as small as several microns along the 

channel, allows for single molecule mobility measurements (12).   

 

New methods for DNA fragment sizing are constantly being sought, and sub-micron 

size channels offer one possible solution.  In one of the most well cited works of this 

area, Foquet et al. analyze composition, molar fraction, mobility, and overall 

concentration, for a mixture of nine DNA fragments (14).  Single DNA molecules can 

be electrophoretically driven through a detection region at speeds as high as 5 mm/s 



 73

and each spend as little as a few ms in the focal volume.  Fragment sizing can be 

performed using only 76 fg of DNA (figure 6).  This compares favorably with analysis 

of the same sample by gel electrophoresis, which requires 50ng of sample.  Most 

notable is the large dynamic range in detection sensitivity.  While efficient separation 

of both 30 kbp and 600 bp DNA is difficult to achieve on a single gel, sensitivity for 

an entire spectrum of fragment sizes is excellent using Foquet’s approach. 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 5.  (a) Schematic of a sub-micrometer fluidic channel with two focused laser 

beams separated by a distance, d.  Molecules with different color fluorophores flow 

through the channel and are detected.  (b) Photon burst data collected from two 

separate detectors, one aligned to each of the two laser spots.  Figure reprinted with 

permission (12). 
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Nanofluidic structures for directly altering the state of target molecules. 

The conformation and mechanical properties of linear biological macromolecules, 

such as DNA, are important in their function.  For DNA, structural properties govern 

actions such as packaging into chromatin and bacteriophage heads (32,33).  To 

elucidate mechanical properties, optically trapped or magnetically responsive beads 

can be conjugated to a single DNA strand, enabling controlled stretching and twisting 

of the molecule (34,35).  By fixing one end of a fluorescently labeled DNA strand in 

an elongational flow, it is also possible to observe inhomogenous hydrodynamic 

stretching, which is a theoretically interesting phenomenon (36,37).  A single DNA 

strand may be visualized as interacts with pillars in a microfluidic slit (38-40), or as it 

escapes from a deep well into a thin slit, and it is hoped that the knowledge gained 

from such studies will lead to faster methods of lab-on-chip DNA sorting (41-47).  

Finally, sequence information may even be obtained from stretched molecules through 

restriction site mapping or motif mapping using hybridized probes (19,20,48).   

 

Nanoslits 

Confining a polymer to motion in two dimensions has been an experimentally difficult 

task to achieve, but has remained a topic of great interest in polymer physics (49).  

Though scanning probe techniques can accurately measure the contour of a molecule 

fixed to a surface, these contours correspond to projections of a 3-D molecule onto an 

x-y plane, rather than true 2-D states (50).  A creative method for experimentally 

realizing quasi-2-dimensional diffusion was reported by Maier and Radler who 

collected comprehensive evidence for static scaling laws and Monte Carlo simulations 

of both statics and dynamics of 2D polymer chains (49).  While they used a lipid 

bilayer to confine the DNA, alternative methods of confinement also have utility.    
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Figure 6. (Left) Section of a photon burst histogram showing the 0.6-kb fragment 

resolved over the background.  The larger peaks were also visible but are not shown 

here.  (Right) Image and line scan through the center of the image of the same sample, 

as obtained by gel electrophoresis.  Figures reprinted with permission (14).  

In addition to stretching via hydrodynamic forces, channels, planar slits, and pillar 

arrays, fabricated into glass or silicon wafers, can also be used to study the mechanical 

dynamics of a DNA molecule by employing entropic forces that arise due to 

confinement.  To describe the origin of the confinement induced forces that enable 

single molecule control and visualization, it is useful to compare the size of a DNA 

strand with the dimensions of nanofabricated structures.  A −λ bacteria-phage DNA 

molecule (48.6 kbp), for example, exists in free solution as a coiled sphere with a 

radius of less than mμ1 , but is mμ16  in length when fully stretched.  While pulling on 

the ends of a polymer is an obvious way to stretch it, nanofluidic methods employ an 

alternative approach causing elongation in one dimension, through compression in 

another.  Compare the extent of the molecule in the three states depicted (figure 7) to 

diffraction limited spatial resolution in optical microscopy and it is possible to see the 

utility of confinement.   
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Figure 7.   Cartoon of a DNA molecule (a) unconfined in free solution ( GR = radius of 

gyration), (b) confined in one dimension as in a nanoslit (depth of slit GR<< ), (c) 

confined in a nanochannel (diameter ).  The three contours have been drawn 

roughly to scale relative to one another.  Note that for diffraction limited optical 

detection of a −λ phage DNA strand, spatial resolution is smaller than, but on the 

order of GR .   

 

 

Using a thin slit geometry, it is possible to measure the transient stretching and 

subsequent relaxation for electrophoretically driven DNA molecules interacting with 

microfabricated posts (figure 8) (18).  The effects of confinement are manifest in the 

stretching and relaxation dynamics. 

 

As an alternative to hooking a molecule around posts, elongational fluid flow may be 

generated in a planar environment to efficiently stretch DNA.  Using a labeling 

scheme analogous to the one in a genomic mapping technique called multicolor 

fluorescence in situ hybridization (FISH) (51), molecules can be hydrodynamically 

GR<<
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stretched in a microfluidic device and detected with high throughput (figure 9).  Such 

a device can be used to map 8 bp target sites on the 185.1 kb-long bacterial artificial 

chromosome BAC 12M9 with an accuracy of +- 2.1 kb (20).  Thousands of molecules 

can be driven past the detectors in a matter of minutes, and summing the resulting 

fluorescent burst traces  results in a physical map of target motifs.  This suggests a 

promising technique for rapid genetic fingerprinting of non-amplified samples.   

 

 

 

 

 

 

 

 

Figure 8.  Scanning electron micrograph of a thin slit microfabricated array.  A 

cartoon DNA molecule it shown hooked over a post in a symmetric U shape – the 

configuration in which extension was measured.  Figure reprinted with permission 

(74). 

 
 

Nanochannels 

For long molecules and channel diameters ranging from tens to hundreds of nm , 

confinement induced stretching results in uniform elongation along the molecule and a 

simple linear relationship between contour length and projected length along the 

channel axis (17).  Thus, given proper calibration, it is straightforward to determine 

absolute length for a range of fragment sizes.  Furthermore, the flexibility of the 
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polymer and the presence of thermal agitation work in favor of high resolution length 

measurements.  Consider that for an ensemble of identically sized DNA molecules, all 

having been elongated and fixed to a surface by the same process, there exists a 

distribution of stretched lengths.  Because they are fixed, to obtain statistically 

independent measurements of the extended length, multiple molecules must be 

observed.  DNA in a nanochannel fluctuates rapidly however, allowing many 

independent measurements to be made on a single molecule.  For the above reasons, a 

genomic length DNA molecule can be extended and observed in a nanofluidic 

channel, and its length can be determined with high accuracy. 

 

A general dependence of resolving power, R , on length, L , and channel diameter, D

, (eq. 1) demonstrates that while resolution decreases for shorter molecules, this effect 

may be offset by shrinking channel size (17). 

 

       Eq 1. 

 

Because of this, efforts to fabricate smaller channels have dominated the field of 

nanofluidics.  Among the patterning methods used are electron-beam lithography 

(52,53), and nanoimprint lithography (54), both of which have been combined with 

novel methods for shrinking and sealing channels (55-63).  Non-lithographic 

approaches to patterning, such as focused ion beam (FIB) machining and 

electrospinning sacrificial polymers have also been used (64-66).  With some effort, 

working fluidic channels as small as nm2010 −  in diameter have been made (54).  In 

our lab, we are investigating the use of novel sacrificial materials for sub- nm20  slits 

and channels.  As cavity dimensions approach 10’s of nm and less, the scaling law 

described above begins to break down for double stranded DNA.  In this regime of

65D
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Figure 9.  (A) Depiction of a device which hydrodynamically stretches and detects 

DNA molecules.  Laser spots are separated by a distance, z, along the detection 

channel.  Note that the main utility of the slit depth used here is to create allow quasi-

2D shear flow, and to confine molecules to the focal plane, as opposed to inducing 

contour deformation.  The green shapes represent DNA molecules in various stretched 

states.  (B) Diagram depicting fluid velocity relative to the center of a DNA molecule.  

(C) Data generated by detection of intercalating dye on the backbone of a single DNA 

molecule.  Though not depicted here, one can envision a third laser spot of a different 

color exciting fluorescence from hybridized probe molecules.  Figure reprinted with 

permission (21). 
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smaller channels, there is still much work to be done modeling DNA dynamics.  A 

good initial effort has been made for channels down to nm25  in diameter (figure 10) 

(16).   

 

As a consequence of real time length measurements, DNA molecules can be 

visualized as they undergo digestion by restriction enzymes, (figure 11) (19).  After an 

enzymatic cofactor enters the nanochannel, fragments are cut by the already present 

enzymes and drift apart allowing for immediate length measurements.  Furthermore, 

because fragment order is maintained this method provides direct knowledge of cut 

position. 

 

If global confinement results in a uniform decrease in entropy across the length of a 

DNA strand, then it is expected that unevenly localized confinement creates a gradient 

in free energy.  As evidence of this, DNA molecules straddling the interface between 

two nanofabricated regions spontaneously retract into the region which offers more 

accessible configuration space to the polymer (69).  This “entropic recoil” effect 

causes a center of mass motion and is distinct from entropic elasticity.  It can be used 

in conjunction with an electrophoretic driving force (figure 12) as a method for 

identifying knots and folds, selectively straightening folded molecules (70), and 

sorting molecules according to size (71).  

 

While it is hard to imagine a method for tightly compacting DNA in three dimensions 

using conventional techniques, it can be achieved using pore-like constriction within a 

nanochannel (15).  A molecule can be electrophoretically driven against a constriction, 

highly compressing it (figure 13).  Analysis of the ensuing expansion provides new  
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Figure 10. (a) Averaged intensity of selected T2 DNA molecules in 4030× nm, 

8060× nm, 8080× nm, 130140× nm, 150230× nm, 440300× nm, and 440440× nm 

channels (left to right). (b) Averaged intensity of selected λ -DNA molecules in the 

same channels.  Figure reprinted with permission (16). 

 

data with which to test polymer models and may have direct biophysical relevance 

with regard to DNA compaction into bacteriophage heads.  Also of biological 

relevance are other protein-DNA interactions such as promoter binding.  Because 

elongation within a channel depends on polymer flexibility, interactions which are 

known to induce strain can be studied (67,68). 
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Figure 11.  (Left) Intensity trace of DNA molecule in a nanochannel as it is cut with a 

restriction enzyme.  The horizontal dimension in this figure corresponds to a trace 

along the axis of the channel, and the vertical dimension corresponds to the trace 

through time.  (Right) The absolute cut position of 29 molecules with two and three 

cuts.  The line is fit to the histogram by using the sum of three Gaussian distributions.  

Figure reprinted with permission (19).  

 

The combination of nanostructures which achieve both focal volume confinement 

and confinement induced single molecule manipulation. 

For this review, we have separated nanofluidic devices into one of two classes.  This 

was to clarify the intended, and thus far, actual uses of each type of structure. This 

categorization, however, is a flexible one.  One could imagine that confinement would 

play a role for a long DNA molecule attempting to access the illumination volume at 

the bottom of a nanoaperture.  Or that a small labeled protein detected in a 50 nm 

diameter channel would experience a tightly confined focal volume but feel no 

deforming forces.  One shortcoming of the devices that have used channel 

confinement for decreasing focal volume to date is, regardless of the channel diameter, 

resolution along the axial length is determined by a diffraction limited spot. 
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Figure 12.  (a) A cartoon of a DNA molecule undergoing a combination of “recoil” 

and “unfolding” after being partly inserted into a nanochannel.  The three drawings 

correspond to the shape of the molecule at three different instances in time (b) 

Intensity trace showing a molecule which simultaneously contracts and unfolds (arrow 

A) as it recoils from a nanochannel.  This image also shows the rare case of a knot in 

the strand (arrow B) that does not unfold.  Because any loose folds would straighten 

out during the recoil process, this part of the molecule must be entangled.  Figures 

reprinted with permission (70). 

One idea to address this is to fabricate slits in a thin metal film which lies just above 

the surface of a channel.  This has been an active area of research and so far the results 

have been promising (48,72,73).  Focusing light on the slits creates a near field point 

source with a resolution that depends on the slit width (figure 14).  One drawback in 

the results obtained so far is that in the best cases only a small percentage of the 

incident light propagated to a point where it could interact with the sample inside of 

the channel.  It has been suggested that this, as well as other shortcomings, could be 

overcome by further shrinking the fluidic channel.  Thus, while there is promise for 

such a device, there is still much work to be done. 
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Figure 13. (a) de Gennes’ “Blob” model of confined DNA in a channel of diameter D 

describing the molecule as a series of self avoiding sheres.  (b) Experimental stages of 

compressing a molecule at a constriction.  Figure reprinted with permission (15). 
 

 

 

 

 

 

 

 

 

Figure 14. Scanning electron microscope image of three 100 nm wide slits and 

hydrodynamic channels nanofabricated into an etched quartz structure.  Figure 

reprinted with permission (72). 
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Conclusion 

Nanofluidic devices offer unique opportunities for probing the behavior of single 

biological molecules with improved resolution and sensitivity.  They have been 

successfully employed in a number of biologically relevant experiments.  

Measurements for both FCS and other single molecule analysis techniques can be 

improved by using nanostructures to tailor the properties of a detection volume.  

Stretching and real-time manipulation of long DNA molecules can also be performed, 

showing marked improvements over previous methods for stretching and affixing 

molecules to surfaces for fluorescence based detection.  

 

While prospects for novel devices are continuously being explored, there are a large 

number of biologically relevant experiments yet to be done using the current 

generation of devices.  Some topics of research in our lab include detailed studies of 

the effect of actin filaments and microtubules on invagination of living cells into zero-

mode waveguides, the use of sub-100nm channels for reliable stretching of DNA and 

high-throughput genetic mapping, photon counting based fragment sizing of rare DNA 

species, and single molecule detection of mixed analytes using molecular beacon 

probes in sub-100nm diameter channels. 

 

 

The authors would like to thank Joshua D. Cross, Jose M. Moran-Mirabal, and 

Benjamin R. Cipriany for their critical evaluations. 
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CHAPTER 4 

CONFORMATIONAL ANALYSIS OF SINGLE DNA MOLECULES 

UNDERGOING ENTROPICALLY INDUCED MOTION IN 

NANOCHANNELS* 

 

 

*Previously published article: Biophysical Journal 2006, Volume 90, Issue 12, pg. 

4538 

 

J. T. Mannion, C. H. Reccius, J. D. Cross and H. G. Craighead 

School of Applied and Engineering Physics, Cornell University, Ithaca, NY 14853 

 

We have used the interface between a nanochannel and a microchannel as a tool 

for applying controlled forces on a DNA molecule.  A molecule, with a radius of 

gyration larger than the nanochannel width, that straddles such an interface is 

subject to an essentially constant entropic force, which can be balanced against 

other forces such as the electrophoretic force from an applied electric field.  By 

controlling the applied field we can position the molecule as desired and observe 

the conformation of the molecule as it stretches, relaxes and recoils from the 

nanochannel.  We quantify and present models for the molecular motion in 

response to the entropic, electrophoretic, and frictional forces acting on it.  By 

determining the magnitude of the drag coefficients for DNA molecules in the 

nanostructure, we are able to estimate the confinement induced recoil force.  

Finally, we demonstrate that we can use a controlled applied field and the 

entropic interfacial forces to unfold molecules, which can then be manipulated 

and positioned in their simple extended morphology. 
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Introduction 

The dynamics of DNA in nanochannels is a relevant topic considering the current 

efforts toward the development of micro- and nanofluidic devices for biomolecular 

analysis.  In previous years, such devices have been studied for their ability to isolate, 

manipulate and investigate single biomolecules.  Among the technologies tested have 

been entropic trap arrays (1-4), micro- and nanopillar arrays (5-9), nanopores (10-14) 

and nanochannels (15-18).  Each has shown promise as either a tool for the analysis of 

statistical mechanical properties of long biopolymers or as a tool for sorting 

biomolecules according to their length.  For example, the contour lengths of molecules 

that were driven into a 100 nm channel have been measured by Tegenfeldt et al. (16).  

They were able to determine the length of a single λ -DNA strand to within 400 bp in 

1 min.  Using nanochannels it is also possible to observe the action of an enzyme on a 

single DNA molecule and consequently map its restriction sites (17). 

 

It has been demonstrated that DNA molecules inserted partly into a nanopillar array 

with an applied electric field experienced a confinement-induced entropic force, 

causing them to recoil from the array, when the field was turned off (8).  This effect, 

termed entropic recoil, was used to sort two DNA populations of different lengths with 

a resolution of 11% by length (7).  The resolution of pillar arrays is blurred by the fact 

that DNA molecules entering the array at a distinct point may enter the array 

diagonally, wrap around pillars or even form sideways loops. All these different 

conformations probably have different friction and lead to different recoil times. We 

have therefore investigated entropic recoil from nanochannels, a geometry which 

allows only one direction of insertion. Nanochannels also simplify the optical analysis 
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(17) and allow a better comparison to well known theoretical models like de Gennes’ 

blob model for confined polymers (19). 

 

Here, for the first time, we investigate the motion and conformation of single DNA 

molecules in nm100  channels while they are manipulated with both electric fields and 

confinement induced entropic forces.  Figure 1A illustrates the recoil experiment.  In 

addition to the basic recoil process we investigate several new types of motion in 

nanochannels.  Sometimes as shown in Figure 1B, when a molecule is 

electrophoretically driven into a nanochannel, its leading end is folded over on itself.  

We show that in our experiments the looped DNA strands can be unfolded by the 

recoil process.  Note that folding of DNA has already been observed as quantized 

resistance changes during DNA translocation through artificial nanopores (12,20). The 

term “folded DNA” just refers to a transient loop formation and should not be 

confused with protein folding, for example. 

 

The entropic recoil force was shown to be mathematically distinct from an elastic 

restoring force (8).  A molecule undergoing entropic recoil speeds up over time.  In 

contrast, one expects that the contraction due to entropic elasticity would slow down 

over time.  Here we cause molecules to undergo either elastic contraction or entropic 

recoil.  Figure 1C illustrates the contraction of a stretched molecule inside a 

nanochannel.  As shown in Figure 1D, we also demonstrate that under certain initial 

conditions it is possible for a molecule to undergo both the contraction and entropic 

recoil processes simultaneously. 
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Figure 1.  Types of Motion and Conformations Studied.  Relaxed DNA molecules in 

nanochannels have an equilibrium extension length.  (A) Extraction of a relaxed strand 

from a nanochannel.  The entropic force driving the extraction is due to the difference 

in configuration space on either side of the nanochannel/microchannel interface.  This 

process of self extraction, which only occurs for molecules straddling the interface, is 

called a recoil process.  (B) In some cases molecules are inserted in the nanochannels 

with their leading end folded over on itself, creating a loop. During the recoil process 

these molecules unfold, which means the looped section of DNA straightens.  (C) A 

molecule electrophoretically driven into the nanochannel stretches as the entropic and 

electric forces pull on the molecule in opposite directions.  After the molecule has 

entirely entered the nanochannel, the electric field is switched off and it is allowed to 

relax to its equilibrium extension length 0l .  (D) If a molecule is partially driven into a 

nanochannel and immediately allowed to recoil, it will show a combination of 

unstretching and recoiling. 



 99

A basic theory (8) can be derived by neglecting the self-avoidance effects of the 

persistent DNA.  A molecule at the interface has the entropy per unit length Is  inside 

the nanochannel and entropy per unit length Ms  in the microchannel.  Thus the 

entropy is MMII slslS +=  where Il  and Ml  are the lengths in the two regions.  The 

length of the molecule which resides in the microchannel can be rewritten as 

IM lll −= 0  where 0l  is the full extended length of the DNA strand in the 

nanochannel.  The entropic force ( )MII ssTdldFf −== /  results from the free 

energy TSUF −=  and is found to be independent of the inserted length Il  inside the 

nanochannel.  The molecule retraction at velocity dtdlv I /=  is only hindered by the 

hydrodynamic drag force vlf ID ρ=  inside a confined environment (21).  Here ρ  is 

the hydrodynamic drag per unit extended length in the nanochannel.  Solving the 

resulting differential equation dtdllf II /ρ=  under the condition ( ) 00 =tl I  leads to: 

 

(1) 

  

where 0t  is the time of complete extraction. 

 

Materials and Methods 

Device Fabrication. Devices were patterned on a mirror-polished fused silica wafer 

with a thickness of mμ500  (MarkOptics, Santa Ana, CA) using a combination of 

electron beam and optical lithography.  Initially, a layer of gold, nm25  thick, was 

evaporated onto poly(methyl-methacrylate) electron-beam resist to help draw current 

during the electron-beam process.  Negative patterns of the nanochannel regions were 

exposed using a JBX-9300FS electron beam lithography system (JEOL, Peabody, 

MA).  After removal of gold and PMMA development, the patterns were transferred to 

( ) ( )0ttftlI −−=
ρ
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a Cr mask by evaporation and liftoff.  Microchannel patterns were then added to the 

mask using optical lithography and the same lift off process.  Both micro- and 

nanochannels were etched simultaneously using a Plasmalab 80Plus REI (Oxford 

Instruments, Eynsham, UK) with a CHF3/O2 mixture at 50 Watts for 20 min.  Access 

holes were created by alumina powder blasting from the backside of the wafer.  

Finally a mμ170  fused silica cover wafer (MarkOptics) was touch bonded and 

annealed at 1050°C to the device wafer, enclosing the channels.  Nanoports (Upchurch 

Scientific, Oak Habor, WA) were sealed to the access holes forming buffer reservoirs. 

A schematic of the completed device can be seen in Figure 2. Several electron 

micrographs of the nanostructures before bonding are shown in Figure 3. 

 

 

 

 

 

 

 

Figure 2.  Schematic of the nanochannel array device. (A) Cross section of device 

consisting of two bonded fused silica wafers (a, b) with the upper one containing the 

structure. The microchannel was contacted from the top of the device and fluid 

reservoirs (c) were attached.  Electrical connections to the channel were made by 

platinum electrodes (d). (B) Close-up of the nanochannel array in the upper wafer.  

DNA molecules have been drawn in the loading zone (a), as they enter a nanochannel 

(b), and in an elongated equilibrium conformation in a nanochannel (c). 
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Figure 3.  Electron micrograph of nanochannel array etched into mμ500  fused silica 

wafer.  (A) Top down view showing the interface between the microchannel and the 

array of nanochannels.  Both were etched nm100  deep. (B) Entrance to two 

nanochannels.  The channels are nm90  wide.  The wall separating the two channels is 

nm910  wide.  (C)  Closer view of a nanochannel entrance.  Floor roughness is 

nm2010 −  and is attributed to the etching process. 

 

DNA and Buffer Preparation. T4-bacteriophage DNA molecules (Wako, Richmond, 

VA) were stained with the bis-intercalating dye YOYO-1 (Molecular Probes, Eugene, 

OR) and used at a concentration of mlg /6μ .  The contour length of single Τ4-DNA 

(169kbp) can be calculated from the base pair spacing of nm34.0  to mLT μ4.574 = .  

But recent studies have shown that the dye TOTO-1, which is similar to YOYO-1, 

increases the contour length 4TL  by 30-35% at a dye to base pair ratio of 1:4 (21,22).  

Thus at our dye ratio of 1:5 4TL  is expected to rise by 23% to mμ7.70 .  Although in 

the past, the persistence length of the DNA was assumed to increased from nm51  
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when stained (21,22), recent investigations indicate that staining reduces the 

persistence length  to nm12  (23).  The two protonated amino and two protonated 

imino groups of YOYO-1 also decrease the average charge of the negative DNA 

backbone.  Given our buffer concentrations, we assume a counter ion shielding of 60% 

(24,25) and calculate a charge per unit length of nme /1.1 0=λ .  As changes in the 

properties are all less than an order of magnitude, we expect that the behavior of 

unstained DNA would be similar to the observed dynamics of the DNA/dye complex.  

The buffer consisted of 445 mM Tris-borate and 10 mM EDTA (5xTBE, pH 8.3, 

Sigma, St. Louis, MO) with 5% (v/v) β-mercaptoethanol (Sigma) as an 

antiphotobleaching agent and 2.5% (w/w) poly(n-vinylpyrrolidone) (PVP, MW 

10,000, Sigma) to reduce both electroosmotic flow and unspecific binding of DNA to 

channel walls (18,26,27).  Electrical contact was made with platinum electrodes 

inserted into the reservoirs. 

   

Microscopy. The individual molecules were observed with an IX70 inverted 

microscope (Olympus, Melville, NY), which was equipped with a 100x/0.93 NA oil 

immersion objective (Olympus) and illuminated by a 100W mercury arc lamp.  An 

XF100 filter set (Omega Optical, Brattleboro, VT) was used for fluorescence imaging.  

Images were acquired using an ICCD-350F camera (Videoscope, Dulles, VA) 

connected to a DVD-Recorder at a rate of 29.97 frames per second.  DNA molecule 

movement was extracted from the videos by using a combination of thresholding and 

morphological algorithms programmed in MATLAB (The Mathworks, Natick, MA). 

 

Experimental Protocol. DNA molecules were driven from the reservoirs into the 

microchannel with a bias of 30V.  In order to drive a molecule from the microchannel 



 103

into a nanochannel, a 3V bias was always applied.  This bias resulted in cmVE /21=  

in nanochannels and cmVE /2=  in the loading channel.  Any further manipulations 

within the nanochannel were conducted under electric fields of either cmV /21  or 

cmV /5.3 .  Three types of experiments were conducted for each molecule that we 

observed.  First, the molecules were driven entirely into the nanochannel, and the field 

was then switched off.  Their relaxation to equilibrium extension length in the 

nanochannel was studied.  Once they had contracted, they were slowly driven back 

down the nanochannel until a small portion of the molecule had reached the 

microchannel.  At this point the field was again switched off and the molecules were 

observed to undergo a pure recoil process.  Finally, after exiting the nanochannel, 

molecules were driven back in electrophoretically.  This time, however, the field was 

switched off before the DNA strands had completely entered the nanochannel.  As a 

result, they were observed to both recoil and unstretch simultaneously. 

 

Results and Discussion 

For each molecule, three basic investigations were performed: stretching with ensuing 

relaxation, relaxed recoil and stretched recoil. An example of a complete experimental 

time course can be seen in Figure 4 as a color coded intensity graph.  The plot shows 

the normalized intensity along the channel axis plotted against time. 

 

Molecule Relaxation. We investigated the relaxation of stretched molecules in a 

nanochannel.  The DNA strands were electrophoretically driven from the 

microchannel into a nanochannel.  Stretching was due to the electric force pulling the 

molecules into the nanochannel against a resistance at the entrance.  The resistance at 
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Figure 4.  Intensity time trace of the three basic manipulations performed with a 

single T4 DNA molecule.  The plot shows the normalized intensity along the channel 

(x-axis) versus the time t  (dotted line = channel entrance).  At 0=t  the molecule is 

stretched while being driven with 21 V/cm from the microchannel (x<0) into the 

nanochannel (x>0).  It is then allowed to sit in the nanochannel and contract until it 

reaches its equilibrium length.  At st 77=  a 0.5 V/cm pulse moves the molecule to 

the channel entrance (a).  A small part straddles the interface and the molecule begins 

to recoil from the nanochannel into the microchannel.  At st 115= , DNA is driven 

partially into channel with a cmV /21  pulse (b).  When the field is turned off, it begins 

to both contract and recoil simultaneously.  The difference between the profiles of the 

different molecule retraction processes can clearly be seen. 

 

 

the entrance is probably due to the entropic interface force and friction for molecules 

encountering the entrance edges.  Note that this method of stretching is completely 

different than those previously used such as hooking around pillars (21) or stretching 

by microbead techniques (28).  Upon fully entering a nanochannel, a molecule begins 

to relax and finally reaches its equilibrium extension length inside the channel.  
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Though the dynamics of this contraction in nanochannels has not yet been modeled, as 

far as the authors are aware, DNA contraction in nanoslits was tested by Bakajin et al. 

(21) and treated numerically by Stigter (24).  We assume that the end to end length l  

of a contracting molecule in a nanochannel can be roughly characterized with an 

exponential fitting function: 

 

( ) ( ) ⎟
⎠
⎞

⎜
⎝
⎛−−+=

τ
tllltl E exp00

    
(2) 

 

Here 0l  is the equilibrium length in the channel, El  the measured initial extended 

length, and τ  is the time constant of contraction.  The contraction of several T4 DNA 

strands was fit with this function fixing El  to the measured length at 0=t .  The 

results were ml μ6.24.260 ±=  and s4.33.9 ±=τ  with n = 8, where n is the number of 

measurements.  The ratio of extension was 1.05.1/ 0 ±=llE .  The equilibrium 

extended length of λ -DNA molecules in nm100  channels was measured to be mμ8  

by Tegenfeldt et al (16).  They also found that the extended length 0l  scales linearly 

with the contour length L  which leads to an expected length of mμ28  for a T4 

molecule.  This is in close agreement with our measured value.  An example of one of 

these fits is plotted in Figure 5.  In all experiments molecules drifted at sm /6.0 μ  

inside the nanochannels.  This was compensated for either mathematically or with an 

electric field offset of cmV /4.0 .  The origin of the drift might be an electrochemical 

or osmotic gradient due to different DNA or dye concentrations in the fluid reservoirs. 

 

Relaxed Recoil. After the molecules had completely relaxed to their equilibrium 

length inside the nanochannels, they were driven electrophoretically to the entrance of  
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Figure 5.  Plot of end to end length l  versus time t  for a contracting T4 molecule in a 

nanochannel.  The molecule was stretched out by driving it electrophoretically into the 

channel.  At 0=t  the field was turned off and the molecule began to contract.  In 

order to quantify this, the function in Eq. 2 was fit to the data.  Setting El  to mμ40 , 

which is the measurement value at 0=t , results in ml μ02.008.270 ±= , 

s1.09.10 ±=τ , and 5.1/ 0 =llE . 

 

the channels.  Once the tip of the molecule was straddling the interface, the voltage 

was turned off and the molecules were observed to completely recoil from the 

nanochannel.  Because molecules were allowed to reach equilibrium before beginning 

to recoil, this process was driven purely by the entropic recoil force and unaffected by 

elastic restoration.  The insertion length of the molecules in the nanochannel plotted 

versus time shows a square root behavior which was fitted by Eq. 1.  The results for 

the ratio of the entropic force to the drag coefficient ρf  were sm /8.01.6 2μ±  (n = 

23) and sm /2.22.10 2μ±  (n = 18) for molecules recoiling from the two sides of the 

nanochannel array.  The ambient drift, responsible for the difference between the two 

values, can be compensated for by averaging the two, resulting in a corrected value of 
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sm /2.11.8 2μ± .  In addition, a set of experiments with an electrical offset correction 

resulted in smf /3.19.8 2μρ ±=  (n = 14). Figure 6 shows this set of experiments as 

well as a fit to all of the curves. The theory accurately describes the data. Our values 

for ρf  are three times higher than the value of  sm /1.3 2μ  determined by Turner et. 

al (8) for DNA recoil from nanopillar arrays. This is probably due to an increased 

entropic force f  due the higher confinement in 100nm nanochannels compared to 

nanopillar arrays with 125nm spacing. 

 

 

 

 

 

 

 

Figure 6. Plot of insertion length Il  over time t  for 14 T4 DNA molecules recoiling 

from the nanochannel.  All curves are fit together with Eq. 1.  From this fit, the ratio of 

the entropic force to the drag coefficient was determined to be 

smf /01.057.8/ 2μρ ±= . 

 

Stretched Recoil. As in the stretching experiments, molecules were 

electrophoretically driven from the microchannel into the nanochannels.  But this time 

the strands were only inserted partly before the field was switched off.  Under these 

circumstances the molecules were stretched during their entrance but were not given 
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the opportunity to contract before the recoil process had begun.  A combined 

contraction and recoil was observed.  A comparison between one of these combined 

processes and a pure recoil process can be seen in Figure 4.  The difference between 

the two can clearly be distinguished. 

 

In order to formulate a recoil theory that accommodates contracting, we introduce a 

stretching factor ( )tγ , which describes the degree to which the inserted part of the 

molecule is stretched compared to the equilibrium extension inside our nanochannels.  

As in Eq. 2, we assume an exponential dependence on the time t : 

( ) ( ) ⎟
⎠
⎞

⎜
⎝
⎛−−+=

τ
γγ tt exp11 0    (3) 

with the contraction time constant τ  and the initial stretching factor )0(0 γγ =  at the 

beginning of the recoil.  Therefore we may write, for the insertion length Il  of a 

molecule that begins to both recoil and contract at the instant the electric field is 

turned off, 

( ) ( ) ( )0ttfttlI −−⋅=
ρ

γ    (4) 

which is the model that we have used to fit the data.  The model treats contraction and 

recoiling as decoupled processes, which is a valid assumption for recoil events that 

last much longer than the contraction time constant τ .  Figure 7 compares a stretched 

recoil process, with a relaxed recoil for the same molecule, in the same channel.  Each 

has been fit using the appropriate model.  As a result we obtain 

smf /4.10.10 2μρ ±=  for an offset corrected set of experiments (n = 13), which is 

close to the value we obtained for relaxed recoil experiments.  This indicates that the 

modified recoil model, which accounts for the entropic force as well as the stretching, 

is a good first approximation. 
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Figure 7.  Demonstration of the difference between a process driven purely by the 

entropic recoil force and a process driven by both entropic recoil and entropic 

contraction.  The insertion length Il  is plotted against time t .  Both experiments are 

done with the same molecule.  The curves were fit with the appropriate model (Eq. 1 

or Eq. 3). As a result we obtain smf /202.005.8/ μρ ±=  for the pure recoil event and 

smf /204.050.7/ μρ ±=  for the combined process.  The strand was stretched by 18% 

in the combined process and relaxed with a time constant of s4.07.8 ±=τ . 

 

DNA Unfolding by Recoil.  The technique of plotting normalized fluorescence 

intensity along the channel axis over time (17) is a powerful tool for investigating the 

unfolding behavior of DNA molecules.  This is important for us as many of the recoil 

experiments showed a folded conformation upon entry, two examples of which are 

shown in Figure. 8.  Folded portions of DNA molecules are brighter than unfolded 

portions in the time trace plots.  The possibility that the brighter portion of the 

molecule has simply been compressed can be ruled out by observing its evolution 

through time.  We would expect compressed regions to decompress and reach 

equilibrium with the rest of the molecule over a period of time on par with the 
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timescale of the observed contraction processes.  Instead, the border between the 

bright and the dim sections does not become less defined through time.  Only the 

observed lengths of the bright and dim portions change during the recoil process.  

Finally, when a certain threshold is reached the molecule suddenly becomes uniform 

in intensity and slightly longer.  This event may correspond to the final act in an 

unfolding process where the energy required to bend the end of the DNA molecule is 

released.  Note that molecules which appeared to be folded were discarded from all 

pure recoil and stretch-recoil measurements. 

 

From a theoretical point of view, folded DNA molecules should be more stretched 

than unfolded ones due to volume exclusion effects.  This implies that, for a molecule 

with an unfolded equilibrium extension length of 0l , the observed length will be 

greater than 2/0l  when it is folded in half.  Therefore the folded configuration is 

entropically unfavorable in comparison with the straight configuration, so that given 

enough time any folded molecules should spontaneously unfold.  For molecules with a 

significant degree of folding (more than several microns), there were no observable 

decreases in length of the folded segment of the molecule during our experiments.  We 

therefore assume that spontaneous unfolding must occur over a much larger timescale 

than that of the unfolding process which we induce using the recoil force.  

 

DNA Friction Determination. In order to determine hydrodynamic drag of DNA in 

the nanochannels, molecules were repeatedly driven by an electric field of 

cmVE /21=  in both directions.  Figure 9 shows a portion of two time traces 

demonstrating molecules driven in both directions.  Folded molecules could easily be 

distinguished, and only unfolded molecules were used for velocity measurements.   
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Figure 8. Intensity time traces of different types of molecule folding during recoil 

processes. (dotted lines = channel entrance) (A) A T4 DNA molecule is driven into 

nanochannel with a 21V/cm pulse.  It immediately begins to contract and recoil.  In 

this case however, the front end is looped (a) and unfolds over time.  The molecule 

straightens when the folded end finally flops open (b).  (B) Similiar to the molecule in 

Figure (A), this molecule contracts, recoils, and unfolds (c) simultaneously.  It also 

shows the rare case of a knot (d) in the middle of the strand which does not unfold.  

Since any loose folds would straighten out during the recoil process, this part of the 

molecule must be entangled. 
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Velocities were measured by a linear fit of the molecule position versus time.  Figure 

10 displays the distribution of the measurement values as well as two Gaussian fits, 

one for each direction.  The average velocity of all measurements was 

smv /1.27.38 μ±= , which corresponds to a mobility of 
1124101.08.1/ −−−×±== sVcmEvμ .  This value is slightly higher than 

1124101.16.0 −−−×−= sVcmμ  measured for λ -DNA in silicon/PDMS nanochannels 

(29).  In these measurements an overall linear relation between velocity and electric 

field was measured.  This linearity was also confirmed for DNA translocation through 

nanopores at high electric fields of the order of cmV /105  (20).  This is in agreement 

with theoretical models of confined polymers (30) and confined DNA (21) which 

predict hydrodynamic friction coefficients that are dependent on channel diameter and 

viscosity but not on the electric field. 

 

The hydrodynamic friction force on a molecule is gvf fric =  with the viscous drag 

coefficient g .  As the channel diameter is on the order of the persistence length b , 

most of the hydrodynamic interactions between molecule segments are screened (21).  

Thus, the drag coefficient is assumed to be Lg ξ=  with the friction coefficient per 

unit length ξ  and the contour length L .  For a non-accelerating DNA strand of charge 

q  and charge per unit contour length λ  the friction force and the electrical force 

LEqEf elec λ==  are in equilibrium.  Therefore, the friction coefficient per unit 

contour length is vE /λξ = .  Assuming a charge per unit length of nme /1.1 0=λ  we 

calculate a friction coefficient of 2/6.00.10 msfN μξ ±= .  This is five times higher 

than the pure hydrodynamic friction coefficient ( ) 2/1.2/ln/2 mfNswD μπηξ ==  of a 

solid tube with the DNA diameter nmw 2=  inside another PVP solution filled tube 

with diameter ( ) nmnmnmD 9590100 2/1 =×= .  The calculation is a lower bound as it 

neglects the average DNA segment tilt in the channel as well as frictional interactions 
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with the channel walls.  Additionally, although electroosmotic backflow was 

minimized by the dynamic PVP coating, it may not have been completely eliminated.  

Future studies with different surface coatings may isolate the relative contributions of 

hydrodynamic friction, DNA-wall interactions, and electroosmotic backflow to the 

overall friction.  The friction coefficient can be converted to drag per unit extended 

length ρ  by scaling ξ  with the previously determined extended length 0l .  The result 

is 2
0 /0.37.26/ mfNslL μξρ ±== . 

 

 

 

 

 

 

 

 

 

 

Figure 9.  Intensity time traces for two T4 DNA molecules driven electrophoretically 

within a nanochannel.  The molecules have already completely relaxed and do not 

change their extended length.  (A) Straightened molecule.  First the molecule is driven 

downward (a) and then upward (b) by 21 V/cm pulses.  (B) Molecule with the upper 

end folded.  This molecule is also driven downwards (c) and then upwards (d). The 

response was the same as in (A).  No unfolding was observed. 
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Figure 10.  Histogram showing the distribution of velocities that were obtained for 

molecules driven through nanochannels under an electric field of 21V/cm in both 

directions.  The distributions for the two directions are fit with Gaussians.  The results 

are smv /5.25.381 μ±=  and smv /6.20.392 μ±= , which are equal to within the 

measurement error. 

 

 

Calculation of Entropic Recoil Force.  From the determined drag coefficient ρ  and 

the fitted ratio of the entropic force to the drag coefficient ρf , we calculate an 

entropic force of fNf 40217 ±= .  Note that this force is specific for DNA molecules 

at the interface between a nanochannel and the microchannel in our device.  To obtain 

a theoretical estimate for comparison with the measured entropic recoil force, we 

calculated the free energy difference between a DNA strand in a 100nm channel and 

in free solution.  This was done using Schaefer’s polymer model for persistent 

polymers (31).  Inside the nanochannel, this model was combined with de Gennes’ 

“blob”-model (19) as has been described elsewhere in detail  (15,16,32).  Dividing the 

free energy change by half the extended length, which is approximately the distance 
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the center of mass moves during recoil, leads to an estimate for the entropic recoil 

force of fN50 .  The difference between the measured and estimated values for force 

might be due to the uncertainty of the shielding of the DNA backbone charge which 

influences the calculation of the drag.  A better theoretical estimate might also be 

achieved by using more sophisticated numerical polymer model such as the worm like 

chain model, though such a calculation would require numerical simulations.  Note 

also that our approach attributes the free energy change to the difference in 

configuration space accessible to a molecule, and assumes that electrical interaction 

between DNA and the walls is negligible.  This is a valid assumption considering that 

the Debye screening length at the buffer concentration used is less than nm1 .   

 

Conclusion 

We have demonstrated several ways of manipulating single DNA molecules in 

nanochannels.  The entropic force was used to stretch molecules, to retract molecules 

from the nanochannels, and to straighten folded strands.  In the case of molecule 

retraction, we were able to demonstrate the difference between those processes driven 

purely by the entropic recoil force and those processes for which elastic restoration 

also plays a role.  Both kinds of molecule retraction could be interpreted 

quantitatively.  By combining the results with friction measurements we were able to 

estimate the entropic force acting on DNA molecules at the entrance to our 

nanochannels. 

 

This work is relevant for both the statistical physics and the applied biophysics fields.  

From a statistical mechanics perspective, further insight into the nature of the entropic 

force might be gained by investigating single molecule retraction from nanochannels 

of different widths.  Stretching and relaxation experiments using molecules of 
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different sizes could lead to a better understanding of the elastic forces for DNA 

strands, as theory suggests that longer polymer molecules have smaller spring 

constants (33).  As we have shown, elongation of molecules in nanochannels enables 

researchers to optically visualize molecule folding.  Further studies in this area may 

lead to a better understanding of DNA packaging into bacteriophage heads or 

chromatin (34), which is an important topic in biology.  Devices combining 

nanochannels with nanopore-like constrictions will give us the opportunity to combine 

optical and electrical DNA investigations.  The entropically driven process of DNA 

recoil from nanopatterned geometries has already proven its potential to separate DNA 

by length (7).  Our work will lead to an improved device geometry in order to achieve 

higher separation resolution for DNA molecules in the kilobase to megabase pair 

range. 
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CHAPTER 5 

ENTROPIC UNFOLDING OF DNA MOLECULES IN NANOFLUIDIC 

CHANNELS*  

*Previously Published Article: Nanoletters, 2008 
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Single DNA molecules confined to nanoscale fluidic channels extend along the 

channel axis in order to minimize their conformational free energy.  When such 

molecules are forced into a nanoscale fluidic channel under the application of an 

external electric field, monomers near the middle of the DNA molecule may enter 

first, resulting in a folded configuration with less entropy than an unfolded 

molecule.  The increased free energy of a folded molecule results in two effects: 

an increase in extension factor per unit length for each segment of the molecule, 

and a spatially localized force that causes the molecule to spontaneously unfold.  

The ratio of this unfolding force to hydrodynamic friction per DNA contour 

length is measured in nanochannels with two different diameters. 
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Introduction.  Nanofluidic channels have shown promise for the analysis of genomic 

length DNA molecules.  Assays for fragment length analysis1-3, real time enzymatic 

restriction mapping4, and localization of hybridized probes5,6 have all been 

demonstrated.  The growing interest in long single molecule DNA sequencing 

techniques provides good motivation for understanding the means to control and 

manipulate single molecules in fluidic systems7,8.  Detailed studies of the 

conformation and dynamics of single molecules in nanochannels have corroborated 

models for self excluding polymers in confined environments.  In previous 

experiments, thermally induced fluctuations of extension length9, expansion after a 

high degree of compression10, and contraction after a high degree of stretching11 have 

all been observed in qualitative agreement with the theory.  Self extraction of 

molecules partially inserted into nanostructures has also been observed, allowing for 

direct measurement of a confinement induced force11-13.  Such studies of entropic 

forces resulting from confined geometries have biological importance for 

understanding the packaging of DNA into viral capsids14 and bacterial chromosome 

segration15, for example. 

 

Recently, molecular dynamic (MD) simulations have been applied to study confined 

polymers that overlap16.  While it is experimentally difficult to position two DNA 

molecules in a nanochannel so that they partially overlap, it is relatively 

straightforward to insert a single molecule into a nanochannel such that the front end 

is folded over on itself. 

 

We have inserted and observed folded DNA molecules in nanochannels as depicted in 

Figure 1.  Long DNA molecules are electrophoretically driven from a microfluidic 

region to the entrance of the smaller channel.  The electric field is turned off before the 
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molecules enter the channel and thermal agitation causes them to undergo a number of 

different intramolecular conformations.  When a molecule happens to be in an 

appropriate conformation and position relative to the channel entrance (as depicted in 

Figure 1a), the field is turned on and the molecule enters the channel, often with a 

folded front end.  After the entire DNA molecule has entered the channel, the field is 

switched off and the dynamics of the molecule are observed.  In this letter we pay 

particular attention to the spontaneous unfolding of the looped end which we theorize 

to be entropically induced.  Presently, the theory of a long polymer confined in a 

nanochannel is reviewed, the forces on a partially folded molecule in a nanochannel 

are discussed, and a model describing the unfolding process through time is derived.   

 

 

 

 

 

 

 

 

Figure 1.  Overview of experimental procedure.  (a) A long DNA molecule sits in a 

microchannel, adjacent to the entrance of a nanochannel.  (b) The electric field (blue 

arrow) pulls the DNA into the nanochannel.  Because the molecule’s entrance was 

initiated at some point along the backbone distinct from either of the ends, it enters the 

channel in a folded conformation. (c) Once the electric field is turned off, the DNA 

strand relaxes inside the nanochannel in a high energy folded state.  It gradually 

unfolds, thereby reducing its conformational free energy.  (d) The molecule has 

completely unfolded within the channel, extending to its equilibrium conformation. 
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Theory.  We consider a self-avoiding polymer with contour length , and persistence 

length .  In free solution the polymer assumes a spherical conformation with a 

radius of gyration .  If confined to a long cylindrical channel of diameter 

 with , the polymer will extend along the axis of the channel to an 

equilibrium length  .  According to a theory developed by de Gennes and co-

workers17,18, the confined polymer can be thought of as a series of impenetrable and 

hydrodynamically uncorrelated blobs where excluded volume effects are maintained 

within a blob.  The blob model predicts that the extension factor for a confined 

polymer scales according to 

  

(1) 

 

where  is the width of the molecule.  At this equilibrium length the conformational 

free energy is at a minimum.  The scaling of extension length with channel diameter 

has been measured for long DNA molecules in nanofabricated channels9.  

Additionally, the scaling of extension length with has been investigated in 

channels19 and nanoslits20.  By varying the ionic strength of the buffer solution, and 

thus the ionic screening length and effective width of the charged DNA monomers, 

these experiments found that lower ionic strength caused a significant increase in 

extension.  While the cause of this extension increase is under debate21, these studies 

attribute it to volume exclusion effects19,20. 

 

The experiment described in this letter allows us to probe excluded volume 

interactions in another manner.  It is conceivable that two overlapping DNA molecules 

in a nanochannel could each have a larger extension than they would in the absence of 

the other.  Since extended length depends on excluded volume interactions, this extra 
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extension could result from the apparently smaller channel diameter each molecule 

sees due to the presence of the other.  Our experiment with folded DNA molecules 

allows us to investigate this concept.  We define  as the extension factor of an 

unfolded segment of DNA in a nanochannel, and  as the extension factor for a 

segment of DNA which is occupying the same space in the channel as another, 

independent segment of DNA.  The first question we attempt to answer is whether  

is greater than . 

 

In addition to determining the extension factors for a partially folded molecule, we 

investigate dynamics of our partially folded DNA molecules.  We observe an 

entropically induced force, driven by an inhomogeneity in conformational free energy 

along the length of the molecule, which causes a spontaneous unfolding of initially 

folded molecules.  Through diffusive motion, the segment of a molecule straddling the 

interface between the folded and unfolded regions can test the volume of space 

available on both sides of the interface.  Because there are a greater number of 

accessible states for that segment in the unfolded region, it experiences a force that 

drives it from the folded to the unfolded region. 

 

A simplified force diagram of a partially folded DNA molecule confined to a 

nanochannel is shown in Figure 2.  In this diagram, the extension length of the 

unfolded portion of DNA is defined as , where  is the contour length of 

the unfolded portion of the DNA.  In the folded section, the contour length of the 

DNA is defined as .  The extension of the folded portion (the distance between  

and  in the diagram) is given by .  The magnitude of the unfolding 

force is written as .  In order to satisfy force balance, the unfolding force acts with 
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equal magnitude, but opposite direction, on both the red and black points along the 

DNA strand.  

 

 

 

 

 

 

 

 

Figure 2.  In this cartoon of folded DNA in a nanochannel, the local bending of the 

molecule is greatly minimized.  The folded state is characterized by the projected 

length of the unfolded ( ) and folded ( ) portions of the molecule along the 

channel axis.  The unfolding force, localized at the position , results from the 

difference in free energy between conformations in which the blue segment does or 

does not overlap with the upper black segment.  The resulting forces,  and , 

acting on the upper and lower segments of the molecule, respectively are balanced by 

hydrodynamic frictional forces that are assumed to be proportional to the length and 

velocity of each segment.  In our model, a contour length  will be extended along 

the channel axis by an amount  or , depending on whether the 

segment is part of the unfolded or folded portion of the molecule 

 

In our model, at any instant in time, the upper and lower segments of the molecule are 

considered to be two unconnected molecules.  Each is accelerated by  until it 

reaches a velocity at which hydrodynamic friction is large enough to resist further 

acceleration (assumed to happen instantaneously).  Ignoring hydrodynamic 
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interactions (HI) between monomers, the instantaneous hydrodynamic drag on the 

upper portion of the molecule is given by  

   

(2) 

 

where  is the hydrodynamic friction per unit contour length.  This is probably a 

slight overestimate of the drag since HI should only be completely screened23 for 

channels with  while the diameter of our channels is a factor of two or three 

larger.  For the lower segment of molecule, the portions in the unfolded and folded 

regions are modeled as moving together.  Because we allow for a different extension 

factor for those two regions, however, monomers in the unfolded portion move at a 

velocity  (where a dot denotes the time derivative) while those in the folded portion 

move at a velocity .  The total frictional force acting on the lower segment is 

the sum of the frictions acting on the two pieces (one in the unfolded region, and one 

in the folded region. 

 

      (3) 

 

After setting the frictional terms  and  equal to , the following 

difference equations are obtained:  

 

      (4) 

 

         (5) 
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where is defined as the ratio of extension factors .  From these equations, a 

numerical solution can be obtained which gives the positions  and  as a function 

of time.  By fitting this model to unfolding data, an estimate for the magnitude of 

 is obtained.  We could have introduced additional terms in our model to 

account for HI between the upper and lower segments, but the shape of the unfolding 

data in time is well described by one free parameter (see Supplemental Information). 

 

Experimental Section.  The nanochannel devices used in this letter were fabricated 

on mirror-polished fused silica wafers using a combination of electron beam 

lithography on a JBX-9300FS system (JEOL, Peabody, MA) with a negative tone 

resist (ma-N 2403, Micro Resist Technology, Berlin, Germany) and optical 

lithography.  Microchannel regions were reactive ion etched adjacent to the 

nanochannels for ease with DNA loading.  Additional details describing the device 

fabrication can be found in the Supporting Information.  A schematic of the completed 

device as well as several electron micrographs of the nanostructures before bonding 

can be seen in Figure 3.  We fabricated two sets of nanochannels with dimensions 

approximately  nm (width depth) and  nm.  The depth of the 

nanochannels was determined using a Tencor P-10 Surface Profiler with a specified 

sub-nm resolution.  Due to the size of the profiling tip, we measure the depth in the 

etched regions adjacent to the nanochannel entrance (Figure 3c) and assume that the 

channels are etched to the same depth.  The width of the channels was determined 

from scanning electron microscope images (Figure 3d) to an accuracy of 

approximately 10%.  We compute the geometric average of the nanochannel 

dimensions as the square root of the width times the height22, yielding average 

nanochannel diameters of 183 nm and 142 nm, respectively. 
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Figure 3.  (a) Side view schematic representation of a fused silica substrate wafer (1) 

containing nanochannel arrays, which is bonded to a coverslip wafer (2).  DNA 

molecules were loaded into fluidic reservoirs (3) and driven electrophoretically using 

gold electrodes (4). (b)  Schematic close-up view of the nanochannel array region.  

Top-down scanning electron microscope image of a microchannel connected to 

nanochannel array (c) and magnified image of a single nanochannel (d) with 

dimension  nm (width  height).  The scale bars are 920 nm and 195 nm in 

images (c) and (d), respectively. 

 

T4-bacteriophage DNA molecules (T4GT7 DNA, Nippon Gene, Toyama, Japan) were 

stained with the bis-intercalating dye YOYO-1 (Molecular Probes, Eugene, OR).  The 

contour length ( ) of a dyed Τ4-DNA molecule (165.6 kbp) has been shown to 

135150× ×
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increase by %23,24 at a saturated dye to base pair ratio of 1:4.  At our dye ratio of 

1:5, we then expect  μm .  The buffer consisted of 445 mM Tris-borate and 

10 mM EDTA (5 TBE, pH 8.3, Sigma, St. Louis, MO) containing 4% (v/v) 

−mercaptoethanol (Sigma) to limit photobleaching.  Electrical contact was made by 

inserting gold electrodes in the reservoirs.  Individual molecules were observed with 

an IX71 inverted microscope (Olympus, Melville, NY), which was equipped with a 

100x/1.35 NA oil immersion objective (Olympus).  Images were acquired using a 

Cascade 512b EMCCD (Photometrics, Tucson, AZ) at 10 frames per second using 

custom software written in Labview (National Instruments, Austin, TX). 

 

DNA molecules were electrophoretically driven from loading regions to near the 

nanochannel entrance with a potential of 40 V.  A small potential (~2 V) was applied 

to drive T4 molecules into nanochannels, resulting in a calculated electric field 

 in nanochannels and in the microchannel region.  A 

small offset voltage (< 10 mV) was sometimes used to prevent drift of DNA 

molecules inside the nanochannels due to either a residual voltage or pressure 

differential, or chemical potential differences across the device.  Several videos were 

recorded for each molecule.  For each video, the DNA molecule was observed to enter 

the channel in either an unfolded or folded configuration.  If folded, the molecule was 

recorded until after it appeared to have finished unfolding.  If unfolded, the molecule 

was typically driven back into the microchannel and the previous steps were repeated. 

 

DNA molecule position and folded length were extracted from each video frame using 

custom algorithms programmed in MATLAB (The Mathworks, Natick, MA).   In each 

frame, the average background intensity was subtracted from the signal region and the 

intensity was projected over 4 pixels (  nm) along the dimension perpendicular 
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to the channel axis.  The endpoints of the DNA molecule were determined by 

requiring the projected intensity to be larger than a fixed value that was typically about 

three times larger than the background (Figure 4c).  The folded region of the molecule 

was then found by requiring the intensity to be larger than a second threshold value 

using an algorithm that allowed for both turn-on and small fluctuations below this 

threshold (Figure 4b).  The folded intensity threshold was set at approximately 1.5 

times the intensity of the unfolded molecule as determined visually for each molecule.  

For analyzing the dynamics of unfolding molecules, we used frames acquired at least 

15 s after the molecule had entered the channel (to allow the molecule to relax11) up 

until a few seconds before the molecule had completely unfolded. 
 

Using the determination of the end points of the molecule, we construct a time trace of 

the intensity profile of the molecule (Figure 4a), which shows the normalized intensity 

along the channel axis plotted against time.  Since the algorithm for determining the 

endpoints and folded region of the molecule considers each frame independently, there 

are occasional unphysical discontinuities in these measurements as a function of time 

due to intensity fluctuations.  To correct for these, we fit both the end-to-end and 

folded lengths to a smoothing function and discard outliers.  In the channel with 

average diameter of 183 nm, we analyzed the unfolding of 15 separate molecules over 

an average time of 54 s where the mean initial folded length was .  In the 142 nm 

channel, we analyzed the unfolding of 23 separate molecules over an average time of 

75 s where the mean initial folded length was . 
  

m 6 μ

m 10 μ
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Figure 4.  (a) Time trace showing normalized fluorescent intensity projected 

transverse to the nanochannel axis as a function of time.  (b) Projected intensity of the 

DNA molecule shown in (a) as a function of position along the nanochannel while 

folded at 15 s.  Both the end-to-end (dotted line) and folded length (dashed line) were 

determined using the algorithms described in the text.  The intensity in the folded 

region is approximately twice as large as in the unfolded region.  (c) Intensity 

projection of the same molecule at 55 s.  At this point the molecule is completely 

unfolded resulting in a roughly constant projected intensity. 
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Results and Discussion.  In order to determine the difference in extension for the 

folded and unfolded portions of the molecule, we derive the following equation for the 

folded extension length normalized by the equilibrium extension length: 

 

.  (6) 

 

In deriving Eq. (6), we have assumed conservation of contour length and that the 

extension factor of the unfolded portion of the molecule ( ) is the same as the 

extension factor at equilibrium in the nanochannel (see Supplemental Information).  

We plot  versus  for each molecule (Figure 5) and fit the data with a 

linear polynomial to extract the ratio of extension factors .  We determine 

 using the same thresholding algorithm described in the previous section from all 

frames at least 5 s after the molecule has unfolded (though the value we extract for  

does not depend on ).  We measured the extension factor ratio  and 

in the 183 and 142 nm nanochannels, respectively, where the error is the 

standard deviation (SD) of the measurements.  Given our model, this implies that 

folded regions of molecules are % more extended than unfolded regions.  We do 

not find a significant difference in the ratio of extension factors based on nanochannel 

dimension.   

 

In addition to measuring the ratio of folded to unfolded extension factors, we verified 

that the intercept along the  axis is consistent with one to within  for 

molecules in both diameter channels.  This implies that the extension factor of the 

unfolded portion of the molecule is the same as the equilibrium unfolded extension 

factor.  If, for example, the unfolded portion of the molecule was compressed during 

the unfolding process, we would not expect the intercept to be consistent with one.    
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Figure 5.  Plot of  (folded length) versus  (unfolded length), both of 

which have been normalized to  (end-to-end length).  The result of a linear fit is 

overlaid (solid line). The extension parameter calculated from the slope is , 

implying larger extension along the folded portion of the molecule relative to the 

unfolded.  The lengths have been averaged over 0.6 s intervals to aid in visualization. 

 

 

The average extension factors we measure at equilibrium for the 183 and 142 nm 

channels are 0.20 and 0.35, respectively, which agree quite well with data shown in 

Figure 4a of Ref. 9.  Further, we can rederive Eq. (6) assuming instead that the 

extension factor for the folded portion of the molecule is the same as for a completely 

unfolded molecule at equilibrium.  However, we then observe an intercept along the 

 axis that is greater than one by % for both nanochannel dimensions.  To 

summarize, these results indicate that the unfolded portion of the molecule is extended 

similarly to the molecule at equilibrium in the channel, and that the folded portion of 

the molecule is extended by an additional 30% relative to the equilibrium length.  We 

hypothesize that this effect is due to a larger excluded volume interaction for the 
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folded portion of the molecule since the monomer density has increased relative to an 

unfolded molecule.  However, we cannot prove this hypothesis since we do not yet 

have a quantitative theory relating this extra extension to excluded volume 

interactions. 

 

In addition to measuring extension factors, we use the numerical solution to Eq. (4) 

and (5) to measure the ratio of unfolding force to hydrodynamic friction per contour 

length .  For a given molecule we initialize the model with  and , 

determined from the first 2.5 s of unfolding, as well as with  and  found for that 

molecule as described previously, and with a trial value for .  The model then 

computes the unfolded and folded lengths as a function of time as well as the position 

 (Figure 2).  We iterate over the input value of  until we find a minimum in 

the residual, defined as the sum of the squared difference between the measured and 

model values for the folded length at each time, normalized by the number of data 

points.  We continue to iterate about the minimum until the change in the residual is 

less than 1%.  A typical result comparing the numerical model prediction to the 

measured unfolding is shown in Figure 6.  Note that the iterative procedure finds the 

minimum residual for , though the model also computes  using the input value 

of gamma.  We find good visual agreement between the model’s prediction and the 

data for both  and  as a function of time.  The shape of a typical curve that 

describes the folded length as a function of time is similar to a power-law with an 

exponent of .  The actual bend in the contour is not considered to affect the 

motion until the last instant of the unfolding process, when the end flops open, and the 

bending energy is released. We measure average values of  

and  in the 183 and 142 nm channels, respectively. 
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Figure 6.  Plot of measured  (end-to-end length, diamonds) and  (folded length, 

circles) for a DNA molecule in a 142 nm channel as a function of time.  The results 

from the numerical simulation for  and  as a function of time are overlaid as 

dashed and dotted lines, respectively.  The best fit from the numerical simulation 

yields .  The value for  was fixed to 1.14 as determined from the 

fit shown in Figure 5.  The lengths have been averaged over 0.6 s intervals to aid in 

visualization. 

 

We attempt to qualitatively understand the ratio of these values given our nanochannel 

dimensions.  Since the unfolding force is expected to scale inversely with the channel 

diameter16, and the friction coefficient is known to scale inversely with the logarithm 

of the channel diameter23,25, we expect  to scale as .  We then 

expect  to be roughly 20% larger in the 142 nm channel than in the 183 nm 

channel.  We find a larger value of  in the smaller diameter channel, though 

with rather large uncertainty. 
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In order to obtain an estimate for the unfolding force, we first extrapolate the value of 

 from Mannion et al.11 who measured a friction per unit contour length of 

in 95 nm diameter nanochannels.  Taking into account the 

 scaling for the frictional dependence on channel dimension, we estimate an 

average unfolding force of  and  in the 183 and 142 nm channels, 

respectively.  Arnold and Jun16 have recently used MD simulations to investigate the 

repulsive force between two overlapping polymers confined to a cylindrical tube.  

They estimate that the repulsive force is given by , which is in our 

nanochannels at room temperature and agrees well with our measured value. 

 

Additionally, we compare the magnitude of the unfolding force to an entropic recoil 

force previously measured11.  Briefly, this recoil force results when a DNA molecule 

is partially inserted into a nanochannel, with the rest of the molecule in a 

microchannel.  Due to the difference in the number of molecular configurations 

available to the molecule in the two regions, an entropically induced force acting at the 

interface pulls the molecule into the microchannel.  This force is similar to the 

unfolding force described in this letter.  However, the change in accessible space is 

clearly greater for the recoiling molecule than for the unfolding one, which should 

result in a larger force for the recoiling molecule.  The measured recoil force was 

approximately an order of magnitude larger than the unfolding force we present here, 

supporting this idea. 

 

As previously stated, Arnold and Jun16 investigated a similar entropic force between 

confined overlapping polymers using MD simulations.  Their main result is that 

ξ
2msfN)6.00.10( μξ ⋅±=

1)(ln −D

fN 16≈ fN 22≈

DTkB fN 25≈



139 

entropic segregation occurs on a shorter time scale than diffusion   However, they 

report two additional findings that we did not observe.  They found that the monomer 

density in the region in which the polymers overlap did not depend on the presence of 

the additional polymer.  In contrast, we measured an extension factor (reduced 

monomer density) of approximately 30% in the folded region of the molecule.  Also, 

they observed that the repulsive force caused the polymers to compress as they 

segregated as seen in Figure 6c of Ref. 16.  We did not observe compressions 

distinguishable from random fluctuations in the projected photon intensities.  It is 

possible that compressions near the folding interface could result in an overestimation 

of the folded length.  However, one would then expect a smooth rather than step-like 

transition in the intensity, contrary to what was typically observed (see Figure 4b).  

Our experiment differs mainly from their simulation in that we studied a single 

molecule unfolding, while Arnold and Jun examined two separate chains repelling.  

Consequently, the segregation force acts at both ends of the overlapping region in their 

simulation.  Both our numerical model and their dynamic simulation ignored HI 

between monomers.  These disagreements concerning polymer extension or 

compression may be attributed to a different ratio of the repulsive force to the 

hydrodynamic friction, or a different value of the polymer spring constant in their 

model. 

 

Conclusion.  It has been shown that DNA molecules can be driven into a nanochannel 

such that the front end of the molecule is folded over on itself.  Using fluorescence 

microscopy, molecules in a folded conformation can be identified in real time and 

subsequently analyzed in detail.  In this letter, we described two new measurements of 

folded molecules in nanochannels that have implications for the study of self avoiding 
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polymers in a confining environment.  First, we found a larger extension factor for 

segments of a DNA molecule that overlap compared to those that do not, which is 

most likely due to increased excluded volume interactions.  Second, we measured the 

magnitude of an entropic repulsive force between overlapping polymer segments that 

originates from a difference in the number of available molecular configurations.  

These results add to the growing body of knowledge regarding the behavior of DNA 

in nanofluidic channels, and may lead to a greater ability to manipulate and analyze 

single DNA molecules in lab on chip devices.  The observation of the unfolding 

process suggests that a free energy difference between overlapping and 

nonoverlapping polymer segments results in an entropically induced force that can 

segregate two initially overlapping polymers, as originally proposed by Arnold and 

Jun. 

 

In future studies, we hope to investigate the unfolding process in greater detail, 

particularly during the initial relaxation of the polymer.  While our data suggests that 

the unfolding force may be a function of channel diameter, we would like to 

systematically study unfolding using channels of many different sizes, with diameters 

ranging from sub-50 nm to several hundred nm.  Other parameters which could be 

varied are ion concentration and valence.  It is expected that both the dynamic 

behavior of the DNA and the effective confinement of the nanochannel will change as 

charges are screened over greater lengths or by ions of higher valence.  We hope 

further simulations can verify the increased extension of folded molecules and 

quantify its dependence on exclusion volume interactions. 
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methods, difference equations for numerical solution of unfolding model, and video of 

unfolding DNA molecule (S-1). 
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Device Fabrication.  Devices were patterned on a mirror-polished fused silica wafer 

with a thickness of m 500 μ  (MarkOptics, Santa Ana, CA) using a combination of 

electron beam and optical lithography.  Initially, the negative electron beam resist ma-

N 2403 (micro resist technology, Berlin, Germany) was spun onto the substrate with a 

nominal thickness of 300 nm.  A thin layer of the conducting polymer e-spacer was 

subsequently spun on to help draw current during the electron-beam process.  

Negative patterns of the nanochannel array regions were exposed using a JBX-9300FS 

electron beam lithography system (JEOL, Peabody, MA).  The entire wafer was then 

exposed with UV illumination (254 nm) for 90 s on an ABM High Resolution Mask 

Aligner using a mask to protect the regions previously exposed by electron beam.  

Following 90 sec development in 300 MIF, nanochannels were etched using a 

Plasmalab 80Plus REI (Oxford Instruments, Eynsham, UK) with CF4 at 150 Watts for 

4-6 min depending on the desired channel depth.  The previous exposure with the 

ABM prevented the entire wafer surface from being etched in this step.  

Microchannels connecting to the nanochannel array were subsequently patterned using 

mailto:hgc1@cornell.edu�
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optical contact lithography and etched with the Plasmalab using a CHF3/O2 gas 

mixture at 200 Watts for approximately 30 min.  Access holes were created by 

alumina powder blasting from the backside of the wafer.  Finally a m 170 μ  fused 

silica cover wafer (MarkOptics) was touch bonded and annealed at 1050°C to the 

device wafer, enclosing the channels.  Pipette tip ends were glued to the wafer surface 

around the access holes using RTV 732 Sealant (Dow Corning, Midland, MI) forming 

buffer reservoirs.  

 

DNA and Buffer Preparation.  T4-bacteriophage DNA molecules (T4GT7 DNA, 

Wako, Nippon Gene) were stained with the bis-intercalating dye YOYO-1 (Molecular 

Probes, Eugene, OR) and used at a concentration of a few ml/g μ .  The buffer 

consisted of 445 mM Tris-borate and 10 mM EDTA (5×TBE, pH 8.3, Sigma, St. 

Louis, MO) containing 4% (v/v) β −mercaptoethanol (Sigma) to limit photobleaching.  

Electrical contact was made by inserting gold electrodes in the reservoirs.  

 

Microscopy.  The individual molecules were observed with an IX71 inverted 

microscope (Olympus, Melville, NY), which was equipped with a 100x/1.35 NA oil 

immersion objective (Olympus) and illuminated by a 100W mercury arc lamp or X-

Cite 120 PC (Exfo).  An XF100 filter set (Omega Optical, Brattleboro, VT) was used 

for fluorescence imaging.  Images were acquired using a Cascade 512b EMCCD 

(Photometrics) at 10 frames per second using custom software written in Labview 

(National Instruments).   

 

Difference Equations for Numerical Solution of Unfolding Model.  Declaration of 

length variables and extension factors: 

31 xxCLE −=⋅= α  (S.1) 
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21 xxCL UU −=⋅= α  (S.2) 

322 xxCL FF −=⋅= β  (S.3) 

FU CCC +=  (S.4) 

βαα FUE LLLC 2+==  (S.5) 

FUE LLL
β
α2

+=  (S.6) 

Viscous Drag: 

ρ , the drag per unit extended length of an unfolded portion of molecule 

ξ , the drag per unit contour length 

αξξρ =⋅= ELC  (S.7) 

Force balance equation for long, lower portion of molecule: 
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Force balance equation for short, upper portion of molecule: 
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Supplementary Move S1.  Real time movie of DNA molecule unfolding in 142 nm 

diameter nanochannel (images were acquired at 10 frames per second).  The contrast 

has been altered to improve viewing. 
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CHAPTER 6 

NANOFLUIDIC CHANNELS WITH INTEGRATED CARBON NANOTUBE 

SENSORS 

 

John T. Mannion, Stephen L. Levy, Paul L. McEuen, H.G.Craighead 

 

Abstract.  Nanofluidic channels with integrated carbon nanotube sensors are 

presented as a means for electronically detecting charged molecules in a highly 

confined environment while allowing for simultaneous fluorescent observation. Using 

a novel fabrication method, individually addressable, semiconducting, single-walled 

carbon nanotubes are incorporated into fluid filled channels with depths of 15 – 100 

nm and widths of 500 nm.   Given appropriate buffer conditions, channels of this size 

are comparable in depth to the length scale of ionic screening.  Thus, it is theoretically 

possible that charged DNA molecules travelling through the nanochannel will gate the 

semiconducting nanotube, causing a shift in at constant source drain bias.  Devices 

employing fluid filled channels of this size are also useful in that they allow for 

confinement induced partial elongation of genomic length DNA molecules.   

 

Introduction 

In recent years, nanofabricated, fluid-filled channels and apertures have been 

investigated as tools for single biomolecule manipulation and detection.  

Nanochannels and nanoslits in particular have been used for the elongation and 

observation of fluorescently labeled DNA molecules.  Fragment length analysis [1], 

restriction site mapping [2], and physical mapping of target motifs using bound probes 

[3] have all been demonstrated as a result of single molecule elongation.  Much effort 

has been invested into understanding the physics of confinement induced elongation.  
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DNA extension in such environments is due to the fact that critical intramolecular 

length scales such as radius of gyration (commonly several 100s of nm) and 

persistence length (typically 60nm) are comparable to the nanochannel diameter or the 

nanoslit depth (10-100nm) [4].  It is the similarity in the size of the biomolecule and 

the length scale of the nanofabricated structure that allows for single molecule control.  

Additionally, hydrodynamic coupling between DNA molecules and channel 

boundaries becomes more significant as channel size decreases.  Greater 

hydrodynamic friction stabilizes molecules as they are being probed.  This is an 

improvement as compared to the electrical detection of DNA molecules travelling 

through nanopores [5] for which thermal agitation is a major factor in limiting length 

measurement resolution. 

 

In addition to improvements in single molecule manipulation using nanochannels, 

much work has been done in a related area, detection of single molecules using 

nanotubes and nanowires.  These structures have already been shown to serve in the 

detection of biomolecules, even at the level of single protein binding and dissociation 

events [6, 7].  The sensitivity of nanowires and nanotubes is attributed to the fact that 

they are commonly of the same size or even smaller than the molecules which they are 

detecting.  Therefore, single charged and bound biomolecules can cause a shift in 

charge carrier concentration throughout the entire cross section of the wire.   

Additionally, for the case of single walled carbon nanotubes (SWCNTs) and DNA, the 

diameter of the nanotube can be nearly as small as the inter-base spacing in DNA (0.7 

and 0.34 nm respectively) and smaller than the width of double stranded molecules (2 

nm).   
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In this report we present a device in which both the nanoscale fluidic channel and the 

SWCNT are employed.  Diagrams depicting the device geometry and experimental 

procedure are shown in figure 1.  An SWCNT sensor, contacted by source and drain 

electrodes, is built into a nanofluidic channel in such a way that only the middle 

segment of the nanotube is inside of the channel and in contact with the electrolyte 

solution.  The nanochannel is used to elongate and confine DNA molecules so that, as 

they are driven through the channel, they must pass within close proximity to the 

nanotube sensor.  The nanotube is used in a field effect transistor mode to detect the 

perturbation in solution potential caused by the passage of DNA.  The change in 

nanotube conductance is observed by applying a constant source-drain bias voltage 

and monitoring the current through the tube.   

 

As compared with other nanotube or nanowire biosensing experiments, our approach 

is novel in that nanotube detectors are employed for the purpose of sensing unbound 

biomolecules, as opposed to previous reports which demonstrate gating of chemically 

functionalized nanotubes [8].  In a sense, our planned mode of operation is closer to 

another set of experiments.  It has also been shown in the literature that carbon 

nanotubes integrated into micron sized PDMS channels can be used to detect shifts in 

local solution potential induced either by redox reactions at an electrode interface [9], 

or by streaming potential caused by pressure driven flow of an electrolyte through the 

channel [10].  This is similar to our experiment in that only a change in the solution 

potential is responsible for gating the nanotube. 
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Figure 1.  Cartoon diagram showing top down view of device and experimental 

procedure.  The device consists of single walled carbon nanotubes integrated into a 

nanofluidic channel such that the current through a nanotube can be monitored while 

DNA molecules are driven through the channel.  During fabrication, a chemical vapor 

deposition method is used to grow nanotubes from metal catalyst pads.  As is depicted 

above, nanotubes grow with a distribution of lengths and directions and in some cases 

a tube lands such that it connects the source and drain electrodes.  A combination of 

microfluidic and nanofluidic channels is used to guide single DNA molecules toward 

the connected nanotube.  In the initial planned experiment, a molecule is slowly driven 

through the nanochannel.  When its position coincides with an electrically connected 

semiconducting nanotube, the nanotube conductance is altered by means of field effect 

gating. 

 

Theory 

Double stranded DNA in physiological solution is a highly charged macromolecule, 

with an estimated surface potential of order mV100−  [11].  In an ionic solution, 

rearrangement of mobile charge carriers serves to screen the large surface potential of 

DNA over a characteristic length scale termed the Debye screening length.   It may be 

for this reason that previous attempts to detect DNA with nanotubes or nanowires have 
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focused on cases in which the DNA molecules are bound to the surface of the detector.  

Nanowire and nanotube detectors have yet to sense unbound charged macromolecules 

as they freely drift by the detectors in solution.  In this report we design and fabricate a 

device in which DNA molecules driven through a nanochannel are forced to pass close 

enough to the nanowire detector such that the solution potential at the location of the 

detector is perturbed (Figure 2). 

 

 

 

 

 

 

 

Figure 2.  Side view of nanochannel device with cartoon of an elongated DNA 

molecule in the channel.  Two single walled carbon nanotubes (circular cross section 

shown) run perpendicular to the axis of the nanochannel and the image plane.  They 

are contacted by two source and drain electrode pairs which are not shown here.  A 

DNA molecule travelling through the channel moves from left to right in the image.  

The negatively charged DNA molecule (red) is surrounded by a cloud of positively 

charged ions.  At a distance y from the DNA backbone, the solution potential is 

perturbed by an amount )exp( DDNA y λζϕ −⋅=Δ  from its bulk value.  A perturbation 

of potential at the nanotube surface gates the device, affecting its conductance.  This is 

measured as a change in current at constant source drain voltage.   

 

In an electrolyte solution, near the surface of a charged object, the electric potential 

transitions from the zeta potential (electric potential of the immobile ions fixed to the 



153 

surface) to the bulk solution potential over a distance which depends on the ionic 

strength of the solution.  A convenient parameter for describing that drop in potential 

is the Debye screening length, Dλ , which is defined by the expression 

( ) ( )22 2 Γ≡ FRTD ελ  where 2Γ  is the ionic strength of the solution.  Using the 

Debye-Huckel approximation, the shift in electrolyte potential a distance, y , from the 

DNA surface is then given by )exp( DDNA y λζϕ −⋅=Δ .  

 

In the described devices, carbon nanotubes are located close enough to the backbone 

of confined DNA molecules so as to avoid significant charge screening.  For a carbon 

nanotube fixed to the bottom surface of the nanochannel, and a DNA molecule 

elongated in the channel and positioned above the nanotube, the average 

nanotube/DNA separation distance is roughly half of the height of the channel.  Given 

a DNA zeta potential of mV100 , an ionic screening length of nm10 , and a channel 

depth of nm50 , we expect a perturbation in solution potential on the order of mV10  at 

the location of the nanotube.  In theory, fluctuations in the conformation and vertical 

position of the DNA molecule due to thermal agitation may cause fluctuations in 

potential near the nanotube sensors.  It is assumed, however, that such fluctuations 

occur on a timescale which is short compared with the duration of the measurement, 

thus they can be ignored. 

 

Having estimated the magnitude of the potential shift caused by a DNA molecule, we 

now calculate the change in nanotube conductance that results.  For semiconducting 

CNTs in solution high mobilities, low contact resistances, and good gate coupling are 

possible (double layer capacitance of 19104 −− ⋅× mF ), leading to an electrolyte gated 

transconductance of Vhe2~  [12] .  Applying an electrolyte gate voltage of mV10  

should result in a conductance change of order 12 38701.0 −⋅=⋅ SDVnAmpVheV .  This 



154 

is an upper bound, however, as it assumes the potential along the entire length of the 

nanotube has been shifted by .DNAϕΔ   In fact, given the current device design, and a 

ionic screening length of roughly nm10 , only a fraction of the length of the nanotube 

will be affected by the DNA potential .   Even so, it is not unreasonable that such a 

perturbation in solution potential could be detected.  Much work has been done on 

scanning gate microscopy of carbon nanotubes [13-16], which supports this notion.  

The reported results suggest that local gating of nanotubes from scanning probe AFM 

tips can affect nanotube conductance even when the affected length of the tube is on 

the order of s'10  of nm  [14].  While it was reported that the strongest gate coupling 

effects occur near the contacts, the tube may also be gated to varying degrees 

anywhere along its length.  For our devices, the way in which DNA gating is expected 

to modulate nanotube band structure is illustrated in figure 3.  

 

Support for this band structure modulation is given by previous work on detailed 

investigations into the mechanism of electrolyte gating for nanotubes.  Over the past 

several years, a number of theories have been proposed to explain the mechanism of 

nanowire transconductance in electrolyte solution, for a detector design such as the 

one shown in figure 4A.  Schottky barrier modulation, electrostatic gating of nanotube 

carrier density, capacitance effects between the nanotube surface and the solution, and 

decreased electron mobility through the nanotube have all been proposed.  Recently, 

in a paper by Dekker et al. it was argued that, according to theory, each of these 

mechanisms should affect the lgVI ⋅  (current vs. liquid gate) curve in a qualitatively 

distinct way [17].  A comparison of experimental data with models for the four 

different mechanisms suggests that electrostatic gating of carrier density and Schottky 

barrier effects are primarily responsible for conductance changes upon biomolecule 

binding for the setup shown in figure 4A.  Furthermore, when the contacts are covered 
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Figure 3.  A)  Cross sectional diagram of a nanofluidic channel with integrated 

nanotube sensor device.  The source and drain contacts to the carbon nanotube are 

buried under an insulating layer of silicon nitride.  The nanofluidic channel confines 

the electrolyte solution over the central part of the nanotube only, and forces the DNA 

molecule to reside at a vertical position which is close to the nanotube.  Due to the fact 

that the channel width is larger than its depth, the DNA molecule has more freedom in 

the lateral dimension.  B) Band diagram of a p-type nanotube integrated into the 

device.  If the solution potential is more negative relative to the source and drain 

electrodes, then the blue correction to the band diagram results.  If the potential from 

the DNA molecule is significant enough, a second perturbation (red curve) will exist 

in the conduction and valence bands. 
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as in figure 4B, and only a portion of the SWCNT is exposed to solution, the affect of 

biomolecule binding on lgVI ⋅  is shown to be consistent with the model for gating of 

carrier density in the nanotube.  The latter situation is most similar to our device, for 

which the nanotube/platinum contacts are imbedded under a silicon nitride film and 

only a central portion of the nanotube is in contact with the solution.  Eventually, 

DNA molecules, as they are driven through the channel, will also be confined to 

interact with the exposed central segment of the nanotube only. 

 

 

 

 

 

 

 

 

 

Figure 4.  Diagrams illustrating the setup for electrolyte gate sweeps of carbon 

nanotubes, and the resulting effects on band structure, adapted from results reported in 

the literature [17].  The black band diagrams indicate an ungated, p-type nanotube.  

The red diagrams depict a shift toward depletion as the gate voltage is made more 

positive relative to the source and drain.  A) Unprotected nanotube source-drain 

contacts.  In this case, both Schottky barrier modulation and carrier density gating 

were found to be responsible for modulating the nanotube conductance.  B) Nanotube 

source drain contacts electrically isolated from the solution by some insulating layer.  

For the situation, the Schottky barrier modulation may be eliminated as a possible 

mechanism of nanotube conductance modulation. 
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Materials and Methods 

 

Device Fabrication 

In order to combine leak free, nanoscale fluidic channels with functioning carbon 

nanotube transistors, a novel fabrication process was developed which employed 

standard photolithographic and MEMs processing techniques available at the Cornell 

Nanofabrication Facility, and carbon nanotube growth processes available at Cornell 

University in the lab of Professor Paul McEuen.  An overview of the device 

fabrication is given here with further details available in the Chapter 7.  For this 

device, a sacrificial layer method is used to create channels with integrated electronic 

elements. 

 

Initially, an alignment mark level was patterned and etched into mμ170  thick and 

mm100 diameter fused silica wafers (Mark Optics).  Next, patterned layers of Ti/Pt 

(thicknesses nmnm 30/4 ) for contact electrodes and Al2O3/Co  (15nm/ Α&3  

thicknesses) for catalyst pads were deposited on separate layers using a combination 

of photolithography, e-beam evaporation and lift off.  The wafers were then diced into 

chips using a KS 7100 Wafer Saw.  After this, carbon nanotube growth was performed 

on individual chips using a chemical vapor deposition (CVD) process at 800C with 

ethylene as the carbon source precursor.   A thin layer (thickness nm3010− ) of low 

stress nitride was conformally deposited on top of the chromium using a plasma 

enhanced chemical vapor deposition tool.  This thin nitride layer protects the 

nanotubes from reaction with chromium etchant during the sacrificial layer wet etch 

step.  A patterned layer of chromium, of thickness nm5010−  was then deposited 

using a combination of photolithography, e-beam evaporation and lift off.  This 
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patterned chromium layer is the sacrificial material for what will be a network of 

micro- and nano-fluidic channels in the end.   

 

 Following chromium deposition, a second layer of low stress nitride of thickness 

mμ2~  was deposited using PECVD.  Vias were then created along the length of the 

channels for wet etchant access to the chromium, and over the Pt pads for needle 

contact.  These access holes were defined using photolithography and dry etching 

(CHF3/O2) in an Oxford 80 Reactive Ion Etch (RIE) Machine (Oxford).  After 

photoresist stripping, chips were submerged in CR-14 Chrome Etchant (Cyantek) for 

hrs63− , during which time the liquid etchant travelled through the access holes and 

removed the sacrificial layer of chromium.  Chips were soaked in dH2O and then IPA 

(15min in each) and then dried with N2.  At this point CNT conductances were 

checked.  The thin layer of protective nitride separating the CNTs from the channel 

was etched away by submerging chips in MF 312 (5% TMAH) at 70C for anywhere 

from 15 to 45 min, depending on the protective nitride layer thickness.   Following 

this, chips were soaked in dH2O and then IPA (15min in each) and dried again with 

N2.  A third and final layer of low stress silicon nitride of thickness nm500 was 

deposited.  This layer served to seal the etchant access holes along the length of the 

micro and nanochannels.  Finally the newly deposited 500 nm thick nitride film above 

the Pt pads was removed using a combination of photolithography and dry etching to 

allow for probe needle contact.  After stripping resist off of the chip surface, entrances 

were created at the end of the six microchannels by lightly scratching the nitride with a 

diamond scribe, and macroscopic reservoirs were aligned by eye and affixed to the 

chip above the microchannel entrances. 
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Setup 

Optical setup.  Fluorescence observation of single DNA molecules in nanochannels 

was performed with an IX71 inverted microscope (Olympus, Melville, NY), equipped 

with a 100x/1.35 NA oil immersion objective (Olympus).  Images were acquired using 

a Cascade 512b EMCCD (Photometrics) at 10 frames per second using custom 

software (Christian Reccius, former Post-doc Craighead group) written in Labview 

(National Instruments).  Videos were saved as a series of .tif files and analyzed using a 

custom MATLAB program (Reccius and Levy).   

 

Electrical Setup. In order to simultaneously monitor nanotube conductances while 

visualizing DNA molecules near the tubes, an electrical setup was assembled with the 

optics as shown in figure 5.  Pt electrodes were placed in the fluid reservoirs and were 

used to electrokinetically drive DNA molecules through the channels.  In the future 

these Pt electrodes are to be replaced by Ag/AgCl reference electrodes during 

detection for reasons described in the results and discussion section.  Between two and 

four probe manipulators (Quarter Research, Bend, Oregon) were attached to the stage 

using vacuum mounts, and these were used to place probe needles in contact with the 

source and drain electrode pads.  Source electrode voltage was interfaced to a DAC 

and controlled using a freeware LABVIEW program MeasureIt.vi (McEuen wiki 

online).  Current between the drain electrode and ground was monitored using an 

Ithaco 1211 current preamplifier (DL Instruments, Ithaca, NY), whose output was fed 

to an ADC and recorded using the same LABVIEW program.  The current 

preamplifier gain was set between 710  and 910  and the time constant between ms3  

and ms100 .  Sampling rates were set to be equal to or less than the inverse of the time 

constant, ensuring statistical independence of recorded measurements. 
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Figure 5.  Experimental setup for simultaneous optical and electrical detection.   

 

Results and Discussion 

 

Measurement of CNTs in Air 

In order to verify the presence of carbon nanotubes throughout the fabrication process, 

device conductances were recorded after initial CNT growth while the tubes were still 

exposed to air.  Each of the thirty eight source and drain electrode pairs on each chip 

could be individually address and tested for tubes.  Because of the random nature of 

carbon nanotube growth with CVD, it was not known a priori how many nanotubes 

bridged the gap between each source and drain electrode.  Immediately after growth, 

some electrode pairs exhibited no current in response to a source drain bias, and these 

were considered to have no nanotube bridging the gap between the electrodes.  

Although it is conceivable that in those cases an SWCNT was there but was simply 
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depleted of charge carriers, this is believed to only rarely have been the case.  This is 

based on many subsequent measurements in which water gates were used.  Most of the 

time, if a tube was present, at least some small current could be detected at large 

source drain bias.  If there existed a current, it was assumed that one, or more than one 

nanotube bridged the gap.  For most of the chips, more detailed information was not 

obtained regarding tube growth at this stage.  Each chip was simply characterized by 

the number of connected source drain electrode pairs.  If at least a few were 

connected, then processing steps were continued on that chip.  Depending on the wafer 

or CVD growth run, the majority of chips in a run had between 5 and 30 connected 

electrode pairs, out of a possible 38.  The I-Vsd curves for the majority of connected 

electrode pairs showed device resistances ranging from Ωk100  to ΩM10 , with mean 

square current noise densities of HzAmp /10 217− to HzAmp /10 215− at a source drain 

bias of 10 mV.  Following deposition of the nitride capping layer on the tubes, the 

conductances were observed to change.  This was attributed to charges associated with 

the nitride/nanotube interface  [18-20].  Additionally, the noise level for many 

nanotubes appeared to go down.  This was also attributed to the direct contact between 

nitride and nanotubes.  Due to the fact that no metal gate existed on the chips, it was 

challenging to properly analyze the shifts in conductance.   While a water gate could 

be used before nitride deposition, water gating appeared to be ineffective even after a 

small amount of nitride had been deposited. 

 

Electrolyte Gated Measurements 

Nevertheless, a comparison of water gating response could be made between tubes 

that were just grown, and those that were in fully fabricated devices (where the 

protective nitride layer had been removed and part of the tube was in contact with the 

nanochannel buffer).  CNT devices with exposed surfaces could be investigated using 
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an electrolyte gate as was first demonstrated for multiwalled nanotubes [21] and later 

for single walled nanotubes [12].  Source and drain electrodes were contacted in the 

normal way, but a drop of salty water was placed directly on top of the nanotubes and 

this electrolyte solution was then gated with a Pt or Ag electrode, as was previously 

illustrated in figure 4A.  In this way, the electrolyte potential was swept between 

mV800−  and mV800+  relative to the drain potential.  Gate potentials beyond about

V1±  were observed to destroy the nanotube devices, an effect which is attributed to 

electrochemical oxidation or reduction of the electrodes, or of the nanotube itself.  

Typical I-V curves for a semiconducting device are shown in figure 6.   

 

 

 

 

 

 

 

Figure 6.  A) Source drain current vs. electrolyte gate sweep for two source drain 

voltages.  For 0=SDV , the measured I  is entirely due to GDI , the electrochemical 

leakage current between gate and drain electrodes.  A gate sweep which goes from a 

positive to a negative value and loops is equivalent to a cyclic voltamogram in the 

electrochemistry literature.  The shape of the curve is determined by either mass 

transport or electron transfer kinetics and is a function of sweep rate among other 

parameters  [22].  For a given sweep rate and electrode surface area, the leakage 

current may be measured, as is shown above, and later subtracted.  B)  Plot of current 

vs. source-drain voltage for three differed gate potentials.  It is apparent from these 

curves that a shift in gate potential on the order of 50mV can easily be measured. 
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It was common for a single carbon nanotube device to exhibit ambipolar behavior.  At 

zero and negative gate voltage, these nanotubes were often p-type.  The application of 

a large positive gate voltage resulted in n-type behavior.  In accordance with 

previously defined metrics for characterization of semiconducting nanotubes, our 

devices can be characterized by a transconductance value for both the n-type and p-

type regions.   

 

For electrolyte gate sweeps, the measured current, I , is a sum of the current between 

the source and the drain SDI   and the leakage current between the gate and drain 

electrodes GDI .  Each of these components can be broken down further.  The source 

drain current is the sum of the electrical current passing through the nanotube and the 

ionic current between the source and drain electrodes.  The gate-drain current is the 

sum of the current between the gate and the exposed area of the drain electrode 

surface, and the gate and nanotube.  Depending on the values of GV  and SDV , and the 

electronic properties of the nanotube, one of the possible contributions to total current 

may dominate at a given time.   

 

When initially analyzing the data for completed devices with nanotubes, it was 

believed that there was a small leakage current caused by either: 1) electrolytic current 

between the gate and drain that was travelling through inter dielectric layer spaces 

caused by nanotube topology, or 2) a leakage current between the gate the carbon 

nanotube surface directly.  Looking carefully at the Vsd = 0 data in figure 7 reveals 

some small negative current at large gate values.  This appeared to support the notion 

of a small leakage current. 
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Figure 7.  Main)  Current versus electrolyte gate voltage at a variety of source-drain 

biases for a nanotube integrated into a nanochannel device.  This particular nanotube 

shows ambipolar behavior.  At its highest the transconductance is approximately 

GVSμ25 .  Inset)  Semilog plot of current versus gate at 100mV source drain bias.  

The exponential decay is characterized by a subthreshold swing (inverse of slope of 

dashed line) of S = 185 mV / decade. 

 

After a more detailed investigation, it was discovered that, for fully fabricated devices, 

the observed current at zero source drain bias current was not a leakage current at all.  

It appears instead to have been the result of an ambient voltage difference between the 

source and drain electrodes.  Despite the fact that the source electrode was set to zero 

volts, it must have differed from the drain potential by some small negative voltage.  

The small bias then resulted in a current which was modulated by the gate potential, 

but which was not a result of leakage between the gate and the drain.  Evidence for 
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this is given in figure 8 and the panels of figure 9.  Figure 8 shows the difference in 

gate-drain leakage current for buried versus exposed electrodes, and figure 9 shows 

the gate sweeps for four different devices where the nominal source drain biases were 

set to 0 mV and 10 mV. 

 

 

 

 

 

 

 

 

 

Figure 8.  Leakage currents between the gate and drain electrodes for two separate 

devices.  The red data set is for a partially fabricated device, where the source and 

drain electrodes are exposed, and in contact with the electrolyte as in the diagram of 

figure 4A.  The blue data set is for a fully fabricated device, where the source and 

drain electrodes are buried under silicon nitride and are separated from the electrolyte 

solution, as depicted in figure 3.  Both of devices measured here were believed to have 

no nanotube connecting the source and drain electrodes.  While the plots shown are for 

a bias of 100 mV, the current response is nearly identical to this for biases of 0 mV, 1 

mV, and 10 mV.  The main result here is the difference in leakage current for buried 

vs. exposed electrodes.  No gate drain leakage current for the buried electrodes is 

apparent.  For the exposed electrode, the leakage current takes the form a cyclic 

voltammogram, as expected for mass transport limited heterogeous reactions. 
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Figure 9.  Plots of current versus gate potential for four different source drain 

electrode pairs for a fully fabricated device (i.e. contact electrodes covered by nitride).  

Each pair investigated here evidently has either one or more semiconducting carbon 

nanotubes connected.  The blue data sets are for a nominal source-drain bias of 1 mV.  

The magnitude of the current for the blue data sets is given on the y-axis.   The red 

data sets are for a nominal source-drain bias of 0 mV.  The red data set values have 

been multiplied ten times in order for ease of viewing.  Thus, the maximum currents 

recorded for the red data sets in A, B, C, and D were -3.3 nA, -1 nA, -2 nA, and -2 nA.  

It appears that there was a small ambient offset source drain voltage of around -0.1 

mV, which was not understood as such until long after data was taken.  Evidence 

suggests that there was little, if any, leakage current. 
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Fluorescence Video of DNA Near Nanotube 

Fluorescence video was taken of DNA molecules travelling through nanochannels 

under electrophoretic motion.  Single T4 molecules (120 kbp in length) and fragments 

could be readily observed and quickly driven to the nanotube region of the device (see 

figure 10).  Once there, the molecules could be positioned using small voltages.  It is 

hoped that this level of control will allow for a DNA molecule to be positioned so that 

it rests directly above a nanotube for an extended period of time, while the nanotube 

conductance is monitored.  

 

Factors Contributing to Electronic Noise 

As a first step in determining the noise floor of our system, we estimate the current 

noise inherent to liquid gated carbon nanotube transistors.  Due to the nature of our 

planned DNA detection approach, we are most interested in the low frequency noise 

power (approximately 1 Hz and lower).  Much research on the noise properties of 

SWCNTs has been performed and f1  noise has been demonstrated.  The noise 

spectra of the source drain current, I , as a function of frequency, f , has typically 

been interpreted from the point of view of the Hooge model [23].  In this model, noise 

is caused by independent scattering events of charge carriers.  Recently Mannik et. al 

have interpreted f1  noise in nanotubes differently, using a charge-noise model [24]. 

In this model, low frequency noise is caused by charge fluctuators which are either 

near the nanotube or which transiently associate with the nanotube surface.  Examples 

of such charge fluctuations may be dissociation of hydrogen from silanol groups on a 

substrate surface near the nanotube, or adhesion of an ion in solution to the nanotube 

surface.  This implies that the current-noise power, ( )fSI , should be proportional to a 

factor describing the magnitude of charge fluctuations, inputS , multiplied by the square 
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Figure 10.  A) Cartoon diagram of DNA molecules in and near the nanofluidic 

channel region of the device.  In this diagram, two molecules are in the channel at the 

same time.  By applying a small voltage (~1V), the molecules may be slowly driven 

up or down in the channel.  B) Time trace diagram of two DNA molecules in a 

nanochannel of a carbon nanotube sensor device.  The first molecule enters the 

channel at time 0=t  sec. and the second molecule enters at 25=t sec.  At 29=t sec, 

the direction of the electric field is reversed, causing the two molecules to change their 

direction of migration. 

 

of the nanotube transconductance ( )2GdVdI .  In addition to showing that the low 

frequency noise spectra is governed by charge-noise phenomena, Mannik et al. 

demonstrate a dependence of noise power on nanotube length.  They show that 

( ) LfSI 1∝  holds for nanotubes of nm2  diameter, with lengths ranging from nm60  

to mμ4.3 , a range of sizes within which our nanotubes fall.  To obtain an order of 

magnitude estimate for our nanotube sensor devices we refer to the 440nm long CNT 
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sensor studied in [24].  For a 1 Hz bandwidth and a source drain voltage of mV10 , 

they find a current noise spectral density at Hzf 1= which varied from 2610−  to 1810−  

HzAmp2  as the liquid gate potential was swept.  This corresponds to an RMS 

uncertainty in the current of between approximately .5 pA and 5nA for a source drain 

bias of mVVSD 10=  and a rise time of 30msec. 

 

As a second source of noise, we consider that the nanochannel and microchannel 

fluidic system connecting the macroscale fluidic reservoirs acts as a resistor.  The 

voltage variance per hertz of bandwith attributed to Johnson noise is given by

TRkBn 42 =υ .  In order to calculate the voltage variance at the location of the 

nanotubes, resistances of the various parts of the fluidic system can be calculated 

using geometrical considerations and known values for buffer resistivity.  We 

conceptualize a simple case in which a single nanotube is located at the center of a 

nanochannel which is connected to microchannels in series only.  We assume a buffer 

resistivity ρ  and a resistance for each channel segment given by g⋅ρ , where 

( )wdlg ⋅=  is a geometrical factor with l , w  and d  equal to the channel segment’s 

length, width and depth respectively.   All channels in our model are of the same 

depth, which is set to nmd 100=  in this calculation.  For purposes of the calculation, 

we assume the first microchannel is 5 mm long and 30 um wide.  The second 

microchannel is 1 mm long and 5 um wide, and the nanochannel is 15 um from the 

end to its middle, and is 500 nm wide.  Thus the geometrical factors are 
19

1 107.1 −×= mg , 19
2 102 −×= mg  and 19

3 101 −×= mg .   

 

At low ionic strength, the resistivity for an electrolyte in a nanoscale channel, nanoρ , 

differs from the bulk resistivity, bulkρ , by an appreciable amount, as was recently 

reported by Stein et. al [25].  Stein investigates channels with depths ranging from 
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nm70  to nm1015  and observes that channel conductance decreases with depth and 

with ionic strength.  He also reports a conductance saturation level at very low ionic 

strength, an effect which is explained by the dominance of surface charge governed 

ionic transport.  It is in this concentration regime which we expect to operate.  We 

therefore use his reported value in our resistivity estimate.  Given that saturation 

conditions are satisfied, )/(102 8 lengthwidthdnano ⋅Ω⋅≈⋅ρ  regardless of channel 

height.  Using this value, we estimate the total resistance for our channels, assuming 

that ionic strength is low enough that surface governed ionic transport dominates 

conductance.  Given our channel geometry, we find that 

( ) ( ) ( ) Ω⋅=⋅Ω⋅=⋅⋅⋅= −−− 105381 1021010102 mmwLdR ρ .  Thus, at the location of the 

nanotube, the voltage variance per hertz of bandwidth attributed to thermal motion of 

fluid in the channels is 12102 103.34 −−×== HzVTRkBnυ .  Through field effect, this 

translates to a Johnson induced current noise of  

 

 

at mVVSD 10= , where the frequency dependence is trivial since thermal agitation 

across a resistor leads to a white noise spectrum.  Note that our actual system of 

channels is more complicated in that there are six reservoirs as opposed to two (see 

Chapter 7).  There are also six microchannel loading arms leading to each of the 

reservoirs, and nineteen nanochannel branches in parallel.  Nevertheless the simple 

case that we have considered gives a rough estimate of the Johnson noise for this type 

of fluidic system, and from that we have obtained an estimate of its contribution to 

nanotube current noise. 

 

As a third contributor to current noise, we consider the interface between the reservoir 

electrodes and the buffer.  It is known that chemical interactions at an electrode 

( ) ( ) ( ) HzAmpdVdIfS nJ
22025102

lg
2 10501087.3103.3 −−− ×≈×⋅×=⋅=υ
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interface can cause additional variations in solution potential.  This was recently 

investigated extensively by Dekker et al [26].  Dekker shows that, when performing 

biosensing measurements with carbon nanotubes, it is critical to use a reference 

electrode separated from the solution by a frit in order to accurately control the 

solution potential.  He points out that many previously reported nanowire biosensing 

experiments employed bare electrodes in solution, which can lead uncertainty in 

knowledge of solution potential over time.  For example, for a Pt electrode immersed 

in bovine serum albumin with target protein molecules, interactions at the electrode 

surface can cause shifts in global solution potential on the order of 20-40 mV. 

 

In our case, one might imagine that aggregates of DNA molecules, pieces of 

crystallized salt, or other particles diffusing in the macroscopic reservoir might 

interact with a bare electrode and cause a similar shift in global solution potential.  

Because the “signal” perturbation from our DNA molecule is only expected to be on 

the order of 10 mV, it is clear that interactions between electrode surface and solution 

impurities must be avoided.  To prevent this, we intend to use Ag/AgCl reference 

electrodes, immersed in a highly concentrated AgCl solution and separated from the 

bulk solution in the reservoir by a frit.  While we have not directly tested this yet, it 

has been reported that such a reference electrode can hold the solution potential steady 

to within 1mV.  Thus we estimate that the effect of reference electrode / solution-

impurity interactions contribute 1mV RMS fluctuations in background noise, leading 

to a current noise PSD of ( ) ( ) ( ) HzAmpdVdImVfSE
2142

lg
2 10151 −×=⋅=  at 

mVVSD 10= . 

 

As a final possible source of noise, we consider the measurement equipment itself.  

We note that the preamp gain is selected to be significantly larger than the source 
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dynamic impedance, dR , to keep the preamp from adding substantially to the source 

noise.  For a gain of 710  and a rise time of sec1m  the nominal preamp current noise is 

on the order of fA50  [27].  This is much smaller than the noise from any of the other 

sources.  Other factors such as 60Hz pickup and acoustic vibrations are also likely 

contributors to noise.  However, we do not estimate these here as they depend largely 

on the details of the setup. It assumed that, with effort, their noise contribution could 

be made smaller than that of other sources of noise considered above. 

 

 

Conclusion 

The integration of carbon nanotube sensors into nanofluidic channels represents a first 

step in electrical detection of unbound biomolecules.  In this report, we have described 

a novel device design and fabrication method for achieving this integration.  We have 

also performed initial characterization of the optical and electrical properties of the 

device.  It was shown that single DNA molecules could be observed and manipulated 

in the detection region using a combination of electrokinetic driving forces and real 

time fluorescence video microscopy.  It was further shown that SWCNTs, built into a 

nanochannel, could be gated through modulation of the solution potential.  The gating 

characteristics differ from those of tubes on an open surface.  Due to covering of the 

source and drain electrodes, leakage currents were reduced to a level that is below the 

noise.  Final steps in this experiment are underway.  More nanotube devices are 

currently being fabricated.  It is hoped that they will allow for an experiment in which 

a single DNA molecule is slowly driven over a nanotube, and a change in nanotube 

conductance results. 
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CHAPTER 7 

FABRICATION OF NANOFLUIDIC CHANNEL WITH INTEGRATED CARBON 

NANOTUBE DEVICE  

 

7.1 Chapter Introduction 

The “nanochannel with integrated nanotube” device described in Chapter 6 of this 

thesis is fabricated using a novel process.  The fabrication method is comprised of a 

combination of standard micro-electro-mechanical (MEMS) processing techniques, 

available in the Cornell Nanoscale Facility (CNF), as well as carbon nanotube growth 

techniques available in the lab of Professor Paul McEuen in the Cornell University 

physics department.  

 

While the concept of the device operation is described in Chapter 6, in this chapter we 

focus on the fabrication method.  We begin by reviewing a list of device requirements.  

We then give a broad overview of the fabrication process flow that was designed to 

meet these requirements.  This is followed by a more in depth explanation of each 

step.  Finally select portions of the process are expanded upon, in order to show 

characterization of the device at specific points in the fabrication process.   In 

Appendix B is a detailed version of the full fabrication recipe, written with the intent 

that a person replicating the process for the first time would use it as a guide. 

 

7.2 Device Requirements and Resulting Process Restrictions 

Based on the concepts for electrical detection of charged DNA molecules in 

nanochannels using integrated carbon nanotubes, outlined in Chapter 6, we expect that 

a functional device will need to meet the following requirements: 
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1) Nanochannel depths must be on the order of the Debye screening length.  For 

reasonably low ionic strength solutions, this screening length can be made as 

large as order nm10 . 

2) Nanochannels must be connected to microchannels in such a way that it is 

possible to load DNA molecules into the channels and individually flow them 

over the integrated carbon nanotubes in a controllable way.  Based on the 

experience of this author, that necessitates simultaneous optical observation of 

fluorescently labeled DNA molecules in the channels.  Thus a fused silica 

substrate wafer with thickness of 170 mμ  is required. 

3) For the device to operate as intended, there must exist addressable 

semiconducting nanotubes which behave as electrolyte gated field effect 

transistors.  For the nanotubes to respond to small perturbations in solution 

potential, it is believed that integrated carbon nanotubes must be in direct 

contact with the electrolyte solution in the channel. 

 

Having established the essential device requirements, we can immediately describe 

several restrictions which these requirements place on the fabrication process.   

 

1) The standard Craighead group process for fabrication of nanoslits and 

nanochannels in fused silica cannot be employed.  This process involves fusion 

bonding and high temperature annealing of two fused silica wafers to enclose 

the channels.  Fusion bonding requires that wafer surfaces are flat and clean 

(i.e. no bumps from electrodes or soot from nanotube growth).  Typically, in 

order to sufficiently clean the surfaces, a wet chemical clean is used and this is 

followed by a high power oxygen plasma.  After the oxygen plasma and touch 

bounding steps are performed an overnight anneal in air at Co1050 is used.  
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Carbon nanotubes can survive neither oxygen plasma processes or a bake in 

atmosphere (specifically oxygen) at temperatures higher than  Co300~ . 

2) In order to reliably drive molecules into the nanochannel detection regions, a 

network of loading channels must connect the detection region with a 

macroscopic fluidic reservoir.  These channels must be leak free, and channel 

walls must be insulating.  If photolithography is used, then the minimum 

aspect ratios required for channels with nm10  depths necessitate that the 

channel wall and ceiling structures must be relatively stiff to avoid collapse.  

This, and the desire for leak free channels, discourages the use of PDMS as a 

channel structure, for example. 

3) It is anticipated that actual electrical detection will be challenging at first.  The 

signal to noise ratio of the nanotube response to nearby DNA molecules will 

likely be low, perhaps even below unity.  It is important then, that DNA 

molecules can be precisely positioned above the nanotubes and held in place 

for an extended period of time.  This requires good visualization of the DNA 

molecules, in practice requiring that high numerical aperture objective lenses 

be used.  It is therefore beneficial to fabricate devices on mμ170  thick fused 

silica substrates.  This permits the use of a 100 X , 1.35 N.A., oil immersion 

lens, which is known to be adequate for visualizing single DNA molecules.  A 

further requirement of single molecule fluorescent microscopy is that the 

channel materials exhibit low autofluorescence.   

4) Finally, in order for nanotubes to be placed inside of the channel, growth must 

occur before a number of other processing steps are performed.  Growth of 

small diameter single wall carbon nanotubes typically requires the use of a 

catalyst such as Fe, or Co.  Some thin film processing machines have sample 

restrictions.  For example, samples with metals are banned from MOS 
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furnaces.  Such restrictions were necessary to consider during development of 

the fabrication method. 

 

7.3 Nanochannel/Nanotube -Device Fabrication Process Overview 

While several variations of the fabrication process exist, we currently describe only 

the final version.  This version has been selected to optimize the yield and throughput 

of devices while meeting the basic requirements outlined above.  While it is not 

necessary for the yield and throughput to meet the level of “high volume 

manufacturing” , a phrase commonly used to describe industrial production levels, it is 

necessary to produce enough working devices that the experimental concept can be 

thoroughly tested.  Even a fully fabricated device with working nanotubes may easily 

be damaged during the experimental runs.  That damage may take the form of 

electrolytic destruction of nanotubes contacting solution, or clogging of nanochannels, 

for example.  By using the following process, a researcher is able to fabricate roughly

2010 −  working devices within several weeks. 

 

7.3.1 Precise Definition of a “Device”, and its Geometry 

In this chapter the word “device” refers to a continuous system of microfluidic and 

nanofluidic channels, connected to macroscopic fluidic reservoirs and to a number of 

detection regions, at which nanotube sensors are located.  The prescribed fabrication 

method produces one device per chip, where each chip is a mm20  X mm20  piece of 

fused silica with various features constructed on one side.  Each device contains 19 

parallel nanochannel branches with a total of 38 separately addressable source/drain 

electrode pairs for contact with the imbedded carbon nanotubes.  Diagrams of such a 

device are shown in Figure 1.   
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Figure 1.  Device diagrams.  For ease of viewing, not all features within each image 

are drawn to scale relative to one another.  When necessary, critical dimensions are 

indicated by red arrows and labels.  A) View of full fluidic network.  Blue circles 

represent the six macroscopic reservoirs for loading fluid and DNA.  Thick black lines 

represent fluidic channels used for transporting DNA into the device from the 

reserviors.  These channels are mμ40  wide, nm100  deep, and several mm long.  

Support columns (not shown) in the middle of the loading channels help to prevent the 

ceiling structure from collapsing.   The left and right loading channels are connected 

by 19 smaller microchannel branches, which are mμ6  wide and nm100  deep.  B)  

Close-up of region where 3 microchannel branches connect to the larger loading 

channel.  This correspond to the large red rectangle in 1A.  C) Close up on middle 

portion of a microchannel branch.  This corresponds to the small red rectangle in 1A.  

As is drawn, two detection regions are present in each microchannel branch.  D) 

Close-up of a detection region.  Two platinum electrodes (a source and drain) are 

separation by a gap of mμ1 .   The mμ6  microchannel branch tapers into a nm500  

nanochannel in order to thread the gap between the source and drain electrodes.  An 

unspecified number of carbon nanotubes bridges the gap between electrodes.  A 

portion of each nanotube exists in the nanochannel and is in direct contact with the 

fluid. 
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7.3.2 Major Fabrication Steps 

The fabrication process can be broken down into 14 major steps and those are 

organized into 3 phases: 

I. Cleanroom Processing on Full Wafers (Major Steps 1-3, shown below) 

II. Carbon Nanotube Growth on Chips Diced from Full Wafers (Major Step 5 

shown below) 

III. Clean Room Processing on Chips (Major Steps 6-13, shown below) 

 

Beginning with a mμ170  fused silica wafer, the 14 major fabrication steps are: 

1) Alignment Layer 

2) Pt/Ti Electrode Layer 

3) Aluminum Oxide Supported Cobalt Catalyst Layer 

4) Wafer Dicing 

5) Carbon Nanotube Growth 

6) Thin Silicon Nitride Layer 

7) Microchannel/Nanochannel Sacrificial Chromium Layer 

8) Thick Silicon Nitride Layer 

9) Access Hole Layer #1 (For Wet Etch of Sacrificial Material) 

10) Wet Etch of Sacrificial Material 

11)  Wet Etch of Thin Silicon Nitride Layer 

12)  Thin Silicon Nitride Layer #2 (For Enclosing Access Holes) 

13)  Access Hole Layer #2 (For allowing access of probe needles to source and 

drain contact pads) 

14)  Macroscopic Reservoir Attachment 

In the panels of Figure 2, a diagram is used to illustrate only 9 of the 14 major steps, 

though below we make a few remarks about each of the 14 major steps.  
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Figure 2.  A select number of the 14 major steps.  Only those steps which lend 

themselves to illustration are shown here.  Each cross sectional image is labeled with 

its corresponding step number and name.  Step 1) Alignment marks (not actually 

shown) are etched into a 4 inch, mμ170  thick, fused silica wafer.  Step 2) Pt contact 

pads are deposited onto the wafer.  Step 3) Cobalt catalyst pads are deposited onto the 

wafer using photolithography, ebeam evaporation, and liftoff.  Step 5) After dicing 

(illustration not shown) chips are placed into nanotube furnace for CNT growth.  Step 

6) A nm205−  thin layer of silicon nitride is deposited on the wafer, covering the 

fused silica, Pt contact pads and nanotubes.  Step 7) A 10 nm thick, patterned layer of 

chromium is placed onto the wafer using pholithography, ebeam evaporation and 

liftoff.  Step 8)  A mμ2 thick layer of low stress silicon nitride is deposited directly 

onto the nanotubes.  Step 10) After access holes are defined along the length of the 

microchannels (illustration not shown) the chromium sacrificial layer is selectively 

etched away using a CR-14 Chromium etchant (Cyantek).  Step 11)  Wet etch of 

protective nitride layer, within which the nanotubes are buried.  The etch height is 

controlled with a timed etch of heated MF-312 (5% TMAH, Microposit Corp.).  The 

wet etch is followed by drying the channels, covering access holes with nitride, re-

etching contact pad access, and installing macroscopic fluidic reservoirs, none of 

which is illustrated above.  
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Step 1, Alignment Layer.  Fused silica wafers are initially featureless, and marks 

must be made on the wafer which allow for alignment of each of the subsequent 

lithography layers.  Two types of alignment marks are employed in this process, which 

is designed for the GCA Autostep Aligner in the CNF.  Global GCA marks are used to 

perform a course alignment by eye.  micro-DFAS (Dark Field Alignment System) 

marks are then used to perform a fine alignment. 

 

Step 2, Pt/Ti Electrode Layer.  Source and drain electrodes for contacting carbon 

nanotubes are defined using photolithography, e-beam evaporation and lift-off.  The 

electrodes are composed of Pt (30nm thickness) and Ti (5 A thickness).  The purpose 

of titanium is to promote adhesion between the Pt metal and the fused silica wafer.   

 

Step 3, Aluminum Oxide Supported Cobalt Catalyst Layer.  Catalyst pads, for 

promoting nanotube growth, are defined using photolithography, e-beam evaporation 

and lift-off.  The evaporated materials are Ti (5 A), Al2O3 (15 nm), Co (2.5 A).  

Titanium is used to promote adhesion between aluminum dioxide and fused silica.  

Aluminum dioxide is used for two purposes.  First it has previously been shown that 

catalyst deposited on aluminum oxide surfaces yield better growth than catalyst 

deposited on silicon dioxide.  At least 10 nm is required so that a continuous film is 

achieved.  Second, the thickness of the aluminum dioxide raises the position of the Co 

particles with respect to the Pt contact pad.  It is surmised that this may increase the 

likeliness for a carbon nanotube to make it over the Pt during the growth stage.  Thus 

far this affect has not been quantified. 

 

Step 4, Wafer Dicing.  Prior to carbon nanotube growth, the 4 inch (100 mm) device 

wafers are diced into 16 chips (20mm x 20mm) using a wafer saw.  Each of the chips 
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contains one of the “devices” described in Section 7.2.  This dicing step is required in 

order that the chips are able to fit in the carbon nanotube furnace.  The fused silica 

furnace tube inner diameter is roughly 22 mm.  It is known that the wafer dicing 

process can cause damage to MEMs type structures.  During development of the 

fabrication procedure, it was discovered that damage was being caused to areas of the 

fused silica between the source and drain electrodes.  This problem was solved with 

the use of a thick resist coating to protect features from debris during dicing and 

changes to the device geometry, the length of the platinum wires was shorted, 

presumably reducing stress induced by the platinum.   

    

Step 5, Carbon Nanotube Growth.  Single walled carbon nanotubes are grown with 

a Chemical Vapor Deposition technique using the carbon nanotube furnace in the Paul 

McEuen lab.  One of two growth recipes is used depending on the desired yield of 

nanotubes.   A recipe which includes Ethylene as a carbon precursor, and which is run 

at 800C results in a moderate yield of carbon nanotubes.  A recipe which includes both 

Ethylene and Methane as carbon precursors and which is run at 900C results in a 

higher yield of carbon nanotubes.  Nanotube growth is initiated only at the location of 

the Co catalyst particles.  The resulting direction and length of each nanotube is 

random, and the probability that a certain number of tubes connects source and drain 

electrodes is given by Poisson statistics. 

 

Step 6, Thin Silicon Nitride Layer.  After the nanotubes are grown, a thin layer of 

silicon nitride is conformally deposited on top of it using a Plasma Enhanced 

Chemical Vapor Deposition (PECVD) process.  This layer should be on the order of 

10nm in thickness.  The function of the thin nitride layer is to protect the carbon 

nanotubes from wet chromium etchant during Step 10.  It is believed that the strong 
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oxiding agent (cerric ammonium nitrate) in Cr-14 Chromium Etchant damages carbon 

nanotubes if it directly contants them for an extended period of time.  Thus during the 

chrome etch, nanotubes are separated from the channel by the thin nitride layer.  That 

thin layer is later removed (Step 12) using an etchant that does not damage carbon 

nanotubes.   It also appears that covered nanotubes with nitride provides for some 

protection from the possibility of static charge induced damage during the remaining 

fabrication steps. Because nitride is deposited directly onto bare nanotubes, the 

deposition parameters also must be carefully chosen so as not to damage the tubes.  To 

begin with, PECVD silicon nitride was selected instead of PECVD silicon oxide, due 

to the well known observation that nanotubes are quickly etched in an RF oxygen 

plasma.  During the course of process development it was observed that low frequency 

RF plasma in direct contact with bare nanotubes, induces damage to the tubes (in the 

form of reduced conductance).  We surmise that this is a result of physical ion 

bombardment.  In order to protect the nanotubes from low frequency nitride deposion, 

a short high frequency nitride deposition is first performed.  This covers the nanotubes 

and protects them from physical ion bombardment.  This topic is described in more 

detail in section 7.4.5. 

 

 

Step 7, Microchannel/Nanochannel Sacrificial Chromium Layer.  Using 

photolithography, e-beam evaporation and lift-off, a layer of chromium is deposited on 

the wafer.  The chromium pattern defines the shape and thickness of the desired 

micro-channels and nanochannels.  The final channel height can be no less than the 

thickness of the chromium sacrificial layer (although it may be more depending on the 

wet etch Step 11).  Chromium was chosen as the sacrificial material due to the high 
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selectivity between the wet etch rates of chromium versus silicon nitride and fused 

silica in CR-14 Chrome Etchant. 

 

Step 8, Thick Silicon Nitride Layer.  After Cr deposition, the sacrificial material and 

the carbon nanotubes are covered by a thick layer ( mμ2~ ) of low stress nitride.  This 

nitride layer later becomes the “ceiling” of the nanofluidic device.  As such, its 

mechanical properties are critical for maintaining structural integrity of the channel.  A 

nitride film with low tensile stress and thickness of mμ2~  was chosen in order to 

prevent cracking or collapse of the nitride after sacrificial layer removal.  Films with 

higher tensile stress were found to crack, and thinner films were found to collapse.  

Films with compressive stress properties were found to bow.  Testing and 

characterization of these effects is shown in Section 7.4.3   

 

Step 9, Access Hole Layer #1 (For Wet Etch of Sacrificial Material).  Access holes 

through the thick silicon nitride layer are created using a combination of 

photolithography and dry chemical etching.  The access holes run along the length of 

the microchannel and nanochannel regions.  During this step, in addition to the access 

holes for wet chemical etching, holes above the contact pads are created, enabling 

access of probe needles to the source and drain contact pads. 

 

Step 10, Wet Etch of Sacrificial Material.  The sacrificial chromium layer is 

removed using Cyantek CR-14 Chromium Etchant.  With access holes spaced 

approximately mμ50  apart along the length of the channel, and a lateral etch rate of 

./10 hrmμ , all of the chromium can be remove in about 3 hours.  Generally the etch is 

allowed to run roughly double of this time (5-6 hours).  Evidence suggests that in Cr-
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14 etchant, the selectivity between chromium and silicon nitride is very high, as is the 

selectivity between chromium and fused silica. 

 

Step 11, Wet Etch of Thin Silicon Nitride Layer.  After removal of the chromium 

layer, a system of channels has been created with a depth equal to that of the original 

chromium layer.  This allows for quick delivery of the next wet etchant (MIF 312).  

Trimethylammonium hydroxide (TMAH) is present at 5% of total volume in MIF 312.  

When heated, TMAH etches low stress GSI PECVD silicon nitride at a rate of about 

min/2nm .  This allows for upwards etching of the silicon nitride, to the point at 

which carbon nanotubes are released from within the nitride ceiling.  The chip is 

submerged in MIF 312 at Co70  for anywhere from 15 min to 45 min, depending on 

the thickness of the previously deposited protective nitride layer. 

 

Step 12, Thin Silicon Nitride Layer #2 (For Enclosing Access Holes).  After the 

second wet etch step, chips are dried and electrical conductance of nanotubes can be 

tested.  The access holes used in the wet chemical etch must be sealed, in order for 

channels to be complete.  Low stress silicon nitride is once again deposited using 

PECVD.  The final silicon nitride film is of medium thickness (several hundred nm) to 

ensure that all of the access holes are completely sealed. 

 

Step 13, Access Hole Layer #2 (For allowing access of probe needles to source and 

drain contact pads).  Having deposited a final layer of silicon nitride, the contact pads 

must once again be uncovered.  This is done using a combination of photolithography 

and reactive ion etching. 
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Step 14, Macroscopic Reservoir Attachment.  In the chip’s near final state, the 

contact pads are exposed, but the nanochannels and microchannels are completely 

sealed.  Entrances at the six microchannel ends are created by lightly scratching the 

nitride with a diamond scribe.  Macroscopic reservoirs are then aligned to the channel 

entrances by eye and glued to the chip using RTV sealant.  After the glue sets, the 

devices are ready to be filled and used in DNA experiments. 

 

 

7.4 In-Depth Characterization of Select Processes in Fabrication Procedure 

 

7.4.1 Etch Characterization 

 

Wet Etch Rates 

In order to describe the characteristics of the chromium sacrificial layer removal step, 

we first describe etching of another material layer that had been tested as a candidate 

for the sacrificial layer before chromium was settled on.  Namely, that material is 

amorphous silicon.  According to reports in the literature, there exists excellent 

selectivity for amorphous silicon and silicon nitride in TMAH.  For a-Si and LPCVD 

nitride, selectivities as high as 20000:1 have been reported in 5% TMAH.  This 

combination of materials was therefore a good candidate for our sacrificial process.  

After testing the etch rates of a-Si and GSI PECVD nitride, it was found that the 

selectivities were much lower than expected.  Namely, they were on the order of 50:1.  

 A compilation of measured etch rates and values found in the literature can be found 

in Table 1.  
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Table 7.1   Etch rates for a variety of possible wall and sacrificial materials in Cr-14 

and MF-312 etchants.   For each etchant and material there is either a value for etch 

rate found in the literature, or measured by the author of this thesis, or both.  The 

measured selectivity between chromium and silicon nitride is infinite within error.  

The measured selectivity between amorphous silicon and silicon nitride in 5% TMAH 

is between 48:1 and 62:1, depending on whether a high stress or low stress recipe was 

used for the nitride.  This differs from the value reported in the literature of 20000:1 

for amorphous silicon and high stress nitride.   The discrepancy is attributed to the fact 

that the high stress nitride investigated in the literature is LPCVD deposited nitride, 

while that investigated by ourselves is PECVD deposited nitride. 

 Cr-14 @ 25C 

  Literature             Measured 

MF-312 (5% TMAH) @ 70C 

   Literature              Measured 

Silicon 0.0 nm/min 0.0 nm/min 100 nm/min 100 nm/min 

Silicon Nitride 

(High Stress) 

-- 0.0 nm/min 0.005 nm/min 1.6 nm/min 

Silicon Nitride 

(Low Stress) 

-- 0.0 nm/min -- 2.1 nm/min 

Silicon Dioxide 0.0 nm/min 0.0 nm/min 0.02 nm/min 0.5 nm/min 

Chromium 93 nm/min 23 nm/min -- -- 

Fused Silica 0.0 nm/min -- -- -- 

 

The poor selectivity of a-Si and GSI PECVD nitride resulted in channels which were 

tapered and much deeper near the access hole entrances.  This concept is illustrated in 

figure 3, and optical images of the channels after the wet etch step are shown in figure 

4.  Chromium wet etch selectivities were later measured as well.  During various 

stages of the etch, the distance between the nanochannel entrance and the chrome in a 
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partially etched channel could be measured by optical microscopy.  Examples of such 

images are shown in figure 5.  The observed rate is approximately hrm /10μ  or 

min/27nm .  Within the error of our measurement, there is infinite selectivity between 

chromium and silicon nitride in Cr-14 etchant. 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 3.  Cartoon illustrating the importance of selectivity in sacrificial Layer 

removal.  Left Column) Channel depth is determined by sacrificial layer thickness 

only.  Right Column)  Channel depth is determined by sacrificial layer thickness plus 

amount of capping material etched.   

 

Dry Etch Rates 

Using a combination of reactive ion etching, profilometry, and interferometry, dry 

etch rates were measured for silicon nitride.  Low Stress Nitride in CHF3/O2, Oxford 

80#1 Nitride Recipe: 98 nm/min.    
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Figure 4.  Images of a-Si/ Nitride based channels after partial removal of a-Si with 

TMAH etch.  Access holes are the dark rectangles.  The light gray areas are places 

where the a-Si sacrificial layer has not yet been etched away.  The gaps between the 

fused silica surface, and nitride ceiling vary in depth due to upward etching of the 

nitride as the a-Si was etched inward.   

 

 

7.4.2 Nitride Deposition 

Silicon nitride films deposited by PECVD at temperatures lower than 400C are 

typically observed to be amorphous, and their structural, electrical and optical 

properties are strongly dependent on deposition parameters [1, 2].  Our device 

requirements necessitate a nitride film that has low autofluorescence, is electrically 

insulating, and is structurally stable in the form of a nanochannel ceiling and wall.  In 

testing various nitride deposition parameters, we have observed that the first two 

conditions are met to satisfaction over the entire range of parameters tested.  It is the 

mechanical properties of the film which can vary by the greatest amount.  And, it turns 
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out that only a narrow range of deposition parameters result in a film with satisfactory 

mechanical properties. 

 

 

 

 

 

 

 

 

 

 

Figure 5.  Images of Cr/Nitride based channels after partial removal of Cr with Cr-14 

Chromium Etchant.  A-C) Images of microchannel region before etch, after 25 min, 

and after 3 hours.  D-F) Close up of nanochannel region before etch, after 25 min, and 

after 3 hours.  Note that because all portions of the etched channel are the same depth, 

there are not regions of etched channel with different colors as is the case with the 

channels of figure 4. 

 

For reasons which are discussed in detail later in this section, it is necessary that the 

deposited film be one of low tensile stress.  Several deposition parameters are known 

to effect the residual stress of the material including deposition temperature [3, 4], 

ratio of precursor gases leading to variations in stoichiometric content [5], and the 

frequency or combination of frequencies used to generate the plasma during 

deposition [5, 6]. 
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While deposition temperature can be used in part to tune stress, and is typically a free 

parameter in nitride deposition processes, we find that we are restricted to a deposition 

temperature of 300 C only.  CNTs are already present on the chips before nitride 

deposition, and if the wafers were heated to temperatures much higher than 300C 

during loading into the PECVD machine, oxygen in the chamber may cause the CNTs 

to burn.  Furthermore, it has been reported that increasing deposition temperature 

causes an increases residual tensile stress.  As will be shown later in this section, we 

go to lengths to decrease the tensile stress as compared the nominal stress value for 

films deposited using standard CNF recipes.  We do not use temperatures below 300 C 

because it has been reported that as deposition temperature is reduced toward 200 C 

the observed film quality becomes poor [3].  Namely, film porosity increases.   

 

Having established 300 C as our optimal deposition temperature, we choose to vary 

the frequency characteristics of the plasma in order to tune film stress.  As reported by 

Pearce et al. [5], the use of two radio frequency generators, one at 13.56 MHz and one 

at several hundred kHz, can be used to vary intrinsic film stress by altering the amount 

of power supplied by each source.  It was observed that the low frequency excitation 

favors the formation of N-H bonds, and the relative amount of N-H bonds and Si-H 

bonds were shown to affect stress.  As the percentage of low frequency power used 

was increased from 50% to 70%, the film stress changed smoothly from 50 MPa 

tensile to 150 MPa compressive.  Even greater ranges of low frequency powers and 

the resulting film stresses have been reported elsewhere. 

 

The GSI PECVD machine available in the CNF has two radio frequency sources, one 

at 13.56 MHz, and another at 300kHz, with maximum output powers of 1000W and 

200W respectively.  A comprehensive study is underway by the tool manager Phil 
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Infante in which the effect of the percentage of low frequency power on stress of 

nitride films deposited on silicon wafers at 400 C is being investigated.  His results are 

thus far in accordance with what has been found in the literature.  These results are 

available in the GSI manual or upon request, though we do not reprint them here as 

absolute stress values have been known to change dramatically if certain changes are 

made to the tool.  Nevertheless, in all cases the trend of decreasing tensile stress and 

increasing compressive stress with increasing low frequency power has been observed. 

 

The nitride steps in our fabrication process differ from what has been investigated by 

the tool manager in two ways.  First, we use a deposition parameter of 300 C as 

opposed to 400 C.  Second, we use a fused silica substrate as opposed to a silicon 

substrate.  The way in which these differences affect film stress is through a mismatch 

in thermal expansion characteristics.  While low temperature deposition reduces the 

effects of mismatch.  The reported coefficients of linear thermal expansion for silicon , 

fused silica, and silicon nitride at 327 C are 3.7,  0.5, and 2.8  1610 −− K  respectively.  

A temperature transition from 300 C to 20 C results in a compression of 14%, 9.3% 

and 2.4 % for each of the three materials on their own [7].  For stacked materials, we 

assume that the substrate wafer dominates the thermal compression process and the 

thin film is forced to comply.  

 

When a thin film of silicon nitride deposited on a silicon wafer at 300 C cools to room 

temperature, it is forced to compress to14% of its original length in one dimension.  

This is greater than the 9.3% linear compression it would experience if it were not 

fixed to the silicon surface.  This thermal contraction mismatch causes the film to have 

a higher compressive stress than it would have had on its own.  
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For a thin film of silicon nitride deposited on a fused silica wafer, the effect is 

reversed.  The fused silica substrate wafer compresses by only 2.4% in one direction, 

while the nitride, on its own, would have compressed by 9.3% upon cooling.  Because 

the nitride is not permitted to fully relax, the film has a higher tensile stress than it 

would have if it were not fixed to the fused silica.   

 

Thus the effect of cooling from 300 C to 25 C has the opposite effect on stress for thin 

nitride films deposited on silicon as compared to films deposited on fused silica.  It is 

for this reason that the Phil Infante recipes yield higher tensile stress films than 

expected, when the substrate is fused silica.  

 

We now consider the effect of various types of stress on our micro- and nanochannel 

ceilings.  The channel ceilings are modeled as doubly clamped beams.  The channel 

length is much greater than the channel width and depth in all cases, therefore the 

dimension along the direction of the channel axis can be ignored, and we consider 

only the cross section.  Depending on the stress of the nitride film, the beam 

experiences forces that may cause it to deform in a number of different ways.  For 

example, high compressive stress can lead to buckling in either the up or down vertical 

directions, as is illustrated in figures 6A and 7A.  At the opposite extreme, a high 

tensile stress film inevitable leads to cracking of the ceiling at many points along the 

channel (not shown in the figure).  A low tensile stress film represents the ideal case, 

but if the stress is too small in magnitude, the beam cannot resist deforming under the 

load of dispersion forces and/or the capillary forces acting on the walls during any 

number of fabrication steps in which the channel must be dried.    
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In order to find the appropriate stress, we investigated the regime of high to low 

tensile stress.  Our goal was to find a condition under which both cracking and 

collapse is avoided.  Under a uniform load, such as is induced by dispersion forces 

between a ceiling and a floor, the beam experiences a maximum downward deflection,

z , given by,   

 

 

where L  is the length of the beam (in our case the width of the nanochannel), λ  is the 

the load, E  is the Young’s modulous (which is a function of the stress), and h  is the 

height of the thin film (beam thickness).  Using this equation as a guide, we see that 

the maximum deflection is more strongly dependent on the film thickness and length 

of channel spanned, than it is on the stress.  These are two additional parameters worth 

varying in order to create channel ceiling which do not crack under their own stress, 

yet also do not collapse. 
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Figure 6.  Deformation of channel ceiling structure.  A) Affect of stress on 

deformation.  B) Affect of nitride thickness and width of channel spanned on 

deformation under a uniform load. 

 

In figure 6B, and figures 7B and 7C, we demonstrate the effects of beam length 

(channel width) and thickness on probability of collapse given a constant internal 

stress.  Previous to these tests, we first determined the deposition parameters that 

would result in a low enough tensile stress such that cracking did not occur.  Images of 

cracked channel ceilings and other parts of the nitride film are not shown in this 

chapter but are available upon request.  In the image of figure 7B and the images of 

7C the same combination of frequencies is used during deposition. 

 

The deposition parameters that are currently suggested are as follows:  high frequency 

power 19% (190W), low frequency power 81% (162W), deposition duration 20 min 

(=2 um thick film), maximum channel width 16 um.  This results in a negligibly small 

probability of cracking or collapsing for channels created with a sacrificial Cr layer as 

thin as 10nm in thickness.  A sub 10nm Cr layer has not yet been tested.  It should be  
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Figure 7.  Various micrographs illustrating the effects of film stress, thickness and 

channel width on channel integrity.  A) A 40 um wide channel with no support 

columns.  The film was deposited using a pure low frequency deposition process with 

the IPE CVD machine, and is under a high degree of compressive stress.  As a result 

after removal of the Cr, the ceiling buckles both upwards and downwards.  The left 

hand micrograph is an optical image in which variation in color and intensity results 

from variations in cavity height.  The right hand image is an SEM micrograph of the 

same channel.  The black line over the left image represents the location of a 

profilometry scan in which the maximum vertical deflection of the ceiling was found 

to be 2 um.  B)  The effect of channel width on collapse probability can be seen by 

looking at a single image of a channel with various amounts of space between the 

walls and the support columns.  The green areas represent an air gap between the floor 

and ceiling of 25nm.  The tan areas represent nitride in direct contact with the fused 

silica substrate below it.  The bright red area represents Cr (25 nm thick) which had 

not yet been removed before the wet etch was stopped.  C)  The three channels shown 

illustrate the effect of nitride thickness on probability of collapse.  It is clear that the 

evenly colored channel for the 1650nm thick film is the only one which did not 

collapse.  Note that in all cases, profile scans were used to verify the notion that 

certain portions of the ceiling had or had not collapsed. 
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noted that for nitride films with thickness of less than 1000nm, no degree of stress 

could be found which prevented both channel collapse and film cracking. 

 

 

7.4.3 Notes on CNT Growth 

 

Catalyst Deposition  Cobalt catalyst particles are deposited in photolithographically 

defined areas, as described in section 7.3.  Cobalt was eventually chosen over iron for 

the catalyst due to processing restrictions in the GSI PECVD machine.  However Fe 

catalyst was used in the initial stages of the project.  Based on SEM images, the 

carbon nanotubes appear, on average, shorter and less dense when grown using Co 

catalyst than when grown using Fe catalysts.  This is an impression only, as no 

statistical analysis was performed.  Several thousand SEM images were taken over the 

course of this project.  From observation of those images, it is clear that both Co and 

Fe catalyst growths result in a sufficient density of nanotubes with lengths greater the 

several microns. 

 

For the two different catalysts, the distribution of CNT diameters may also be 

different.  An article by the Dai group suggests that a 0.5A thick cobalt catalyst film 

and 750 C ethylene growth provide for tubes predominantly in the 1.0 to 1.8 nm range 

[8].  While we did take some AFM images of grown tubes, we did not take a large 

enough number of AFM images to enable us to make a statement regarding difference 

in tube diameters resulting from the two different catalysts tested.   

 

It should be noted that, in the future, if a person wanted to use the GSI PECVD for a 

chip which has a small amount of iron on it, it may be possible to persuade the tool 
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manager Phil Infante to allow this.  His official policy is that no Fe is permitted, 

however he appears to be on the fence about this. 

 

Nanotube Device Yield 

Using the current device design and procedure, it has been observed that anywhere 

from 0 to 10 nanotubes bridge each source and drain electrodes.  It is expected that the 

actual number of nanotubes per electrode pair is random and is governed by Poisson 

statistics.  The probability mass function for rare occurrence statistics is 

 

 

where, in our case, f  is the probability that a source drain electrode pair has k  

connecting them, if the mean number of nanotubes connecting the source drain pairs is 

λ .  If, for example, the mean number of connecting nanotubes per electrode pair is 

1=λ , then the probability that an given electrode pair has exactly 1=k  connected 

nanotubes is 36.01 ≈= −ef , the probability that there are no connected nanotubes for 

a given electrode pair is also 36.01 ≈= −ef , and the probability that there is more 

than one connected nanotube for a given electrode pair is also 38.01 ≈= −ef .  

Recently, when running the ethylene growth process at 800C we found that only about 

10% of the electrode pairs have no connecting nanotube, given our device geometry 

and catalyst particles.  When running the same process at 750 C the percentage of 

electrode pairs showing no current above the noise was closer to 90%.  Note that these 

growth runs were performed with chips from the same wafer (i.e. same catalyst 

processing) and within a three week period (so nanotube furnace temperature probably 

had not drifted much).  In any case, temperature adjustment appears to offer some 

degree of control over nanotube yield in our process.  Other factors which also affect 

the number of connect nanotubes per device are catalyst and source drain pad size, 

( ) ( )
!
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k
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source-drain separation distance, catalyst thickness, catalyst support (Al2O3 or fused 

silica), height of T-shaped Pt pad and height of Cr sacrificial layer, etc.  These 

parameters and others have been adjusted at one time or another throughout the 

process development, and any of them could be explored in a more systematic way. 

 

7.4.4 Notes on Photolithography 

  

Micro DFAS Alignment Marks 

In any multilayer photolithography based process, accurate inter layer alignment is 

critical.  In our process, alignment is achieved through the use of a system specific to 

the Autostep machine called the micro Dark Field Alignment System (microDFAS).  

In order to utilize this system, a patterned layer of regularly spaced marks are etched 

directly into the wafer.  These are then used to align the wafer with the Autostep 

reticle in each of the subsequent alignment and exposure steps.  There are several 

patterns available, each of which can be recognized by the microDFAS system.  In this 

section we show that choosing a pattern appropriate to our substrate and resist is 

crucial for good alignment.  In figure 8 diagrams of three possible microDFAS 

patterns are shown, as is a bright field image of one of those patterns.  

 

Dark field images of these marks appears quite different.  In dark field microscopy, 

the edges of the etched features appear brightest, as can be seen by comparing figure 

8D with figure 9A.   It is the long edges of each rectangle which the microDFAS 

system uses when aligning a wafer.  In figure 9A the edges of the rectangle appear 

very sharp, and one might guess that a good alignment is possible.  Typically, if the 

substrate wafer is silicon, coating the features with a layer of photoresist will not affect 

the dark field alignment pattern.  In our case, the substrate wafer is fused silica, which 
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has an index of refraction similar to that of photoresist.  Thus when photoresist non-

uniformly coats the etched rectangles, edges in the dark field image appear to be 

smoothed out instead of sharp.  The apparent edge is blurred and shifted toward 

middle of each the rectangle.  This results in a poor alignment mark signal and 

inconsistent alignment by the microDFAS system. 

 

As an alternative to the “rectangle edge” pattern, a series of lines can be defined by 

etching small circles where the rectangle “edges” used to be.  In this way, photoresist 

cannot severely distort the dark field image, as is apparent figures 9C and 9D.  

Employing this pattern results in much better alignment by the microDFAS system.   
 

LOR Thickness and Minimum Feature Separation 

Several of the “major steps” in the process require a combination of photolithography 

e-beam evaporation and lift-off.  Commonly, in order to achieve a resist sidewall 

profile which allows for a clean metal lift-off, a technique known as image reversal is 

used.  For several reasons we choose an alternative method of using a bi-layer resist, 

or more specifically, a lift-off resist (LOR) in combination with a standard photoresist 

layer.  This method also produces sharp metal edge profiles, but does not require a 

lengthy image reversal step, and for certain patterns permits more straightforward 

mask design. 

 

Several versions of LOR are available, each having a different viscosity and producing 

a different LOR film thickness when spun onto a wafer.  For most metal lift off 

applications, it is recommended to LOR 5A or 10A which results in film thicknesses 

in the range of 400-600nm and 900-1100nm respectively.   Typically LOR5A is the 
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Figure 8.  Variations of the micro DFAS mark pattern available for use with the 

Autostep mask aligner.  A) Snapshot of CAD image for “solid rectangle” micro DFAS 

mark in positive tone.  Shaded areas are exposed in the photolith step and are etched 

into the substrate wafer.  The width of each rectangle is 6 um and the half pitch is also 

6 um.  B) Snapshot of CAD image for “segmented line” microDFAS mark in positive 

tone.  The small shaded squares composing each segmented line are separated by 

approximately 2um.  The segmented lines are spaced by 6 um.  C)  Snapshot of CAD 

image for “solid rectangle” micro DFAS mark in negative tone.  Shaded areas are 

exposed in the photolith step and are etched into the substrate wafer.  Thus the 

rectangles are un-etched and are raised off the surface.  The negative tone version of 

the “segmented line” pattern is also available but is not shown here.  D)  Bright field 

image of a micro DFAS mark etched into a fused silica wafer.  This mark is the “solid 

rectangle” pattern shown in figure 9A, where the rectangles have been etched greater 

than 2 um into the wafer. 
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Figure 9.  A) dark field image of μ DFAS mark pattern 1 etched into fused silica.   

B) dark field image of μ DFAS mark pattern 1 under SPR 955 0.9 photresist.  Due to 

uneven filling of the rectangular etch mark trenches, the line edges of the etch marks 

become blurred the dark field.  C) dark field image of μ DFAS mark pattern 2 etched 

into fused silica.    D) dark field image of μ DFAS mark pattern 2 under SPR 955 0.9 

photresist.  Due to uneven filling of the rectangular etch mark holes, the line edges of 

the etch marks become blurred the dark field.  However in the case of holes this does 

not matter since the entire hole is viewed as one “edge” by the μ DFAS system.   

 

least viscous lift off resist stocked by the CNF.  If, however, there exist features on a 

pattern which are separated by less than a micron, then a thinner LOR film may be 

required.  During development, after rapid dissolution of the exposed portions of 
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photoresist, the LOR directly underneath that photoresist is etched isotropically, 

immediately creating an undercut.  It is required however, to continue to etch the LOR 

until it has completely cleared in the patterned spaces where metal is to be deposited.  

If the LOR is 500nm in thickness then the minimum lateral undercut is 500nm.  For 

two features closer than 1 um apart, all of the LOR between them is etched.  In the 

best case this results in a suspended bridge of photoresist which can still be used for 

lift off.  Such a scenario is illustrated in figure 10B.  More often however, that bridge 

of photoresist either tears away or collapses and the pattern must be reshot.   

 

The solution to this is to use an LOR layer with a thickness on the order of 100nm, as 

is depicted in figure 10A.  As it turns out, this is the case for the Pt electrode layer, 

since the gap between source and drain electrodes is roughly 1 um.   

 

7.4.5 Effect of Nitride Deposition on CNT Electrical Properties 

It is known that carbon nanotubes burn when heated in the presence of oxygen.  They 

are similarly destroyed by oxygen plasma.  Previous to the development of this 

fabrication process it had been reported that CNTs do not burn during silicon nitride 

using thermal CVD [9] [Mizutani].  Furthermore, one group reported that CNTs can 

also survive PECVD nitride deposition, while another group reported that PECVD 

immediately destroyed the tubes, and thermal CVD was used instead.  While we are 

not able to use the thermal CVD furnaces in the CNF (material restrictions), we are 

permitted to use the GSI PECVD, as mentioned above.  It is partly for this reason that 

silicon nitride was chosen as the capping material.   
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Figure 10.  Photoresist and Lift-off Resist (LOR) profiles for two different thicknesses 

of LOR.  The left column shows the profile of 100nm thick LOR during various 

stages.  A)  a fused silica wafer is prepared with 100nm LOR (red) and 900nm 

photoresist (blue).  B)  after exposure the wafer is placed into 300 MIF developer.  

Initially the exposed pattern in photoresist dissolves.  C) Over the course of the 

development process, LOR is isotropically etched at a much slower rate than the 

exposed photoresist, but at a faster rate that the unexposed photoresist.   D) A thin 

layer of metal is deposited by e-beam evaporation.  E) fused silica wafer is prepared 

with 500nm LOR (red) and 900nm photoresist (blue).  F-I) photoresist is developed 

and LOR is isotropically etched.  If separation between two features 1000nm or less, 

then the LOR under the resist in between those features will completely clear.  Thus it 

is possible to resist to collapse or tear off, affecting the pattern of evaporated metal. 
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Through our process development, we have verified the reports that CNTs can survive 

silicon nitride deposition by PECVD, but only given certain process restrictions.  In 

the paper which reported CNT survival, only high frequency RF generated plasma was 

used during nitride deposition, however our process requires low frequency RF plasma 

in order to create low tensile stress nitride films.  Thus the effect of low frequency RF 

plasma on bare carbon nanotubes had to be tested. 

 

We observe that for purely high frequency RF PECVD nitride deposition, individual 

carbon nanotubes appear to both increase and decrease their conductance, while the 

average conductance over many nanotubes does not change significantly.  This is 

thought to be a result of interactions between nanotube surfaces and charges 

associated with the deposited silicon nitride, the removal of water vapor, or the 

removal of oxygen from the CNT surface [10-12].  We also observe that as the power 

of the low frequency RF is increased, both the individual and average nanotube 

conductances tend to decrease dramatically.  Furthermore, we observe that this 

decrease in conductance only occurs as a result of the first few seconds of nitride 

deposition.  After a short deposition, any subsequent nitride deposition does not result 

in a change of nanotube conductance, regardless of the duration or frequencies used.  

 

It is our hypothesis, that the mechanism of nanotube destruction is physical 

bombardment of ions accelerated into the substrate surface by the low frequency 

electromagnetic field.  Once nanotubes are covered by an initial layer of silicon 

nitride, they appear to be protected from further damage.  This series of thoughts has 

resulted in our current method for depositing silicon nitride onto the carbon nanotubes.  

First, a silicon nitride film is deposited using a high frequency plasma for a short 

duration of time.  Namely, 10nm of nitride is deposited over 5 sec.  Following 



213 

deposition of this thin high stress film, a thick layer of low stress nitride is deposited 

using a dual frequency plasma.  The 20 min deposition results in a low stress film 

which is 2 um in thickness and which has the mechanical properties required for the 

micro and nanochannel wall/ceiling material.      

 

7.5  Chapter Conclusions 

In this fabrication chapter we have presented a method for manufacturing nanochannel 

devices with integrated carbon nanotube sensors.  The device performance 

requirements were shown to place several restrictions on the processing steps available 

for use.  An overview of the finalized process was given, as were more detailed 

descriptions of each of the major processing steps.  Several topics in device fabrication  

that had originally presented unforeseen challenges in development of the method 

were also discussed in an effort to explain the reasoning behind the final fabrication 

prescription.   
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CHAPTER 8 

CONCLUSIONS AND FUTURE EXPERIMENTS 

 

 

8.1 Summary of Key Results and Their Relevance 

The original work on nanochannels, described in this thesis, was built upon a body of 

previously reported experimental results.  Fluorescence video microscopy experiments 

were first performed on single DNA molecules moving through solution and gels in 

the early 1990’s.  Visualization of DNA strands in microchannels was first 

demonstrated in 1996, and in nanochannels in 2000.  Much has been said regarding 

the mechanical properties of DNA in these environments.  To describe the forces on a 

molecule in the shear flow of a microchannel, the worm-like chain molecule was used 

by Perkin’s et al.  Following the first nanochannel experiments the blob theory of 

DeGenne’s was immediately applied.  While it is recognized that DNA in sub-100 nm 

channels is at the limit of blob theory applicability, it is still used with great success to 

describe the statics and dynamics of confined molecules. 

 

Blob theory was the model of choice for Chapter 2 of this thesis and is used to 

estimate the resolution limit for length measurements in nanochannels.  While it is not 

explicitly utilized in the experiments of Chapter 4 and Chapter 5, on entropic recoil 

and spontaneous unfolding, a firm understanding of the theory informed the 

researchers in determining proper methods of analysis.   

 

The recoil and unfolding experiments are novel as a demonstration of the precise 

control that can be achieved over single molecules using confinement induced forces.  

In Chapter 4, for the first time, the distinction between recoil and recoil-contract 
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processes was made.  Molecules with looped front ends were shown to unfold with use 

of the entropically induced interfacial force, and a distinction was made between 

folded and knotted molecules.  And in Chapter 5, spontaneous unfolding was shown to 

occur for folded molecules at rest in a channel.  This experiment has validated the 

concept of entropically induced segregation of overlapping molecules in confinement.  

An experiment which was only briefly described in this thesis, but to which the author 

was a contributor, is the decompression experiment of Reccius et al.  Previous single 

molecule measurements of DNA mechanics were limited to stretching the molecule by 

other means, such as with optical tweezers, elongational flow, or hooking around a 

post.  As far as the authors are aware, the Reccius paper represented the first 

observation of single molecule DNA compression and free expansion dynamics, a 

topic which is a vital importance in the field of biology.  

 

As discussed in Chapters 1, 2 and 3, nanofluidic channel based devices have 

technological applications in performing both length measurements and optical 

mapping measurements on single DNA molecules.  The essential function of the 

nanochannel is molecular elongation, and compared to other methods of stretching, 

such as molecular combing and hydrodynamic stretching in microchannels (Chapters 

1, 2 and 3), confinement induced elongation produces a higher degree of extension, 

and more uniform and consistent elongation.   

 

Another experiment not discussed in depth in this thesis, but to which the author 

contributed, is the work by Reccius et al on rapid fragment length measurements using 

two laser beams focused on a nanochannel.  As part of the analysis for this 

experiment, it was shown that folded molecules could be virtually unfolded, revealing 

their true contour length.  It is believed that this type of analysis could help improve 
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the fraction of molecules passing through the channel that can be used in optical 

mapping experiments. 

 

8.2 Future Directions and Conclusion 

Nanochannel devices have been tested in the laboratory setting, and have been 

successfully employed to perform a number of biologically relevant measurements.  

There is, however, still much room for improvement in their performance.  Here we 

outline several key aspects of “DNA in nanochannel” experiments which would 

benefit from further investigation. 

 

The traditional Craighead group fabrication method for creating nanofluidic devices 

involves defining patterns with electron beam lithography, etching trenches directly 

into fused silica, and bonding a second wafer to enclose the trenches.  The method was 

used for fabricating the devices of Chapters 4 and 5, and is known to be a convenient 

and reliable method.  Using this approach one can produce channels with sub- nm100  

diameters that are s'10  of microns in length. 

 

Several problems with the method have placed practical limits on observation of DNA 

in the channels.  First, the channel walls and floors have a roughness on the order of 

nm10  at best.  This estimate is based on SEM images of nanochannel regions and 

AFM scans of microchannel regions.  Because of this roughness, the extension of 

DNA molecules in the channels likely undergoes some variation along the length of 

the molecule.  In fact, many channel defects produce visible alterations in the 

extension of the molecules.  These variations in intensity can be distinguished from 

thermal fluctuations in local extension and from photobleached portions of a molecule, 

because they remain fixed in place relative to the wafer as the DNA strand diffuses or 
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is driven through the channel.   The worst of these defects act as constrictions, causing 

a DNA molecule travelling through the channel to highly compress at the location of 

the defect.  Although these defects were useful for running experiments on DNA 

compaction and free expansion [1], in general they are undesirable.    

 

One route toward devices with smoother channel walls may be to develop greater 

expertise at electron beam lithography.  There are many factors involved in producing 

good e-beam patterns (type of resist, resist thickness, dose, development time, etc.) 

and the electron beam lithography processes used were almost certainly not optimized.   

It would also likely be fruitful if time were spent adjusting dry etch recipes for pattern 

transfer.  Many factors are known to affect this process as well (resist sputtering, 

formation of fluorinated hydrocarbons, etc.), and, again, the processes are not yet 

optimized, in this author’s opinion.  It may also be interesting to investigate radically 

new approaches such as nanoimprint lithography or sacrificial layers based on an 

atomic layer deposition method.  Much work has been done using nanoimprint to 

create long, narrow, and smooth channels already, and more could be done still [2].  

 

According to the analysis of Chapter 2, the theoretical limit to the resolution for a 

single length measurements is imposed by statistical fluctuations of the molecule.  It is 

also shown that hydrodynamic friction for the DNA increases as channel sizes 

decrease.  An obvious route toward improving this fundamental limit is to create 

smaller channels, which increase molecular extension and which impose a greater 

friction on the molecule, thus holding it stable.  In order to achieve this, the issue of 

surface roughness must be addressed.  

 



220 

Despite the degree of surface roughness in the present devices, useful measurements 

were made regarding DNA dynamics, as shown in Chapters 3, 4 and 5.  In addition to 

the possibility that experimental results such as these will aid in the engineering of 

future lab on chip devices, they also fuel the development of polymer models by 

theorists in other research groups.  There is still a tremendous amount of debate over 

statics and dynamics of DNA molecules in sub- nm100  channels, and many new 

theory papers are being published each year.   

 

The experiments of Chapters 4 and 5 represent an initial investigation into various 

confinement induced effects.  Both could benefit from a systematic variation in 

experimental parameters such as nanochannel diameter or ionic strength, and it 

appears that the community of theorists is eager for this to be done. 

 

In addition to experiments in which more careful observation of DNA dynamics is 

conducted, there is also the possibility of varying some of the biological parameters.  

As reviewed in Chapter 3, experiments performed by the company U.S. Genomics 

utilize PNA nucleic acid probes to identify the location of target motifs on a backbone.  

We considered attempting the same experiment in nanochannels as opposed to 

microchannels, and a grant was written describing this goal.  We had problems 

visualizing the hybridized probes and desisted at that point.  However we know it is 

possible to do this.  If it could be made to work for our group, the results for gene 

mapping on DNA molecules stretched in nanochannels would likely rival that for 

mapping on molecules stretching by elongational flow, and may even surpass it.   

 

Using this method, the limit to the resolution for two nearby probes on a molecule 

would be set by diffraction and the measurement time.  Part of the motivation for 
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building the nanotube/nanochannel device was to replace the optical probes of focused 

laser beams with much smaller electrical probes and thus circumvent this limit.  In 

theory, one might be able to electrically detect a bound PNA strand as a perturbation 

of solution potential in addition to the perturbation caused by the double stranded 

DNA molecule itself.  This would be an extremely small perturbation and it would 

likely require channels with depths and widths on the order of nm5  or so.  At this 

point in time, it is not yet possible such to fabricate such a device, but it may be in the 

future.  

 

Regardless, it is presently necessary to prove that detection of dsDNA is possible 

using the nanochannel/nanotube devices.  As described in Chapters 6 and 7, a 

fabrication process for producing many of these devices has been developed.  At the 

time of writing this thesis, roughly twenty new chips are in production and several 

new wafers worth of devices are farther up in the pipeline.   It is hoped that electrical 

detection will soon be shown. 

 

In conclusion, the study of single DNA molecules in nanofluidic channels is an 

exciting field of research.  Continued progress in the field may lead to a number of 

important applications, ranging from further development of polymer theory to 

commercial nanofluidic devices for DNA manipulation and analysis.  While many 

promising results have been demonstrated by a number of researchers, there is still 

much work to be done.   
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APPENDIX A 

CALCULATION OF FULL CHEMICAL EQUILIBRIA FOR VARIOUS 

DILUTIONS OF TBE BUFFER WITH BETA-MERCAPTOETHANOL. 

 

For a general introduction to calculation of chemical equilibria, the reader is referred 

to [1].  All Tris Borate EDTA (TBE) solutions used in the experiments of this thesis 

were purchased as 10X concentrate buffer. 

Stock 10X TBE: 890 mMolar Tris-Borate; 20mM EDTA, pH 8.3 

Five dilutions could be prepared by mixture with the appropriate volume of deionized 

water.  The initial mixed concentrations for five possible TBE buffers are shown in 

Table 1. 

 

Table 1.  Dilutions of TBE Buffer 

 

 

 

 

 

 

 

 

 

For each of the dilutions, it is assumed that 3.8=pH .  Tris is a weak base, boric acid 

is a weak acid, EDTA is a polyprotic acid, beta-mercaptoethanol is a weak acid.  The 

following reactions are possible: 
+↔ TrisHTris      1.81 =apK  

Component 5X with 

beta 

1X with 

beta 

0.5X 

with beta 

0.05X 

with 

beta 

0.005X 

with beta 

Tris base 445 mM 89 mM 44.5 mM 8.9 mM 0.89 mM 

Borate Acid 445 mM 89 mM 44.5 mM 8.9 mM 0.89 mM 

EDTA 10 mM 2 mM 1 mM 0.2 mM 0.02 mM 

2-

mercaptoethanol 

0.58 

mM 

0.58 mM 0.58 mM 0.58 

mM 

0.58 mM 
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−↔ BorateBoricAcid     24.92 =apK  
−↔ EDTAEDTA      99.13 =apK  

−− ↔ 2EDTAEDTA     67.24 =apK  
−− ↔ 32 EDTAEDTA     16.65 =apK  
−− ↔ 43 EDTAEDTA     26.106 =apK  

−↔ baseconjugateBetaBeta __    6.97 =apK  

 

The Henderson Hasselback equation relates the pH , apK , and ratio of the 

concentrations of an acid and its conjugate base.  Derivation of this equation can be 

found in Chapter 2. 

 

 

 

Since the solution pH and the electrolyte components’ apK  values are known, 

Equation 1 can be rearranged to solve for the ratio of the concentrations of each acid 

in solution with respect to its conjugate base. 

 

 

 

1) We first determine the ratio of each of the acid/base conjugates for a solution 

3.8=pH  

2) After all seven ratios have been determined, we use the initial mixed 

concentration of acid or base along with the ratios, to calculate the absolute 

concentration for each of the amphoteric salts.  The most cumbersome 

calculation is for EDTA: 
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Where, for example, 

 

 

 

 

Table 2.  Expanded version of Table 1 including the final concentration for all species 

in solution.  Concentrations are written in units of mM. 

Species 5X with 

4% beta 

1X with 

4% beta 

0.5X with 

4% beta 

0.05X with 

4% beta 

0.005X with 

4% beta 

Tris base  272.8     54.6     27.6     5.5     0.5 

TrisH + 172.2     34.4     17.4     3.4     0.3 

Borate Acid 399.2     79.8     40.4     8.0     0.8 

Borate - 45.8     9.2     4.6     0.9      0.1 

EDTA 0 0 0 0 0 

EDTA- 0 0 0 0 0 

EDTA 2- 0.07     0.01     0.007     0.001     0.0001 

EDTA 3- 9.82 1.96 0.982 0.196 0.019 

EDTA 4- 0.108   0.0215    0.0108     0.0022     0.0002 

2-mercaptoethanol   0.556   0.556     0.556     0.556    0.556 

2-mercaptoethanol  0.0278 0.0278 0.0278 0.0278 0.0278 
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Table 3.  Ionic strength, debye screening length, and zeta potential at the fused silica/ 

electrolyte shear plane for various buffer concentrations.  All values for ionic strength 

and debye screening length are calculated using theoretical models.  The value for zeta 

potential in 1X buffer was measured experimentally in the literature.  Values for zeta 

potential at different ionic strengths are extrapolated using equation XX, the validity 

of which is described by [2] 

 

 

 

 

 

 

 

 

 

 

 
  

As-mixed 

Component 

5X with 

beta 

1X with 

beta 

0.5X 

with beta 

0.05X 

with 

beta 

0.005X 

with beta 

Ionic Strength  0.15  M  0.031 M   0.016 M   0.0031 

M    

0.0003 M 

Debye Screening 

Length  

0.78 nm   1.8 nm    2.5 nm   5.5 nm   17 nm 

Fused Silica Zeta 

Potential 

-21 mV 

 

-40 mV -48 mV 
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APPENDIX B: DETAILED FABRICATION RECIPE 

 

B-1  Alignment Layer 

1. Pre-processing: 

a. Obtain three, 100mm diameter, mμ170  thick, fused silica wafers.  

(Mark Optics)  Wafers should have a scratch dig parameter of 40/20 

or lower, and an RMS surface roughness of 
o

A20< . 

b. Scribe Wafer Numbers onto back of wafers using a diamond scribe.  

For scribing, it is recommended that wafers be placed face down on 

blue cleanroom paper and not a beta wipe.  The beta wipe gives too 

much and can result in wafer cracking.  In order to be consistent 

with what has previously been done, place the wafer with the flat 

closest to you.  Write the mirror image of the number in the lower 

right hand corner.  The results in the number appearing correctly, 

and in the lower left hand corner when observed from the device 

side of the wafer. 

c. Clean wafers in an automated spin-rinse-dry machine.  Use care 

when loading boat. If wafers touch the metal boat holder when 

loading they can crack. 

2. Photoresist Prep: 

a. p-20 primer;  spin @ 3000 RPM, 5000 R/S, 45 sec 

b. SPR 220 3.0 Photoresist; spin @ 3000 RPM, 5000 R/S, 45 sec 

c. Bake on hotplate @ 115C for 2 min. 

3. Photolithography (Autostep) 

a. Load mask: NTSLEVEL1 
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b. Command “Exec NTSWAFER \LVL1”; use exposure time of 0.3 

sec 

c. Post exposure bake @ 115C for 2 min 

d. Develop in 300 MIF for 90 sec. via hand dip and agitation. 

4. Reactive Ion Etch (Oxford 80#1 or Oxford 80#2) 

a. Descum wafers using 20sec. O2 plasma @ 150W 

b. CHF3/O2 Oxide Recipe;  etch for either 59 min (Oxford 80#)1 or 

1hr. 20min (Oxford 80#2) 

c. Fluorinated Polymer Removal  using 40 sec. O2 plasma @ 150W  

5. Resist Strip.  Clean wafers using hot resist strip bath for ~2 hrs, followed 

by spin-rinse-dry.   

 

B-2  Pt/Ti Electrode Layer 

1. Photoresist Prep: 

a. p-20 primer;  spin @ 4000 RPM, 10,000 R/S, 45 sec 

b. LOR 1A (lift off resist); spin @ 4000 RPM, 10,000 R/S, 45 sec 

c. Bake on hotplate @ 180C for 5 min. 

d. SPR 955 0.9 Photoresist; spin @ 4000 RPM, 5000 R/S, 45 sec 

e. Bake on hotplate @ 100C for 2 min. 

2. Photolithography (Autostep) 

a. Load masks: NTSLEVEL5G 

b. Command “MAP NTSWAFER \LVL5G”; use exposure time of 

0.14 sec. 

c. Post exposure bake @ 115C for 2 min 

d. Develop in 300 MIF for 60 sec. via hand dip and agitation. 

3. Descum (Branson): run standard photoresist descum for 1 min. 
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4. E-beam Evaporation of Ti/Pt (Even Hour or Odd Hour Evaporator) 

a. load samples, titanium slug, Craighead group platinum slug, and 

new QCM 

b. evaporate 4nm titanium at rate of 0.2-0.4 sA
o

 

c. evaporate 30nm platinum at rate of 0.2-0.4 sA
o

 

5. Ti/Pt Lift-Off 

a. Place wafers in ‘1165’ microposit remover and let sit overnight 

b. (next day) Sonicate for 20-30 min., transfer wafers to IPA, remove 

from IPA and dry with Nitrogen. 

 

B-3  Aluminum Oxide Supported Cobalt Catalyst Layer 

1. Photoresist Prep: 

a. p-20 primer;  spin @ 4000 RPM, 10,000 R/S, 45 sec 

b. LOR 1A (lift off resist); spin @ 4000 RPM, 10,000 R/S, 45 sec 

c. Bake on hotplate @ 180C for 5 min. 

d. SPR 955 0.9 Photoresist; spin @ 4000 RPM, 5000 R/S, 45 sec 

e. Bake on hotplate @ 100C for 2 min. 

2. Photolithography (Autostep) 

a. Load masks: NTSLEVEL4G 

b. Command “MAP NTSWAFER \LVL4G”; use exposure time of 

0.14 sec. 

c. Post exposure bake @ 115C for 2 min 

d. Develop in 300 MIF for 75 sec. via hand dip and agitation. 

3. Descum (Branson): run standard photoresist descum for 1 min. 

4. E-beam Evaporation of Al2O3 supported Cobalt Catalysis (Even Hour 

Evaporator Only) 
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a. load samples, titanium slug, aluminum oxide cobalt slug, and new 

QCM. 

b. evaporate 0.3 nm titanium at rate of 0.1 sA
o

 

c. evaporate 15nm aluminum oxide at rate of 0.2-0.4 sA
o

 

d. evaporate 0.25 nm cobalt at rate of 0.1 sA
o

 

5. Supported Catalyst Lift-Off 

a. Place wafers in ‘1165’ microposit remover and let sit overnight 

b. (next day) Sonicate for 20-30 min., transfer wafers to IPA, remove 

from IPA and dry with Nitrogen. 

 

B-4  Wafer Dicing 

1. Photoresist Prep (to protect features from dicing saw debris): 

a. SPR 220 7.0 Photoresist; spin @ 2000 RPM, 1000 R/S, 45 sec 

b. Bake on hotplate @ 115C for 2 min. 

2. Dicing (Wafer Saw) 

a. Dice wafers into 20mm X 20 mm squares 

b. Peel tape from chips.  Scribe labels onto chips so that numbers are 

visible and readable in lower left hand corner of chip when looking 

at the device side.  

3. Photoresist Strip 

a. Place chips in ‘1165’ microposit remover and let sit for several 

hours or more. 

b. Sonicate for 20-30 min., transfer wafers to IPA, remove from IPA 

and dry with Nitrogen. 
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B-5  Carbon Nanotube Growth 

1. CVD growth of single walled carbon nanotubes using modified ethylene 

growth recipe in Paul McEuen lab Furnace #1: 

a. Clean furnace tube by baking each segment at 900C for 10 min.  

Cool to 500C. 

b. Insert 3 Chips into the tube at the center of the furnace.  The words 

“CNF” should be on the downstream edge of each chip.  Calcine 

chips by baking in atmosphere (tube ends open) for 30 min at 500C.  

Cool to room temp (furnace thermometer <100C). 

c. Attach hoses to ends of tube and pre-flow process gases at room 

temp in order to purge system of oxygen.   Using the electronic gas 

flow controllers, flow the following for ~10 min: 

i. 0.8 SLM Ar 

ii. 0.2 SLM H2 

iii. 5.5 SCCM C2H4 

d. Switch off ethylene, and continue flowing argon and hydrogen.  

Raise temperature to 700C and hold this for 30min.  This serves to 

reduce the catalysts. 

e. Raise temperature to 800C, wait 3 min.   

f. Add ethylene while maintaining hydrogen and argon.  Hold this for 

10 min.  This is the CNT growth stage. 

g. Subtract ethylene.  Reduce temperature to room temp, while 

maintaining hyrdrogen and argon flow. 

h. Turn off all gases, open ends of furnace tube and remove chips.  

Place chips in conductive cases only to reduce probability of static 

charge accumulation. 
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2. Probe Station Measurements (optional).  At this stage it is a good idea to 

perform DC source drain measurements on the 38 sensor regions of each 

chip.  Three or four chips can be tested in about 1 hour. 

a. Before performing measurements, take measured to reduce the 

likelihood of nanotube destruction from static charge.  Ensure that 

relative humidity of room is around 45%.  Use desktop deionizer.  

Individually connect each drain to ground with a 10 giga-ohm 

resistor in series.  If static charge has built up this last step will help 

to slowly dissipate it. 

b. It is also possible to electrolytically gate tubes at this point, using a 

drop of salty water and a third, gate electrode.  If this is done, be 

sure to rinse chip with DI water before drying.    

 

B-6  Thin Silicon Nitride Layer 

1. GSI PECVD for deposition of thin silicon nitride “protective” layer.  First 

use “High Stress Nitride” recipe with the following modifications.  

a. Temperature = 300C 

b. RF#1 = 35% power; RF#2 = 0% Power 

c. Deposition time between 2 sec and 5 sec. 

2. Next use “Low Stress Nitride” recipe with the following modifications. 

a. Temperature = 300C 

b. RF#1 = 35% power; RF#2 = 0% Power 

c. Deposition time  between 5 and 10 sec, depending on the desired 

thickness of the nitride protective later. 
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B-7  Micrchannel/Nanochannel Sacrificial Chromium Layer 

1. Photoresist Prep: 

a. p-20 primer;  spin @ 4000 RPM, 10,000 R/S, 45 sec 

b. LOR 1A (lift off resist); spin @ 4000 RPM, 10,000 R/S, 45 sec 

c. Bake on hotplate @ 180C for 5 min. 

d. SPR 955 0.9 Photoresist; spin @ 4000 RPM, 5000 R/S, 45 sec 

e. Bake on hotplate @ 100C for 2 min. 

2. Photolithography (Autostep) 

a. Load masks: NTSLEVEL2G and NTSLEVEL3G 

b. Command “MAP NTSCHIP \LVL2G”; use exposure time of 0.14 

sec. 

c. Command “MAP NTSCHIP \LVL2G”; use exposure time of 0.14 

sec. 

d. Post exposure bake @ 115C for 2 min 

e. Develop in 300 MIF for 75 sec. via hand dip and agitation. 

3. Descum (Branson): run standard photoresist descum for 1 min. 

4. E-beam Evaporation of Chromium (Even Hour or Odd Hour Evaporator) 

a. load samples, chromium, and new QCM 

b. evaporate 10nm chromium at rate of 0.2-0.4 sA
o

 

5. Chromium Lift Off 

a. Place wafers in ‘1165’ microposit remover and let sit overnight 

b. (next day) Sonicate for 20-30 min., transfer wafers to IPA, remove 

from IPA and dry with Nitrogen.  
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B-8  Thick Silicon Nitride Layer 

GSI PECVD for deposition of thick silicon nitride layer. Use “Low Stress 

Nitride” recipe with the following modifications.  

a. Temperature = 300C 

b. RF#1 = 35%; RF#2 = 0% Power 

c. Deposit for 5 sec.  This results in a thin film for CNT protection. 

d. RF#1 = 19% power; RF#2 = 80% Power 

e. Deposit for 20 min.  This results in approximately 2 microns of 

nitride. 

 

B-9  Access Hole Layer #1 

1. Photoresist Prep: 

a. p-20 primer;  spin @ 3000 RPM, 5000 R/S, 45 sec 

b. SPR 220 3.0 Photoresist; spin @ 3000 RPM, 5000 R/S, 45 sec 

c. Bake on hotplate @ 115C for 2 min. 

2. Photolithography (Autostep) 

a. Load masks: NTSLEVEL6G, NTSLEVEL7G, NTSLEVEL8G 

b. Command “Exec NTSCHIP \LVL6G”; use exposure time of 0.3 sec 

c. Command “Exec NTSCHIP \LVL7G”; use exposure time of 0.36 

sec 

d. Command “Exec NTSCHIP \LVL8G”; use exposure time of 0.3 sec 

e. Post exposure bake @ 115C for 2 min 

f. Develop in 300 MIF for 90 sec. via hand dip and agitation. 

3. Reactive Ion Etch (Oxford 80#1 or Oxford 80#2) 

a. Descum wafers using 20sec. O2 plasma @ 150W 

b. CHF3/O2 Nitride Recipe;  etch for 40 min (Oxford 80#2). 
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c. Fluorinated Polymer Removal  using 40 sec. O2 plasma @ 150W  

4. Resist Strip.  Clean wafers using ‘1165’ microposit remover.  Soak for 

several hours or overnight.  Transfer to IPA and then dry with nitrogen.   

 

B-10  Wet Chemical Etch of Chromium Sacrificial Material 

1. Place chips in Cr-14 chrome etch (acid hood in CNF).  Etch for 6-8 hours 

or overnight. 

2. Transfer chips to a beaker of dH2O .  Move dH2O beaker with chips to the 

photoresist hood.  Allow chips to soak for 15-30min.     

3. Either … 

a. Transfer chips to beaker of IPA.  Let soak for 5 min.  Remove and 

dry with nitrogen, and then do electrical measurements on chips, or 

b. continue to step 7.4.11-2  without transferring to IPA and drying.  

 

B-11  Wet Chemical Etch of Thin Protective Nitride Layer 

1. Insert chips into a beaker of IPA.  Let soak for 5 min.   

2. Transfer chips to a beaker of dH2O.  Transfer chips to a beaker of MF 312 

(5% TMAH) 

3. Move beaker with chips into Base Hood in CNF. 

4. Transfer chips into a heated beaker of MF 312 (this beaker should be pre-

heated to 70C).  Etch at 70C for 20-60 min, depending on the thickness of 

protective nitride that must be removed. 

5. Transfer chips to beaker of dH2O.  Move dH2O beaker with chips to the 

photoresist hood.  Transfer chips to beaker of IPA.  Let soak for 5 min.  

Remove and dry with nitrogen, and then do electrical DC measurements on 

chips. 
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B-12  Deposition of Thin Silicon Nitride Layer #2 

1. GSI PECVD for deposition of thin silicon nitride “protective” layer. Use “Low 

Stress Nitride” recipe with the following modifications.  

2. Temperature = 300C 

3. RF#1 = 19% power; RF#2 = 80% Power 

4. Deposition time = 5 min. 

 

B-13  Access Hole Layer #2 

1. Photoresist Prep: 

a. p-20 primer;  spin @ 3000 RPM, 5000 R/S, 45 sec 

b. SPR 220 3.0 Photoresist; spin @ 3000 RPM, 5000 R/S, 45 sec 

c. Bake on hotplate @ 115C for 2 min. 

2. Photolithography (Autostep) 

a. Load mask: NTSLEVEL7G 

b. Command “Exec NTSCHIP \LVL7G”; use exposure time of 0.3 sec 

c. Post exposure bake @ 115C for 2 min 

d. Develop in 300 MIF for 90 sec. via hand dip and agitation. 

3. Reactive Ion Etch (Oxford 80#1 or Oxford 80#2) 

a. Descum wafers using 20sec. O2 plasma @ 150W 

b. CHF3/O2 Nitride Recipe;  etch for either 5-7 min (Oxford 80#)1 or 

7-9 min (Oxford 80#2). 

c. Fluorinated Polymer Removal  using 40 sec. O2 plasma @ 150W  

4. Resist Strip.  Clean wafers using ‘1165’ microposit remover.  Soak for 

several hours or overnight.  Transfer to IPA and then dry with nitrogen.   
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B-14  Macroscopic Reservoir Attachment 

1. Scratch openings at the end of each microchannel using a diamond scribe.  

This can be done fairly precisely while using the McEuen probestation 

objective and camera setup. 

2. Prepare six reservoirs by slicing the ends off of pipet tips with a razor 

blade.  Put RTV sealant on the bottom edge of each pipet tip before 

pressing it to the surface at the microchannel end.  Be careful not to put too 

much glue, not to press to hard, and to place the reservoir carefully so that 

the RTV sealant does not clog the opening of the microchannel.  With a 

little bit of practice this can be done correctly every time. 
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