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Polymer systems and nanocomposites thereof encompass an enormous array of materials 

with applications in virtually all aspects of life, from clothing and construction to drug delivery 

and optics. This versatility is largely due to their incredible range of compositions, architectures, 

and, by extension, properties and capabilities. The advancement of polymers in highly specialized 

and varied roles relies directly on scientific knowledge of the parameters governing their 

properties; that is, understanding polymer fundamentals translates to fine control over the 

preparation, behavior, and potential functions of these invaluable materials. Elucidating the 

principles that determine polymer interactions requires a multifaceted approach, combining 

traditional strategies with cutting-edge tools to strengthen and expand on such mechanistic 

insights. Conventionally, characterization of polymer systems has deferred to scanning probe– and 

electron-based techniques like atomic force microscopy (AFM) and transmission electron 

microscopy (TEM). While indispensable on their own, these investigative tools stand to benefit 

from a newer set of visualization techniques in the form of optical super-resolution microscopy 

(OSRM). Using various strategies to overcome the diffraction limit of light, OSRM facilitates 

optical imaging of nanoscale features, thereby enabling in situ and/or multidimensional 

exploration of organic materials noninvasively. 



 
 

 As OSRM was developed in and for biology, with environments often inconducive to 

condensed-state systems, a number of challenges have hindered the rapid adaptation of OSRM to 

polymer science. At the forefront of these impediments is the preparation of ultrabright, 

photostable, and polymer-specific optical probes that can faithfully label even nonpolar 

nanostructures. This dissertation revolves around the synthesis, characterization, and application 

of optical nanoprobes enabling the use of use stochastic optical reconstruction microscopy 

(STORM) to image nanostructures of block copolymer (BCP) thin films as a model system to 

evaluate the feasibility and performance of such designer probes.  

 By enhancing the properties of encapsulated fluorescent dyes, core–shell 

(alumino)silica(te) nanoparticles serve as excellent optical probe candidates for STORM. The 

unique compositions of both the core and the shell translate to superior photophysical activity and 

chemical tunability, respectively, as compared to their parent dyes. These studies take advantage 

of their tailorable surface chemistries to enable compatibilization with chemically dissimilar 

nanodomains in amphiphilic BCPs using both reactive click chemistry attachment and noncovalent 

association in the form of solution-based mixing. In conjunction with AFM and TEM, multicolor 

STORM imaging of these nanocomposite BCP thin films facilitates well-rounded characterization 

of a polymer system. In doing so, thorough investigation of these materials showcases the potential 

of OSRM as a powerful complementary nanocharacterization tool in polymer science. 
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CHAPTER 1 

 

INTRODUCTION 

 

The real-space characterization of polymer nanostructures has conventionally relied on 

scanning probe and electron microscopy techniques.1–3 Notably, atomic force microscopy (AFM)4 

and transmission electron microscopy (TEM)5 have been used extensively in polymer science; 

each of these tools has its set of own benefits and limitations. AFM, for instance, provides 

nanoscale morphological and phase information, albeit exclusively on or near the sample surface. 

TEM resolving power enables sub-angstrom imaging, but beam exposure and sample preparation 

can damage specimens, especially organic materials like polymers with low contrast. Inferences 

regarding e.g. chemical composition are typically based on a priori knowledge of the system under 

investigation or additional information from another technique in parallel, such as infrared or 

electron energy loss spectroscopies.4,5 A more recent development in spatial visualization, optical 

super-resolution microscopy (OSRM), has great potential to provide complementary insights into 

polymer structure and behavior.2 

OSRM encompasses a set of tools that use various strategies to overcome the diffraction 

limit of light, which historically constrained optical imaging to size regimes above ~200–300 nm.6 

The advent of OSRM in the 1990s spawned a revolution in the visualization of biological processes 

at the near-molecular level, but its adoption in the synthetic materials community has been 

considerably more gradual.3 OSRM uses autofluorescence and/or fluorescent labels to identify 

different structures, facilitating observations of and novel insights into cellular functions through 

three-dimensional (3D), multicolor, and in situ imaging.6 While the field has experienced 
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substantial growth since its inception, the optimization of OSRM techniques, fluorophores, and 

labeling strategies has centered primarily on biological (e.g., cellular) environments and aqueous 

solutions, which are frequently incompatible with synthetic soft and condensed-state systems.2 

Evaluating the viability of emerging techniques in polymer science like OSRM requires a 

model system of study. One strong candidate to fulfill this role is a class of materials called block 

copolymers (BCPs), in which discrete “blocks” of polymer chains are covalently linked together 

and self-assemble into unique architectures via microphase separation. The interplay of entropic 

and enthalpic contributions, block size, block symmetry, molar mass, and other parameters enables 

the formation of well-defined morphologies ranging from simple lamellar to complex co-

continuous cubic gyroidal nanopatterns with features on the order of tens of nanometers. Post-

synthesis functionalization and external stimuli may further influence tailorable BCP properties 

and behavior. Due to their compositional tunability and periodic ordering, BCPs are used in a 

multitude of applications, including drug delivery, nanolithography, filtration, and structure-

directed materials synthesis.7 In particular, it is the ability of BCPs to self-assemble into 

periodically ordered structures on the nanoscale that makes them uniquely suited to OSRM.2 

Indeed, BCP mapping constituted the first foray of polymer scientists into OSRM.8 The BCP thin 

film regime provides an interesting space to explore regarding OSRM probe labeling, as final 

morphology and mesostructural orientation are especially dependent on interfacial interactions 

during self-assembly.9 

Of the myriad OSRM techniques developed over the last two decades, stochastic optical 

reconstruction microscopy (STORM)10 has arisen as a favorite among polymer scientists due to its 

excellent lateral resolution and ability to noninvasively track dynamic processes at a lower expense 

than that associated with other comparably powerful OSRM techniques.2 STORM relies on the 
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ability of fluorophores to photoswitch between bright and dark states. The stochastic nature of this 

“blinking” phenomenon allows for the localization of a dense array of individual emitters spaced 

apart below the diffraction limit of visible light.6 Moreover, multicolor STORM is achievable 

though selective labeling of chemically distinct structures with optical probes that become excited 

and emit at different wavelengths.3 As such, probe-labeled, mesostructured BCP thin films 

represent an excellent opportunity to investigate the feasibility and effectiveness of STORM as a 

quantitative polymer nanocharacterization tool. In order to interrogate polymer nanostructure 

using multicolor OSRM, it is thus necessary to develop reliable optical probes and protocols for 

faithfully labeling BCP nanodomains whilst preserving morphological integrity. 

For the resolution limit, there are two crucial factors in assessing the performance of a 

STORM probe, the first of which is the localization precision or uncertainty (𝜎).2 This value is 

closely tied to the point spread function (PSF)—which represents the interaction between a point 

source (a fluorophore, in the case of OSRM) and the imaging system—and therefore the resolution 

limit. The PSF for each blinking emitter identified in STORM is approximated with a Gaussian 

fit, the center of which is taken as the real-space location of the fluorophore. The value of 𝜎 is 

roughly equivalent to the full-width at half-maximum (FWHM) of this Gaussian distribution. This 

FWHM is in turn determined by the photon budget, or number of photons detected per blink (𝑁); 

notably, at large 𝑁, 𝜎 is inversely proportional to √𝑁.11 That is, a greater photon budget per blink 

translates to a decreased FWHM, reducing the magnitude of 𝜎 and effectively enhancing the 

resolution limit.3,6 As a result, STORM probes used to label nanostructures should exhibit high 

brightness to enhance resolution of mesoscale features, as with BCP morphologies. In single-

molecule localization microscopy (SMLM)–based OSRM approaches like STORM, the value of 
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𝜎 is furthermore contingent on a probe’s ability to reliably blink over the entire image acquisition 

time, rendering photostability another important design criterion.2,6  

The second essential factor in probe performance during STORM is the labeling density 

(𝜌). Given the proximity and size of polymer features, reconstruction of polymer nanostructures 

requires faithful labeling with high quantities of capable optical probes. This prerequisite for dense 

labeling necessarily places STORM imaging of polymers into the high–photon count regime. It 

thus becomes a delicate balance and, by extension, set of constraints, to design optical probes with 

sufficient specificity to label polymer nanostructures without compromising brightness or 

photostability and with minimal structural disruption to the labeled system. Therefore, the addition 

of OSRM to the polymer nanocharacterization toolkit depends on fine control over both intrinsic 

(e.g., localization uncertainty) and extrinsic (e.g., labeling density) properties of the probes used 

in STORM.2 

This dissertation describes the development of synthesis and labeling strategies for 

polymer-specific STORM probes in the form of tunable core–shell nanoparticles. Chapter 2 

reviews the advancement of OSRM in polymer science, focusing especially on available 

techniques used thus far, probe criteria, and applications in the field. A substantial section is 

dedicated to the categorization of optical probes based on associated OSRM technique, 

composition, and compatibilization with the system of study. In surveying the literature, it 

becomes evident that opportunities for OSRM in the investigation of synthetic systems will rely 

heavily on the development of polymer-selective optical nanoprobes.2 Two important questions 

arise from this aim: What strategies can be used to effectively label polymer nanostructures, and 

how significant are the benefits of advanced optical probes over conventional fluorophores in 

polymer science? 
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Chapter 3 tackles these challenges through targeting of specific BCP nanostructures with 

bright, photostable probes by employing dye-encapsulating “super-resolution Cornell prime” or 

srC’ dots. The srC’ dots or their parent dyes selectively label one domain on the surface of 

polystyrene-block-poly[(allyl glycidyl ether)-co-(ethylene oxide)] or PS-b-P(AGE-co-EO) thin 

films, which self-assemble into lying-down P(AGE-co-EO) cylinders in a PS matrix. The silica 

core–polyethylene glycol (PEG) shell nanoparticle probes are designed for use in STORM, relying 

on the formation and cleaving of a thiol–dye adduct to induce blinking internally within the core—

unlike organic dyes, which require an external thiol source in the imaging solution. To the question 

of labeling approaches, Chapter 3 explores probe attachment to P(AGE-co-EO) cylinder-forming 

blocks via click chemistry using the allyl moieties exposed on the thin film surface, tuning labeling 

density via relative click chemistry reactivity. Comparison to organic dyes makes clear the 

photophysical superiority of srC’ dots over more conventional fluorophores, demonstrating how 

increased brightness leads to resolution enhancement.12 

Chapter 4 examines the possibility of PS-specific probes with a second generation of C’ 

dots capable of photoblinking: aluminosilicate Cornell prime dots (aC’ dots). These aC’ dots use 

a distinctly different redox-based mechanism to induce dye blinking but offer similar 

photophysical benefits (i.e., high brightness and photostability) to their predecessors. This chapter 

combines the effective click chemistry–based labeling from Chapter 3 with a novel 

compatibilization strategy. To that end, aC’ dot surface chemistry is tailored using a combination 

of two ligands to enable their one-pot synthesis in aqueous solution while simultaneously 

providing PS-compatible probes. Incorporation of benzyl moieties into the PEG shell allows these 

“BaC’ dots” to passively associate with the majority PS block during solvent vapor–induced self-

assembly from benzene. Attachment of purely PEGylated aC’ dots to P(AGE-co-EO) cylinder 
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surfaces occurs post-assembly, per the protocol developed in Chapter 3. This combined approach 

exploits the chemical orthogonality afforded by an amphiphilic BCP system as well as the 

tunability of (B)aC’ dot surface chemistries.13 

Chapter 5 pushes the strategy of facile labeling via noncovalent association from the 

previous chapter a step further using triblock terpolymer polyisoprene-block-polystyrene-block-

poly(N,N-dimethylaminoethyl methacrylate) (PI-b-PS-b-PDMAEMA or ISA) thin films. This 

chapter explores the potential of passive compatibilization during BCP self-assembly of 

compositionally tailorable STORM probes with chemically dissimilar blocks. First, the PI-b-PS-

b-PDMAEMA thin film morphology is thoroughly characterized using traditional polymer 

characterization tools that together identify a co-continuous cubic gyroidal thin film substructure 

and a hexagonally ordered top surface layer, the latter of which exposes all three blocks at the 

surface. This characteristic, coupled with the relative sizes of and chemical differences among the 

three blocks, makes this system an ideal candidate for multicolor STORM. PEGylated aC’ dots 

are expected to passively associate in solution with the polar PDMAEMA nanodomain, while 

BaC’ dots would associate with nonpolar PS, as demonstrated in Chapter 4. To test this hypothesis, 

the self-assembly of PI-b-PS-b-PDMAEMA thin films in the presence of aC’ dots and BaC’ dots 

both individually and concurrently is studied, providing a platform to evaluate ease of use for 

multicolor STORM imaging of BCPs using a straightforward mixing approach.  

The conclusion of this thesis summarizes how informed design of OSRM probe 

composition can enhance spatial resolution in STORM imaging of nanostructures through 

polymer-selective labeling. The proof-of-principle covalent and noncovalent labeling strategies 

based on tailored optical nanoprobes described in this dissertation have the potential to facilitate 

new insights into polymer behavior via optical information as a complement to more established 
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imaging or scattering techniques. Thus, the development of ultrabright, photostable, and 

chemically specific optical probes is shown to be a critical step in the advancement of OSRM in 

polymer science.  
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CHAPTER 2 

 

OPTICAL SUPER-RESOLUTION MICROSCOPY IN POLYMER SCIENCE 

 

Abstract 

The advent of optical super-resolution microscopy (OSRM) over two decades ago has 

transformed light-mediated interrogation of systems down to the nanoscale. This innovative set of 

approaches to optics breaks the so-called diffraction limit of light (~200 nm), allowing for the first 

time to use optics in the far field to visualize behavior on nanoscopic length scales. While these 

visualization tools have rapidly found widespread use in biology and related fields, their 

implementation in materials and, more specifically, in polymer science has been far slower. To 

overcome possible barriers and highlight possible future directions, we herein present an 

introduction to OSRM for polymer scientists, beginning with an overview of relevant techniques 

and existing optical probes. We then show and examine the first examples of OSRM adaptation 

across major areas of polymer science, including: polymerization and structural characterization, 

self-assembly and solution behavior, bulk structure and behavior, crystallization, gel structure and 

behavior, phase transitions, and biofunctionality. We hope and anticipate that the discussions 

provided in this review will draw the attention of the polymer community to the capacities of these 

hitherto underexplored optical visualization techniques to further transform polymer science. 

 

 

 

 

 

This chapter has been reproduced with permission from the following: Dana V. Chapman,* Hui Du,* Wennie Y. Lee,* 

and Urich B. Wiesner (Prog. Polym. Sci. 2020, 111, 101312). Copyright 2020 Elsevier B.V.  
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1. Introduction 

 Since its inception toward the close of the twentieth century,1,2 optical super-resolution 

microscopy (OSRM) has provided a tremendous platform for new scientific insights. Abbe’s so-

called diffraction limit of visible light had for over a century hindered optical visualization in the 

far field below ~200 nm.3 More recently, however, scientists have introduced several strategies by 

which to overcome this limitation. As a result of substantial advances in technique and probe 

developments, OSRM has seen explosive growth, particularly in biology and related fields, i.e. for 

systems primarily in aqueous environments. In contrast, its application to materials—and, by 

extension, polymer science—has been far more recent and gradual. Optical imaging overcomes a 

number of serious challenges associated with typical soft matter visualization techniques. As such, 

OSRM serves as an excellent complement to conventional microscopies in the polymer field.  

Moreover, while optics has long been applied to study polymers,4 the development of 

OSRM now enables, in the far field, optical characterization of features on the nanoscale. The 

adoption of OSRM techniques to polymers will, in part, be driven by advances in the development 

of optical probes that also work in non-aqueous solution environments as well as the bulk. 

Therefore, this review focuses on the development and application of both OSRM techniques and 

optical probes specifically in polymer science. For a more comprehensive discussion on OSRM in 

the broader field of materials science, we refer the reader elsewhere.5 

The different OSRM techniques that have been used thus far in the polymer community 

based on functional category are summarized in Figure 2.1: diffraction-limited, coordinate-

targeted, and coordinate-stochastic methods. Each of these classes will be introduced in more detail 

in Section 2. We subdivide polymer science into six primary areas: (i) polymerization and 

structural characterization, (ii) self-assembly and solution behavior, (iii) bulk structure & behavior, 
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(iv) crystallization, (v) gel structure & behavior, and (vi) phase transitions. Closely related is the 

hybrid topic of biofunctional polymers, which perhaps serve as a starting point to apply OSRM 

techniques to the field of soft matter.  

 
Figure 2.1. Summary of OSRM tools applied in fundamental areas of polymer science. 

Polymerization & structural characterization.6 Copyright 2020. Adapted with permission from the 

American Chemical Society. Self-assembly & solution behavior.7 Copyright 2015. Adapted with 

permission from John Wiley & Sons, Inc. Bulk structure & behavior.8 Copyright 2019. Adapted 

with permission from the Royal Society of Chemistry. Crystallization.9 Copyright 2018. Adapted 

with permission from the American Chemical Society. Gel structure & behavior.10 Copyright 

2018. Adapted with permission from the Royal Society of Chemistry. Phase transitions.11 

Copyright 2016. Adapted with permission from Elsevier Science Ltd. Biofunctionality.12 

Copyright 2020. Adapted with permission from the American Chemical Society. 
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Coordinate-stochastic approaches, which rely on random photoactivation of fluorescent 

emitters (i.e., blinking), have arisen as the most popular among polymer scientists using OSRM. 

As will be discussed in Section 3, which is devoted to OSRM probes, this blinking may be 

environmentally induced or intrinsically stochastic. In Section 4, we will outline several exciting 

examples showcasing the advantages of OSRM over conventional characterization techniques in 

the study of polymers. Section 5 will conclude this review with a particular focus on possible 

future developments in this emerging area of polymer science. 

The first paper to apply OSRM directly to polymer science came fifteen years after Hell et 

al. originally broke the diffraction limit of light.1,2 In doing so, Ullal et al.13 initiated a revolution 

in the soft matter community whose potential is nowhere near realized. We have identified several 

such seminal papers (listed in Table 2.1) as an introduction for polymer scientists looking to 

explore OSRM. Following Ullal et al.’s lead, we anticipate that polymer scientists will soon more 

widely recognize the benefits of OSRM, namely its abilities to image nanoscale features 

noninvasively, nondestructively, in up to three spatial dimensions, in real time, in situ, using 

straightforward preparation, and with color coordination.5,14  

Given the sensitivity of polymer systems to perturbations and their vulnerability to sample 

damage, in addition to the many relevant thermodynamic and kinetic processes that govern their 

properties and behavior that can be investigated, OSRM is an ideal candidate for characterizing 

such materials. Here, we introduce important developments in OSRM, discuss polymer-

compatible probes appropriate for each technique, highlight examples of OSRM in various areas 

of polymer science, and finally present a case in favor of expanding these techniques and their use 

in the study of polymers. 
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Table 2.1. Seminal Papers Relating to OSRM and Polymer Science 
Paper Title Journal (Year) Contribution 

Breaking the diffraction resolution limit by 

stimulated emission: Stimulated-emission-

depletion fluorescence microscopy1 

Optics Letters 

(1994) 

introducing the concept of 

OSRM (STED) 

Sub-diffraction-limit imaging by stochastic 

optical reconstruction microscopy (STORM)15 

Nature Methods 

(2006) 

introducing the concept of 

STORM and experimental 

implementation 

Block copolymer nanostructures mapped by 

far-field optics13 

Nano Letters 

(2009) 

first use of OSRM in 

polymers 

Conformational analysis of single polymer 

chains in three dimensions by super-resolution 

fluorescence microscopy16 

Soft Matter 

(2012) 

15 nm spatial resolution of 

single PMMA chain 

Sub-surface super-resolution imaging of 

unstained polymer nanostructures17 

Scientific Reports 

(2016) 

exploring the source of 

polymer autofluorescence 

using OSRM 

Nanometer resolution imaging and tracking of 

fluorescent molecules with minimal photon 

fluxes18 

Science 

(2017) 
introducing MINFLUX 

3D mapping of nanoscale crosslink 

heterogeneities in microgels10 

Materials Horizons 

(2018) 

local density analysis in 

swollen polymers 

Microgel PAINT – nanoscopic polarity 

imaging of adaptive microgels without 

covalent labeling19 

Chemical Science 

(2019) 

local polarity in microgels 

contrary to expectations 

 

 

2. OSRM Techniques  

Characterizing natural and synthetic polymers is essential to informed design of soft matter 

and, more practically, to improving material performance based on understanding nanoscopic 

features. With conventional imaging techniques facing various limitations, OSRM has emerged as 

a powerful complement or substitution to study polymer behaviors in recent years (for a 

comparison of these approaches, see Figure 2.2). Increasing the diversity of OSRM techniques at 

our disposal has enabled new investigations into polymerization, morphology, phase transitions, 

and condition-dependent behaviors. This section discusses some commonly used imaging 

techniques in polymer science, those that have been explored more recently, and why each may 

appeal to researchers trying to solve a particular problem. In doing so, we provide a brief but 
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thorough guide to polymer characterization techniques in the hopes of expanding the technical 

toolkit of polymer scientists. 

 

 
Figure 2.2. Comparison of conventional and OSRM techniques used for polymer characterization 

based on experimentally achieved limits of spatial resolution (x-axis) and best temporal resolution 

(acquisition time per frame, y-axis). The horizontal axis along the top puts into perspective relative 

polymer length scales. 

 

2.1. Conventional Imaging Techniques for the Study of Polymers 

The challenge of resolving the formation mechanisms as well as solution and bulk 

structures of different polymers has long fascinated researchers. Various instruments and 

methodologies have been applied over the decades to elucidate the architecture and morphology 

of synthetic polymers. Electron microscopy—namely, scanning electron microscopy (SEM), 

transmission electron microscopy (TEM), and scanning transmission electron microscopy 
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(STEM)—provides a powerful set of tools for characterizing the structure and morphology of 

polymers, especially at surfaces. SEM can provide three-dimensional (3D), multiphase 

morphological information down to a few nanometers, and it can scan for particular elements to 

map out their distributions when combined with an X-ray detector.20,21 Both TEM and STEM 

provide detailed two-dimensional (2D) surface information at a remarkable spatial resolution of 

several angstroms.22,23 Atomic force microscopy (AFM) has been used for direct measurement of 

surface topology and intermolecular forces, such as the entropic elasticity and elongation of single 

polymer chains, with a vertical resolution of ~0.1 nm.24–26 It also provides morphological 

information with tunable acquisition speed. Magnetic resonance imaging (MRI), though mostly 

used in clinical studies and diagnoses, could also be applied to study structural features as well as 

the dynamic transport and diffusivity of synthetic polymers and polymeric composites. As MRI is 

a relatively noninvasive and nondestructive technique, it is capable of in situ tracking of 

polymerization as well as identification of dependent parameters.27,28  

Despite the wide use of these techniques in polymer studies, they each do have specific 

limitations. Electron microscopies, for instance, provide little in-depth information for soft matter 

before sample damage occurs, therefore limiting 3D studies of polymers despite high spatial 

resolution. Increasing TEM electron beam voltage may improve sample penetration depth, but 

doing so sacrifices image contrast and resolution in addition to accelerating sample degradation. 

TEM is consequently suitable only for samples with thicknesses under 1 μm. Another drawback 

of electron microscopies is the generation of typically only grayscale images, making it hard to 

distinguish multiple components within a single sample. They also face a low contrast problem 

from lack of local density, as polymers consist mainly of low–atomic mass elements. For both 

electron microscopies and AFM, in situ studies present significant obstacles since they require 
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potentially damaging sample preparations involving vacuum or drying.5 MRI can track dynamics 

due to its high temporal resolution, but with quite limited spatial resolution, e.g. of ~0.5 mm for 7 

T MRI.29 Optical microscopies have been identified as good candidates to provide noninvasive 

multicolor imaging and in situ characterization, but until recently they have been plagued by the 

diffraction limit of light (~200 nm). With the overcoming of this barrier comes a set of novel 

techniques that will provide the polymer community with new insights into old problems and 

enable the study of entirely new sets of questions, thereby accelerating fundamental and 

technological advances in soft materials. 

 

2.2. Overcoming the Diffraction Limit 

The concept of diffraction-limited spatial resolution in optics was first proposed by Ernst 

Abbe in 1873.30 In a conventional optical microscope, incoming light interacts with the sample to 

form a blurry focal spot due to the diffraction limit of light, with the size of the spot depending on 

the wavelength and numerical aperture of the objective. Similarly, a blurry spot with finite size 

forms from every single fluorescent molecule undergoing excitation and photon emission. These 

focal spots are characterized by the point spread function (PSF), which is based on their 3D 

intensity distribution. Two spots closer together than the full-width at half-maximum (FWHM) of 

the PSF will overlap and become indistinguishable, resulting in the conventional resolution limit 

of ~200 nm in lateral and ~500 nm in axial directions. For over a century, scientists worked 

tirelessly to invent techniques that pushed this diffraction limit down to ~100 nm. Two important 

developments were the 4Pi-confocal microscope31 and I5M (representing “image interference” and 

“incoherent interference illumination” microscopy)32 by Hell et al. and Gustafsson et al., 

respectively, both of which used two opposing objectives to increase interference. Structured 
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illumination microscopy (SIM, Figure 2.3a) emerged as another way to push the diffraction limit 

by applying a patterned illumination field to the sample. Although these three methods 

successfully pushed the diffraction limit lower, their achievable resolutions were still 

fundamentally limited by Abbe’s law. 

 

 
 

Figure 2.3. Schematic illustration of commonly used OSRM techniques. (a) In SIM, a parallel 

excitation pattern and the fluorescent sample are superimposed to form real-space moiré fringes. 

In reciprocal space, the original observable region (indicated in black), limited by conventional 

optics, moves based on the Fourier components of patterned illumination. The formation of moiré 

fringes provides additional information such that the new observable region contains both the 

originally excited region and offsets (orange circle). (b) STED is based on the use of separate 

excitation and depletion laser beams. Left: Purple indicates the original excitation area of the 

sample from application of the excitation laser beam, i.e. without the depletion beam. Middle: The 

overlay of the donut-shaped depletion beam (in red) on the excitation beam depletes the 

fluorescence and sends emitters back to their ground state (gray stars). Right: Only emitters in the 

effective excitation area (now below the diffraction limit) at the center of the depletion beam are 

capable of emitting photons via fluorescence, thereby increasing resolution. (c) For SMLM, the 

emitters are activated stochastically. The localization down to the nanoscale via the PSF of each 

emitter signal in different image frames taken over a certain time period (shown here in different 

planes) and reconstruction of information by summing over all frames provide a highly resolved 

image. (For interpretation of the references to color in this figure legend, the reader is referred to 

the web version of this article.) 

 

Following the development of these techniques, the diffraction limit was finally broken by 

exploiting the photophysical properties of nearby fluorescent molecules (i.e., of emitters 

positioned at distances below the diffraction limit). By limiting the fraction of molecules excited 



19 
 

and detected simultaneously, the spatial resolution was improved to tens of nanometers and 

below.1,2,33 These so-called diffraction-unlimited OSRM imaging tools are divided into three main 

categories: coordinate-targeted, coordinate-stochastic, and combined methods (see Figures 2.1–

2.3).34 The coordinate-targeted approaches (Figure 2.3b) are based on the simultaneous application 

of separate excitation and depletion laser beams to control the excitation volume/area of 

fluorescent molecules, so the effective size of the PSF could be greatly reduced. In coordinate-

stochastic microscopy (Figure 2.3c), also known as single-molecule localization microscopy 

(SMLM), fluorescent molecules in a diffraction-limited area emit stochastically. Collecting such 

stochastic blinks over multiple camera frames, followed by localization and subsequent stacking 

of each localization, allows the formation of an image with resolution below the diffraction limit. 

MINFLUX, a newly invented method that infers molecule position from the excitation light 

intensity minimum at the targeted position, falls into the category of combined methods with both 

patterned scanning and stochastic switching behavior.18 

 

2.3. OSRM for Polymer Studies 

In breaking the optical diffraction limit, OSRM resolves a number of the existing 

difficulties in polymer characterization using conventional techniques. With resolution enhanced 

to tens of nanometers, or even down to 1 nm in MINFLUX,18 OSRM provides not only comparable 

resolution to electron microscopy but also a larger field of view.35,36 Temporal resolution, on the 

scale of milliseconds to seconds, enables the study of molecular structure as a function of time. 

Such studies may provide information about the formation mechanisms and driving forces behind 

polymerization and self-assembly. Multicolor imaging via the application of different probes 

allows simultaneous visualization of monomers and complex structures and thus is able to reveal 
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growth kinetics, rheology, and self-assembly in polymers.7,9 Furthermore, unlike electron 

microscopy, which often requires complicated sample preparation and operates under harsh 

measurement conditions, OSRM’s noninvasive sample preparation and nondestructive far-field 

imaging enable in situ studies of phase transitions, diffusion, and polymerization in their natural 

environments. Together with time-dependent observations, dynamic processes like polymer gel 

behavior, self-healing, and responsivity can be better elucidated.5 These novel capabilities have 

led to a recent uptick in optical investigations of polymer systems;4 Table 2.2 provides a 

comparison of different OSRM techniques, together with a list of their advantages/disadvantages, 

that to date have been employed in the study of polymers. The relative expenses can take into 

account such factors as microscope complexity, upkeep (e.g., operation and maintenance), 

commercial availability of research materials, and cost efficiency of replacement parts.37–39  

 

Table 2.2. Comparison of OSRM Techniques Used to Date for Polymer Research 
Technique(s) Ease of Use Costa Advantages Disadvantages 

2D/3D SIM5,40,41 easy $$ 

few requirements for 

probes, convenient 

multicolor and fast 

imaging, high-

frequency information, 

low illumination 

power, simple sample 

preparation 

limited resolution 

improvement, further data 

processing required, 

complex reconstruction 

may cause artifacts 

(iso)STED5,13,42,43,44,45 intermediate $/$$$ 

non–diffraction limited 

resolution, 

simultaneous 

collection of 

fluorescence from 

multiple fluorophores 

in single focal spot, 

size and shape, tunable 

scanning spot, deeper 

imaging penetration, 

easy coupling to other 

techniques, ideal for 

dynamic studies 

(coupled with FCS) 

limited choice of 

appropriate labeling 

agents, high illumination 

power, relatively slow 

scanning rate, high 

complexity of instrument 

and alignment procedures 

 



21 
 

Table 2.2. Comparison of OSRM Techniques Used to Date for Polymer Research (Continued) 
Technique(s) Ease of Use Costa Advantages Disadvantages 

RESOLFT46,47 intermediate $$$ 

non–diffraction limited 

resolution, lower 

illumination intensity 

(compared to STED), 

in-depth and in vivo 

imaging 

switchable dye required, 

image directly affected by 

local 

environment/switching 

kinetics, poor temporal 

resolution 

SMLM 

PALM5,16,48,49 

 
hard $$ 

excellent spatial 

resolution, powerful 

for single-molecule 

observation, broad 

range of photon 

counts, no blink-

inducing additives 

required 

poor temporal resolution, 

limitations for multicolor 

imaging, special and high-

density probes required, 

complex sample 

preparation, trade-off 

between brightness and 

spatial resolution 

STORM5,17,50 hard $$ 

excellent spatial 

resolution, noninvasive 

and nondestructive, 

capable of direct study 

of static 

heterogeneities or 

dynamics 

poor temporal resolution, 

limitations on multicolor 

imaging, blinking emitters 

and high probe density 

required, slow acquisition 

of accurate images, 

usually confined to 

material surfaces 

SOFI51,52 

 
easy $ 

low illumination, fast 

imaging, no direct 

material labeling 

required, simple setup, 

complements 

background reduction 

blinking fluorophores 

required, limited 

resolution improvement, 

regular hardware updates, 

acquisition time limited 

by probes 

(i)PAINT53,54 intermediate $ 

minimally invasive 

imaging of fragile 3D 

nanostructures in their 

native environment, 

simple sample 

preparation, high 

localization precision, 

higher control over dye 

photoswitching 

probe molecules need to 

interact with and are 

temporarily immobilized 

by imaged object, need 

further image processing 

and analysis 

a Price points from Schermelleh et al.55 ($ = low cost, $$ = moderate cost, $$$ = high cost) 

 

2.3.1. Diffraction-Limited Techniques 

Regarding optical techniques still fundamentally constrained by the diffraction limit of 

light, a few come close to OSRM by enhancing the spatial resolution severalfold: 4Pi, I5M and 
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SIM. Of these three, SIM, which improves resolution by extracting and reconstructing more data 

from higher-frequency regions, is the most commonly used method in polymer studies. The 

general principle of SIM is based on the formation of moiré fringes that contain information about 

unknown structural features. A sinusoidal, fine-patterned illumination is used instead of 

homogeneous illumination to excite emitters that label the sample (Figure 2.3a). As the unknown 

spatial distribution of fluorophores and the patterned excitation light are overlain, the low-

frequency detectable moiré fringes will appear from the interference patterns.  

In reciprocal space, the high-frequency information is detectable from the offset of the 

observable region by the overlap of two fine patterns (moiré fringes), and the area is enlarged by 

changing the pattern orientation and phase.40 Finer illumination patterning enables more detailed 

information, and as a result can improve spatial resolution twofold. In general, linear 3D SIM has 

a lateral resolution of 100–130 nm and axial resolution of <300 nm with the option of multicolor 

imaging.56 The temporal resolution for data acquisition and reconstruction is normally hundreds 

of microseconds for 2D SIM and several seconds for 3D SIM.55,57,58 Saturated SIM (SSIM), a 

nonlinear application of SIM, uses saturation of exciting light to further “break” the diffraction 

limit and provides a spatial resolution of less than 50 nm.59 

 

2.3.2. Coordinate-Targeted Techniques 

One way to break the optical diffraction limit is to control excitation using a patterned 

depletion beam to localize and quench the fluorescence of undesired molecules, as in coordinate-

targeted approaches. The first method to do so was stimulated emission depletion microscopy 

(STED), proposed by Stefan Hell in 1994; it overcomes the diffraction limit by reducing the size 

of the PSF based on the on–off (excitation and de-excitation, respectively) feature of fluorescent 
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materials. To achieve this, a red-shifted, donut-shaped depletion beam overlays the excitation 

beam to quench the fluorescent state over a ring-shaped area.1,33 The excitation beam first excites 

the fluorophores from the ground electronic state to a higher vibrational energy level of the excited 

electronic state, and then the depletion beam sends those located in the ring area back to the ground 

state within nanoseconds. Consequently, only the emitters at the intensity minima of the depletion 

beam—that is, near the center—can fluoresce and be subsequently detected (Figure 2.3b).  

The location of fluorescence is predetermined by the spatial coordinate of the beam, so 

information on the overall sample could be obtained sequentially by moving the beam around, 

while the spatial resolution could be adjusted by tuning the area of depletion intensity.33,34 

Theoretically, the resolution of STED is unlimited due to depletion beam tunability; however, in 

reality, it is limited by the signal-to-noise ratio (SNR) determined by the microscope detection 

efficiency, the fluorophore brightness and photostability, and the focal intensity distribution of the 

beams.60,61 In 2D STED, the lateral resolution is 20–70 nm.62 The temporal resolution of STED 

depends on scanning techniques as well as fluorescent dyes. It is also a tradeoff between resolution 

and field of view, ranging from milliseconds to seconds.63 

There are many other mechanisms to transfer molecules between two discernible 

states, e.g. metastable and excited states. The technique that applies this general fluorescence 

transition is called reversible saturable optical fluorescence transitions (RESOLFT).64 The average 

lifetimes of these transitions, such as cis to trans conformation changes of a dye molecule, are on 

the order of milliseconds. Thus, RESOLFT requires fewer photons (or switched-off fluorophores) 

compared to STED, resulting in light intensity reduction by orders of magnitude.2,65 This gentler 

method obtains a comparable lateral resolution of 50–100 nm.64  
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2.3.3. Coordinate-Stochastic Techniques 

Single-molecule switching by stochastic excitation with the detection of photons is another 

approach to breaking the diffraction limit. Coordinate-stochastic techniques that utilize this 

method to pinpoint the positions of fluorescent signals operate based on SMLM. Photoswitchable 

(photoactivatable) fluorophores are applied to achieve the on–off transition with different 

excitations. At a given time during image acquisition, only a small subset of the fluorophores 

resolvable in the field of view is activated stochastically by weakly intense light; others remain in 

the dark state. The position of each individual fluorophore is localized by the theoretical fitting of 

its PSF to a Gaussian profile.48,66 Repeating cycles of activation, localization, and deactivation 

stochastically turns on and resolves different subsets of fluorophores, and so constructs a super-

resolved image by stacking the images from each cycle (Figure 2.3c). (Fluorescence) 

photoactivated localization microscopy or (f)PALM67 and stochastic optical reconstruction 

microscopy (STORM)15 are common techniques for polymer studies based on this principle. The 

latter also has a subdivision called direct STORM (dSTORM), which uses iterative photoactivation 

of conventional fluorophores (e.g., cyanine dyes like Cy5 or Alexa Fluor 647) to achieve super-

resolution imaging. In this way, dSTORM bypasses the need for coupled “activator” fluorophores 

as switch-inducing agents to facilitate on–off transitions.68 This reporter–activator relationship is 

discussed further in subsection 3.2. 

Besides achieving stochastic activation using photoswitchable dyes and proteins, point 

accumulation for imaging in nanoscale topography (PAINT) applies the collision and binding of 

the flux from probes—for instance, electrostatic coupling to generate signal spikes (“on” state) 

and probe dissociations from photobleaching to provide “off” states.53,69 Another approach is 

super-resolution optical fluctuation imaging (SOFI), which is based on higher-order analysis of 
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temporal fluctuations of fluorescent materials with sub–diffraction limit resolution and acquisition 

times of several seconds.51,70 Although these techniques are theoretically non–diffraction limited, 

other factors, such as probe density and/or probe size, could influence the effective resolution, 

resulting in a resolution of tens of nanometers for SMLM.71  

 

2.4. 3D Imaging 

The lateral resolution was improved to the molecular level by the methods described above, 

but both imaging depth and axial resolution require development to expand the capabilities of 

OSRM to access higher spatial dimensions. There exist methods for deeper penetration, such as 

adding two-photon excitation,42,72–74 or for SNR improvement, e.g. by implementing total internal 

reflection fluorescence (TIRF) microscopy.75,76 The principles of how axial resolution is improved 

are different for each type of technique, as summarized in Tables 2.3 and 2.4 for 3D OSRM 

techniques developed for biology and used thus far in polymer science, respectively. Figure 

2.4 displays selected 3D OSRM experimental setups to demonstrate the power of common super-

resolution techniques for subsurface probing with nanoscale resolution. 
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Table 2.3. Common 3D OSRM Principles and Techniques 

Principle Application 
Axial 

Resolution 
Features 

image reconstruction STED77 <80 nm 

sample sectioning without out-of-

focus fluorescence, photobleaching, or 

thickness limitation 

PSF 

reduction 

image 

restoration 

4Pi-confocal 

two-photon 

microscopy78 

~100 nm 
efficient multiphoton excitation, high 

sensitivity 

interference 

(two opposing 

objective 

lenses) 

I5M32 <100 nm 

no scanning needed for entire xy-

plane, faster acquisition speed and 

larger image area (compared to 4Pi-

confocal) 

STED-4Pi79 33 nm 
can be applied to any photostable 

three-level system 

isoSTED (with a 

polarizing beam-

splitter)43 

~30 nm isotropic PSF, multicolor 3D imaging 

iPALM80 <20 nm 

excellent lateral and axial resolutions, 

multicolor 3D imaging, high photon 

efficiency & localization accuracy 

depletion beam 3D STED81,82 ~60 nm 
reveals the morphology of densely 

packed colloidal crystal nanostructures 

double helix 
double helix–PSF 

microscope83 20 nm 
appropriate for thick (polymer) 

samples 

patterned illumination 3D SIM84 ~300 nm 

multicolor 3D imaging, detection of 

three wavelengths in one sample, easy 

to use, standard labeling techniques 

optical astigmatism 3D STORM85 50–60 nm 
high localization precision, multicolor 

imaging 

localization algorithms 3D PALM86 <100 nm 
imaging depth greater than 8 μm, 

low/out-of-focus background 

 

Table 2.4. 3D OSRM Techniques Used in Polymer Science 

Technique 
Lateral Localization 

Accuracy 

Axial Localization 

Accuracy 
Representative Example(s) 

isoSTED ~30 nm ~30 nm PS–P2VP BCP structure13,87 

dSTORM 30 nm 60 nm 

structural analysis of PNIPAM11 or 

PNIPAM core–PNIPMAM shell88 

microgels 

PALM 20 nm 40 nm 

3D localization of crosslinkers in 

PNIPAM microgel49 and study of single 

PBMA chain behavior16 

PAINT 20 nm 60 nm 
PNIPAM core–PNIPMAM shell 

microgel structure and polarity19 

DNA-PAINT <10 nm <30 nm 
structural analysis of DNA strand–

containing polymer chain89 

W-4PiSMSN 10–20 nm 10–20 nm 
3D localization of PNIPAM hydrogel 

crosslinkers10 
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Figure 2.4. Selected 3D OSRM setups with corresponding images (a,c & b,d). (a) 3D STORM 

setup that improves axial localization of fluorescent probes. The righthand panel demonstrates 

localization of a fluorophore in the z-direction by imaging at different positions.85 Copyright 2008. 

Adapted with permission from the American Association for the Advancement of Science. (b) 3D 

STED setup that improves both lateral and axial resolution. Lower image shows the focal intensity 

distributions of excitation, lateral depletion, 3D depletion, and lateral + 3D combined depletion 

beams in different spatial planes.81 Copyright 2008. Adapted with permission from the American 

Chemical Society. (c) 3D STORM image of actin in a dendritic region.90 Copyright 2013. Adapted 

with permission from the American Association for the Advancement of Science. (d) 3D isoSTED 

image of PS-b-P2VP block copolymer with different cross-sections.13 Copyright 2009. Adapted 

with permission from the American Chemical Society. 

 

2.4.1. 3D OSRM Imaging with Diffraction-Limited Techniques 

The axial resolution remained at 500–800 nm in optical and confocal microscopy before 

the invention of diffraction-limited super-resolution techniques like 4Pi-confocal 
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microscopy31 and I5M.32 4Pi-confocal fluorescence microscopy itself gives an axial resolution of 

~140 nm but a lateral resolution of ~200 nm.31 By image reconstruction, 4Pi-confocal two-photon 

microscopy provides ~100 nm in isotropic resolution.78,91 By combining the advantages of image 

interference microscopy and incoherent interference illumination, I5M improves axial resolution 

and achieves sub–100 nm 3D imaging.32 Adopting the same principle as in 2D SIM, 3D SIM 

applies three patterned illuminations that are mutually coherent to increase interference laterally 

and axially, yielding a resolution of ~100 nm in lateral dimensions and ~300 nm in the axial 

direction.56,84 It is also proposed that the complementing of I5M with SIM by applying opposing 

objectives can further move the resolution to ~100 nm isotropically in 3D imaging.56  

 

2.4.2. 3D OSRM Imaging with Coordinate-Targeted Techniques 

The overall quality of 3D imaging is limited by the dimension of poorest resolution and by 

the penetration depth. Though the lateral resolution achieves ~20 nm for coordinate-targeted 

techniques, the axial resolution remains ~100 nm, restricting the overall quality of 3D images. That 

said, image reconstruction enables 3D imaging in STED for thick samples. A fixed sample is 

mechanically sliced, and the stacking of each single super-resolved STED image gives a highly 

resolved 3D structure of the sample.77 As with 2D, the lateral resolution in 3D is improved by the 

reduction in PSF size by the depletion beam, where a single depletion beam is distributed by a 

waveplate and a polarizing beam-splitter (PBS), creating two separate depletion beams. They are 

then recombined incoherently by a second PBS after passing through the two phase plates (lateral 

and 3D) to provide a confined fluorescent spot in both directions (Figure 2.4b).  

For the axial direction, a single depletion beam is distributed by two phase plates to create 

two separate depletion beams before reaching the sample. The resulting incoherent superposition 
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of the focal de-excitation patterns gives small focal volumes and PSFs. These two de-excitation 

patterns give a resolution of 43 nm in lateral dimensions and 125 nm in the axial direction.81 To 

further sharpen the PSF, STED combined with 4Pi microscopy realizes an axial resolution down 

to 33 nm. The sample is placed in the common focus of two opposing objectives, with the 

excitation beam passing from a single lens and the depletion beam coming from both sides of the 

objectives.79 In addition, a PBS placed before the two opposing objectives is added into the 

apparatus to form isoSTED, generating a spherical focal spot with an isotropic resolution of 

~30 nm.43,92 4Pi-RESOLFT follows a similar scenario and also gives nanometer-scale isotropic 

resolutions.93  

 

2.4.3. 3D OSRM Imaging with Coordinate-Stochastic Techniques 

For SMLM, there are several developments that have helped to precisely locate the 

activated fluorescent probes in all three spatial dimensions. The earliest method proposed was 

introducing optical astigmatism by placing a cylindrical lens in the imaging optical path such that 

the focus of the x- and y-directions would be different from that of the z-direction (Figure 2.4a). 

This allows a single fluorophore to be described by a PSF dependent on the vertical dimension via 

ellipticity and image orientation. The position of a single molecule could be further located by 

observing from the xy-plane and fitting the PSF with a 2D Gaussian function.85,94  

Another method called bifocal imaging uses different focal planes to achieve multiplane 

imaging and defocused imaging with an accuracy of 2–5 nm and a temporal resolution of 2–

50 ms.95 Double-plane detection with (f)PALM allows simultaneous detection from two axially 

separated object planes and gives a ~30 nm lateral resolution and 75 nm axial resolution.96 Adding 

a single-photon multiphase fluorescence interferometer to PALM results in interferometric PALM 
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(iPALM), achieving sub–20 nm 3D resolution.80 Double-helix PSF—a method that repeats the 

cycle of photoactivation, image acquisition, localization, and photobleaching of non-overlapping 

subsets for a high concentration of fluorophores—also provides sub-diffraction 3D imaging 

resolution.83 The five methods mentioned here are only a few of the existing techniques that have 

been described to enable well-resolved SMLM 3D imaging; alternative approaches exist capable 

of fulfilling this purpose.86,97–102  

 

2.5. Promising Directions for OSRM Techniques in Polymer Science 

Owing to the noninvasive nature, simplicity of use, and ultra-high resolving capability, 

OSRM is already indispensable in various research areas. The cell biology community has 

pioneered the application of OSRM to experimental research. In contrast to materials science 

studies that traditionally have used techniques like TEM, SEM, and X-ray diffraction to 

characterize bulk sample structure in the condensed state, as well as aqueous solution structure 

fueled e.g. by the advent of cryogenic electron microscopy or cryo-EM techniques, cell biology 

investigations have always relied on optical microscopes to observe structures noninvasively.  

Fluorescence microscopy is likely the most frequently employed technique for 

visualization of cellular and subcellular structures, e.g. by means of specific and water-soluble 

fluorescent probes (vide infra). It therefore is not surprising that biologists have quickly embraced 

OSRM techniques not only for resolving nanoscale features but also for dynamic tracking, 

multicolor 3D imaging, and in situ live cell studies. Inspired by, and learning from, how the 

biological field exploits these new techniques in areas originally restricted by limited spatial 

resolution, the soft matter community may gain new fundamental insights into polymer science by 

further implementation of the various OSRM techniques in research and development activities. 
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To date, OSRM techniques applied to polymer studies have been relatively few. In 

particular, there exist several techniques well utilized in cell biology but rarely used in polymer 

studies; some reduce the requirements on fluorescent probes, while others improve spatial and/or 

temporal resolution. Ground-state depletion followed by individual molecule return (GSDIM), 

breaking the resolution limit by stochastic readout, lessens the restrictions on fluorophores by 

keeping the majority of molecules in the triplet or other metastable (dark) states.73 Binding-

activated localization microscopy (BALM),103 instead of relying on photoswitching or 

photoactivation of fluorescent probes, achieves single-molecule localization by intrinsic bleaching 

and blinking of conventional probes. Generalized single-molecule high-resolution imaging with 

photobleaching (gSHRImP) also only relies on commercially available fluorophores that are stable 

and bright.104 As for improving resolution, single-molecule high-resolution colocalization 

(SHREC)105 has the ability to measure nanoscale intermolecular distances along with high 

temporal resolution, making it a desirable technique for polymer localization, dynamics, and phase 

transition studies. The nanometer localization precision with high temporal resolution of 

fluorescence imaging with one-nanometer accuracy (FIONA) may also be complementary to the 

localization processes of SMLM techniques.106  

Besides these well-developed techniques, newly invented approaches with the ability to 

improve cell imaging resolution might also be valuable for certain polymer studies. For instance, 

expansion microscopy (ExM) physically expands the sample using a polymer gel to induce 

swelling, enlarging the non-observable area to generate nanoscale, highly resolved images.107 This 

non-optical super-resolution technique can be added in sample preparation for OSRM imaging and 

thus combine advantages from both physical expansion and optical resolution improvement. 

MINFLUX is another possible technique that has strengths from coordinate-targeted 
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and -stochastic approaches to provide ~6 nm resolution with ~1 nm precision and fast acquisition 

speed.18 With much lower intensity requirements and ultra-high resolution compared to other 

OSRM techniques, MINFLUX might evolve into a useful tool for the study of polymers. 

 

3. Probes for OSRM in Polymers 

Imperative to the implementation of OSRM in polymer and related synthetic materials 

sciences is a comprehensive understanding of the probes used to optically visualize a structure. 

Not only does this knowledge afford a more complete picture of how a specific OSRM technique 

may be aptly applied for polymer nanocharacterization, but it also provides insight into probe 

selection on a per-case basis. Probes may be categorized according to two separate schemes: one 

based on corresponding OSRM technique and the other on composition (see Figure 2.5). It is 

important to note that, similarly to the range of OSRM techniques discussed in the previous 

section, several probe compositions that have been widely used in biology have yet to be applied 

in polymer science. That is, numerous materials systems have the potential to be explored or re-

examined via as-yet unexploited optical probes and OSRM techniques. Here, the discussion of 

probes according to their composition will encompass small molecules, such as diarylethene or 

spiropyran dyes; organic particles (e.g., polymer dots); inorganic nanoparticles; and 

autofluorescence (i.e., no probes). 

 

3.1. Probe Characterization 

Before examining the desirable characteristics, advantages, and disadvantages of probes 

for each category of OSRM techniques, it is necessary to establish a working vocabulary relevant 

to this discussion. In all cases, optical probes exhibit specific fluorescence properties, which 
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determine their use in imaging. Such performance may be quantitatively characterized using the 

extinction coefficient, quantum yield, duty cycle, contrast ratio, and photons per event, among 

others. It is worth pointing out that particular imaging conditions typically have a direct influence 

over these parameters. 

 

 
Figure 2.5. Relative size scales of different OSRM probe classes. 

 

3.1.1. Probe Properties 

Upon passing through a solution containing optical probes, a beam of light will be either 

absorbed or transmitted by the dissolved/suspended species. (For simplicity, we will neglect 

scattering in this discussion). The inherent capacity of a probe to absorb light at a given wavelength 

is described by the extinction coefficient, ɛ, also known as the molar absorption coefficient or 

molar absorptivity. It is most conveniently determined using the Beer–Lambert law (Equation 2.1), 

where 𝐴 is measured absorbance, 𝑐 is the probe concentration, and 𝑙 is the optical path length given 

by the measurement setup. A higher extinction coefficient at the same concentration, then, 

indicates greater ability of a species to absorb light; higher photon absorption can lead to more 
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desirable emission properties.108,109 As an example, advanced quantum dots (QDs), which are 

associated with high brightness, have extinction coefficients around 105–106 M−1 cm−1, while 

those of their organic dye counterparts are usually an order of magnitude lower.108  

 

𝐴 = 𝜀𝑐𝑙           (2.1) 

 

Across the many OSRM techniques, it proves advantageous to have high extinction 

coefficients and fluorescence quantum yields, Φ𝑓 . The latter is defined in Equation 2.2, 

where 𝑘𝑟 and 𝑘𝑛𝑟 are the radiative and nonradiative decay rates, respectively.109,110 The second 

parameter encompasses all possible nonradiative decay modes, including energy transfer and 

intersystem crossing. It is furthermore universally beneficial among OSRM probes to have well-

defined emission–absorption spectra.108 The number of photons generated before permanent 

photobleaching influences Φ𝑓 and is usually ~104–106 photons.3 The quantum yield represents the 

fraction of photons emitted of those absorbed; for example, Φ𝑓 = 0.1 would correspond to one 

photon returned for every ten absorbed.111  

Distinct from the quantum yield, though often interchangeably used, is the quantum 

efficiency: Whereas quantum yield represents the fraction of photons emitted from those absorbed, 

quantum efficiency is expressed in terms of energy input and energy output. Since emitted photons 

in fluorescence typically are of longer wavelength (and thus lower energy) than those absorbed, 

quantum efficiency will be less than the quantum yield.110 Another related parameter is the average 

fluorescence lifetime, 〈𝜏𝑓〉, the inverse of the sum of radiative and nonradiative decay rates 

(Equation 2.3), which represents the length of time between excitation and relaxation to the ground 



35 
 

state. This value is usually on the order of several nanoseconds for fluorescence of a dye from a 

singlet excited state.109 

 

Φf =
𝑘𝑟

𝑘𝑟+∑ 𝑘𝑛𝑟
                (2.2) 

〈𝜏𝑓〉 =
1

𝑘𝑟+∑ 𝑘𝑛𝑟
      (2.3) 

 

A key concept in characterizing fluorophores, especially those used in applications that 

rely on blinking, is the duty cycle. This term refers to the ratio of time an emitter spends in the 

fluorescing “on” state to that spent in the dark “off” state.112 Closely related is the contrast 

ratio,109 which describes the intensity differences between on and off states and thus helps to 

quantify brightness and number of photons per event. The latter directly influences the FWHM of 

the PSF associated with fluorescence: A greater photon output per localization (from e.g. larger 

labeling density, see Figure 2.6) translates to a thinner emission spectrum and thus a smaller 

FWHM. Smaller FWHM values allow for improved resolution of two points separated by a 

distance below the diffraction limit;113 in turn, this leads to a higher SNR, a greater ability to 

resolve two localizations, and an overall enhancement in image quality. As a result, it is desirable 

to increase photon generation by tailoring radiative properties114 through e.g. encapsulation of 

organic fluorophores in a suitable matrix.50,115 In such probes that contain multiple fluorophore 

equivalents, such as dye-encapsulating nanoparticles (NPs), the brightness factor represents the 

product of quantum efficiency and number of dye equivalents.114 
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Figure 2.6. (a-i) Transmission light micrographs (top) and diffraction-limited fluorescence images 

(middle) from the sum of 50,000 frames for dSTORM reconstruction (bottom) for NIPAM-based 

microgels prepared with crosslinker (N,N’-methylenebisacrylamide, BIS) concentrations of 5.0 

mol% (left), 7.5 mol% (center), and 10.0 mol% (right). Scale bar is at 1 μm. (j,k) Calculated mean 

localization densities for different crosslinker concentrations in 2D (j) and 3D (k).116 Copyright 

2018. Adapted with permission from the Royal Society of Chemistry. 

 

Among the most important considerations in choosing a probe, regardless of OSRM 

technique, is the achievable resolution. In all cases, emitters that individually photoactivate several 

times—and therefore correspond to multiple localizations for a single emitter—can lead to 

underestimation of the lowest resolution value. Correcting for this multiplicity reveals that 

resolution limits appear to most directly depend on two factors: labeling density (𝜌) and average 

localization uncertainty (𝜎).117 Labeling density may be adjusted by optimizing incorporation of 

the emitters into a polymer,50 which will be discussed further in subsection 3.4. Localization 
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uncertainty, however, is an intrinsic probe property—and interlinked with resolving power—that 

is not so easily modifiable.  

Based on theoretical modeling and experimental calculations, the dependence of 

achievable resolution on either labeling density or localization uncertainty effectively switches at 

a threshold value given in Equation 2.4: 

 

𝜌𝜎2 =
𝑒

3𝜋𝑀
            (2.4) 

 

where 𝑒 is the base of the natural logarithm and 𝑀 represents the number of parallel lines in the 

structure under consideration. (While such regimes may be defined for different geometries, this 

particular expression was derived based on simple line pairs, which may be aptly applied 

to e.g. periodic lamellar structures in block copolymer systems.) Below the given value, labeling 

density limits the resolution; above it, localization uncertainty is the limiting factor. The value of 

this threshold is predicted to decrease with regularity,117 indicating that, for more complicated 

structures, localization uncertainty will tend to dominate achievable resolution. 

 

3.1.2. Probe Characterization Techniques 

Of perhaps equal significance to intrinsic probe properties is the ability to characterize 

them. Especially in nanoscale polymeric systems, designing probes for OSRM requires careful 

consideration of an array of both environment-dependent and -independent parameters, such as 

size, photon output, or inherent brightness. From a quantitative perspective, fluorophores may be 

thoroughly evaluated using a combination of widely available tools, including steady-state (UV–
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Vis) spectroscopy,114 time-resolved fluorescence,114 and fluorescence correlation spectroscopy 

(FCS).114,115,118,119  

UV–Vis spectroscopy covers the ultraviolet (10–380 nm) and visible (380–750 nm) light 

regimes of the electromagnetic spectrum and encompasses both absorption and fluorescence 

spectroscopy. UV–Vis absorption spectroscopy exposes a sample to light over this range of 

wavelengths. Upon irradiating the sample, typically a solution, some light will be transmitted and 

some absorbed by the species in solution. In the case of fluorophores, the absorbing entities will 

spontaneously emit photons at somewhat lower energies than the incident light, which can be 

measured in fluorescence spectroscopy. Using the Beer–Lambert law, UV–Vis absorption data can 

be used to determine probe concentration or unique extinction coefficient(s). Thus, UV–Vis is one 

of the most convenient and widely used means of quantifying fluorescent probes. 

Time-resolved fluorescence spectroscopy120 or fluorescence lifetime 

measurements121 enable access to at least two types of significant information: fluorescence 

lifetime and molecular motion. As mentioned previously, the average lifetime of fluorescence, 

〈𝜏𝑓〉, is an important parameter in quantifying probes for use in OSRM. By first exposing 

fluorophores to an excitation pulse, it is possible to measure the fluorescence intensity decay with 

picosecond resolution. The temporally resolved activation and subsequent de-activation offer 

insights into intrinsic probe properties. Additionally, by observing dipole reorientation while a 

fluorophore is in the excited state, time-resolved fluorescence anisotropy measurements acquire 

data on local motion and mobility, e.g. on the timescale of rotation of an emitter.120  

FCS operates similarly to the popular size characterization tool dynamic light scattering 

(DLS), except that it uses fluorescent light instead of scattered light, and measurements are 

performed in the focal volume of a microscope objective. As fluorescing species diffuse through 
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said focal volume, optical transitions between electronic states give rise to fluctuations in 

fluorescence. The autocorrelation function, which temporally characterizes these fluctuations, 

provides insight into the kinetic processes that effectively induce these fluctuations.122 Knowing 

the dimensions of the focal volume, and obtaining a correlation time from the fit of the 

autocorrelation function, provides a diffusion coefficient. In turn, using the Stokes–Einstein 

relation (i.e., assuming a spherical probe shape), FCS allows for the calculation of fluorophore 

dimensions (i.e., their hydrodynamic sizes) and provides additional information on probe 

concentration in solution, and size dispersity.123,124  

Based on the photon count at a given time measured by the FCS detector and knowing 

probe concentration in turn allows characterization of relative probe brightness, e.g. against a 

standard. It is important to note that the hydrodynamic radius is typically greater than the physical 

probe radius due to the presence of solvent molecules around each fluorescent probe dragged 

through the solution. As shown in Figure 2.7, FCS has recently been used in conjunction with 

high-performance liquid chromatography (HPLC) and gel permeation chromatography (GPC) to 

optimize synthesis conditions for dye encapsulation in silica NPs.125,126 In doing so, Gardinier et 

al. were able to better promote covalent encapsulation of the fluorophore and, more broadly, 

demonstrated how characterization tools may directly inform probe design. For multicomponent 

systems and working with two distinct types of emitters measurable by different detectors (e.g., 

excited with two different lasers and emitting at two different colors), intermolecular dynamics 

and colocalization information may be obtained using fluorescence cross-correlation spectroscopy 

(FCCS).122–124  
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Figure 2.7. GPC (left), HPLC (center), and FCS (right) curves for Cy5-encapsulating silica NPs 

from increasing (top) to decreasing (bottom) ammonia concentrations during synthesis.125 

Copyright 2019. Reproduced with permission from the American Chemical Society. 

 

While FCS is perhaps the most commonly employed fluorophore characterization tool for 

dynamic systems, a recent development in correlative data analysis uses a new take on single-

molecule fluorescence confocal microscopy.127 By exploiting photon count information within 

time traces and innovative mathematics, Jazani et al. have developed a computational 

methodology for analyzing probe processes on a much faster timescale. The applications of this 

novel technique have been geared toward cell membrane and related biomolecule dynamics,119,128 

but we anticipate that its use in polymer science will prove both intriguing and informative. Given 

the photosensitivity of many organic systems, reducing the acquisition time for imaging should 

prove a valuable addition to the polymer community. 
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These primary characterization tools for evaluation of intrinsic fluorophore properties only 

paint half of the picture of probe behavior. Other techniques take advantage of interactions between 

probes and their environment to determine their viability in OSRM. Förster resonance energy 

transfer (FRET) is a decades-old phenomenon that has been widely exploited in biomedicine, 

especially through the use of fluorescent proteins (FPs). It describes the physical nonradiative 

transfer of energy from excited “donor” to “acceptor” fluorophores via dipole–dipole 

coupling.129 Technologies that use the principle of FRET can measure relative proximity of 

different molecules down to several nanometers. When coupled with SMLM, such spatially and 

temporally resolvable interactions allow for straightforward optical imaging of diffraction-limited 

features.130 Closely related to FRET is two-color coincidence detection (TCCD), which uses 

continuous excitation to detect photons emitted at different wavelengths.131 While TCCD requires 

inconveniently low concentrations,118 it has shown great promise in biological and biomedical 

applications with unknown structures.131  

Information on imaging environment–dependent parameters, such as duty cycle or number 

of switching cycles,132 may be extracted directly from processing SMLM data. Moving forward, 

it is important to bear in mind how binding can influence such extrinsic probe properties. This 

phenomenon has been studied in biology with protein-induced fluorescence enhancement 

(PIFE)133 and more recently appears to translate to polymer systems as well.50 This 

immobilization-induced brightness enhancement, which is apparent in popular polymethine dyes 

like Cy5, is likely due to a reduction in mobility. Fixation to another body introduces a steric 

hindrance that decreases photoisomerization, a nonradiative decay mode,134 which thus increases 

fluorescence quantum yield.  
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3.2. Probes for Different OSRM Techniques 

Section 2 discussed the array of OSRM techniques available to the polymer science 

community. While the choice of specific technique used is crucial to acquiring thorough optical 

data and relies heavily on the system to be imaged, an understanding of available probes—

including their benefits and shortcomings—is equally necessary. This subsection outlines the 

requirements for optical probes according to the demands of the corresponding class of OSRM 

techniques. 

 

3.2.1. Probe Requirements for Diffraction-Limited Techniques 

Compared to other OSRM techniques, diffraction-limited methods like SIM have relatively 

loose requirements for emitters. As a result, virtually all conventional fluorophores are acceptable 

in this set of approaches. Despite its relatively poor resolving power, a great benefit of this 

indiscrimination is multicolor imaging. In fact, diffraction-limited OSRM approaches rely almost 

solely on microscope optics rather than on the probe used.58,94 That said, high photostability can 

be beneficial in nonlinear methods like SSIM,59 where enhanced spatial resolution requires greater 

laser exposure and/or stronger excitation.94 In such cases, imaging is notoriously sensitive59 to 

aberrations—optical artifacts from sample–optics interactions. 

While environmental conditions influence resistance of fluorophores to bleaching, 

fluorescein dyes tend toward lower photostability as compared to Alexa Fluor dyes.109 In general, 

the resolving capabilities of diffraction-limited techniques are independent of probes’ 

photophysical properties, relying instead on patterning of the illumination.58 Given that virtually 

all fluorophores will eventually bleach under sufficiently long illumination 

time,109 photobleaching is only a concern if illumination/observation times are longer than the 
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timescale on which a particular dye photobleaches. In turn, this can be adjusted by simply working 

with different fluorophores. 

 

3.2.2. Probe Requirements for Coordinate-Targeted Techniques 

Operating on a principle of fluorescence suppression using high-intensity lasers, 

coordinate-targeted OSRM methods require probes with specific capabilities. Namely, probes used 

for techniques like STED must resist photobleaching; at the very least, they should exhibit great 

fatigue resistance—that is, the ability to reversibly switch between excited and ground states 

before photobleaching.135 In this set of techniques, this “switching” is defined spatially (rather than 

stochastically, which will be discussed further in subsection 3.2.3), and controlled de-excitation is 

equally important as excitation.136 It follows that coordinate-targeted approaches can use any 

fluorophore with a minimum average lifetime of fluorescence; in STED, in a particular example, 

a requirement was that 〈𝜏𝑓〉 exceed 0.8 ns.137 In designing STED probes, it is important to note 

that increased 〈𝜏𝑓〉 values correlate to enhanced resolution.138  

Although STED is usually limited by its use of dissimilar laser pairing to achieve super-

resolution imaging in the visible spectrum,94 its compatibility with many fluorophores helps to 

facilitate multicolor labeling. Of great importance is the fluorophore’s excitation wavelength, 

which cannot match that of the depletion beam.58 As the field of coordinate-targeted approaches 

expands, including adaptive-illumination STED82 and temporally stochastic STED,139 so must the 

developments of probes suited to these techniques. The mode of operation for coordinate-targeted 

techniques, and therefore the requirements of the corresponding probes, is fundamentally different 

from their coordinate-stochastic counterparts discussed in the next section. 

 



44 
 

3.2.3. Probe Requirements for Coordinate-Stochastic Techniques 

As the most pervasive set of techniques applied thus far in materials/polymer science, 

coordinate-stochastic OSRM methods necessarily warrant thorough investigation of appropriate 

probes. Differently from coordinate-targeted techniques, the general requirements for probes in 

coordinate-stochastic imaging include small duty cycles and strong fluorescence during emission. 

For STORM, the duty cycle should typically be on the order of 0.0001–0.001112 and reflects a 

long-lived dark state; in coordinate-stochastic techniques, this “off” state accompanies short bursts 

of strong fluorescence to enhance the SNR. Unlike coordinate-targeted techniques, coordinate-

stochastic imaging depends fundamentally on blinking or random activation of fluorophores.58  

In SMLM, there are two primary categories of probes classified by their abilities to either 

a) reversibly photoswitch (i.e., “blink”) or b) irreversibly activate or convert to a different emission 

wavelength. While the first allows for image smoothing over many sample sets, the second helps 

reduce overcounting of point sources.140 It should be noted that PALM probes have traditionally 

belonged to families of FPs, which demonstrate this irreversible photoconversion.58 However, with 

the integration of OSRM into polymer science, this and other conventions are changing: Use of 

PALM in imaging polymers has tended to rely on small-molecule photoswitches.16,49,141,142  

Switching may be photoinduced via such processes as redox reactions or reversible 

formation of a thiol adduct.143 Another option is an informed pairing of “reporter” fluorophores, 

which can alternate between fluorescing and dark states, and “activator” dyes, which induce 

photoactivation and may undergo hundreds of on–off cycles before bleaching.144 While 

localization-based techniques rely more heavily on inherent probe characteristics than diffraction-

limited OSRM imaging, there are environmental factors that may help optimize probe 

performance. Namely, depending on the mode of blinking, use of both oxygen-scavenging and 
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switching agents in the imaging solution may improve overall probe behavior. Another 

consideration is the recent suggestion that the red spectral region (640–700 nm) is optimal for 

probe activity in techniques like STORM, with excellent performance from Alexa Fluor 647, Cy5, 

and Dyomics 654.112 For a more thorough examination of photoswitchable fluorophores, we direct 

the reader to the work of Chozinski et al.145 and Dempsey et al.112  

 

3.3. Probe Compositional Categorization 

The preceding subsections have discussed probe selection based on corresponding OSRM 

technique; however, fluorescence behavior and performance are inseparable from probe 

compositional design. In biology, FPs136 have been the probe class of choice for many systems, as 

they can be genetically engineered into the genome of a cell, but they suffer from disadvantages 

from tendency toward polymerization to limitations on labeling. Alternatively, synthetic 

fluorophores are tailorable means of achieving greater resolution in OSRM imaging with designed 

brightness, photostability, and coverage of the entire visible spectrum.146 Additionally, while 

particle probes can significantly exceed the size of free dyes,147 they do possess a number of 

advantages that are worth exploring in the polymer community. Another consideration in 

designing probe composition is fluorescence, or inherent emissive ability, versus fluorogenicity, 

or inducibility of fluorescent behavior via conjugation.146 Given the nanoscale spatial resolution 

achieved with OSRM, size (summarized for different probe classes in Figure 2.5) is yet another 

central factor. With such tunability in properties over the full visible and near-infrared spectrum, 

probe composition becomes immeasurably important in informed design of suitable emitters for 

OSRM of polymeric solutions and materials. 
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3.3.1. Organic Small Molecules and Stains 

Thus far, the overwhelmingly popular choice of fluorescent probe used for OSRM in 

polymer science has been aromatic dye molecules, several of which are shown in Figure 2.8. 

Importantly, such dyes are often commercially available with a wide array of functionalities, 

including carboxylic acid, N-hydroxysuccinimide (NHS) ester, maleimide, and azide variants. 

These small organic molecules fall into three broad categories based on their photophysical 

behavior: “regular” or non-activatable fluorescence, as with ATTO dyes; reversible 

photoactivation, as with cyanine dyes; and irreversible photoactivation, as with caged dyes. The 

first is favorable for coordinate-targeted approaches, while the latter two have been used primarily 

(though not entirely) in SMLM.136 In polymer OSRM imaging, Alexa Fluor 64710,11,18,88,89,148,149 

and rhodamine7,9,10,16,54,116,149 derivatives have emerged as favorite labeling agents, but customized 

diarylethene photoswitches46,141,150 have been on the rise in the soft matter community. ATTO 

(633,151 647N,13,18,151 and 655142), substituted boron dipyrromethene (BODIPY),152–154 and 

caged7,9,54 fluorophores, which have pervaded biological imaging,136 are also used in STED and 

SMLM on polymer structures. 

Noncovalent association of fluorophores with material to be imaged is characteristic of 

interface PAINT (iPAINT)54, and so stains present an opportunity for further use of this technique 

in polymer OSRM. Traditional biological stains remain an underexplored avenue of fluorescent 

labeling in OSRM for polymer science. While they have been widely exploited in cellular biology 

studies, their use in soft matter has been limited, despite several benefits. Nile Red, for example, 

exhibits solvatochromaticity—that is, changes in absorption and emission spectra induced by 

exposure to different solvent systems. This behavior has been exploited in polarity investigations 

of poly(N-isopropylacrylamide) (PNIPAM)–poly(N-isopropylmethacrylamide) (PNIPMAM) 
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core–shell microgels.19 Using stains as the labeling strategy effectively circumvents the need for 

covalent conjugation of probes to the polymer. Presumably, the use of stains like Texas Red or 

acridine orange has been conventionally confined to biology due to their excellent affinity for 

nucleic acids.109 In principle, though, such stains could be used for high-photostability, long-

wavelength absorption in soft matter by facile labeling of polymeric nanostructures with minimal 

disruption, e.g. to self-assembly. 

 

 
Figure 2.8. Top: Chemical structures of four commercially available organic dyes used in OSRM 

of polymers by approximate wavelength of maximum absorption. Bottom: Histogram 

summarizing relevant prevalence of different small-molecule probes for OSRM in polymers. 
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3.3.2. Organic Particles 

While their use for OSRM in polymers has been minimal, organic particles represent an 

intriguing and useful class of optical probes. Polymer dots can either exhibit autofluorescence or 

incorporate suitable organic dyes.147 The former case, which typically takes advantage of 

crosslinking-induced luminescent behavior,155 is frequently achieved via functionalization of 

otherwise nonfluorescent polymers. Li et al., for example, have prepared superhydrophobic 

polymer NPs through straightforward esterification of polystyrene-block-poly(acrylic acid) (PS-b-

PAA) with a perfluorinated alcohol.156  

In biology, a significant benefit of autofluorescent polymers is reduction in cytotoxicity 

that could otherwise be induced by leaked fluorophores. Although many fluorescent polymers are 

synthetic, purely or partly natural polymer particles have arisen as viable fluorescent materials. 

With intrinsic fluorescence, polysaccharide- or protein-based polymer particles have been 

invaluable in bioimaging155 and could prove interesting to explore further in polymer OSRM. 

Monomeric FPs have achieved quantum yields greater than 90%.157 While it appears that FPs have 

not been used in conjunction with organic dots for optical imaging, there has been OSRM-based 

investigation into interactions between fluorescent polymer NPs and peptides.158 It has further 

been suggested that OSRM data may be enhanced by simultaneous collection of imaging and 

molecular orientational measurements, as demonstrated with DNA.159 As such, it could prove 

interesting to explore a combination of FPs and organic NPs for OSRM in polymer systems. 

On the synthetic end, autofluorescent polymer NPs exhibit chemical and photophysical 

tunability, e.g. by pH160 mediation. Complementarily, fine control over physical aspects of 

polymer particles, like shape or size, is crucial. It follows that preparation of such probes becomes 

a critical factor in tailoring their behavior.161 Careful design of polymers has led to the 
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development of several unique organic particles for optical applications. Such approaches include 

cluster-induced fluorescence,162 even in non-aromatic polymer particles,163 where covalent 

crosslinking or physical aggregation affords control over relative emission intensity. Another 

interesting example developed recently was Chen et al.’s use of semiconducting polymer dots (see 

Figure 2.9) to enable dual-color coordinate-stochastic imaging.164,165  

 

 
Figure 2.9. Wide-field (a), magnified in (c), and (f), magnified in (h), and super-resolution optical 

fluctuation imaging, or SOFI (b), magnified in (d), and (g), magnified in (i) images of 

semiconducting polymer dots with intensity profiles (e,j) corresponding to points highlighted with 

white arrows.165 Copyright 2017. Reproduced with permission from the American Chemical 

Society. 

 

In the case of small-molecule encapsulation,166 organic particles are excellent candidates 

for fluorophore hosts.167–169 With biocompatibility and ultrabright properties, these probes prove 

more desirable in many applications than even QDs; bioconjugatability has also become an 

attractive feature.170 Careful selection of compatible fluorophores that permeate and maintain the 

integrity of particle matrices is crucial to the use of organic NPs in OSRM. Namely, encapsulated 
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small molecules for use in polymer particles should ideally exhibit high maximum absorbance 

values, quantum yields, and photostability in addition to tunable anisotropy and decay time. 

Emission bands should be wide if FRET characterization is sought or narrow if multiplexing is 

desired. Lastly, in the majority of cases, fluorophores should be soluble in the polymer but not in 

the solvent used.113  

Any investigation into polymer NPs for fluctuation-based OSRM applications (i.e., 

SMLM) merits noting a fundamental distinction between organic NPs and other emitters. Quantum 

dots or QDs, which behave as individual point sources with narrow FWHMs;108,147 core–shell 

inorganic NPs, whose syntheses have been optimized115,125,171 for one dye per NP; and monomeric 

FPs, which internalize single chromophores157,172 can all act as single localizations.112 In SMLM, 

especially the most sensitive techniques like PALM and STORM, image reconstruction relies on 

spatial isolation of individual point sources with ideally no more than one fluorophore per 

PSF.99,173  

This need for single-molecule detection presents a challenge to expanding the OSRM 

toolbox to include polymeric NPs, which often encapsulate multiple fluorophores to achieve 

greater brightness.169 This high loading typically leads to larger NPs that worsen image quality in 

coordinate-stochastic approaches, which require low duty cycles112 and thus well-defined PSFs 

corresponding to bright, locally isolated point sources. This feature usually proves mutually 

exclusive to multiple dye–loaded NPs, as the encapsulated fluorophores are spatially coupled in 

the same matrix. One solution is that the reduction in brightness from increased quenching upon 

decreasing particle size may be offset e.g. via counterions,166 thereby enabling brighter fluorescent 

organic NPs with smaller diameters. A related consideration is that, due to their relatively large 

size, as compared to other emitter classes discussed above, fluorescent dye–loaded polymeric NPs 
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have been more amenable to conventional (diffraction-limited) optical imaging.174 Thus, by 

accounting for the factors mentioned herein to result in the appropriate particle designs, organic 

NPs as SMLM probes could be a fascinating and useful avenue of development for OSRM in the 

polymer community. 

As with inorganic NPs,114,175 polymer probe composition can enhance the photophysical 

properties of encapsulated fluorophores. Rosiuk et al. demonstrated that copolymer chemistry can 

have a direct influence on brightness of an encapsulated dye,166 while intrinsic particle properties 

are not immune to size dependence, either.155 In their specific case, they also found that reducing 

probe hydrophilicity increased the overall particle size, but it also enhanced the brightness of the 

encapsulated fluorophore. Thus, it will be important to strike a delicate balance between small size 

and hydrophobically compatible organic NP probes for use in OSRM of polymers.  

As shown in Figure 2.5, organic NPs represent the largest probes useful for OSRM, with 

sizes typically on the order of tens of nanometers. That said, fluorescent dye–encapsulating 

polymer particle size may reach up to ~200 nm,166 on the order of the diffraction limit of light. 

Although ~60 nm probes may be acceptable for micron-scale biological OSRM or supramolecular 

polymers, physical probe size is an important consideration for all OSRM 

techniques.176 Increasing probe size may effectively increase the size of a localization and 

therefore the width of the PSF. While there is no absolute rule regarding probe size versus spatial 

resolution, imaging polymer nanostructures down to tens of nanometers, as in block copolymers 

(BCPs), using organic NPs should focus on confining probe size to the lowest achievable range. 

To be competitive with sub–20 nm inorganic emitters, their organic counterparts should similarly 

be synthesized in the 10 to 15 nm regime or below. 
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It has been suggested that the degree to which fluorophores are immobilized in an organic 

matrix through crosslinking dictates the achievable number of localizations.116 Interestingly, this 

observation is in agreement with inorganic NPs, where architecture-based hindrance of 

fluorophore movement enhances the quantum efficiency.114 All things considered, it is remarkable 

how little work has been performed to use organic particles not solely in bioimaging147 but also in 

OSRM of polymeric materials. In analogy to biology, where polymer biocompatibility is essential 

to successful imaging of the host material,155 perhaps compatibilization of organic structures will 

be exploited for OSRM in the polymer community moving forward. 

 

3.3.3. Inorganic Nanoparticles 

Metals, metal chalcogenides, and/or glasses form the basis for the compositions of many 

inorganic optical probes.113,177 Nanoscale inorganic structures made from semiconductors or 

metals often display size-dependent optical properties that have been exploited in OSRM. In 

inorganic semiconducting particles for fluorescent labeling, confinement effects influence 

electronic states, resulting in size-dependent emissive phenomena.177,178 Such quantum dots—

semiconductor nanocrystals with tunable fluorescence—were introduced first and revolutionized 

labeling in optical imaging. While typically larger (1–100 nm)177 than small-molecule dyes, they 

have greater photostability178 and significantly greater brightness through a combination of higher 

Φ𝑓 and ɛ values. The pervasive use of QDs in OSRM, myriad preparation protocols, and their 

commercial availability147 renders these inorganic materials nearly perfect as fluorescent probes. 

Unfortunately, QDs also suffer from a trade-off between sufficient labeling and 

cytocompatibility147,178 that has limited their use in some practical applications. This obstacle may 

be overcome in part via encapsulation in macromolecules or silica shells.177 Another intriguing 
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approach is hybridization of BCP systems and QDs for colorimetric sensing of local 

environments.179  

QDs were later joined by upconversion NPs and fluorescent nanodiamonds. Upconversion 

NPs are trivalent lanthanide–doped, hexagonal nanocrystals with tunable emission profiles; 

through an anti-Stokes process, photons are absorbed at one energy level and emitted at a higher 

one.147,177 Nanodiamonds fluoresce due to nitrogen- and/or silicon-vacancy color centers, which 

allow for excellent resolution,180 even in three dimensions.181 Neither of these classes of probes 

appears to have been investigated for polymer OSRM, nor has an intriguing new class of inorganic 

particles for use in optical imaging. Hennig et al. used surface-enhanced Raman scattering 

(SERS), a mechanism by which signal outputs from inelastically scattered photons in gold or silver 

are augmented. These nonfluorescent metal nanotags, shown in Figure 2.10, are optically active 

without the photobleaching effect that plagues most conventional fluorophores.182 As with 

upconversion NPs,183 SERS has already been used for imaging transport processes in 

biology,184 so multicolor mapping of polymer processes in situ could be an exciting avenue not yet 

explored with similar probes. 

 

 
Figure 2.10. 3D-SIM images at lower (a, scale bar = 5 μm) and higher (b, scale bar = 1 μm) 

magnifications showing linear polarizations of SERS nanotag probes on a glass substrate 

corresponding to different colors.18 Copyright 2015. Reproduced with permission from the 

American Chemical Society. 
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Newcomers to the ranks of OSRM probes are amorphous inorganic NPs that may 

covalently encapsulate fluorescent dyes. While conventional QDs are structurally nanocrystalline, 

we anticipate that disordered NP matrices will provide a novel route to photostable, biocompatible, 

and ultrabright probes with the convenience of sub–10 nm diameters.185 While crystallinity 

frequently has a positive influence over emissive properties, amorphous nanomaterials afford new 

opportunities to explore the relationship between composition and quantum behavior.115 Of the 

potential candidates, amorphous silica appears to be particularly intriguing. Benefits include 

synthesis in water at low temperatures as well as high fluorophore quantum efficiency from the 

rigid disordered silica matrix.186 We have demonstrated that single fluorescent dye–encapsulating 

amorphous silica NPs, termed super-resolution Cornell prime (srC’) dots, not only enhance the 

photophysical properties of fluorophores, but they also achieve SMLM without a blink-inducing 

agent.115 We later attached these probes via various click chemistries to BCP thin film surfaces to 

realize OSRM imaging of polymeric nanostructures using STORM (see Figure 2.11).50  

 

 
Figure 2.11. Reconstructed STORM images of PS-block-poly(allyl glycidyl ether) thin film 

surfaces after selective attachment of Cy3 dye (a) or Cy3-srC’ dots (b-d) using NHS ester–amine 

(a,c), thiol–ene (b), or alkyne–azide (d) click chemistries.50 Copyright 2019. Reproduced with 

permission from the American Chemical Society. 

 

3.3.4. Autofluorescence 

While autofluorescent organic NPs have been used for OSRM of biological systems, there 

has been limited investigation into exploiting autofluorescence for OSRM of polymer materials. 
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In biology, autofluorescence from the specimen often interferes with optical detection, and the 

SNR must be increased by using longer-wavelength emitters or total internal reflection 

fluorescence (TIRF).109,136 In nanoscale imaging of polymers, though, it may be possible to exploit 

this intrinsic photoluminescent behavior, as unspecific background fluorescence like that found in 

biology can essentially be neglected. Urban et al. have shown STORM on poly(methyl 

methacrylate) (PMMA) nanopatterns, where defects alone could not explain the fluorescence. 

They noted that polymer absorption bands are typically in the UV range, though they can be shifted 

due to interactions within or around the structure.17 As such, there is fortunately no shortage of 

viable options to pursue OSRM in polymer science without the use of extrinsic fluorophores. 

Pastor-Pérez et al. demonstrated intrinsic fluorescent behavior of linear and hyperbranched 

polyethylenimines with quantum yields up to 0.20.187  

 

3.4. Compatibilization 

Crucial to the pervasion of OSRM throughout polymer science is a comprehensive 

understanding of how to incorporate emitters into polymer structures. As mentioned in subsection 

3.1, density of fluorophores is one of two crucial parameters (the other being average localization 

uncertainty, 𝜎) that define imaging resolution for nonfluorescent systems, which encompasses the 

majority of polymers. That said, it is a careful balance: Many fluorophores, such as rhodamine 

derivatives, can self-quench if too densely labeled, leading to a reduction in fluorescence 

intensity.109 It is becoming apparent that labeling strategies can dictate fluorescence signal and, by 

extension, imaging time; this observation holds for both biological188 and polymer50 OSRM. It is 

also clear that photoswitching performance and image quality predictions can vary depending on 

whether probes are affixed to biological or polymeric substrates.132 Fortunately, there have been 
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myriad labeling strategies documented for polymer OSRM; Table 2.5 summarizes 

compatibilization routes that have already been successfully used in labeling nanostructures for 

OSRM in polymer science. While this list is by no means exhaustive, it does serve as an excellent 

starting point for the design of OSRM experiments in soft matter. 

Moving forward, we identify three areas that present challenges for the application of 

OSRM probes in polymer science: a) nanoscale feature sizes in condensed-matter systems, b) 

nonpolarity of many polymers, and c) the absence of water typical for biological systems. We 

propose solutions to—or, rather, call for further investigations in the polymer community into—

all three of these areas: a) As discussed, increasing fluorophore brightness or increasing probe 

density enhances spatial resolution. Therefore, polymer scientists require probes that supersede or 

augment the photophysical properties of common emitters. Consequently, the community needs 

to develop efficient and straightforward labeling strategies that enable the reliable imaging of 

nanostructures of e.g. a number of self-assembly systems. b) The majority of probes 

(commercially) available today have been developed for biological applications, i.e. for 

hydrophilic/aqueous environments. To this point, immersion media are exceptionally important in 

microscopies as optically sensitive as OSRM techniques. Refractive index mismatches (e.g., the 

sample and cover glass through which an excitation beam passes) lead to optical aberrations and 

reduced signal for both oil- and water-immersion objectives. It is worth noting that recent work 

has explored refractive index matching through manipulation of light used in detection, such as 

stigmatic distortions, as a means of corrective measure.189–191  

In contrast, many polymers and polymeric systems are hydrophobic and/or bulk systems. 

For that reason, the development and understanding of hydrophobic probes should be paramount. 

Furthermore, there are far fewer consistent reactions that rely on hydrophobic rather than well-
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studied hydrophilic interactions. Given the focus thus far on, and fine-tuning of, polar probes, 

hydrophobic polymer–compatible probes represent an enticing challenge not only to polymer 

scientists who want to explore OSRM but also to the broader soft matter community at large. c) 

Informed and directed by biological studies, aqueous solutions are typically needed to curtail 

refractive index differences during OSRM imaging, induce desired fluorescent probe behavior, or 

both. We suspect that these are the main reasons why OSRM investigations of polymeric materials 

have been largely confined to surfaces and well-hydrated systems.  

Taken together, there is a clear need for the development of novel probes that compatibilize 

with hydrophobic polymeric matrices, without solely relying on chemical reactions for covalent 

probe attachment (vide infra), and that mitigate the need for aqueous imaging conditions in order 

to image the often periodic nanostructures of polymeric systems. By overcoming such obstacles, 

we anticipate that the application of OSRM in polymer science will become equally successful 

and pervasive to that in biology. 

 

Table 2.5. Summary of Photoactive Probe Strategies for Labeling Polymers  
Interaction Compatibilization Mechanism Common Preferential Pairings 

covalent 

conjugation 

copolymerization N/A10,16,116,149,150,152,154 

click chemistry 

alkyne & azide50,87 

NHS ester & amine7,9,11,13,50,88,142 

thiol & alkene50,87,88,148 

nucleophilic substitution carboxy & hydrazide153 

noncovalent 

association 

DNA labeling 
biotin & (strep)tavidin18 

complementary oligonucleotides89 

hydrogen bonding hydroxy & nitrogen13 

hydrophobic effect aromatics & hydrophobic chains19,46,141,192,193 

nonspecific N/A52,54,116 
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3.4.1. Covalent Conjugation 

While there are innumerable covalent bonding reactions and protocols, copolymerization 

and “click” chemistries appear to be the favorites for OSRM in polymer science. As mentioned 

in subsection 3.3, the former usually involves functional fluorescent monomers or crosslinkers that 

can be incorporated along polymer chains. However, it requires careful preparation and negates 

easier post-synthesis labeling. Click chemistries, a class of reactions defined by high yield, few 

byproducts, and robustness under ambient conditions, are especially viable for 

conjugation.194 Presumably due to the ready availability of NHS ester–functionalized 

fluorophores, coupled with well-studied amination routes, the NHS ester–amine chemistry has 

dominated post-synthesis fluorescent labeling of polymers for OSRM. Table 2.5 presents 

compatibilization strategies with approximate strength of interaction decreasing from top to 

bottom. Perhaps future efforts in polymer science will exploit other click reactions for fluorescent 

labeling, like using a slow but tunable isonitrile chemistry.195 While covalent conjugation is 

typically more complicated or time consuming than noncovalent labeling, it does have the 

significant advantage of robust probe–polymer association. 

 

3.4.2. Noncovalent Association 

An alternative to covalent conjugation is noncovalent labeling, which takes advantage of 

short-range interactions, like van der Waals forces. Although typically weaker than covalent 

bonds, their reliance on physical interactions renders them generally much more straightforward. 

Noncovalent association ranges from weak (0–15 kcal/mol) to strong (>60 kcal/mol), with biotin–

(strept)avidin being among the strongest.195 The most popular noncovalent labeling approach for 

polymers seems to rely loosely on nonspecific association of fluorophores by the hydrophobic 
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effect, or the tendency of nonpolar species toward association in the presence of polar species. 

Unfortunately, the development of fluorophores for OSRM thus far seems to focus on imparting 

water solubility to probes for use in biological/aqueous environments; this goal is often achieved 

through the introduction of charged or polar substituents.196,197 It is also important to bear in mind 

that polar molecules tend toward significantly higher sensitivity to solvent polarity than nonpolar 

molecules, resulting from energetic compensation for larger dipole moments in the excited 

state.109 Efforts have even been made to take advantage of such water-dependent phenomena, as 

with Okada et al.’s solvatochromic probes with hydrogen bonding–induced fluorescence.198 These 

facts provide further justification for our proposed goal of hydrophobic OSRM probe development 

(vide supra). 

STORM appears to have emerged as the favorable OSRM technique among the polymer 

community, as it requires less specialized equipment than STED and may still be applied across 

many areas of polymer science (see Figure 2.1 and refs. #11, 17, 49, 50, 54, 88, 116, 142, 149, 

193, 199, 200, 201–203). However, it has become apparent that its application to polymer science 

so far has been limited to surfaces or hydrated states, presumably due to the need for probe 

blinking, which in biological studies is typically induced in the presence of special aqueous buffer 

solutions.143 While 3D (d)STORM has been achieved in both cellular85 and polymeric11 structures, 

each case requires, through a level of hydration unachievable e.g. for condensed-state polymers, 

imaging solutions that can permeate the sample. Consequently, despite the desirability of SMLM, 

isoSTED has provided nicer bulk imaging data for polymers in 3D.13,87  

Furthermore, the length scale of polymer nanostructures, especially when coupled with the 

desired spatial resolution of OSRM, necessitates minimization of inorganic NP size.204 This factor 

would also help mitigate interference with polymer dynamics from probes that are large.205 In 
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fluorophore-encapsulating organic NPs, it was found that there was an apparent trade-off between 

size and brightness preferences, as both parameters appeared to increase with increasing 

hydrophobicity.166 Overall, it is highly desirable that polymer scientists develop their own suites 

of nanoprobes for use in OSRM of polymers that cover the range of hydrophilic to hydrophobic 

local environments as well as solution to bulk behaviors, i.e. environments that go well beyond the 

aqueous solution conditions typically found in biology. We note as a starting point that 

encapsulation of fluorophores in silica matrices or core–shell architectures has been shown to 

mitigate solvent-induced spectral shifts, protect the fluorophore from the local environment, and 

even enhance emitter fluorescence,114,175 all of which would prove exceedingly valuable in 

imaging buried/bulk nanostructures. By expanding imaging possibilities with STORM, such probe 

designs for use in polymers would be immeasurably helpful in translating OSRM techniques from 

biology to polymer systems. However, all of these strategies, covalent as well as noncovalent, still 

raise the concern of how the presence of probes influences polymer behavior, a question that often 

can only be answered by carefully designed cross-experiments. 

 

3.5. Potential Areas of Growth in OSRM Probes and Labeling 

One of the many benefits of OSRM in polymer science is the ability to study local 

environments and dynamics, as opposed to simply imaging nanostructure. As a result, we 

anticipate that the next step in expanding the use of OSRM in the polymer community will be 

investigation into sensing probes. Polarity-sensitive membrane dyes, for example, have been used 

in conjunction with STED to image packing heterogeneity in lipids.206 Polymer scaffold207 or 

particle208 coatings based on oxygen-sensitive tris(4,7-diphenyl-1,10-phenanthroline) 

ruthenium(II) dichloride have enabled mapping of oxygen in hydrogels via confocal microscopy. 
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Excitingly, a solid-state sensor has recently been developed in the form of europium-doped borate 

glass powder for fluorescent detection of lead ions.209 Incorporating lanthanides, among the only 

atoms to fluoresce in condensed-matter systems,109 has already been explored in conventional 

sensing and optical imaging.210,211 A similar strategy that has seen some success in polymer OSRM 

is copolymerization of monomers with polymerizable fluorophores16,116,150,152,154 or fluorescently 

labeled crosslinkers.10,149 The question then becomes whether one can combine such sensing 

approaches with OSRM to aid in our understanding, and ultimately the design, of polymer systems. 

As discussed in subsection 3.2.3, Cy5 has been characterized as one of the best-performing 

fluorophores for SMLM. However, it remains largely underexploited in polymer OSRM.50,200 In 

fact, based on Figure 2.8, it is evident that OSRM of polymers has been fairly strictly limited to 

certain spectral bands. Notably, the high-visible and near-infrared (NIR) portion of the optical 

spectrum remains unexplored using small-molecule fluorophores in polymer OSRM—despite the 

wide array of probes available from biology, where in particular the NIR window provides deeper 

sample penetration. Especially given the presence of impurities in near-red 

fluorophores,212 perhaps it is time for the development of new probes tailored not to biology but 

to application in polymer science. 

 

4. Applications of OSRM in Polymer Studies 

For reasons described earlier, the adoption of OSRM techniques in polymer science has 

been substantially slower than in biological systems. However, there do exist a number of 

investigations that demonstrate the potential for novel insights and understanding that the 

application of these imaging methods promises. The following sections therefore aim to 

summarize the implementation of OSRM techniques in representative polymer studies to date and, 
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by the nature of the often beautiful and pleasing datasets produced, to draw in new polymer 

scientists to the field. OSRM helps polymer scientists to better understand soft matter behaviors 

with respect to order, structure, and dynamics. We will delineate how the uniqueness of OSRM 

allows e.g. studies on in situ structural and dynamical properties of polymers, often providing 

information not accessible via conventional polymer characterization techniques. 

 

4.1. Polymerization 

Polymerization is fundamentally at the forefront of polymer science, as monomer 

chemistry and monomer–monomer interactions determine the chemical and physical properties of 

synthetic polymers. During the combination of liquid-state or gaseous monomers into viscous 

oligomers and ultimately long polymer chains, different functional groups guide the reactions 

down distinct pathways and therefore generate diverse results.213 Although researchers have not 

yet used OSRM techniques to visualize chemical reaction–based polymerizations, there exists 

optical imaging of self-sorted copolymerization of supramolecular polymers and studies on 

diffusion during radical polymerization. 

Adelizzi et al. studied block copolymerization of supramolecular polymers with multicolor 

iPAINT in nonpolar organic media.54 Through labeling of the polymer–solvent interface, static 

images displayed how two supramolecular homopolymers with distinct chiralities copolymerized 

(see Figure 2.12). The team stained two supramolecular homopolymers separately with green and 

red caged dyes, which were of low solubility in the given solvent and maintained dye–polymer 

correspondence for several days. Distinct color labeling of the homopolymers enabled probing for 

a series of time-lapsed iPAINT images to show the copolymerization process. 
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Figure 2.12. Time-lapsed iPAINT images displaying copolymerization of two supramolecular 

homopolymers after 0 hours (a), 1 hour (b), 8 hours (c), 3 days (d), and 1 week (e).54 Copyright 

2018. Adapted with permission from the American Chemical Society. 

 

Using monomers instead of homopolymers as starters, Sarkar et al. used SIM to investigate 

the kinetics and thermodynamics of polymerization for supramolecular polymers.6 By visualizing 

sequence-controlled polymerization results, the authors obtained images of random, self-sorted, 

and block supramolecular polymers (Figure 2.13). Cores of carbonate cholesterol–appended 

naphthalene diimide monomers were substituted to allow two distinct adsorption and emission 

(green or red) profiles. The core-substituted naphthalene diimide monomers were then assembled 

into supramolecular polymers to form sequences according to different sets of reaction times and 

temperatures. Direct views of polymerized structures were then captured using SIM. 

Though not visualizing radical polymerization, Stempfle et al. observed the diffusional 

changes during the process via the combination of single-molecule fluorescence microscopy and 

FCS.214 In radical polymerization, though long used for both scientific and industrial purposes, it 

is impossible to reach complete control over the size and shape of the product(s) with the current 

limitations of our understanding. To better elucidate the determining factors of radical 

polymerization, the authors stained the solvent (toluene) with diluted amounts of two differently 

sized perylene diimide dyes to investigate the molecular mobility changes during polymerization 

of styrene and methyl methacrylate separately. Results showed a greater decrease in diffusion with 
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increasing conversion rate for larger dyes in both cases, indicating the importance of structural 

heterogeneities during polymerization. 

 

 
Figure 2.13. SIM images and schematic representations displaying sequence-controlled 

polymerization of supramolecular random copolymers (a), self-sorted supramolecular 

homopolymers (b), and supramolecular BCPs (c).6 Copyright 2020. Adapted with permission from 

the American Chemical Society. 

 

With the help of OSRM techniques, the polymer community is now capable of visualizing 

block copolymerization of supramolecular polymers and of achieving deeper understanding of 

kinetic and thermodynamic driving forces for these reactions. Despite the lack of studies directly 

visualizing polymerizations with OSRM, we anticipate that SMLM and molecule tracking using 

single-molecule spectroscopy for radical polymerization215 will pave the way for greater 
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insights, e.g. into diffusion-related behaviors during such reactions. Additionally, based on the 

success of work on visualizing supramolecular copolymerization, implementing OSRM 

techniques for noninvasive observations of polymerization mechanisms is a likely step that 

researchers will take in the near future. 

 

4.2. Polymer Behavior in Solution 

Polymer behavior in solution depends on polymer–solvent interactions, which are affected 

by factors like polymer chemistry and molar mass, polymer architecture, solvent selection, solvent 

temperature, and additives.213 While this variety poses a challenge of considerable magnitude, 

understanding how chains behave in solution is especially important in the polymer field, as they 

are generally synthesized under such conditions. With OSRM techniques, studies on 

supramolecular polymer dynamics in aqueous conditions and polymer mobility were able to 

advance the field with discoveries that were only possible with optical imaging and 

characterization. 

Albertazzi et al. were the first to use OSRM to investigate the dynamic behavior of 

supramolecular fibers during the monomer exchange process.200 The co-assembled products of 

1,3,5-benzenetricarboxamide (BTA) with BTA-Cy3 (excitation at 561 nm) or BTA with BTA-

Cy5 (excitation at 647 nm) were mixed in aqueous solution to allow monomer exchange. 

Migrations of the monomers were captured via two-color STORM (Figure 2.14). Surprisingly, 

results showed homogeneous exchange rather than the assumed fragmentation–fusion and 

polymerization–depolymerization mechanisms suggested by models, which had served as 

common explanations for monomer exchange before the advent of OSRM. Follow-up studies on 
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the impact of supramolecular polymer dynamics under different hydrophobicity or chirality201 and 

in the presence of functional groups199 were also explored using two-color STORM. 

 

 
Figure 2.14. STORM images of Cy3- and Cy5-labeled BTA fibers at different mixing time points. 

Scale bars, 1 μm.200 Copyright 2014. Adapted with permission from the American Association for 

the Advancement of Science. 

 

Other than research on supramolecular polymers, OSRM was also applied in studies of 

smaller polymer behavior under aqueous conditions. For instance, King et al. combined STED 

with FCS to study polymer mobility in solution.153 STED-FCS allowed better understanding of 
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concentration fluctuations near the polymer overlap concentration (𝑐∗), as expressed by the 

cooperative diffusion coefficient, 𝐷𝑐𝑜𝑜𝑝. Results showed negative correlations between 𝐷𝑐𝑜𝑜𝑝 and 

beam spot size (𝑑𝑥𝑦) for solutions near 𝑐∗, owing to the discrimination of local segmental 

dynamics capable only when dxy appeared smaller than the blob size. Otherwise, erroneously 

small 𝐷𝑐𝑜𝑜𝑝 values were measured, limiting analysis of 𝐷𝑐𝑜𝑜𝑝 behavior near 𝑐∗. 

With the help of OSRM, researchers were thus able to discover and study behaviors of 

polymers in solutions that were significantly hindered when limited to conventional 

characterization tools. OSRM thus allows greater comprehension of polymer basics and also 

enables more accurate selections of materials combinations in application-based material design. 

Studies on phase behaviors and thermodynamics of polymer–solvent systems appear to be viable 

future topics in which OSRM techniques may be used to advance our current understanding. 

 

4.3. Polymer Behavior in Bulk 

Uncovering the manner(s) in which polymers behave in bulk is an important field of 

research, as the actions of a single polymer chain and distributions of polymer domains are critical 

to determine their properties in specific applications. Conventional imaging techniques in studying 

those topics hold various limitations that have presented obstacles to researchers: inability to 

gather in situ results, sample damage to obtain in-depth images, and limitation to only 2D 

projections of surfaces, to name only a few. OSRM techniques are therefore poised to expedite 

breakthroughs in polymer science, for they enable noninvasive, in situ, real-time studies and 

provide spatial heterogeneity information with the options of 3D image reconstruction and 

multicolor imaging to simultaneously interrogate the structure and dynamics of multiple 

components. 



68 
 

In early 2012, Aoki et al. published work on visualizing a single poly(butyl methacrylate) 

(PBMA) chain via PALM.16 Not only was 15 nm spatial resolution reached in the 2D view, but 

images showing the 3D distribution of the chain contour within a 210 nm–thick film were also 

captured (Figure 2.15). The same group later demonstrated in ultrathin films how individual 

PMMA chains’ end-to-end distances may be accurately measured using super-resolution 

fluorescence microscopy.216 Results helped prove the similarity in lateral chain dimension in both 

the film plane and the bulk. 

 

 
Figure 2.15. PALM images of single PBMA chains in a 210 nm–thick film from three sets of 

spatial planes: xy (a), yz (b), and xz (c). Size of the field of view is 1250 × 1250 × 600 nm3.16 

Copyright 2012. Reproduced with permission from The Royal Society of Chemistry. 
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Studying how a single polymer chain behaves in bulk helps determine possible applications 

of the polymer, while the ability to control its 3D behavior facilitates fabrication of polymer chain 

structure for desired purposes. Taking advantage of DNA origami, Knudsen et al. were able to 

guide the structure of a single-strand DNA–containing conjugated polymer, which was proven 

successful with the aid of an OSRM technique: 3D DNA-PAINT.89 The single-stranded DNA 

extending from the backbone of the conjugated (2,5-dialkoxy)paraphenylene vinylene brush 

polymer immobilized the chain to prepatterned DNA origami configurations, generating designs 

like a single linear shape, a 90° curve, a U-shaped pattern, and even a 3D helical shape. The all-

direction view obtained with 3D DNA-PAINT enabled visual reconstruction of the helical 

structure (Figure 2.16). Confirming success of programming individual synthetic polymer chains 

into desired 3D nanostructures provides feedback loops for improved synthetic approaches and 

may open up more diverse applications based on the control of conformations of single chains. 

Studies of mesostructures in bulk polymers are also well aided by OSRM techniques. As 

already discussed, Ullal et al. were the first to present work on mapping block copolymer (BCP) 

domains with isoSTED in 2009, hence introducing OSRM to the field of polymer science.13 The 

team used isoSTED to image one domain of the di-BCP polystyrene-block-poly(2-vinylpyridine) 

(PS-b-P2VP) by staining P2VP with a fluorescent dye. They also reconstructed a swelling-induced 

3D mesoporous morphology within the bulk of the sample (Figure 2.17). The same group then 

used this technique to conduct research on a PS-b-PMMA system for further exploration of the 

staining method they developed.87 Rather than taking advantage of dye solubility or phase 

separation to stain samples with dyes, the second set of work proposed thiol–ene and alkyne–azide 

click chemistries as alternative ways to more precisely stain the flexible microdomains. A number 

of studies looking at polymer mesostructures were then carried out with (iso)STED152,154 and also 
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with other OSRM techniques, including RESOLFT,46 STORM,148 and PALM.141,142 Additionally, 

besides the studies relying on extrinsic labeling, there has been pioneering research using intrinsic 

stochastic fluorescence emission or blinking of unstained polymers to avoid possible polymer/dye 

interaction–induced changes in polymer behavior when imaging with OSRM.17 

 

 
Figure 2.16. 3D DNA-PAINT imaging of a single-strand DNA–containing conjugated polymer. 

(a) Schematic illustration of immobilized polymer. (b) Representative 3D DNA-PAINT image. (c) 

xy-plane view of averaged DNA-PAINT image with scale bar at 50 nm. (d) Representative DNA-

PAINT images of xz-, yz-, and xy-plane views (left to right).89 Copyright 2015. Adapted with 

permission from Springer Nature. 
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Figure 2.17. isoSTED imaging and 3D reconstruction of PS-b-P2VP. (a) isoSTED image from the 

xy-plane view. (b) isoSTED images of two areas from the xz-plane view. (c) 3D reconstruction 

showing different structures formed by P2VP domains in swelling-induced mesoporous structures. 

Scale bars are at 500 nm.13 Copyright 2009. Adapted with permission from the American Chemical 

Society. 

 

As previously mentioned, OSRM techniques enable in situ or real-time sample 

observations and are therefore of considerable interest when studying self-assembly. Ranging from 

BCP cylindrical micelle to polymer blend formation, real-time self-assembly investigations have 

recently been performed via techniques like STORM,50,217 single or dual-color SMLM,7,193 and 
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PALM.150 In one such instance, in situ optical images of the solvent annealing process of 

polystyrene-block-poly(ethylene oxide) (PS-b-PEO) cylindrical micelles with SMLM by Gong et 

al. helped understand polymer dynamics at different time frames (Figure 2.18).193 Improving 

staining methods has also been a popular topic, which has led to research on labels such as 

polymerizable fluorophores150 and functionalized silica NPs.50 The former allowed direct 

copolymerization of the fluorophores with polymers, while the latter were able to enhance 

brightness to the degree of outperforming conventional fluorophores. Both applied the use of 

OSRM in polymer studies and, in doing so, opened up possibilities for investigating soft matter 

using these advantageous optical tools. 

 

 
Figure 2.18. In situ time-lapsed fluorescence (a), SMLM (b), and zoomed-in SMLM (c) images 

displaying solvent annealing process of BCP micelles.193 Copyright 2016. Adapted with 

permission from the Royal Society of Chemistry. 

 

Understanding polymer bulk behavior is indeed one of the most common applications of 

OSRM to polymer science to date. The capabilities to either visualize single polymer chains in the 

bulk or control their 3D structure formation are difficult to achieve with conventional techniques 
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but have been successfully accomplished with OSRM. The in situ and real-time self-assembly 

studies discussed above underline the potential of applications of OSRM techniques to polymer 

science and also point to future research directions. For example, in further bulk polymer studies, 

staining/labeling individual components with differently “colored” probes may enable multicolor 

OSRM to visualize the role of each component in multicomponent self-assembly. 

 

4.4. Polymer Crystallization 

Polymer crystallization—strongly influenced by parameters like polymer structure, 

temperature, pressure, or solvent—is of fundamental importance in polymer science, as it affects 

the density, mechanical behavior, and optical properties of polymers.213 Commodity polymers like 

polyethylene (PE) and polypropylene (PP), which comprise over 90% of the polymer market, are 

semicrystalline polymers. Crystallization of semicrystalline polymers can also play an important 

role in self-assembly, where it may serve as a driving force.7,9 

Boott et al. used two-color SMLM and STED to visualize living crystallization–driven 

self-assembly of a BCP system7 and study its growth kinetics.9 By adding the dissolved BCP to 

crystallite seed–containing solutions, the poly(ferrocenyldimethylsilane-block-dimethylsiloxane) 

(PFS-b-PDMS) system was able to form crystalline PFS cores that could produce low-dispersity 

micelles. They were able to record how the BCP self-assembled with two-color SMLM (Figure 

2.19a) and concluded that growth started from the middle crystallite seed to both termini of the 

micelles and at similar rates on either side. Effects on growth rates by varying conditions were 

later validated by comparing the STED images (Figure 2.19c) to those obtained using TEM. 

Results showed that poorer solvents—which help crystallize the PFS block—increased micelle 

growth rate, while a lower degree of polymerization of the PFS core decreased the growth rate. 
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Figure 2.19. OSRM images of BCP micelle living crystallization–driven self-assembly. (a) Two-

color SMLM images of block co-micelle with scale bars at 2 μm. (b) Schematic representation of 

the triblock micelle.7 Copyright 2015. Adapted with permission from John Wiley & Sons, Inc. (c) 

Time-lapsed STED images of BCP micelle self-assembly with scale bars at 4.8 μm.9 Copyright 

2018. Adapted with permission from the American Chemical Society. 

 

OSRM techniques are suitable for studying crystallization processes, as exemplified by the 

living crystallization–driven self-assembly just described. Again, one of the strengths of these 

techniques further exemplified in this study is the observation of multiple components 

simultaneously, which directly visualizes e.g. their spatial proximity and therefore their exact role 

in the assembly process. Despite this beautiful example for the application of OSRM techniques 

in the study of crystallization processes, much remains to be done in this area. For instance, since 

OSRM can provide information on single polymer chain behavior,16,216 scientists may use clever 

labeling approaches in combination with these techniques to visualize the incorporation of 

individual chains into the crystal for crystallizations under different environmental conditions 

(e.g., temperature, pressure, or solvent). 
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4.5. Polymer Behavior in Gels 

Polymer gel behavior is another interesting realm of study in polymer science, one for 

which OSRM techniques may provide new insights into old and new scientific and application-

driven problems. Since polymer gels typically have heterogeneous structures and complex 

morphologies, their behaviors and properties are frequently difficult to understand. Polymer gels 

have often been used in everyday life or deemed as likely candidates for several health-related 

applications, such as drug delivery, tissue engineering, and water purification.218 As OSRM 

becomes more popular among polymer scientists, we expect that these techniques will be exploited 

more frequently to solve critical problems in polymer gels, paying particular attention to 

understanding crosslinking networks, internal morphology for core–shell structures, and the 

relationship between rheological behavior and nanostructure. 

As crosslinking networks of polymers directly affect viscoelastic properties, studies on 

relationships between crosslinker distribution and mechanical properties are important for 

determining potential applications. Bergmann et al. reported on optical characterization of the 

network morphology for PNIPAM microgels with dSTORM in early 2018.116 The authors studied 

the positive correlations between the degree of localizations and the amount of crosslinkers used. 

Later that year, two studies published merely a month apart both showed methods to map 

crosslinking density in PNIPAM colloidal gel particles. Siemes et al. used specified diarylethene 

photoswitches as crosslinkers to visualize 3D crosslinking density of PNIPAM microgels with 

PALM (Figure 2.20a).49 Karanastasis et al. published work on mapping crosslink heterogeneities 

using their home-built whole-cell 4Pi single-molecule switching nanoscopy (W-4PiSMSN), a 

recently developed OSRM technique that incorporates the benefits of diffraction-limited 4Pi 
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imaging (Figure 2.20b).10 By tagging the hydrophilic crosslinkers with dyes, they mapped 3D 

localization density profiles for both PNIPAM microgels and bulk hydrogel films.  

Both studies revealed crosslinking heterogeneities in microgels, which showed increasing 

density of crosslinkers when approaching the centers. Following these early examples constructing 

individual microgel crosslinking density profiles, Karanastasis et al. performed studies to identify 

and mitigate possible errors.149 They used dSTORM for measurements and a Bayesian regression 

approach for analysis to eliminate errors from lack of dye–crosslinker coincidence and from over- 

or under-counting of dye molecules. 

 

 
Figure 2.20. 3D microgel crosslinker position profiles. (a) 3D crosslinker distribution profiles of 

an individual swollen microgel.49 Copyright 2018. Reproduced with permission from John Wiley 

& Sons, Inc. (b) Isometric representation of crosslinker localization, showing both crosslink 

homogeneity (temperature of preparation at 20 °C) and crosslink heterogeneity (temperature of 

preparation at 24 °C).10 Copyright 2018. Adapted with permission from the Royal Society of 

Chemistry. 

 

Core–shell systems represent a group of important but difficult-to-profile polymer gels due 

to their structural complexity. While structural images of PNIPAM microgels with harder PS cores 

may be captured by cryo-TEM, Gelissen et al. were able to visualize 3D structures of PNIPAM 

core–PNIPMAM shell microgels with dSTORM (Figure 2.21b–d).88 The authors labeled the 

microgels in three ways with blinking fluorophores: core and shell, core only, and shell only 

(Figure 2.21a). They obtained information on both the core size and the overall particle size from 
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dSTORM images of core-labeled microgels (Figure 2.21c), as small amounts of dyes localized in 

the shell due to unspecified physisorption. However, it was the relative localization density profile 

of the shell-labeled microgels that gave the most precise information on the gel structures (Figure 

2.21g). Later work on visualizing internal morphology of microgels proposed methods using freely 

diffusing fluorescent dyes to avoid chemical labeling that may perturb network structures.203 For 

instance, Otto et al. were able to plot both 2D and 3D localization density profiles with data 

acquired via dSTORM. 

 

 
Figure 2.21. Structural analysis of core–shell microgels using dSTORM with three types of core–

shell microgel labeling approaches (a). (b–d) dSTORM images of core–shell microgel with scale 

bars at 500 nm. (e–g) Relative labeling density, 𝜌3𝐷, as a function of 𝑟/𝑅, where 𝑟 is the core 

radius and 𝑅 is the particle radius. (b,e) Core and shell labeling. (c,f) Core labeling. (d,g) Shell 

labeling.88 Copyright 2016. Adapted with permission American Chemical Society. 
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The rheological behavior of gels is another field of interest for elucidating the complexity 

of gel morphologies. Changes to flow in different microgel structures of PNIPAM were studied 

by Conley et al.202 They analyzed the relationship between elasticity and friction with packing 

fraction by comparing experimental data with OSRM images. They applied two-color dSTORM 

by chemically labeling microgels with two types of dyes to provide clear visuals on the degree of 

packing fraction (Figure 2.22b). Via cross-referencing rheological data with packing fraction 

information extracted from dSTORM images, it was determined that the outer shells governed 

elasticity at lower packing fractions (Figure 2.22c) and that the polymer brush–like corona of the 

cores reduced friction (Figure 2.22d). 

 

 
Figure 2.22. Structural impacts on microgel rheology. (a) Schematic structural illustration of 

microgel pairs of different effective packing fraction, 𝜁. (b) Two-color dSTORM images of 

microgels with scale bar at 500 nm. (c) Elastic shear modulus, 𝐺’, as a function of 𝜁, showing 

domination of outer shell brushes at low packing fraction. (d) Loss shear modulus, 𝐺”(𝜔), as a 

function of frequency, 𝜔, showing lubrication from core coronas.202 Copyright 2019. Adapted with 

permission from Springer Nature. 
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Due to the structural complexity of gels, they often exhibit sophisticated behaviors and 

properties. With the application of OSRM, polymer scientists are now able to study and unravel 

these structural complexities, e.g. via quantitatively mapping parameters like crosslinking density, 

thereby providing new insights into persistent problems of understanding gel behavior. Currently, 

the majority of existing studies on polymer gels with OSRM are mostly limited to microgels, 

specifically using PNIPAM. We anticipate that future studies will further expand the usage of 

OSRM to other polymer microgel systems and also to bulk polymer gels. In hydrogels, in 

particular, this adaptation may be facilitated by the fact that labeling and imaging methods well 

established for aqueous media of biological systems may be transferred in a straightforward 

manner. 

 

4.6. Phase Transition of Polymers 

Generally, the study of polymer phase transitions is an important field of polymer 

physics.219 This includes phase transitions of polymers in solution, e.g. driven by polymer 

concentration, or of polymers in the bulk, e.g. driven by temperature. The understanding of 

polymer phase transitions is of immense academic as well as technological interest, as they 

determine e.g. rheological properties important for polymer processing or mechanical properties 

for specific application areas of polymers. 

One area where OSRM techniques have already been successfully applied to the study of 

polymer phase transitions is that of gel volume phase transitions.220 These transitions may be 

triggered by introducing or altering e.g. solvent, temperature, salt concentration, pH, light 

irradiation, or electric fields, and they can lead to substantial changes of the gel volume over 

incremental changes of these driving parameters. Since the extrema of volume phase transitions 
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are deemed as shrunken or swollen, a direct way to study them is through measuring the swelling 

or deswelling of gels. In 2016, Conley et al. published a study on PNIPAM microgel volume phase 

transitions using dSTORM to generate both 2D and 3D images (Figure 2.23).11 By adding an 

increasing amount of methanol, they captured the deswelling process of the microgels and plotted 

density profiles for each measured concentration. 

 

 
Figure 2.23. dSTORM images of PNIPAM microgels. (a) OSRM images displaying microgel 

deswelling upon methanol addition. (b) 3D images of swollen microgels before methanol addition. 

Grid size is at 300 nm, and scale bar is at 600 nm.11 Copyright 2016. Adapted with permission 

from Elsevier Science Ltd. 
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Purohit et al. elucidated temperature-driven volume phase transitions. They studied 

internal structural changes of microgels with increasing temperature, revealing how microgels 

deswell upon reaching and exceeding the volume phase transition temperature.19 They synthesized 

microgels with PNIPAM cores and PNIPMAM shells, which respectively have transition 

temperatures of 32 °C and 42 °C, and labeled them with Nile Red. The difference in volume phase 

transition temperatures allowed the team to study the process from the fully swollen state (below 

32 °C) to the fully shrunken state (above 42 °C) using PAINT, plotting both localization density 

profiles (Figure 2.24a) and solvatochromic value profiles (Figure 2.24b). While the former gave 

information about the internal structure of the microgels, the latter provided polarity of the local 

surroundings inside the microgels. These PAINT data provided insights into the microstructure 

and environmental conditions down to the nanometer scale, which conventional polymer imaging 

techniques were unable to obtain. 

 

 
Figure 2.24. Structural profiles as revealed by PAINT of microgels undergoing volume phase 

transitions with increasing temperature. (a) Localization density profiles of a core–shell microgel 

for various temperatures. (b) Solvatochromic value profiles showing polarity changes within the 

microgel at different temperatures.19 Copyright 2019. Adapted with permission from the Royal 

Society of Chemistry. 
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These in situ studies of polymer gel volume phase transitions on individual particles nicely 

illustrate the capabilities of OSRM to provide new insights and therefore a better understanding of 

how microgels undergo such processes. Considering the importance of phase transitions in 

polymer science (vide supra), these results provide but a glimpse at what is to come from the 

application of these advanced optical techniques to their study. For example, there exists plenty of 

work using single-molecule tracking to describe the glass transition and others.221–225 It is likely 

that improvements on spatial resolution and other limitations associated with single-particle 

tracking using OSRM will help scientists achieve more a detailed understanding of this important 

class of phenomena in polymer science. 

 

5. Conclusions and Outlook 

In contrast to the successful application of OSRM techniques in biological research, their 

adoption in polymer science has been much slower. Initial promising results from polymer studies 

in the early 2000s have suggested excellent potential for the application of these concepts and 

techniques.13,192 Traversing the boundary of OSRM usage between biology and polymer science 

will require, however, that a wider set of fluorescent probes be developed and investigated and 

that current OSRM techniques be further adapted for use in polymer studies. If this can be 

successfully accomplished, then we predict that the potential benefits to polymer science will be 

immense. 

Since most OSRM techniques were invented to specifically suit biological research, many 

are currently applied only in cell biology. Despite their original purpose, possibilities remain for 

such tools to be implemented in polymer studies. Other than STORM and PALM, derived and 

advanced forms of SMLM like GSDIM, BALM, gSHRImP, and FIONA are possible candidates 
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to be explored. They bring advantages like reductions in switching cycles, eliminating the need for 

blinking emitters, allowing replacement of photobleached fluorophores, and improvements in 

achievable spatial and temporal resolutions.73,103–106 These features could all benefit polymer 

studies that either require faster frame acquisition times or need more compatible probes that do 

not interfere with polymer behavior. Other newly developed OSRM techniques, such as ExM and 

MINFLUX, that have proven useful in biological research might also provide new insights to the 

study of polymers. 

Probes for OSRM range in scope and composition, from small photoswitching molecules 

to intrinsically fluorescent QDs. As the vast majority of optical polymer studies to date have used 

conventional organic dyes, there is significant room for growth in this area. Owing to their size, 

small molecules reduce the potential for interactions that perturb polymer behavior, but their 

photophysical properties are often insufficient to enable the application of OSRM methods. QDs, 

which greatly exceed dye fluorescence performance but whose applications in biomedicine are 

limited due to toxicity,178 may find regular use once introduced to polymer OSRM. Novel dye-

encapsulating silica NPs induce blinking without the need for thiol-containing imaging 

cocktails.50,115 Organic NPs present an especially unique opportunity for OSRM in polymer 

science. Polymeric particles have been widely used as emitters in biological studies with 

OSRM,155 but their application to soft matter has been minimal. Between developing new 

fluorophores (and/or their hosts) and exploring those traditionally used in biology, there exists an 

incredible parameter space and myriad opportunities to explore advanced probes for OSRM in 

polymers. 

In the case of broadening OSRM techniques for polymer studies, combining conventional 

methods with OSRM appears promising. To improve current OSRM tools, one common 
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combination is TIRF microscopy with OSRM to allow both higher SNR and high-contrast 

images.226,227 As for widening the scope of these methods, other than the previously mentioned 

hybrids with DNA origami or FCS, there remain many possible combinations. The idea of 

combining single-particle tracking with OSRM is plausible and useful, as single-molecule 

tracking221–225 is popular for studying polymer dynamics, including polymer diffusion and polymer 

behavior around the glass transition. It may also be helpful in understanding the phase behavior 

and thermodynamics of polymer–solvent systems. Combinations of electron microscopy or AFM 

with OSRM should be particularly important for imaging polymer nanofibers due to their ability 

to provide correlative nanoscale imaging of various one-dimensional (1D) inorganic 

materials.228,229 Adding Raman scattering to OSRM, such as SIM, is also a powerful way to obtain 

highly resolved images of samples at specific Raman peak shifts.230 

Besides combinations of OSRM with conventional methods, OSRM techniques may be 

applied to polymer studies in manners completely different from their original scope. Polymer 

scientists may be able to visualize and record polymerization reactions in the near future, building 

on the success in visualizing supramolecular copolymerization. Multicolor OSRM may be used 

for purposes other than visualizing monomers and polymer NPs embedded in polymers.154 By 

staining chains with multiple dyes, interactions among different chains could be optically 

visualized with fluorophores emitting at different wavelengths, enabling the study of e.g. polymer 

chain entanglements.  

Previous research on observing the tube-like motion of DNA strands in entangled 

solution—though not yet done with OSRM—might also serve as inspiration for visualizing 

polymer entanglements.231 Related areas of potential future exploration are studies using OSRM 

of fluorophore-functionalized polymer chains at liquid–gas, liquid–liquid, and liquid–solid 
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interfaces.232,233 Such research may provide intriguing opportunities to study conformational 

behavior and interfacial dynamics at single-chain resolution in ways not possible with other 

techniques. Furthermore, current bulk polymer self-assembly studies using OSRM are of either di-

BCPs or ABA tri-BCPs. In situ real time studies of multi-BCP self-assembly, such as that of ABC 

tri-BCPs, may also be possible. The ability to capture images of individual polymer chains may 

reveal hitherto unknown details in the crystallization of polymers, or it could allow scientists to 

further investigate how such crystallization processes drive other self-assemblies in more complex 

multicomponent structures. 

Overall, OSRM has already provided significant new insights into polymer behavior 

despite being a relatively new tool in polymer science. This novel set of techniques unveils 

information that has been either elusive or impossible to achieve with conventional imaging 

techniques. It thus allows deeper understanding of order, structure, and dynamics of polymers, 

ultimately leading to new insights into how macromolecular design relates to desired polymer 

properties. Fluorescence microscopy is poised to also serve as an excellent complementary tool to 

existing polymer nanocharacterization techniques, like AFM or TEM.234 With rapid advances in 

the development of techniques and probes, it is doubtless that OSRM has a promising future in the 

field of polymer science. 
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CHAPTER 3 

 

QUANTITATIVE COMPARISON OF DYE AND ULTRASMALL FLUORESCENT SILICA 

CORE–SHELL NANOPARTICLE PROBES FOR OPTICAL SUPER-RESOLUTION 

IMAGING OF MODEL BLOCK COPOLYMER THIN FILM SURFACES  

 

Abstract 

In recent years, high-resolution optical imaging in the far field has provided opportunities 

for alternative approaches to nanocharacterization traditionally dominated by electron and 

scanning probe microscopies. Here, we report the optical super-resolution imaging of model block 

copolymer (BCP) thin film surface nanostructures through stochastic optical reconstruction 

microscopy (STORM). We compare a set of surface-functionalized fluorescent core–shell silica 

nanoparticles encapsulating two different organic dyes, Cy3 and Cy5, with the corresponding free 

dyes in STORM. Using various click-type chemistries, these probes are covalently attached to the 

surface of specific blocks of BCP thin films, enabling selective block labeling and optical 

visualization. We demonstrate that the enhanced brightness of these particle probes offers distinct 

advantages over conventional dye labeling, outperforming one of the best STORM dyes available 

(Cy5). 

 

 

 

 

 

This chapter has been reproduced with permission from the following: Joshua A. Hinckley,* Dana V. Chapman,* 

Konrad R. Hedderick, Katharine W. Oleske, Lara A. Estroff, and Ulrich B. Wiesner (ACS Macro Lett. 2019, 8 (10), 

1378–1382). Copyright 2019 American Chemical Society.  
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Introduction 

Since its development two decades ago, optical super-resolution microscopy (SRM) has 

become a powerful tool for visualization below the diffraction limit of light (∼200 nm).1–3 This 

method for nondestructive imaging in the far field is justifiably of immense importance and in 

broad use throughout the biological research community.3,4 While the associated 

techniques5–8 have been rapidly adapted in bioimaging, their widespread application to materials 

science has been slower. Examples for the translation of optical SRM to imaging of nanostructured 

materials9 include metal nanoparticles,10,11 catalytic devices,12 self-assembly,13–15 and 

mobility16 in soft matter.17–19 Resolution and stability advances in nanoprobes will aid the 

translation of optical SRM to materials, fortifying the capabilities of these imaging methods in 

providing complementary structural information (e.g., three-dimensional/3D imaging or 

multiplexing) to scanning probe and electron microscopy data.9,19 

In materials science, block copolymers (BCPs) have quickly emerged as the model system 

of choice for optical SRM investigations.20–23 With their tunable properties, fascinating 

morphologies, and diffraction-limited feature sizes (tens of nanometers),24,25 BCPs serve as ideal 

candidates for optical SRM. In conjunction with complementary characterization 

techniques9,19 optical SRM allows for the substantiable evaluation of BCP nanostructure with 

minimally tedious or invasive sample preparation. BCP thin films, whose morphologies and 

properties often differ from bulk materials of the same composition, uniquely enable surface 

attachment26 of fluorescent probes for super-resolution. The 3D nature of BCP film nanostructure 

has also allowed for subsurface probing with optical SRM.20,23 Thus far, these and similar studies 

have primarily relied on covalent dye incorporation and attachment13–15,17–19 or intrinsic polymer 

luminescence27 for optical imaging. 
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An alternative to free-dye labeling for optical SRM is the use of ultrasmall fluorescent 

core–shell silica nanoparticles (SNPs) with hydrodynamic diameters below 10 nm that encapsulate 

and enhance the properties of fluorescent dyes.28–30 Here, we show that, like dyes, such 

functionalized SNPs can be selectively attached to reactive BCP film surfaces with straightforward 

chemistries, including robust “click” reactions.26,31–35 For such systems, we use total internal 

reflection fluorescence microscopy (TIRFM)36 and stochastic optical reconstruction microscopy 

(STORM)8 to reveal details of the BCP surface morphology. Our ultrasmall, multifunctional, 

fluorescent dye–encapsulating SNP probes, hereafter referred to as super-resolution Cornell dots 

or simply srC’ dots,28 enhance dye brightness and the signal-to-noise ratio (SNR), thereby 

improving resolution relative to the free dye in STORM.17,19 We establish that multiple types of 

click chemistry work for the attachment of different dye-encapsulating probes to film surfaces. 

This provides a versatile toolbox for orthogonal probe attachment, enabling facile and high-quality 

SRM. To that end, we quantitatively compare free dyes with the corresponding fluorescent srC’ 

dot probes with respect to photon budget, localization uncertainty, and relative spatial resolution 

using BCP surfaces as a model system. We show that srC’ dots systematically outperform 

corresponding free dyes in all of these categories. 

 

Experimental Section 

Films were prepared from benzene and surface-functionalized using surface templating on 

assembled mesostructured polymers (STAMP, Scheme 3.1).26,31 Two polystyrene-block-

poly[(allyl glycidyl ether)-co-(ethylene oxide)] (PS-b-P(AGE-co-EO)) BCPs were synthesized via 

anionic polymerization as previously reported, with molar masses of 28.5 kg/mol for BCP1 and 

75.6 kg/mol for BCP2.26,31 Following preparation, atomic force microscopy (AFM) on self-
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assembled thin film surfaces (Figure 3.1i,j) showed lying-down cylinders with interspersed 

hexagonally packed standing-up cylinders for both BCPs. The cylinders comprising the minority 

phase (P(AGE-co-EO)) with pendent alkenes onto which click chemistries may be performed are 

embedded in a hydrophobic PS matrix, which does not participate in the surface reactions. When 

imaged with TIRFM and, subsequently, STORM, the lying-down and standing-up cylinders 

should appear bright from selectively attached fluorescent nanoprobes, whereas the matrix will 

appear black from the absence of attached emitters. 

 

 

 
 

Scheme 3.1. Nanoprobe conjugation to BCP thin film surfaces using different click chemistries. 

 

Surface-functionalized and Cy3 dye (548/563 nm abs./em. maxima)– or Cy5 dye (646/662 

nm)–encapsulating srC’ dots with hydrodynamic sizes of about 6 nm were synthesized using 

methods described in detail elsewhere (see Appendix A and Figures S3.1–S3.3).26,28 Scheme 
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3.1 shows the different click-type conjugation chemistries (top) employed (see Appendix A) to 

immobilize Cy3(+)-srC’ dots on nanostructured BCP thin film surfaces (bottom); for the free dyes 

(sulfo-Cy3(−) or sulfo-Cy5(−)) and Cy5(+)-srC’ dots, only Chem2-STAMP results are reported 

and comparatively analyzed herein. The P(AGE-co-EO) block carries reactive double bonds in the 

form of terminal allyl groups, which using thiol–ene click chemistry can be either directly 

conjugated to thiol-functionalized Cy3(+)-srC’ dots (Chem1-STAMP), as previously described for 

regular C’ dots,26 or post-assembly end-functionalized with amine or azide groups to undergo 

further click reactions with N-hydroxysuccinimide (NHS) ester– or dibenzocyclooctyne (DBCO)–

functionalized srC’ dots (Chem2-STAMP and Chem3-STAMP, respectively). 

 

Results & Discussion 

To illustrate differences between the photonic behavior of free and encapsulated organic 

dyes (Figure 3.1a–h), photon counting histograms were extracted from TIRFM (Figure S3.4) time 

traces of BCP surfaces functionalized with free dye (Chem2-STAMP, sulfo-Cy3(−) on BCP1 or 

sulfo-Cy5(−) on BCP2) versus dye-encapsulating srC’ dots (Chem2-STAMP, Cy3(+)-srC’ dots on 

BCP1 or Cy5(+)-srC’ dots on BCP2) using a custom MATLAB code.28 In the resulting histograms, 

Cy3(+)-srC’ dots/Cy5(+)-srC’ dots have a ∼3.1/1.4-fold increased photon budget over the sulfo-

Cy3(−)/sulfo-Cy5(−) dye; that is, both dots outperform their parent free dyes. While, as 

anticipated, the sulfo-Cy5(−) dye photon budget surpasses that of the sulfo-Cy3(−) dye, the 

Cy3(+)-srC’ dot bests its Cy5(+)-srC’ dot counterpart and is still a factor ∼2.2 better than free 

sulfo-Cy5(−) dye. Results suggest that srC’ dots can catapult dye performance beyond limitations 

of pre-established trends for free dyes. While BCP nanostructures do not appear visible in regular 

TIRFM (not shown), after TIRFM images are subjected to STORM reconstruction, the resulting 
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super-resolution images (Figure 3.1e–h) show nanostructural features similar to those in AFM 

phase images of BCP1 and BCP2 film surfaces (Figure 3.1i,j). Consistent with expectation, 

fluorescently labeled lying-down and standing-up cylinders appear bright in the reconstructions 

against a (black) backdrop of the unfunctionalized PS matrix. 

 

 
Figure 3.1. Photon histograms for (a) sulfo-Cy3(−) dye and (b) Cy3(+)-srC’ dots, both conjugated 

to BCP1, and (c) sulfo-Cy5(−) dye and (d) Cy5(+)-srC’ dots, both conjugated to BCP2 thin film 

surfaces, all using Chem2-STAMP and with mean photon counts from TIRFM. Corresponding 

STORM images representative of (e) sulfo-Cy3(−) dye, (f) Cy3(+)-srC’ dots, (g) sulfo-Cy5(−) 

dye, and (h) Cy5(+)-srC’ dots on the same thin film surfaces, as in (a–d). AFM phase images of 

BCP1 (i) and BCP2 (j) films. 

 

Ideally, chemistries for fluorescent nanoprobe conjugation to the BCP1 thin film surface 

would conveniently provide an appropriate number of localizations to enable optical far-field 
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imaging of the nanostructure. Of the three click reactions tested with Cy3(+)-srC’ dots (Figure 

3.2b–d), Chem1- and Chem2-STAMP yielded comparable numbers of localizations per unit area 

(285 and 354 localizations/μm2, respectively), while Chem3-STAMP provided the most (550 

localizations/μm2), translating to increased average numbers of localizations per pixel. This 

difference could be attributed to increased reactivity of the DBCO–azide chemistry (Chem3-

STAMP) relative to the other click reactions. Behavior of immobilized sulfo-Cy3(−) free dye was 

closest to Cy3(+)-srC’ dot with Chem2-STAMP (compare Figure 3.2a,c). For those two cases, 

however, the increased Cy3(+)-srC’ dot photon budget translates to a decrease in localization 

uncertainty, 𝜎, from 15.8 ± 4.4 nm for sulfo-Cy3(−) dye to 6.8 ± 2.0 nm for Cy3(+)-srC’ dots 

(Figure 3.2e).8,17 

 

 
 

Figure 3.2. Reconstructed STORM BCP1 images for (a) Chem2-STAMP with sulfo-Cy3(−) dye 

(533 localizations/μm2), (b) Chem1-STAMP with Cy3(+)-srC’ dots (285 localizations/μm2), (c) 

Chem2-STAMP with Cy3(+)-srC’ dots (354 localizations/μm2), and (d) Chem3-STAMP with 

Cy3(+)-srC’ dots (550 localizations/μm2) with the indicated color calibration bar showing the 

approximate number of localizations (LOC) per pixel. The specific BCP surface attachment 

 

Based on the optical images, we compared BCP1 surface domain spacings for free dye and 

the three STAMP chemistries with those of the parent BCP1, as obtained from AFM 

(see Appendix A and Figure S3.5). STORM and AFM domain spacings were obtained using 

average values from line profile analyses over numerous regions of parallel hydrophilic domains 
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(see Figure S3.5 for calculation demonstration). As summarized in Table 3.1, within the error of 

the analyses, all Cy3(+)-srC’ dot probe chemistries resulted in optics-derived domain spacings 

consistent with AFM image analysis for the tips used.37 This result suggests that our particle 

surface conjugation approach is successful across all three conjugation chemistries tested. While 

each reaction set can attach the free dye or srC’ dots selectively to the minority P(AGE-co-EO) 

block, Chem1-STAMP offers the advantage of a relatively short total reaction time, whereas 

Chem2- and Chem3-STAMP provide robust ways of improving reaction yields, as observed via 

increased localization densities. Comparing BCP1 spacings when moving from dry- to liquid-state 

AFM reveals an increase in domain spacing by ~2 nm (see Figure S3.6). This observation suggests 

that at least part of the systemic difference in domain spacings measured by the optical image 

analysis relative to dry AFM results may be due to BCP thin film swelling during reactions and 

upon optical image acquisition in DI water (see Appendix A). 

 

Table 3.1. BCP1 Domain Spacing Comparison 

 

 

While resolution in localization-based SRM methods, such as STORM, depends on the 

structures of interest and is heavily debated, a generalized comparison can be made using both the 

labeling density (𝜌) and localization uncertainty (𝜎) in the expression38 𝜌𝜎2 =  𝑒/6𝜋 (where 𝑒 is 

the base of the natural logarithm), which represents the threshold below which resolution is 

density-limited and above which resolution is uncertainty-limited. Our calculations suggest that 

the resolution associated with each srC’ dot chemistry is only limited by localization density (i.e., 

Method Sample Spacing (nm) 

dry AFM BCP1 (unfunctionalized) 29.1 ± 1.2 

STORM 

Chem2-STAMP (sulfo-Cy3(−) dye) 41.6 ± 3.0 

Chem1-STAMP (Cy3(+)-srC’ dots) 33.9 ± 7.8 

Chem2-STAMP (Cy3(+)-srC’ dots) 33.8 ± 8.5 

Chem3-STAMP (Cy3(+)-srC’ dots) 33.5 ± 8.7 
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simply the labeling concentration), while the free dye is limited by the probes’ intrinsic and 

difficult-to-control localization uncertainty. From the values reported in Figure 3.2, it is clear that 

the sulfo-Cy3(−) dye suffers from significantly greater localization uncertainty than the Cy3(+)-

srC’ dots, irrespective of attachment chemistry. Moreover, resolution improves for the Cy3(+)-

srC’ dots as labeling density increases, which expectedly corresponds to the trend in click 

chemistry reactivities from thiol–ene to NHS ester–amine to alkyne–azide attachment. Thus, for 

srC’ dots, conjugation chemistry influences average localizations per unit area, which in turn 

determines the resolution in the reconstructed images. 

In order to visualize this superiority in srC’ dot performance over free dye, Figure 

3.3 shows a small area of the BCP1 film surface reconstructed from free sulfo-Cy3(−) dye (left) 

and Cy3(+)-srC’ dot (Chem2-STAMP, right) blinking traces, with the localization uncertainty 

superimposed onto each localization. The higher brightness–induced resolution enhancement 

using the srC’ dots is evident from this comparison, surpassing even sulfo-Cy5(−), which is known 

to be one of the best-performing STORM probes39,40 with a calculated localization uncertainty of 

12.0 ± 1.4 nm, as determined from the Gaussian distribution fits (see Figure 3.2e for comparison). 

From this analysis, it appears that both srC’ dots have greater SNRs (see details in Figures 3.3c 

and S3.7) than their respective free dye counterparts, and the SNR value for the Cy3-srC’ dots 

surpasses all others investigated. Thus, the SNR data reinforce the superiority of the SNP probes, 

especially the Cy3-srC’ dots in this study, over the free dyes. 
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Figure 3.3. Visualization of localization uncertainty, 𝜎, for (a) sulfo-Cy3(−) dye and (b) Cy3(+)-

srC’ dots demonstrating superior srC’ dot performance over free dye. On the right: color bar with 

approximate number of localizations (“LOC”) per pixel. SNR comparison (c) of srC’ dots versus 

free dyes. 

 

Conclusions 

We expect that the nanoparticle probe–based methods described herein are applicable to 

the super-resolution imaging of surface nanostructures of myriad other polymer materials and 

various SRM techniques. We therefore envision that this work will help to accelerate translation 

of these advanced optical techniques to the realms of materials chemistry, polymer science, and 

beyond. 
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APPENDIX A 

 

Materials 

Aluminum-tri-sec-butoxide (ASB), (3-aminopropyl) triethoxysilane (APTES), ammonium 

hydroxide (28 wt% in H2O), ammonia solution (2.0 M in ethanol), dimethyl sulfoxide (DMSO), 

(3-mercaptopropyl)trimethoxysilane (MPTMS), 2-propanol (IPA, anhydrous 99.5%), tetramethyl 

orthosilicate (TMOS), sulfo-Cy3(–)-DBCO, β-mercaptoethanol (βME), glucose, and glucose 

oxidase were purchased from Sigma Aldrich. Catalase was purchased from Roche Applied 

Science. Methoxy-terminated poly(ethylene glycol) (PEG-silane, molar mass of ~0.5 kg/mol) was 

purchased from Gelest, Inc. Heterobifunctional PEGs with maleimide and N-hydroxysuccinimide 

(NHS) ester groups (Mal-PEG12-NHS, molar mass 865.92 g/mol) and maleimide and DBCO 

groups (Mal-PEG12-DBCO, molar mass 1027.161 g/mol) were purchased from Quanta BioDesign. 

Thiol-PEG3-azide was purchased from Conju-Probe, LLC. Negatively charged sulfo-Cy3(–)-NHS 

ester (free dye), positively charged Cy3(+)-NHS ester (encapsulated), negatively charged sulfo-

Cy5(–)-NHS ester (free dye), and positively charged Cy5(+)-NHS ester (encapsulated) dyes were 

purchased from Lumiprobe Corp. Cysteamine, benzene, and methanol were purchased from 

Krackeler Scientific, Inc. All chemicals were used as received. P-type silicon wafers were 

purchased from WRS Materials. Deionized (DI) water (18.2 MΩ‧cm) was generated using a 

Millipore Milli-Q system.  

 

Methods 

Polymer Synthesis 

 Two sizes of PS-b-P(AGE-co-EO) were synthesized by anionic polymerization as 

previously reported.1,2 Briefly, as follows: Benzene was cleaned and distillated into a dried reactor; 
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styrene monomer was dried, degassed, and distilled into a burette. Sec-butyllithium was added to 

the reactor as the initiator followed by the distilled styrene, and the polymerization was carried out 

overnight. Hydroxy-terminated polystyrene (PS-OH) was synthesized by end-capping with 

ethylene oxide; the polymerization was terminated with degassed methanolic HCl. The reaction 

solution was washed and benzene removed by distillation, and PS-OH was dried in the reactor on 

the Schlenk line at 130 °C for 3–4 days. PS-OH molar mass and dispersity were determined to be 

𝑀𝑛 = 20,300 g/mol and Đ = 1.02 for the smaller block copolymer (BCP1) and 𝑀𝑛 = 58,000 g/mol 

and Đ = 1.03 for the larger block copolymer (BCP2) by refractive index gel permeation 

chromatography (GPC) in unmodified tetrahydrofuran (THF) using PS standards.  

To polymerize the copolymer block, poly[(allyl glycidyl ether)-co-(ethylene oxide)] 

(P(AGE-co-EO)), cleaned THF was distilled into a separate burette and poured into the PS-OH 

reactor under nitrogen. (Note: Benzene and THF were cleaned over n-butyllithium. Additional 

caution must be observed in working with n-butyllithium, as it is pyrophoric and will react 

violently in the presence of water.) After dissolving PS-OH in THF, ~100 mg of potassium chloride 

were added to the reactor. The chain-end oxyanion was generated by adding 1 M potassium 

naphthalenide in THF until the solution turned green with the color persisting. AGE was stirred 

over butylmagnesium chloride for 30 minutes, distilled into an ampule, and kept frozen until 

cleaned EO was distilled directly onto the frozen AGE. The EO and AGE monomers were added 

to the reactor by inverse injection and polymerized for 4 days. The polymerization was terminated 

with degassed methanolic HCl, after which the THF in the reactor was exchanged for chloroform, 

and the washed polymer solution was precipitated into cold methanol. The resulting copolymers 

had dispersities of Đ = 1.08 (BCP1) and Đ = 1.11 (BCP2), as measured by THF GPC relative to 
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PS standards. Molar masses were determined to be 𝑀𝑛 = 28,500 g/mol for BCP1 and 𝑀𝑛 = 75,600 

g/mol for BCP2, as calculated from 1H NMR data and PS-OH molar masses. 

 

Nanoparticle Preparation 

Base srC’ Dot Particle Synthesis 

srC’ dots were synthesized according to a previously published procedure.3 Briefly: 48 μL 

of Cy3(+)-NHS ester (5 mg/1 mL in DMSO), 52 μL DMSO, and 4.46 μL APTES (0.084 M in 

DMSO) or 28 μL of Cy5(+)-NHS ester (5 mg/0.5 mL in DMSO), 75 μL DMSO, and 4.46 μL 

APTES (0.084 M in DMSO) were combined in an inert nitrogen atmosphere in the dark. The 

mixture was allowed to react for 12 hours. Under vigorous stirring, a 60% mole ratio of MPTMS 

and TMOS were added into 10 mL of 0.2 M HCl (pH ~1.5) in a 25 mL round-bottom flask, 

immediately followed by the entire prepared Cy3(+)- or Cy5(+)-silane dye solution and then 200 

μL ASB. The mixture was allowed to react for 15 min; the particle growth was quenched by rapidly 

adding 150 μL PEG-silane (~0.5 kg/mol). 5 minutes after PEG-silane addition, the pH was 

adjusted by rapidly adding 100 μL of a 14% aqueous solution of ammonia, raising the pH to ~8. 

The particles were stirred for another 12 hours, after which the stirring was terminated and the 

samples heated to 80 °C for 12 hours. 

 

srC’ Purification 

 To increase silica nanoparticle (SNP) purity, GPC was performed using a BioLogic LP 

system alongside a 275 nm UV detector with Sephacryl S200 HR from GE Healthcare (Figure 

S3.1). Particle solutions were up-concentrated by centrifuge spin-filters (GE Healthcare Vivaspin 

with MWCO 30k), sent through the column with a 0.9 wt% NaCl solution, and collected by a 
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BioFrac fraction collector. The corresponding GPC fractions were transferred back into DI water 

by washing the particles at least 4 times in a spin-filter. 

 

 
 

Figure S3.1. GPC chromatogram showing absorbance at 275 nm of Cy3(+)-srC’ dots and Cy5(+)-

srC’ dots. The main peak at ~5.5 minutes corresponds to the desired srC’ dot product. 

 

srC’ Dot Functionalization 

 Base SNPs were diluted to 1 μM in water in a 4 mL vial under rapid stirring. Surface thiols 

formed during the nanoparticle synthesis on the srC’ dots were used to attach heterobifunctional 

PEGs using maleimide–thiol click chemistry, as described elsewhere.4 Heterobifunctional PEGs 

were added at a ratio of 50 PEGs to 1 particle and were reacted overnight to ensure maximum 

attachment of the PEGs to the particle. To functionalize the srC’ dots to be conjugated to the 

polymer using Chem1- and Chem2-STAMP, a Mal-PEG12-NHS ester was injected into the 1 μM 

particle solution. For the former, a 1:1 mole ratio of cysteamine to Mal-PEG12-NHS ester was 

added and allowed to react in darkness with stirring for two hours at room temperature. A Mal-
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PEG12-DBCO was used to functionalize the srC’ dots to be conjugated to the polymer using 

Chem3-STAMP. Final SNP absorbance spectra and fluorescence correlation spectroscopy (FCS) 

were not performed. 

 

Nanoparticle Characterization 

 Particles were characterized using FCS (Figure S3.2).5 To that end, a 543 nm continuous 

wave HeNe laser was reflected by a dichroic mirror and focused onto the object plane of a water 

immersion microscope objective (Zeiss Plan-Neofluar 1.2 NA 63×). The fluorescence was 

collected by the same objective and spatially filtered by a 50 μm pinhole located at the image plane 

of an avalanche photodiode detector (SPCM-AQR-14, PerkinElmer). Time traces were correlated 

by a hardware correlator card (Flex03LQ, Correlator.com). Tetramethylrhodamine (TMR) was 

used as a dye standard for the green laser line, and Alexa Fluor 647 was used for the red line for 

system alignment and focal volume size determination due to their known diffusion coefficients. 

Correlation data were collected in three sets of five 30-second runs. Correlation curves 

were then fit to a correlation function (Figures S3.2), accounting for photoinduced cis–trans 

isomerization, as shown in Equation S3.1:  
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 (

1
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𝜏𝐹))     (S3.1)  

 

where 𝑁 is the mean number of particles within the detection volume, 𝜅 is the structure factor 

determined by the ratio of the axial and radial radii (𝜔𝑧 and 𝜔𝑥𝑦, respectively) of the observation 

volume, and 𝜏𝐷 is the characteristic diffusion time of an object through the observation volume. 
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The 𝜏𝐷 is defined as 𝜏𝐷 = 𝜔𝑥𝑦/4𝐷, where 𝐷 is the respective diffusion coefficient. 𝑇 is the time- 

and space-averaged fraction of fluorophores in the cis photoisomer form, and 𝜏𝐹 is the 

characteristic relaxation time of the photoisomerization process.  

 

 
Figure S3.2. Fluorescence autocorrelation curve obtained for base particle srC’ dots from FCS. 

Brightness per particle, size, and dyes per particle were obtained from the triplet-corrected FCS 

model in Equation S3.1 and steady-state absorbance measurements shown in Figure S3.3. 

 

The Stokes–Einstein relation, Equation S3.2, was applied to determine particle diameters:  

 

𝑑 = 2 (
𝑘𝑏𝑇

6𝜋𝜂𝐷
)          (S3.2) 

 

where 𝑘𝑏 is the Boltzmann constant, 𝑇 is the temperature, and 𝜂 is the dynamic viscosity. The 

average number of dyes per particle, 𝑛, was calculated according to Equation S3.3:  
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𝑛 =
𝐶𝑑𝑦𝑒

𝐶𝑝𝑎𝑟𝑡𝑖𝑐𝑙𝑒
           (S3.3) 

 

where 𝐶𝑑𝑦𝑒 is the measured dye concentration derived from the dye extinction coefficient using 

the relative absorbance and 𝐶𝑝𝑎𝑟𝑡𝑖𝑐𝑙𝑒 is the particle concentration determined by FCS (Figures S3.2 

and S3.3). 

 

 
 

Figure S3.3. Steady-state absorbance spectra of the base particle srC’ dots indicating absorbance 

maxima around 550 nm for Cy3(+)-srC’ dots and 647 nm for Cy5(+)-srC’ dots. 

 

 

Block Copolymer Thin Film Formation and Surface Functionalization 

 Single side–polished, P-type silicon wafers were cut into ~1 cm2–sized squares and 

sonicated in acetone for 15 minutes, sonicated in IPA for 15 minutes, rinsed with IPA, dried with 

N2, and baked on a hot plate at 110 °C for 10 minutes. A 1.34 wt% solution of PS-b-P(AGE-co-

EO) in benzene was spin-coated onto the cleaned silicon substrates and solvent vapor–annealed in 

a benzene-saturated atmosphere for 18 hours. The self-assembled thin films were dried and 
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characterized using AFM. In Chem1-STAMP (see Scheme 3.1), Cy3(+)-srC’ dots end-

functionalized with thiols were attached to the reactive thin film surface via thiol–ene click 

chemistry. The PS-b-P(AGE-co-EO) films were soaked in 10 mL of a 1:1 vol:vol mixture of water 

and methanol with 5 mM 2,2-dimethoxy-2-phenylacetophenone (DMPA), a photoinitiator, under 

365 nm UV for 2 hours.  

Subsequently, the films were washed four times with DI water to remove nanoparticles that 

were not selectively attached to the P(AGE-co-EO) block. In Chem2-STAMP, exposed AGE 

moieties were post-assembly functionalized with 1 M cysteamine under the same conditions as 

Chem1-STAMP, except that the UV exposure was extended to 8 hours. After washing the films 4 

times in ethanol, srC’ dots end-functionalized with NHS ester underwent reactions with the amine 

groups attached to the AGE moieties: The functionalized films were soaked in 10 mL of a 1:9 

vol:vol dimethyl sulfoxide (DMSO)/water mixture along with the NHS ester–functionalized 

Cy3(+)-srC’ dots or Cy5(+)-srC’ dots in darkness for 2 hours, after which the films were washed 

4 times in DI water and dried. In Chem3-STAMP, films were soaked in 10 mL DMSO with 

[DMPA] = 5 mM and 0.09 mL of 10 wt% thiol-PEG3-azide in DMSO under 365 nm UV for 8 

hours; they were then washed 4 times with DI water. The azide end groups underwent further 

reaction in 10 mL of water with DBCO-functionalized Cy3(+)-srC’ dots in darkness for 1 hour, 

after which the films were washed 4 times in DI water and dried.  

For all sets of chemistries, reaction solutions were sparged using N2 over a stir plate for 15 

minutes, and the Cy3(+)-srC’ dot concentration in the nanoparticle attachment step was 10 nM. 

Reaction solutions were agitated with stirring to prevent aggregation of nanoparticles. All 

conditions were maintained exactly the same for comparative analysis with attachment of the free 

dye (hydrophilic dye derivatives, sulfo-Cy3(–)-NHS ester and sulfo-Cy5(–)-NHS ester) at 10 nM 
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for Cy3 (both dye and srC’ dots) on BCP1 and 100 nM for Cy5 (both dye and srC’ dots) on BCP2 

(to account for larger domain spacing and reduced accessibility to free allyl groups), except that 

the DBCO-sulfo-Cy3(–) was dissolved in 1 mL DMSO + 9 mL DI water. 

 

AFM Imaging 

 All dry AFM measurements of the BCP thin films were obtained using tapping mode on a 

Bruker MultiMode 8 in “Atomic Force Microscope” mode with Sb-doped silicon tips (Bruker 

RTESPA-150). Scans were obtained at a scan rate of 1–2 Hz. For fluid cell AFM measurements, 

the PS-b-P(AGE-co-EO) thin films were pre-soaked in DI water for 15 minutes before transferal 

to the AFM stage. All fluid cell AFM measurements were taken on the same instrument using a 

Bruker MTFML fluid cell holder and silicon nitride tips (Bruker DNP-S10) in tapping mode while 

DI water (18.2 MΩ‧cm, pH 5.8) was flowed over the sample at a rate of 0.3 mL/min. The sample 

was allowed to equilibrate for 15 minutes in the fluid cell setup before images were captured. 

Scans were obtained at scan rates of 1.5–2.0 Hz. 

 

Super-Resolution Imaging 

Total Internal Reflection Fluorescence Microscopy (TIRFM) Measurements 

 Single-particle and single-molecule measurements were performed using an inverted Zeiss 

Elyra microscope operated in TIRF geometry (Figure S3.4). Functionalized thin films on cleaned 

silicon substrates were inverted on a 1.5 cover glass mounted in an Attofluor cell chamber (Thermo 

Fisher Scientific) containing 1 mL of DI water combined with 5% (w/v) glucose, 50 μL glucose 

oxidase (10 mg/mL in PBS), and 20 μL catalase (2 mg/mL in PBS) as an enzymatic oxygen 

scavenging system. Samples were placed on an oil-immersion 1.46 NA 100× objective and 
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simultaneously excited by a 561 nm laser and a 405 nm laser. Fluorescence signal was spectrally 

filtered using a 561 nm band-pass filter and recorded with an Andor iXon EMCCD camera. For 

each sample, multiple movies with a series of 10,000 frames and a resolution of 50 ms/frame were 

acquired. While the Cy3(+)-srC’ dots do not need thiol-containing buffers for imaging,3 the sulfo-

Cy3(–) dye required not only the oxygen scavenging system but also βME. An illustration of the 

imaging setup is shown in Figure S3.4.  

 

 
Figure S3.4. Illustration of the TIRFM setup, indicating thin film–bearing substrate (top), 

substrate loading position in Attofluor™ imaging well with 1.5 cover slip (middle), and 

microscope objective (bottom). 

 

Data Analysis 

Photoswitching behavior of hundreds of different nanoparticles was studied using a 

custom-built MATLAB script described in ref. #3. Localizations were fit to a Gaussian point 

spread function (PSF), as shown in Equation S3.4: 

 

𝑃𝑆𝐹(𝑥, 𝑦) = (
𝑁

2𝜋𝜎2 ) ∙ exp (−
(𝑥−𝑥𝑐)2+(𝑦−𝑦𝑐)2

2𝜎2 ) + 𝑏          (S3.4) 
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where 𝜎 is the full-width at half-maximum (FWHM) of the localization and is equal to the 

localization uncertainty, 𝑁 is the number of photons emitted by the probe, 𝑥𝑐 and 𝑦𝑐 are the sub-

pixel coordinates, and 𝑏 is the background. Reconstructed super-resolution STORM images were 

generated using the ImageJ plugin ThunderSTORM.6 For Figure 3.1a–d, the numbers of integrated 

photons for individual blinking events of free and encapsulated dyes immobilized to BCP thin film 

surfaces were derived from the respective TIRFM movies by fitting the spots to the Gaussian PSF, 

integrating the PSF, converting intensity to photons using the provided camera manufacturer’s 

photon conversion, and then plotting the results in the form of histograms. 

 

Data Selection Examples 

 

 
Figure S3.5. Super-resolution image–derived domain spacing from two different 200 nm × 200 

nm BCP1 film areas. Domain spacings were measured for parallel domains as illustrated on the 

left side. The right side provides an example for an area with high-curvature BCP nanostructures, 

which usually leads to overestimations of BCP domain size. Line traces for both images (green 

lines) are shown at the bottom, illustrating the increased dimension for the curved sample. For 

consistency, AFM images were subjected to the same data analysis protocol. 
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Figure S3.6. Fluid cell AFM phase images of the PS-b-P(AGE-co-EO) BCP1 film before and after 

swelling in water for roughly 30 minutes. Line profile analysis indicated that the domain spacing 

increased from 26.8 nm ± 4.5 nm to 28.5 nm ± 5.1 nm in DI water. 

 

 

 

 
Figure S3.7. Example localization signal-to-noise (SNR) comparisons for the four fluorescent 

probes. Contrast for the dye localization images were normalized to the contrast gray values of the 

corresponding srC’ dot images.  
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CHAPTER 4 

 

ORTHOGONAL NANOPROBES ENABLING TWO-COLOR OPTICAL SUPER-

RESOLUTION MICROSCOPY IMAGING OF THE TWO DOMAINS OF DIBLOCK 

COPOLYMER THIN FILM NANOCOMPOSITES 

 

Abstract 

Multicolor optical super-resolution microscopy (OSRM) describes an emerging set of 

techniques for the specific labeling of distinct constituents of multicomponent systems with 

compatible optical probes, elucidating proximity relationships from far-field imaging of 

diffraction-limited features with nanometer-scale resolution. While such approaches are well 

established in the study of biological systems, their implementation in materials science has been 

considerably slower. In large part, this gradual adoption is due to the lack of appropriate OSRM 

probes that, by e.g. facile mixing or surface modification, enable orthogonal labeling of specific 

nanostructures in the condensed state, rather than in aqueous conditions as with biology.  

Here, OSRM probes in the form of ultrasmall (diameters <10 nm) aluminosilicate 

nanoparticles encapsulating different fluorescent dyes are tailored to visualize both nanodomains 

of polystyrene-block-poly[(allyl glycidyl ether)-co-(ethylene oxide)] (PS-b-P(AGE-co-EO)) 

diblock copolymer thin films. Careful design of nanoprobe surface chemical properties facilitates 

either selective compatibilization with the nonpolar PS matrix or preferential reactivity with 

surface allyl groups of the hydrophilic P(AGE-co-EO) minority block. Stochastic optical 

reconstruction microscopy (STORM) of the resulting polymer–inorganic nanocomposite thin 

films shows nanodomain features of the two chemically dissimilar blocks consistent with atomic 



146 
 

force microscopy results. This work paves the way for multiplexed OSRM analysis of polymer 

nanocomposite bulk structures. 
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Introduction 

The introduction of optical super-resolution microscopy (OSRM), a set of optical far-field 

imaging techniques for visualizing features below the diffraction limit of light, provides an 

intriguing opportunity for materials science. As a nanocharacterization tool, which is 

complementary to electron and scanning probe microscopies, OSRM offers a combination of 

capabilities, including three-dimensional (3D), high-spatiotemporal resolution, and multicolor 

imaging in the nanometer regime, without the often stringent environmental requirements 

surrounding especially electron microscopy techniques (e.g., ultra-high vacuum).1,2 While OSRM 

has generated thousands of polychromatic images of biological specimens, the corresponding 

multicolor optical imaging of abiotic nanoscale materials has remained challenging. This 

circumstance is due, in large part, to the lack of appropriate specific and orthogonal (i.e., with 

mutually incompatible chemical affinities) imaging probes that work in what is often the 

condensed state of multicomponent nanomaterials, which frequently lack the diverse reactivity and 

molecular recognition that typify biological samples in aqueous solution environments.2  

Self-assembled block copolymer (BCP) nanostructures, in particular as thin film 

nanopatterns, exemplify this challenge.3–8 As a result of their characteristic feature sizes on the 

nanoscale, periodic order, dynamic self-assembly, and structural tunability, BCPs have served as 

a prototypical example for the application of OSRM in materials science. However, optical 

visualization in these materials has essentially been confined to single-color imaging of specific 

nanoscale structural features.9–14 Here, we present a strategy that exploits differences in polarity 

and reactivity for orthogonal two-color labeling of the two nanodomains of model amphiphilic 

diblock copolymer thin films. 
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Stochastic optical reconstruction microscopy (STORM), a form of single-molecule 

localization microscopy (SMLM), is less demanding in terms of instrumentation requirements as 

compared to other OSRM approaches while still facilitating noninvasive tracking of dynamic 

processes like BCP self-assembly with reasonable temporal resolution.1,15 To take full advantage 

of STORM’s capabilities in multicolor BCP imaging, precise orthogonal labeling1,2 of each block 

with highly selective nanoprobes—that is, compatibilization of fluorescing OSRM-enabling 

species with a specific polymer block domain—becomes a prerequisite. In aqueous biological 

systems, such specificity is often achieved by employing antibodies labeled with STORM-

enabling dyes directed to e.g. specific cellular target sites, together with imaging cocktails 

containing blink-inducing agents that facilitate the appropriate dye-blinking behavior required for 

this OSRM.16,17 Applying SMLM to abiotic materials systems in the condensed state,18 such as 

BCP thin film nanostructures, produces an alternative set of criteria for orthogonal optical probes 

to achieve specific labeling, preferably by facile mixing or surface modification strategies. The 

development of such potent orthogonal OSRM probes for multicolor imaging has remained 

challenging, however, explaining the slow adoption of these exciting techniques in materials 

science.  

At the forefront of this dilemma is the ability to strategically compatibilize effective probes 

with appropriate material components (here, distinct BCP domains). Although prior work has 

assessed inducible emission and/or blinking in solid-state polycrystalline nanomaterials19,20 or 

individual conjugated polymer molecules,21 such systems take advantage of e.g. autofluorescence 

atypical of many polymers. Such research has focused primarily on the characterization of 

photoluminescent behavior rather than on the application to SMLM. Thus, for further translation 
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of OSRM to soft materials like polymers, there is a need for compatible optical probes that can 

selectively integrate into specific nanodomains for their visualization. 

Chemical and physical compatibility proves essential to many fields and in many forms: 

ceramic- or electrolyte-compatible electrodes in solid-state batteries;22,23 osmoprotectants;24 cell- 

or blood-compatible hydrogels,25,26 theranostic targeting,27–30 and substrate design31 in biology; 

and solvent selectivity,32,33 plastic–conductor integration,34 and effects on moisture diffusion35 in 

materials. Such preferential association is often only achieved with great difficulty;36,37 thus, 

compatibilization of nanoprobes with largely unaccommodating polymer matrices like polystyrene 

(PS) is both desirable and challenging.38,39 In the polymer community, the criteria for successful 

mixing of nanoparticles into BCP domains40–42 via nanoengineered particle surfaces have been 

under continuous investigation.43–45 Ligand variations on gold nanoparticles,46 lipophilic particles 

from aqueous conditions,47 and one-pot syntheses of related hydrophobic materials48,49 have all 

been reported. Not only does a compatibilization approach offer the convenience of facile sample 

preparation via mixing, but it also leads to polymer nanocomposites, which are interesting subjects 

of study in their own right. Post-synthesis PS or nanoparticle surface modification,50,51 grafting via 

radical polymerization,52–54 and emulsions and dispersions43,55 have dominated such research into 

PS–particle nanocomposites.56 While each of these modes of preparation has its own set of benefits 

and disadvantages, there is a clear lack of routes that enable compatibilization of nanoparticles that 

may further function as OSRM probes. 

Here, using BCP–nanoprobe composite thin films as a model system, we demonstrate high-

resolution, two-color OSRM imaging to visualize two-dimensional (2D) nanostructural features 

across several square-micrometers (Figure 4.1). This work makes use of ultrasmall (diameters 

below 10 nm), covalent dye–encapsulating aluminosilicate core–organic ligand shell (core–shell) 
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nanoparticles. These aluminum-containing probes synthesized in water are referred to as 

aluminosilicate Cornell prime dots (or simply “aC’ dots”).57 While we showed previously how to 

modulate the photophysical properties of aC’ dots for STORM by modifying the nanoparticle core, 

in the present study we will instead focus on the chemistry of the ligand shell of these particles in 

order to compatibilize them with different polymer nanodomains. Careful design of their surface 

functionalities through tailored syntheses facilitates selective labeling of either of the two domains 

of a cylinder-forming diblock copolymer in thin films.  

 

 
Figure 4.1. Schematic representations of compatibilization of orthogonal nanoprobes 

encapsulating different fluorescent dyes and with different surface characteristics for 

compatibilization with a chemically distinct BCP matrix or surface domains (a) and two-color 

optical super-resolution image reconstruction process (b). 

 

Compatibilization is achieved in the nonpolar matrix domain via simple BCP–nanoprobe 

mixing before film formation or with the exposed polar cylinder domains, with pendent alkenes, 

via click chemistry–mediated surface attachment after film formation (Figure 4.1a). The faithful 

imaging of nanostructural features is affirmed by complementary atomic force microscopy (AFM). 

These organic–inorganic nanocomposites take advantage of dye-specific excitation/emission: 

Matrix- and surface-labeling probes can be distinguished by their color, i.e. their 
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emission/absorption properties, enabling reconstructed overlays distinguishing the two domains 

with distinct colors (Figure 4.1b). To that end, the cores of the aC’ dots encapsulate either Cy3 or 

Cy5 in a mixed poly(ethylene glycol) (PEG)/benzyl-bearing (PEGylated/benzylated, nonpolar-

compatible) probe (benzylated PEG-Cy3/5-aC’ dots or “Cy3/5-BaC’ dots”) or ATTO488 in a 

PEGylated and subsequently alkyne-functionalized (polar-compatible and reactive) probe (PEG-

ATTO488-aC’ dots). These probes were then used as visualization tools in STORM. We envision 

that such ultrasmall, modular, and orthogonal core–shell nanoprobes, with colors defined by dye 

choice in the core and specific compatibility defined by tunable surface chemical properties of the 

shell, will expedite the pervasion of multicolor OSRM in multicomponent abiotic condensed-phase 

materials systems. 

 

Experimental Section 

Materials 

Benzene (anhydrous, 99.8%) and methanol (anhydrous, 99.8%) were purchased from 

Krackeler Scientific, Inc. Dimethyl sulfoxide (DMSO), 2-propanol (IPA, anhydrous 99.5%), 

aluminum-tri-sec-butoxide (ASB), (3-aminopropyl) triethoxysilane (APTES), ammonium 

hydroxide solution (28.0–30.0% NH3 basis), (3-mercaptopropyl)trimethoxysilane (MPTMS), 

tetramethyl orthosilicate (TMOS), and 2,2-dimethoxy-2-phenylacetophenone (DMPA, 99%) were 

purchased from Sigma-Aldrich. Thiol-PEG3-azide was purchased from Conju-Probe, LLC. Cy3- 

and Cy5-maleimide dyes were purchased from Lumiprobe Corporation. 2-[Methoxy-

(polyethyleneoxy)6-9(propyl)]trimethoxysilane, hereafter referred to as PEG6-9-silane, and N-(2-N-

benzylamino-ethyl)-3-aminopropyltrimethoxysilane (BATMS) were purchased through Gelest, 

Inc. All chemicals were used as received. Boron-doped ⟨100⟩ silicon wafers were purchased 
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through WRS Materials. NanoWorld NCH-10 AFM tips were purchased from NanoAndMore 

USA Corporation.Deionized (DI) H2O at 18.2 MΩ·cm was generated with a Millipore Milli-Q 

system.  

 

Aqueous Synthesis and Characterization of BaC’ Dots 

The sequential processes depicted in Figure 4.2 comprise the one-pot aqueous synthesis of 

our BaC’ dots. A total of 48.8 μL of 0.005 g/mL Cy3-maleimide dye, 51.2 μL of DMSO or 9.4 μL 

of 0.025 g/mL Cy5-maleimide dye, and 90.6 μL of DMSO were combined with 1.58 μL of 

MPTMS in a 1.5 mL centrifuge tube and allowed to conjugate for 5 hours. A total of 9.6 mL of 

fresh deionized (DI, 18.2 MΩ·cm) water and 400 μL of HCl (0.500 normal) were added to a clean 

25 mL round-bottom flask and allowed to stir for ∼15 min. The following were added quickly in 

sequence to the stirring aqueous HCl solution: 78 μL of TMOS, all of the conjugated dye, and 200 

μL of 1:9 (vol:vol) ASB/IPA solution. (Caution: ASB reacts violently with water.) After 15 min, 

125 μL of PEG6-9-silane was added to the stirring solution, followed immediately by 15.5 μL of 

BATMS for a PEG6-9-silane/BATMS mole ratio of 5:1. After ∼5 min, the pH of the stirring 

solution was rapidly increased by adding 280 μL of 1:1 (vol:vol) H2O/NH4OH. A rubber septum 

was folded over the flask, the flask was covered with aluminum foil, and the solution was left to 

stir for 18 hours. The solution was removed from stirring and heated at 40 °C for 24 hours.  

The particle solution was up-concentrated at least three times using GE Healthcare 

Vivaspin MWCO 30 kDa centrifuge spin filters and subjected to gel permeation chromatography 

(GPC) using a BioLogic LP system and 275 nm UV detector. The particles were run through a 

column containing Sephacryl S-300 High Resolution resin from GE Healthcare with a 0.9 wt % 

NaCl aqueous solution at least once. The particles were characterized using UV–vis absorbance 
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and fluorescence correlation spectroscopy (FCS) to determine hydrodynamic radius, particle 

concentration, amount of dye per particle, and average number of benzyl groups on each particle. 

 

 
Figure 4.2. Reaction scheme for the preparation of Cy3-BaC’ dots. Cy3-maleimide dye (magenta) 

is combined with (3-mercaptopropyl)trimethoxysilane (MPTMS) in dimethyl sulfoxide (DMSO). 

Tetramethyl orthosilicate (TMOS), the dye−silane conjugate solution, and aluminum-tri-sec-

butoxide (ASB) in 2-propanol (IPA) are sequentially added to a stirring HCl(aq) solution. Shortly 

thereafter, PEG6-9-silane and BATMS are added in swift sequence. Several minutes later, 

H2O/NH4OH is added to rapidly raise the solution pH. The following day, the solution is removed 

from stirring and heated at 40 °C for 24 h. The particles are up-concentrated and purified using 

GPC before characterization. 
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Preparation of BCP Thin Films 

Polystyrene-block-poly[(allyl glycidyl ether)-co-(ethylene oxide)] (PS-b-P(AGE-co-EO)) 

with molar mass 𝑀𝑛 = 75,600 g/mol, polydispersity Đ = 1.11, volume fraction 𝑓𝑃𝑆 = 0.76, and 1:4 

AGE/EO ratio was synthesized using anionic polymerization as previously reported.58 Solutions 

of 1.28–1.31 wt % of PS-b-P(AGE-co-EO) in benzene (with [BaC’ dot] = 250 nM, for PS–

nanoparticle nanocomposite films) was prepared by simply mixing together the constituents and 

stirring for 3 hours before spin-coating onto cleaned silicon wafers for 30 seconds at 3,000 RPM. 

The films were transferred to a glass dish with a well of benzene and covered with a glass dome 

to generate a benzene-saturated atmosphere for a 20-hour solvent vapor annealing (SVA) step. The 

films were dried for at least 1 hour prior to AFM or optical imaging. It should be noted that total 

internal reflection fluorescence (TIRF) microscopy data were not collected on films prepared using 

Cy5-aC’ dots or Cy5-BaC’ dots due to persistent spherical aberrations from the optical interaction 

between the silicon substrate and the red laser. Additionally, relative humidity and room 

temperature were not controlled and therefore may have been different between the two series 

in Figure 4.3 (a–c versus d–f), which likely accounts for the small morphological differences 

observed between Figure 4.3a and Figure 4.3d (parent BCP films). 

 

Surface Modification of BCP Thin Films 

In a nitrogen glovebox, the Cy3-BaC’ dot–BCP nanocomposite film was added to a 

solution of 10 mL of DMSO + 0.09 mL of 10 wt % thiol-PEG3-azide in DMSO with [DMPA] = 

2.5 mM. The solution was then agitated under 365 nm UV light for 8 hours, after which the film 

was rigorously rinsed 4 times using DI water. After drying, the film was transferred to an aqueous 

solution of [ATTO488-aC’ dots] = 100 nM, where the ATTO488-aC’ dots were synthesized57 and 
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DBCO-functionalized51 as reported previously, which was then sparged using nitrogen for 15 

minutes and subsequently agitated in darkness for 1 hour. The film was removed and again washed 

4 times with DI water. 

 

AFM Imaging 

All AFM data were obtained in air under ambient conditions with a Digital Instruments 

MultiMode scanning probe microscope (SPM) in tapping mode with 512 lines at 512 pixels/line 

(for each image) and a scan rate of 1.2 Hz. The manufacturing specifications of the uncoated silicon 

NanoWorld Standard Tapping Mode AFM Probes included an average tip radius of <8 nm, a force 

constant range of 21–78 N/m, and a resonance frequency range of 250 to 390 kHz. 

 

Acquisition of TIRF Data 

All data were acquired using a home-built microscope in TIRF geometry at room 

temperature. Films were placed face-down onto glass into steel well plates filled with 1 mL of DI 

water. A 100× oil-immersion objective was used, along with an additional 1.6× lens (100 

nm/pixel), to collect 10,000 frames with an exposure of 30 ms/frame, autofocus every 500 frames, 

and a gain of 200. Cy3-encapsulating aC’ dots or BaC’ dots were subjected to a green laser. For 

more comprehensive optical characterization of the core, see previous work on blinking 

statistics57 and improvements (over fluorescent dyes upon encapsulation) in localization 

uncertainty based on fitting to a Gaussian point spread function (PSF).59 Moreover, encapsulation 

restricts dye mobility,60 which assists in enhancing dye brightness and photostability relative to 

free dye, e.g. in aqueous solution. 
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For nanocomposite films with two different dye-encapsulating nanoparticles (Cy3-BaC’ 

dots in the PS matrix and DBCO-functionalized ATTO488-aC’ dots on the surface of the P(AGE-

co-EO) block, see Figure 4.5), the films were first exposed to the green laser (561 nm) to excite 

encapsulated Cy3 dye followed by the blue laser (488 nm) to excite encapsulated ATTO488 dye. 

This sequential approach allowed for data collection over the same surface region without 

bleaching the Cy3-BaC’ dots with the higher-energy laser. To optimize optical visualization, data 

for Cy3-aC’ dots or -BaC’ dots were collected using a tetramethylrhodamine isothiocyanate 

(TRITC) filter set (filter window: excitation/emission 532–554 nm/570–613 nm), while data for 

ATTO488-aC’ dots were collected using a fluorescein isothiocyanate (FITC) filter set (filter 

window: excitation/emission 467–498 nm/513–556 nm). 

 

STORM Image Reconstruction 

Per our previously published protocol,59 data from TIRF imaging were subjected to 

ThunderSTORM,61 an ImageJ plugin. The visualization was based on a Gaussian PSF model and 

was processed with a lateral uncertainty of 10.8 nm, molecule localizations based on local maxima, 

4-neighborhood connectivity, and an intensity range of 500–2,500 photons. Proximal information 

for comparative purposes was extracted from reconstructed STORM images obtained from 

ImageJ. 

 

Localization Analysis 

Cy3-BaC’ dots underwent biotinylation, dilution, and immobilization on streptavidin-

coated glass dishes according to our published protocol.57,62 For these separate experiments, we 

synthesized a new batch of Cy3-BaC’ dots with hydrodynamic diameters of 7.1 ± 0.2 nm and ∼1.5 
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dyes per particle, i.e. similar to the original batch described in Table 4.1. Immobilized 

nanoparticles of this batch were subjected to the green laser for 10,000 frames at 50 ms/frame 

exposure. Per our previously established methodology,59 which equates localization uncertainty to 

the full-width at half-maximum of a Gaussian profile,63 localizations were fit to a Gaussian 

distribution (here, the “Gauss” function in OriginPro), from which localization uncertainties were 

derived. A set of custom-built MATLAB codes compiled these data into a photon histogram and 

calculated the mean number of photons generated per localization event. 

 

Table 4.1. Summary of Nanoparticle Probe Characteristics 

Nanoprobe 
Hydrodynamic 

Diametera (nm) 
Dyes per Particleb Average BATMS per 

Particleb 

ATTO488-aC’ dots 5.5 ± 0.2 1.3 N/A 

Cy3-aC’ dots 4.4 ± 0.2 1.3 N/A 

Cy3-BaC’ dots 8.5 ± 0.1 1.6 ∼130 

Cy5-aC’ dots 6.2 ± 0.2 1.1 N/A 

Cy5-BaC’ dots 7.2 ± 0.3 1.5 ∼64 
aMeasured by FCS 
bCalculated from FCS-derived concentrations together with absorbance data from optical 

spectroscopy 

 

Results & Discussion 

Nanoprobe Design and Synthesis 

We first synthesized regular PEG-dye-aC’ dots and benzylated PEG-dye-aC’ dots 

encapsulating Cy3 (555 nm/570 nm excitation/emission) and Cy5 (646 nm/662 nm 

excitation/emission) dyes, further abbreviated as Cy3- or Cy5-aC’ dots and Cy3- or Cy5-BaC’ 

dots, respectively.64 After purification of as-synthesized materials via gel permeation 

chromatography (GPC, Figure S4.1), particle hydrodynamic size and dyes per particles were 

determined via fluorescence correlation spectroscopy (FCS, Figure S4.2) in combination with 

optical spectroscopy, as described elsewhere.57,64,65 The results summarized in Table 4.1 show 
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particle sizes below 10 nm and an average number of dyes per particle between 1 and 2 for all 

particles synthesized. Transmission electron microscopy (TEM) on the resultant particles (Figure 

S4.3) affirms the small particle sizes suggested by fits of FCS correlation curves as well as GPC 

results. 

As recently studied in detail, blinking in these particles is due to an aluminum-mediated 

redox mechanism that enables switching between fluorescing “on” and long-lived dark or “off” 

states.57 In this way, blinking can be induced by a single excitation source/laser and in the absence 

of special imaging buffers typically required to enable STORM, greatly simplifying image 

acquisition. This blinking mechanism is distinctly different from one described in an earlier study 

on thiol-containing super-resolution Cornell prime dots or srC’ dots. This earlier study involved 

two lasers for light-induced formation and subsequent cleavage of a thiol adduct that disrupts 

electron delocalization along the dye’s carbon backbone using thiol groups co-condensed into the 

aluminosilicate particle core.65 

To enable compatibilization of these particles with different nanodomains of BCPs, the 

fluorescent aluminosilicate cores need to be functionalized with an organic shell. In previous work, 

we demonstrated that hydrogen bonding enables fast adsorption and subsequent covalent 

attachment of PEG-silane groups (PEGylation) to the surfaces of silica-based C’ dots and 

aluminosilicate-based aC’ dots during their one-pot syntheses in water as the reaction 

medium.64 These rapid-attachment PEGylation kinetics accelerate the transition through the 

“valley of death” between electrostatic and steric nanoparticle stabilization. The work herein 

presented relies on the postulation that it should be possible to translate the same principles to the 

formation of a mixed surface coating: a pseudo-PEGylation using additional silanes with a 

backbone consisting of secondary amines in place of ethers. Thus, the hydrogen bonding that 
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enables fast adsorption of PEG to the aluminosilicate surface in water could be translated to that 

of multiple amino groups. With these criteria in mind, N-(2-N-benzylamino-ethyl)-3-

aminopropyltrimethoxysilane (BATMS, molecular structure in Figures 4.1a and 4.2) was selected 

as a surface ligand in order to introduce hydrophobic benzyl groups to the aC’ dot surface in an 

effort to compatibilize these particles with PS BCP domains. More broadly, Figure 4.2 delineates 

the aqueous synthesis steps of our benzylated BaC’ dots for OSRM imaging. 

Two primary deviations from previously published super-resolution aC’ 

dot57,59,65 synthesis protocols enabled an aqueous one-pot approach to such particles with 

hydrophobic BATMS moieties for compatibilization with PS (Figure 4.2). First, the immediate 

addition of BATMS subsequent to 2-[methoxy(polyethyleneoxy)6-9(propyl)]trimethoxysilane 

(“PEG6-9-silane”) allowed for simultaneous particle stabilization via PEGylation and incorporation 

of pendent hydrophobic benzyl groups into the organic ligand shell. Despite the benzyl group, 

through increased hydrogen bonding strength between the secondary amines of BATMS and silica 

surface silanol groups (Figure S4.4), coupled with the relatively short ligand length, the affinity of 

BATMS to the silica surface is expected to be higher than that of the PEG ligands. Even though 

PEG6-9-silane was added first, the BATMS was therefore expected to find its way between the 

PEGs to the aluminosilicate surface, where in aqueous solutions it can effectively hide from the 

hydrophilic environment.66 

Second, the subsequent heating step, which is typically conducted at 80 °C, was decreased 

to 40 °C. Under aqueous conditions, the strength of hydrophobic interactions among the pendent 

groups of BATMS is expected to be high.67 The reduced heating temperature mitigated the 

hydrophobic effect among the benzyl groups during synthesis while still providing adequate 

energy to break H-bonds to complete the two-step PEGylation mechanism studied in detail earlier 
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(step 1: hydrogen bonding to surface, step 2: condensation).64 Figure S4.4 indicates the relative 

strengths of relevant hydrogen bonding pairs during synthesis.66,68,69 To promote distribution of 

BATMS throughout the shell, disfavor particle aggregation, and reduce displacement of slightly 

weaker silanol hydrogen–ether oxygen interactions, we chose a PEG6-9-silane/BATMS mole ratio 

of 5:1. The favorable competition by BATMS for H-bonding with surface silanol groups was thus 

compensated for through an excess of PEG6-9-silane as well as the order of addition. 

Investigations into inorganic nanoparticle compatibilization with hydrophobic domains 

have illustrated the significance of chain areal density,70 surface ligands,71 and nanofiller size72 on 

dispersion. The synthesis of BaC’ dots consistently provided high loading of benzyl groups, as 

suggested by UV–Vis absorbance measurements. Figure S4.5 shows the concentration-dependent 

absorbance spectra of BATMS in ethanol exhibiting three characteristic shallow peaks between 

250 nm and 270 nm. Using these data, we determined three BATMS extinction coefficients (Figure 

S4.5a–d). Comparison with UV–Vis absorbance spectra of BATMS-functionalized BaC’ dots 

(Figure S4.5e,f) clearly confirmed the presence of this ligand on the particle surface. Using the 

extinction coefficients and neglecting solvent effects, by averaging results obtained from the three 

different wavelengths (see Table S4.1) we estimated the number of BATMS groups from the 

absorbance data in water as ∼130 or ∼64 per Cy3- or Cy5-BaC’ dot, respectively.  

These values can be compared with results of our previous work on the number of PEG 

chains on regular C’ dots.64,73 Nanoparticles with silica core radii of 1.8 nm were estimated to have 

∼70 PEG chains on their surface with an estimated density of 1.7 PEG chains/nm2 in brush-like 

conformations.73 Assuming a PEG layer thickness of around 1 nm, as derived from recent form-

factor analysis of synchrotron-based small-angle X-ray scattering experiments on C’ dots,74 FCS-

derived hydrodynamic core radii of BaC’ dots can be estimated as 3.2 and 2.6 nm for Cy3- and 
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Cy5-BaC’ dots, respectively. These values translate to an estimated aluminosilicate core surface 

area roughly three times or twice as large as the original C’ dots for Cy3- and Cy5-BaC’ dots, 

respectively. Assuming for simplicity that PEG density is independent of particle size leads to an 

estimated 230 and 140 PEG chains per particle in the case of only PEGylated Cy3- and Cy5-BaC’ 

dots, respectively. 

Comparison of these PEG chain estimates with the measured BATMS numbers of ∼130 

and ∼64 for the same particles suggests that despite the 1:5 mole ratio between BATMS and PEG-

silanes in the synthesis feed and the sequence of addition, in which BATMS is added into the 

synthesis reactor shortly after the PEG6-9-silane, BATMS groups have greater affinity for the 

particle surface than the PEG-silanes do. This observation in turn is consistent with our foregoing 

discussion about the smaller size and the increased H-bonding strength of the BATMS ligand as 

compared to PEG6-9-silane ligand (see Figure S4.4), which favor a combination of partial 

displacement of PEG6-9-silane by BATMS and insertion of BATMS between PEG ligands. 

 

Preparation of Nanocomposite Thin Films for OSRM 

We have previously shown that ultrabright aluminosilicate probes can undergo selective 

covalent attachment via “click” chemistry to pendent alkene groups in the polar domain of a 

functional BCP with a majority PS block, polystyrene-block-poly[(allyl glycidyl ether)-co-

(ethylene oxide)] or PS-b-P(AGE-co-EO).58,75 This approach enabled nanoscale imaging of BCP 

thin film surfaces59 using STORM.15 In order to maximize the value of SMLM techniques like 

STORM as nanocharacterization tools complementary to electron and scanning probe 

microscopies, the development of orthogonal nanoprobes enabling two-color OSRM imaging of 

the two domains of such diblock copolymers is highly desirable. The lack of a reactive functional 
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group in the PS block of PS-b-P(AGE-co-EO) suggested physical mixing of fluorescent 

nanoprobes throughout the PS block as a viable strategy. We used the benzylated BaC’ dots for 

selective compatibilization with, and OSRM imaging of, the PS block.1,56 

The model PS-b-P(AGE-co-EO) BCP with molar mass 𝑀𝑛 = 75,600 g/mol, 

polydispersity Đ = 1.11, volume fraction 𝑓𝑃𝑆 = 0.76, and AGE/EO ratio of 1:4 was synthesized 

using anionic polymerization and in thin films showed P(AGE-co-EO) cylinders in a PS matrix 

(Figure 4.3), all as previously reported.58,75 Nanoparticle–BCP composite thin films were 

generated by spin-coating mixed particle–polymer solutions in benzene onto silicon wafers, 

followed by solvent vapor annealing (SVA) and drying (see Experimental Section). The 

expectation was that the benzylated aC’ dots would be nonpolar enough and have sufficiently small 

core diameters to fully mix with the PS block of PS-b-P(AGE-co-EO) without segregating out.76  

Figure 4.3 shows AFM images of parent BCP (a,d) and nanocomposite films obtained from 

adding regular PEGylated Cy3- or Cy5-aC’ dots (b,e) and benzylated Cy3- or Cy5-BaC’ dots (c,f) 

to the BCP solution for spin-coating. While regular PEGylated particles did not have any 

substantial effects on resulting film morphologies (compare Figure 4.3a,d with Figure 4.3b,e), 

adding benzylated particles changed the film surface structure from lying-down cylinders toward 

hexagonal patterns with standing-up cylinders (see Figure 4.3c,f). This observation was 

accompanied by an increase in domain spacing. For example, based on 40 randomly selected 

cylinder pairs (in regions with hexagonal local order), the cylinder-to-cylinder distance increased 

from 50.5 ± 6.5 nm to 54.8 ± 3.9 nm when moving from parent BCP to Cy5-BaC’ dots-containing 

composite films (Figure 4.3d,f). This behavior is consistent with preferential swelling of PS blocks 

by BaC’ dots.32,77,78 
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Figure 4.3. Dry-state AFM height images comparing PS-b-P(AGE-co-EO) films prepared without 

additive (a, d) with corresponding nanocomposite films prepared with Cy3-aC’ dots (b), Cy3-BaC’ 

dots (c), Cy5-aC’ dots (e), and Cy5-BaC’ dots (f). Insets show representative images at a higher 

magnification. 
 

Single-Color OSRM Imaging of BCP Composite Thin Films Using STORM 

Preferential swelling of PS domains by our BaC’ dots was corroborated by OSRM imaging 

of these BCP thin film composites. STORM reconstructions were obtained from images of 

nanocomposite films taken in the total internal reflection fluorescence (TIRF) microscopy mode 

(see Experimental Section). Due to the sub–10 nm diameters, particle Rayleigh scattering at the 

wavelengths employed is negligible.79 Figure 4.4 compares resulting STORM images of BCP 

nanocomposite films from Cy3-aC’ dots (Figure 4.4a) with those of Cy3-BaC’ dots (Figure 4.4b). 

While, in the case of regular Cy3-aC’ dots, the fluorescence signal is sparse due to lack of 

significant incorporation into either block, in films prepared with the benzylated Cy3-BaC’ dots 

the entire 5 × 5 μm2 area of the film shows strong fluorescence signal consistent with BCP 

nanostructure. Focusing on one region of the latter film at higher magnification reveals a BCP 



164 
 

morphology with a mix of lying-down and predominantly standing-up cylinders with the 

fluorescence signal coming from the majority (i.e., PS) domain, similar to what is observed for 

this film on the same length scale with AFM (compare Figure 4.4c,d). These results together 

suggest that the simple mixing strategy of STORM probes with the PS-b-P(AGE-co-EO) BCP 

allows successful reconstructions of the BCP surface nanostructure via selective swelling of the 

PS domains by BaC’ dot probes. They further prove encouraging with respect to morphological 

identification of BCP mesostructure using SMLM alone, i.e. without the need for corroborative 

AFM, as has been demonstrated using stimulated emission depletion microscopy (STED).4 

 

 
Figure 4.4. STORM images of nanocomposite films prepared using Cy3-aC’ dots (a) and Cy3-

BaC’ dots (b). Region of interest from (b) at higher magnification (c) compared to an AFM image 

taken at the same scale (d). 

 

The domain spacings measured by AFM and STORM are nearly identical (46.4 ± 3.7 nm 

and 46.8 ± 5.0 nm, respectively) for the same set of samples (i.e., prepared under the same 

conditions at the same time), providing further evidence that the nanoparticles are incorporated 

into the matrix and not isolated at the film surface. These cylinder-to-cylinder distances are well 

within the lateral resolving capabilities of both AFM and SMLM,80 whose correlative use has been 
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on the rise in biology.81 More specifically, Cy3-BaC’ dots generated on average 30,100 photons 

per localization event (see Figure S4.6), which translates to a mean localization uncertainty of 7.2 

± 1.1 nm. These values are remarkably consistent with those reported for Cy3-srC’ 

dots,59 corroborating earlier studies that enhanced fluorescent behavior (over free dyes) is 

preserved despite the core compositional differences between (B)aC’ and srC’ dots.57 

From previous studies of hydrophilic/polar compatibilization in BCPs, if particle diameter 

exceeds the radius of gyration (𝑅𝑔) of the desired block for mixing, then it is expected that particles 

will segregate out based on entropic factors, even if the enthalpy favors mixing.76,82 The absence 

of this segregation phenomenon in our experiments warrants a look at other factors dominating the 

behavior of our BaC’ dots in the nonpolar PS block of the PS-b-P(AGE-co-EO) di-BCP.72 The 

hydrodynamic diameters of the Cy3- and Cy5-BaC’ dots are 8.5 ± 0.1 nm and 7.2 ± 0.3 nm, 

respectively. The freely jointed chain model (see Equation S4.1) approximates the 𝑅𝑔 of the PS 

block in the BCP used here as ∼7.2 nm, i.e. at or slightly below the particle sizes. While the 

preparation of our nanocomposites in benzene (i.e., a good solvent for PS) would render this 

calculation an underestimation in solution (see Equation S4.2),33 a more likely explanation is that 

enthalpic effects dominate the behavior observed in our thin films, which can offset entropically 

driven (i.e., size-dependent) repulsion when nanoparticle surface chains are sufficiently 

compatible with this polymer matrix.83 The 𝑅𝑔 of the P(AGE-co-EO) block, on the other hand, is 

estimated as only 4.1 nm. This value, which is smaller than the diameters of our Cy3- and Cy5-

aC’ dots, explains why the polar aC’ dots do not selectively incorporate into the minority domain 

by simple physical mixing (i.e., they tend toward entropic segregation). This further motivated our 

use of click chemistry to covalently attach our probes to the surface of the P(AGE-co-EO) 

cylinders. 
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Previous attempts at tuning particle surface polarity for incorporation into polystyrene-

block-poly(2-vinylpyridine) (PS-b-P2VP) noted that alkylated gold nanoparticles may associate 

with PS after nonequilibrium spin-coating but migrate to the more polar block upon SVA.71 In 

contrast, even after a 20-hour SVA step in benzene, our BaC’ dots appeared to stay in the PS 

domain, suggesting durable compatibility. Lastly, it has been demonstrated that even gold 

nanoparticles with high hydrophobic content in mixed-ligand shells can be soluble in 

water,46 consistent with both of our observations that the BaC’ dots are soluble in aqueous 

solutions as well as in nonpolar polymer environments. 

The observed selective swelling of the PS domains by BaC’ dots and lack of segregation 

even after extended SVA times may be due not solely to the presence of the BATMS ligands on 

the particle surface but also to contributions from the PEG ligands. The favorable enthalpic 

interaction between PS and poly(vinyl methyl ether) (PVME) is well documented in the field of 

polymer blends.84,85 This surprising phenomenon is attributed exclusively86,87 to molecular-level 

interactions between non-bonding electrons on PVME’s ether oxygens and the delocalized π-

electron system of the phenyl rings of PS. This effect likely translates to the BaC’ dots: As with 

the COCH3 groups of PVME,88 there are likely favorable enthalpic interactions between ether 

oxygens in PEG and phenyl rings in PS. It is worth noting, however, that purely PEGylated 

particles do not associate with the PS matrix in the BCP. While the presence of PEGs may lend a 

degree of enthalpic favorability to help facilitate compatibilization (and allow for straightforward 

aqueous nanoparticle synthesis), the benzyl-capped groups from BATMS are required to (i) induce 

the observed compatibility with PS blocks and (ii) prevent compatibility of the BaC’ dots with the 

P(AGE-co-EO) block of the BCP studied here. Finally, the PS-b-P(AGE-co-EO)–BaC’ dot 

nanocomposite thin films were prepared in benzene, which has been shown to promote miscibility 
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of PVME and PS,89 and well below the PS–PVME system’s lower critical solution 

temperatures84,85 for relevant molar masses. 

 

Two-Color OSRM Imaging of BCP Composite Thin Films Using STORM 

Simply mixing BaC’ dots into the PS matrix left the allyl surface groups of the P(AGE-co-

EO) block domains of PS-b-P(AGE-co-EO) available for orthogonal attachment of a second, 

differently colored aC’ dot to the thin BCP film surface, thereby enabling two-color OSRM 

imaging of the two domains of di-BCP nanostructures. To that end (see schematic in Figure 4.5, 

top row), the nanocomposite films underwent “click” chemistries, as per our earlier reported 

protocol,59 first using thiol–ene click chemistry to attach an α,ω-functionalized PEG, i.e. thiol-

PEG3-azide, to the film surface. This reaction was followed by a strain-promoted alkyne–azide 

click reaction with dibenzocyclooctyne (DBCO)–functionalized PEG-dye-aC’ dots. This 

treatment selectively attached DBCO-functionalized ATTO488-aC’ dots to free AGE moieties on 

the BCP thin film surface, which should therefore be confined to the cylinders of the polar 

domains. 

Figure 4.5 exhibits AFM height images (a–c) and STORM reconstructions (d–f) of a parent 

nanocomposite (Cy3-BaC’ dots in PS-b-P(AGE-co-EO)) film (a,d), the same nanocomposite film 

after functionalization with azide via thiol–ene click chemistry using thiol-PEG3-azide (b,e), and 

the final resulting film that underwent further surface attachment via strain-promoted alkyne–azide 

click chemistry with DBCO-functionalized ATTO488-aC’ dots (c,f). The AFM images show 

nanostructure preservation upon post-assembly processing. The single–false color STORM images 

show parent (d) and azide-functionalized (e) films, as well as the two–false color STORM image 

(f) of the final resulting nanocomposite film with Cy3-BaC’ dots mixed into the nonpolar PS 
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matrix domains and functionalized ATTO488-aC’ dots covalently confined to the polar P(AGE-

co-EO) domain surface.  

 

 
Figure 4.5. Top: Scheme showing the initial nanocomposite film, surface functionalization of the 

hydrophilic domain with azides, and subsequent attachment of ATTO488-aC’ dots above the 

respective data sets for each experimental step. AFM height (a−c) and STORM (d−f) images of 

the parent nanocomposite (Cy3-BaC’ dots in PS-b-P(AGE-co-EO)) film (a, d), film functionalized 

with azide (b, e) using click chemistry, and film that has undergone both surface functionalization 

with azide and subsequent attachment of ATTO488-aC’ dots (c, f) demonstrating mesostructured 

preservation (e) upon post-assembly processing and successful two-color OSRM imaging (f) of 

the two distinct BCP domains. Legend (g) for single-color false-magenta (h) or -cyan (i) channels 

merged to generate the two-color image in (f). 
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Small overlapping regions in Figure 4.5f are likely the result of the limited mobility 

associated with surface-attached nanoparticle probes, as described previously.59 Nevertheless, 

these images demonstrate proof of principle of the successful visualization, in the far-field regime 

of an optical microscope, of both of the two nanoscopic domains of the diblock copolymer via two 

distinctly colored orthogonal probes. While presented here as a complement to AFM, such 

chemical distinction of unique structures on the mesoscale lends credence to STORM’s potential 

as a standalone polymer characterization tool, as mentioned earlier. Exploration of this research 

avenue necessitates further optimization of probe distribution, however, to maximize optical 

coverage of each desired block. 

 

Conclusions 

In summary, this work has achieved two notable advances. The first is a facile aqueous 

synthesis protocol for the preparation of PS-compatible, ultrasmall OSRM imaging probes (BaC’ 

dots) that may be added to nonpolar BCP domains via simple solution mixing. The second is their 

use together with a second set of orthogonal probes “clicked” onto the BCP thin film surface for 

two-color OSRM imaging of the two distinct nanodomains of a di-BCP thin film nanocomposite 

nanostructure. For optical imaging, a TIRF microscopy geometry was chosen to enhance signal-

to-noise ratios. Since such setups require the use of a thin water layer between the imaging cover 

glass and thin film surface, covalent linkage of the second probe to the polar BCP domain was 

helpful in preventing probe leaching. It should be noted, however, that moving away from the 

TIRF geometry toward e.g. spinning-disk confocal microscopy (SDCM) setups for STORM would 

remove the requirement of the presence of water.90,91 
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The results presented here, which demonstrate successful and robust physical mixing of an 

aqueously synthesized OSRM probe into the nonpolar PS domain of an amphiphilic BCP, may 

open up a pathway to two-color STORM imaging of the two domains of such microphase-

separated polymer systems based entirely on simple mixing strategies. Our previous work has 

shown that, facilitated by dipole–dipole, hydrogen bonding, or screened electrostatic interactions, 

it is relatively straightforward to successfully compatibilize ultrasmall nanoparticles with 

hydrophilic/polar domains of phase-segregated BCP systems.37,76 Using two tunable, orthogonal 

(i.e., encapsulating two different dyes and with either polar or nonpolar surface coatings), and 

ultrasmall aC’ dot and BaC’ dot probes may enable facile labeling and STORM imaging strategies, 

in the absence of a second laser and complex imaging buffers. Simply mixing both of these probes 

together with the microphase-separating BCP in solution would then enable preparation of the 

final nanocomposite thin film samples.  

Future studies could explore local field mapping in solid-state polymers, akin to related 

studies using single molecules to probe local properties in polycrystalline materials.92,93 This 

research could then find ready application in optical characterization and probing of e.g. polymer 

blends in hybrid or fully organic solar cells.94 It will be interesting to see whether the work 

presented here as well as additional analogous strategies will help to further popularize OSRM 

imaging techniques in the polymer community, in particular toward the multiplexed OSRM 

imaging of nanocomposites in the bulk at length scales below the diffraction limit of light. 
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APPENDIX B 

 

Calculations  

Radii of Gyrations 

 Equation S4.1 gives an approximation for a polymer’s radius of gyration (𝑅𝑔), assuming 

an equivalent freely jointed linear polymer chain based on degree of polymerization (𝑁) and Kuhn 

length (𝑏). Given 𝑏 = 11 Å for poly(ethylene oxide) (PEO),1 which comprises most of the 

poly[(allyl glycidyl ether)-co-(ethylene oxide) or P(AGE-co-EO) block, 𝑅𝑔 of the minority block 

is estimated to be ~4.1 nm. Assuming 𝑏 = 18 Å for polystyrene (PS),1 𝑅𝑔 ≈ 7.2 nm for the PS block 

used in this paper. For comparison, Equation S4.2 allows calculation of 𝑅𝑔 specifically for 

polystyrene chains in toluene and benzene solution,2 which includes the solvent in our study. This 

provides an estimate of the PS 𝑅𝑔 from its molar mass (𝑀 > 104 g/mol) as ~8.3 nm in the 

preparation solution, which, given that the hydrodynamic diameter usually overestimates the true 

physical particle size, would be more favorable to mixing.3,4  

 

𝑅𝑔 = 𝑏 ∙ √
𝑁

6
            (S4.1)  

𝑅𝑔 = 0.01234 × 𝑀0.5936      (S4.2) 

 

Extinction Coefficients 

 The molar absorption or extinction coefficients (𝜀𝑖) associated with unique N-(2-N-

benzylamino-ethyl)-3-aminopropyltrimethoxysilane (BATMS) peaks were determined with the 
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Beer–Lambert law (Equation S4.3) via a concentration (𝑐) series of BATMS in ethanol using 

absorbance (𝐴) values and an optical path length (𝑙) of 1 cm (see Figure S4.5). 

 

𝐴 = 𝜀𝑐𝑙         (S4.3)  

 

Quantification of BATMS Groups 

 The absorbance spectra for Cy3- and Cy5-BaC’ dots were normalized based on number of 

dyes per particle. The values corresponding to the three BATMS-specific peaks (see Figure S4.5f) 

and their respective extinction coefficients (see Figure S4.5c) were plugged into Equation S4.3 to 

determine the concentration of BATMS groups, taking into account concentration from 

fluorescence correlation spectroscopy (FCS) measurements. Table S4.1 displays values calculated 

based on extinction coefficients from each peak, which were averaged and reported in Table 4.1. 

 

Table S4.1. Quantification of BATMS Groups Per Particle by Peak 

Nanoprobe Peak BATMS/Particlea 

Cy3-BaC’ dots 

265 nm 150 

259 nm 130 

253 nm 123 

Cy5-BaC’ dots 

265 nm 68 

259 nm 65 

253 nm 58 
aCalculated from FCS-derived concentrations together with absorbance data from optical 

spectroscopy 
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Supplemental Data 

 
Figure S4.1. Representative gel permeation chromatography (GPC) curves of as-synthesized 

batches of Cy3-aC’ dots (a), Cy3-BaC’ dots (b), Cy5-aC’ dots (c), and Cy5-BaC’ dots (d) after 

several rounds of sample purification. As expected from FCS size results (see Table 3.1 and Figure 

S3.2), elugrams of BaC’ dots are left-shifted relative to smaller-diameter aC’ dots. Peaks to the 

left of the right-most product peaks are from particle aggregates formed during synthesis, as 

described elsewhere.5 
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Figure S4.2. Representative autocorrelation curves from fluorescence correlation spectroscopy 

(FCS) for Cy3-aC’ dots (a), Cy3-BaC’ dots prepared with PEG6-9-silane:BATMS mole ratio of 5:1 

(b), Cy5-aC’ dots (c), and Cy5-BaC’ dots prepared with PEG6-9-silane:BATMS mole ratio of 5:1 

(d) with corresponding curves of best fit (red). FCS-derived hydrodynamic diameters (𝑑) and 

average numbers of dyes per particle (𝐷𝑝𝑃) are shown in the corresponding insets. Especially in 

(b) and (d), particles appear aggregated, likely as a result of the drying process. 
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Figure S4.3. Transmission electron microscopy (TEM) micrographs of Cy3-aC’ dots (a), Cy3-

BaC’ dots (b), Cy5-aC’ dots (c), and Cy5-BaC’ dots (d) with insets at higher magnification. 

Nanoparticles were diluted to 200 nM in water, and ~20 μL were dropped onto carbon-coated 

copper TEM grids and allowed to dry via wicking on a Kimwipe before imaging. 

 

 

 

 
Figure S4.4. Scheme indicating the general trend in relative hydrogen bonding strengths for the 

three most relevant interactions during BaC’ dot synthesis: between BATMS’s backbone 

secondary-amine nitrogens (left) or the PEG6-9-silane’s ether oxygens (middle) and the 

nanoparticle surface silanols (left, middle) and between the amine hydrogens and PEG6-9-silane 

ether oxygens (right). 
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Figure S4.5. Absorbance spectra (a) for BATMS in ethanol with region of interest (b) to determine 

extinction coefficients (c) of unique BATMS peaks using absorbance as a function of 

concentration (d). Absorbance spectra in water (e) for Cy3-aC’ dots, Cy3-BaC’ dots, Cy5- aC’ 

dots, and Cy5-BaC’ dots normalized to respective dye peaks with region of interest (f), where 

peaks unique to BATMS have been highlighted. 

 

 

 

 
 

Figure S4.6. Photon histogram for Cy3-BaC’ dots with FCS-derived hydrodynamic diameters of 

7.1 ± 0.1 nm with ~1.5 dyes per particle. Data were calculated from biotinylated nanoparticles 

immobilized on streptavidin-coated dishes, per our published protocol.6,7  
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CHAPTER 5 

 

CHARACTERIZATION AND ANALYSIS OF CO-CONTINUOUS POLY(ISOPRENE)-block- 

POLY(STYRENE)-block-POLY(N,N-DIMETHYLAMINOETHYL METHACRYLATE) THIN 

FILM NANOSTRUCTURES 

 

Abstract 

Self-assembled block copolymer (BCP) thin films provide nanostructures useful in 

applications ranging from templates to membranes and devices, rendering critical the 

characterization of their nanoscopic morphology. Conventional techniques, such as grazing-

incidence small-angle X-ray scattering (GISAXS), atomic force microscopy (AFM), and electron 

microscopy (EM), provide complementary information on such films, which together generate an 

understanding of their surface and internal structures. In recent years, optical super-resolution 

microscopy (OSRM) has emerged—following its well-developed implementation in biology—as 

an alternative way to characterize nanoscopic polymer morphology. This work describes the self-

assembly of a poly(isoprene)-block-poly(styrene)-block-poly(N,N-dimethylaminoethyl 

methacrylate) (PI-b-PS-b-PDMAEMA or ISA) triblock terpolymer into thin films with top surface 

access to all three blocks.  

Multifaceted structural characterization reveals a co-continuous network structure in neat 

films. Nanocomposite thin films incorporating two orthogonal, ultrasmall OSRM nanoparticle 

probes with inorganic core and organic ligand shell by simple evaporation-induced self-assembly 

(EISA) and solvent vapor annealing (SVA) preserve this morphology whilst enabling OSRM 

imaging in the far field of a fluorescence microscope. The approach described here suggests that 
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fine-tuned organic ligand shells enable labeling of the different blocks of the BCP based on ligand 

shell polarity. Results introduce a relatively facile pathway to multicolor OSRM characterization 

of multiple chemically distinct nanodomains of phase-separated BCP structures. 
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Introduction 

Block copolymers (BCPs) comprise a class of macromolecules composed of two or more 

chemically distinct polymer chains—each serving as a block—that are covalently bonded to one 

another. Due to enthalpy-driven microphase segregation and configurational entropy–driven 

coiled block conformations, BCPs self-assemble on the scale of tens of nanometers to form various 

mesostructures at thermodynamic equilibrium.1–3 In the bulk, relative chemical (in)compatibility 

between blocks, volume fractions, total molar mass, and conformational asymmetry each play a 

significant role in determining BCP morphology.4,5 Moving from bulk BCP self-assembly to thin 

films, the final structure is further substantially influenced by asymmetric boundary conditions—

namely, the surface energy with air and the interfacial energy with the substrate.6 Film thickness, 

substrate selection, film casting methods, and solvent choice also heavily influence phase 

separation, morphology, and mesostructure orientation of self-assembled structures.7,8 As a result, 

development of reliable protocols for preparing morphologically consistent films is essential to 

applications of BCP thin films, e.g. nanopatterning or the investigation of confined reactions.4 

To form well-defined morphologies, such as lamellae, gyroids, cylinders, spheres, and even 

more complicated structures from triblock terpolymers,1,9,10 solvent vapor annealing (SVA) is 

often applied to mobilize polymer chains during evaporation-induced self-assembly (EISA) in thin 

films. Swelling of the films lowers the glass transition temperatures of polymer blocks, allowing 

an increase in mobility.11–13 Since BCP self-assembly is the process by which polymer chains 

spontaneously organize into specific morphologies according to enthalpic and entropic driving 

forces, higher polymer chain mobility accelerates periodically ordered mesostructure formation, 

which otherwise may become trapped in non-equilibrium or metastable structures and phases. 

Moreover, SVA can help BCP systems reach a neutral free surface to minimize surface 
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preferentiality of particular blocks, which is an important factor in determining mesostructural 

orientation.4 Though thermal annealing is a method regularly used to reach thermodynamic 

equilibrium in the bulk, SVA is more regularly used for BCP thin films and proves advantageous 

in its viability in systems with blocks of dissimilar surface tensions or those containing blocks 

vulnerable to thermal degradation.14 Another important consideration for thin film morphology is 

choice of solvent, as different solvents may obtain contrasting block selectivity.11–13,15–22 Careful 

optimization of thin film preparation can therefore be a complicated process that requires 

thoughtful experimental design to achieve a desired film morphology. 

Advantages of operating within the thin film regime include shorter self-assembly 

timescales, as compared to bulk samples, and the potential for wide-ranging applications like 

membranes, organic–inorganic composites, photonic devices, and patterning templates.9 

Characterization of BCP thin film structure is therefore an important area of study. Common 

techniques for investigating BCP thin film morphology include grazing incidence small-angle X-

ray scattering (GISAXS), scanning and transmission electron microscopies (SEM/TEM), and 

atomic force microscopy (AFM).23,24 Combining analyses of these conventional techniques often 

provides more comprehensive understanding of both film surface and substructure properties. 

Optical super-resolution microscopy (OSRM), on the other hand, has emerged more recently as a 

complementary approach for BCP thin film structural characterization. OSRM alleviates certain 

limitations of more traditional methods by providing noninvasive three-dimensional (3D) 

structural information as well as allowing in situ studies,25–27 while at the same time requiring the 

use of appropriate optical probes. Such fluorescent labels were primarily developed for use in 

biological investigations. As such, the soft matter community stands to reap great benefits from 

advancement of polymer-selective OSRM probes.28 



195 
 

OSRM overcomes Abbe’s diffraction limit of visible light, which has restricted resolution 

of optical microscopes to ~200 nm for well over a century.29 While finding rapid and extensive 

use in the biological sciences, it has only gradually made its way into the polymer community 

despite vast potential. One popular OSRM technique is stochastic optical reconstruction 

microscopy (STORM).30 STORM uses photoswitchable fluorophores to achieve on–off blinking 

between fluorescent and dark states that enables localization of optical emitters and reconstruction 

of super-resolved images.28 With photoswitchable probes exhibiting the appropriate blinking 

statistics being a critical requirement for STORM emitters, the development of such probes that 

also selectively associate with desired polymer environments (e.g., particular BCP blocks) 

emerges as a necessary step in the adaptation of OSRM to polymer science. 

The present study centers on the topic of BCP thin film self-assembly and morphology 

characterization, together with an exploration of an advanced OSRM probe labeling method for 

such polymer systems. Careful optimization of sample preparation, characterization, and analysis 

of poly(isoprene)-block-poly(styrene)-block-poly(N,N-dimethylaminoethyl methacrylate) (PI-b-

PS-b-PDMAEMA or ISA) triblock terpolymer thin films is reported. Spin-coated films undergo 

SVA-induced self-assembly, with considerations for solvent choice and solution concentration. 

Surface visualization via AFM suggests a hexagonal surface structure. Fast Fourier transform 

(FFT) and Voronoi analyses are presented to provide additional quantitative assessment of AFM 

surface images. The combination of GISAXS and SEM cross-sectional data is consistent with a 

co-continuous gyroid morphology of the ISA thin films below the hexagonally ordered top surface 

layer. This observation is corroborated by etching of the top surface and subsequent SEM imaging 

of the substructure, revealing characteristic patterns expected from a co-continuous gyroidal 

structure.  
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STORM is finally used to expand the conventional characterization toolset to include 

OSRM. Incorporating two orthogonal, ultrabright optical probes—fluorescent dye–encapsulating 

aluminosilicate Cornell prime dot nanoparticles called aC’ dots—into the BCP thin films is 

achieved via facile mixing into the ISA solution before spin-coating. Due to their polar 

poly(ethylene glycol) (PEG) surface ligands, PEGylated aluminosilicate core–PEG shell (core–

shell) probes are expected to associate during self-assembly with the polar PDMAEMA block of 

the triblock terpolymer. In contrast, PEGylated aC’ dots further surface-modified with benzyl 

groups (“BaC’ dots”) are expected to associate with the PS block.31 STORM imaging of the 

resulting nanocomposite thin film surfaces supports this hypothesis. In analogy to biological 

studies, the mixing of orthogonal, high-brightness core–shell OSRM probes, which associate with 

specific blocks of a BCP per their tunable surface chemical properties, described in this work 

provides a versatile toolbox for the multicolor OSRM characterization of BCP surface 

nanostructures in the far field of a conventional optical fluorescence microscope. 

 

Experimental Section 

Materials  

Poly(isoprene)-b-poly(styrene)-b-poly(N,N-dimethylaminoethyl methacrylate) was 

synthesized using anionic polymerization as previously reported.32 PEGylated aluminosilicate 

nanoparticles (Cy3-aC’ dots) were synthesized and subsequently characterized with fluorescence 

correlation spectroscopy (FCS), employing previously published methods.33 Benzyl group–

modified/PEGylated aluminosilicate nanoparticles were synthesized and subsequently 

characterized with various techniques, including FCS, as described elsewhere.31 Double-polished 

<100> silicon wafers were purchased from WRS Materials. Cover glass and ruthenium tetroxide 
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were purchased from Electron Microscopy Sciences. Deuterated chloroform was purchased from 

Cambridge Isotope Laboratories, Inc. Toluene was purchased from Alfa Aesar. Ethanol was 

purchased from VWR International. Cy3- and Cy5-maleimide dyes were purchased from 

Lumiprobe Corp. All other chemicals were purchased from Sigma-Aldrich. Chemicals were used 

as received. 

 

Polymer Characterization  

Poly(isoprene)-block-poly(styrene)-block-poly(N,N-dimethylaminoethyl methacrylate) 

(PI-b-PS-b-PDMAEMA or ISA) was synthesized via anionic polymerization32 and characterized 

with a combination of gel permeation chromatography (GPC) and proton nuclear magnetic 

resonance (1H-NMR) spectroscopy. For GPC (see Figure S5.1), the synthesized triblock 

terpolymer was dissolved in tetrahydrofuran (THF) to form a solution of ~1–2 mg/mL and run 

through a single column at 30 ℃ equipped with a refractive index detector and a UV detector. For 

1H-NMR spectroscopy characterization, the PI-b-PS-b-PDMAEMA was first dissolved in 

deuterated chloroform to form a dilute solution and subsequently filled into an NMR tube 

immediately prior to sample submission. 1H-NMR spectroscopy data (see Figure S5.2) were 

generated on a Mercury 300 spectrometer using a standard probe of 1H/X and processed with 

Mestrelab Mnova for signal integration. The triblock terpolymer had a molar mass of 85.0 kg/mol, 

a polydispersity of 1.28, and PI:PS:PDMAEMA weight fractions of 0.18:0.36:0.46, with around 

5% of the PI attributed to 1,2/3,4-PI (see Figure S5.2). Given the composition and molar mass, the 

polymer is hereafter designated as ISA85. 
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Particle Characterization 

 Functional aluminosilicate core–organic ligand shell (core–shell) aC’ dots and BaC’ dots 

were synthesized as previously reported.31,33 In this work, the aC’ dot encapsulates a Cy3 dye and 

is stabilized by an organic shell comprised solely of PEG-silanes (see Scheme S5.1a), while the 

BaC’ dot encapsulates Cy5 dye and is stabilized by a combination of PEG- and benzyl-silanes (see 

Scheme S5.1b). As-synthesized particles were up-concentrated using GE Healthcare Vivaspin 

MWCO 30 kDa centrifuge spin filters before two runs through a GPC column with Sephacryl S-

300 High Resolution resin (GE Healthcare) using a 0.9 wt % NaCl aqueous solution (see Figure 

S5.3a). Particles were subjected to optical characterization in the form of FCS (see Figure S5.3b,c) 

and UV–Vis absorbance (see Figure S5.3d,e) to determine average hydrodynamic diameter. 

 

Polymer and Polymer Nanocomposite Thin Film Assembly and Etching  

ISA85 was freeze-dried by dissolution in 1,4-dioxane for 1 hour, rotating and immersing 

the polymer solution–containing round-bottom flask in liquid nitrogen, and drying on a Schlenk 

line at room temperature for 24 hours. The freeze-dried ISA85 was then dissolved in THF for 3 

hours to form 1.5 wt% or 5 wt% solutions, distributed into Teflon-top sample storage vials, and 

stored in the freezer until use. The polymer solution was removed from the freezer as needed and 

brought to room temperature prior to spin-coating. Immediately before spin-coating, silicon wafers 

were cut into 1 cm2 squares and then sonicated in acetone and isopropanol, sequentially, for 15 

minutes each. The wafers were subsequently rinsed with isopropanol, dried under nitrogen flow, 

and baked at 110 °C for 10 minutes. The preparation steps to generate self-assembled thin film 

samples is visualized in Scheme S5.2. The polymer solution (~0.2 mL) was deposited to 

completely cover the surface of a cleaned wafer and spin-coated for 1 minute at 3,000 RPM with 
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an acceleration of 600 RPM/s. Spin-coated thin films were subsequently submitted to solvent 

vapor annealing (SVA) in a THF-saturated atmosphere at room temperature for 19 hours. For thin 

films prepared with toluene, THF was substituted by toluene for both polymer dissolution and 

SVA, and annealing time was increased to 120 hours. 

For scanning electron microscopy (SEM) imaging of the top surface, thin films were 

subjected to an etching step. To that end, the as-made thin films were cut into 0.25 cm2 squares 

with a diamond silicon knife and etched via reactive ion etching (RIE) with an Oxford PlasmaLab 

80+ etcher using a CF4 plasma source for 7 seconds at 150 W.  

Nanocomposite thin films were generated from ISA85 containing optical nanoparticle 

probes in the form of either Cy3 dye–encapsulating aluminosilicate core–poly(ethylene glycol) 

(PEG) shell (core–shell) Cornell prime dots (“Cy3-aC’ dots,” see Scheme S5.1a) or PS-

compatible, benzylated aC’ dots encapsulating Cy5 dye (“Cy5-BaC’ dots,” see Scheme S5.1b), or 

both (i.e. Cy3-aC’ dots and Cy5-BaC’ dots together) for single-color or two-color stochastic 

optical reconstruction microscopy (STORM) imaging, respectively. These nanocomposite thin 

films were generated in the following way: Cy3-aC’ dots and/or Cy5-BaC’ dots were added to a 5 

wt% solution of ISA85 in THF at probe concentrations of either 430 nM or 150 nM and stirred for 

1 hour prior to spin-coating. (For two-dot nanocomposite thin films, both Cy3-aC’ dots and Cy5-

BaC’ dots were added in this manner such that the individual dot concentration in solution was 

150 nM each.) Immediately prior to spin-coating, silicon wafers were cut and cleaned as described 

above, while pieces of cover glass—an alternative thin film substrate—were sonicated in ethanol 

for 15 minutes, dried under nitrogen flow, and baked at 110 °C for 10 minutes. Nanocomposite 

thin films were then spin-coated and solvent-annealed according to the protocol outlined above. 
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All neat and nanocomposite thin films used for comparative purposes herein were prepared from 

the same stock ISA85/THF solution, at the same time, and under the same conditions.  

 

Structural Characterization and Analysis  

As delineated below, top surface structures of the self-assembled thin films were first 

studied by AFM; the resulting images were subjected to fast Fourier transform (FFT) and Voronoi 

analyses. Subsurface structures were then investigated by a combination of grazing-incidence 

small-angle X-ray scattering (GISAXS), SEM of thin film cross-sections, and SEM of etched thin 

film surfaces. Finally, AFM results of the top surface structures were compared with those from 

STORM. 

AFM data were obtained utilizing a Digital Instruments Multimode scanning-probe 

microscope. Samples were characterized using monolithic silicon non-contact high resonance 

frequency AFM tips purchased from NanoWorld with a force constant between 21 N/m and 78 

N/m under tapping mode. All images were collected at a resolution of 512 × 512 pixels and at a 

scan rate of 1.2 Hz. 

Both FFT and Voronoi analyses were conducted in ImageJ. AFM images first went through 

a contrast increase by 42% and were then rendered binary for FFT. Since the hexagonal patterns 

were not perfectly symmetrical, wedge integrations were subsequently used around the elongated 

axis of the two-dimensional (2D) FFT in order to generate one-dimensional (1D) plots, from which 

center-to-center cylinder distances of the hexagonal patterns were deduced. For Voronoi analysis, 

the same AFM image was processed using the Split Channels function in ImageJ into separate 

red-, blue-, and green-channel grayscale images (see Figure S5.4). With the greatest contrast of 

the three, the green channel was rendered binary to generate a Voronoi figure displaying the 
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packing structure, from which the distribution of next-nearest neighbors was calculated. First, 

structures falsely identified by the software from contrast variations in the grayscale images at PS–

PDMAEMA interfaces were eliminated by setting the “minimum particle size” in ImageJ such 

that features <900 nm2 in size were excluded (see Figure S5.5). This lower bound (900 nm2) was 

selected based on visual inspection of the AFM images, which showed no periodic features of 

interest below this size. Next, subunits along the edges of the images that introduced artificial 

defects were excluded by selecting the Exclude on Edges function. 

Thin film GISAXS data were obtained at the Soft Matter Interfaces beamline (12-ID) of 

the National Synchrotron Light Source II at Brookhaven National Laboratory. Data were collected 

with a 14 keV beam at a sample-to-detector distance of 497 cm and incident angles between 0.10° 

and 0.15°. 2D GISAXS data were processed and plotted using the MATLAB-based software 

GIXSGUI (Version 1.7.1). To prepare SEM samples, cleaved or etched ISA85 thin films were 

stained with RuO4 vapor for 10–20 minutes. Images were collected using a Zeiss Gemini 500 SEM 

with in-lens mode at 2 keV. A working distance of 1.9 mm was employed for film cross-section 

imaging and 4.5–5.5 mm for etched surface imaging of uncoated samples. 

 

Optical Super-Resolution Imaging  

Nanocomposite thin film samples were immersed in deionized (DI) water, face-down into 

a steel imaging well located above a 1.46 NA 100× objective. The Cy3-aC’ dots were excited by 

a 561 nm laser and Cy5-BaC’ dots by a 640 nm laser; fluorescence signal was spectrally filtered 

using a 561 nm band-pass filter (Cy3) or a 640 nm band-pass filter (Cy5), respectively, and 

recorded with an Andor iXon EMCCD camera. A series of 10,000 frames with a time resolution 

of 30 ms/frame were acquired for each sample. For two-color STORM images, a specific thin film 
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region was exposed first to only the 640 nm laser and data collected from Cy5-BaC’ dot fluorescent 

activity over that area; the same region was then exposed to only the 561 nm laser and data 

collected from Cy3-aC’ dot fluorescent activity. Reconstructed super-resolution STORM images 

were generated using the ImageJ plugin ThunderSTORM.34 Data sets for the same region of 

nanocomposite ISA85 thin films containing both Cy3-aC’ dots and Cy5-BaC’ dots were 

reconstructed individually into single-color images and then overlain to produce a two-color 

STORM image of the single region. 

 

Results & Discussion 

Thin Film Optimization and Structural Analysis  

This work employed a ~85 kg/mol poly(isoprene)-block-poly(styrene)-block-poly(N,N-

dimethylaminoethyl methacrylate) (PI-b-PS-b-PDMAEMA) triblock terpolymer, termed ISA85. 

Different preparation conditions were explored to generate ISA85 thin films with well-ordered 

surface structures, as shown in Figure 5.1. It was first concluded that solvent vapor annealing 

(SVA) was a critical step to enable the formation of nanostructured surfaces: Spin-coated films 

that did not undergo SVA showed no identifiable surface patterns (Figure 5.1a), while hexagonally 

packed structures appeared after annealing the films in tetrahydrofuran (THF) vapor for 19 hours 

(Figure 5.1b).  

Solvent selection is also important in determining top surface structure and allowing rapid 

ordering by increasing polymer chain mobility.11,15 While previous studies identified toluene as a 

suitable solvent for self-assembly of relatively thick PI-b-PS-b-PDMAEMA composite films,35 it 

was found to be less optimal for the formation of well-ordered, self-assembled thin films. Spin-

coated films prepared from ISA85 dissolved in toluene took 120 hours to form a distinguishable 
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structure when annealed in toluene (Figure 5.1c). Conversely, those prepared completely in THF 

required only 19 hours of SVA (Figure 5.1d). Concentration of the polymer solution also played a 

key role in defining surface structure: A higher concentration led to thicker films and better-defined 

surface structures. Increasing polymer concentration in THF from 1.5 wt% (Figure 5.1e) to 5 wt% 

(Figure 5.1f) yielded superior surface structure, which was accompanied by a film thickness 

increase from around 100 nm to above 300 nm, as estimated by atomic force microscopy (AFM).  

 

 
Figure 5.1. AFM phase images of ISA85 thin film surfaces revealing the effect of SVA (a,b), 

solvent (c,d), and solution concentration (e,f). Shown are top surface morphologies of films 

annealed in THF for 0 hours (a) and 19 hours (b), dissolved in and solvent-annealed with toluene 

for 120 hours (c) or THF for 19 hours (d), and prepared from a 1.5 wt% (e) and 5 wt% (f) THF 

solutions. 
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Optimized nanostructured ISA85 thin films were prepared by spin-coating a 5 wt% THF 

solution onto a silicon wafer, followed by SVA in THF for 19 hours. Resulting films had a 

thickness of ~330 nm. Figure 5.2 shows the top surface morphology, as imaged with AFM. Films 

displayed periodically ordered hexagonal patterns with distinct regions attributed by relative 

composition to each of the three blocks: PI–PS core–shell cylinders in a majority PDMAEMA 

matrix. Figure 5.2d depicts this structure schematically, with PI cylinder cores represented in 

green, PS cylinder shells in blue, and the PDMAEMA matrix in light pink.  

 

 
Figure 5.2. Representative AFM phase image (a) of an ISA85 thin film. A magnified region marked 

with a red square in (a) is shown in (b), enabling identification of all three top surface blocks of 

the ISA85 structure depicted in (c). A schematic of the top surface morphology consistent with the 

AFM images is depicted in (d), showing PI cylinder cores (green), PS cylinder shells (blue), and 

the PDMAEMA matrix (light pink). 

 

AFM images of ISA85 thin film surface morphology (Figure 5.3a) were further subjected 

(Figure 5.3b,c) to fast Fourier transform (FFT) and Voronoi analyses for a more quantitative 

assessment of the top structure. Consistent with AFM, FFT analysis (Figure 5.3d) suggests a 
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slightly distorted hexagonal lattice with a center-to-center distance of cylinders of 72.8 nm (based 

on the long axis of the distorted structure). Voronoi image analysis (Figure 5.3e) visually 

confirmed that the vast majority of structural subunits—here, the cylinders—had six nearest 

neighbors, as expected from a hexagonal structure. Excluding artifacts from poor contrast and 

image edges (see Experimental Section), the fraction of subunits having six nearest neighbors was 

94.6%, whereas fractions with five, seven, and eight nearest neighbors were respectively only 

3.4%, 0.3%, and 1.7%. Both FFT and Voronoi analyses helped to corroborate the high degree of 

periodic ordering of the ISA85 thin film surface. 

 

 
Figure 5.3. Processing of ISA85 thin film surface AFM phase image (a). Increasing contrast and 

rendering the AFM image binary (b) or splitting the AFM image into monochromatic channels (c) 

enabled FFT (d) and Voronoi (e) analyses. 
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Following these analyses, which provided insights into the top surface morphology, 

grazing-incidence small-angle X-ray scattering (GISAXS) was performed to better understand the 

subsurface structure of the ISA85 thin films. The observed scattering pattern (Figure 5.4) was 

analyzed with a MATLAB-based code and determined to be consistent with a core–shell double 

gyroid structure with the (211) planes parallel to the substrate and compressed 52% along [211], 

i.e. along the film normal. The associated lattice parameters were as follows: 𝑎 = 90.7 nm, 𝑏 = 𝑐 

= 121.4 nm, with angles 𝛼 = 98° and 𝛽 = 𝛾 = 113°. According to the lattice parameters, the distance 

between neighboring (211) planes is 25.5 nm. Compression of the film was likely a result of rapid 

drying that occurred immediately upon removal of samples from the SVA environment.36,37  

 

 
Figure 5.4. GISAXS pattern of an ISA85 thin film showing indexed peaks matching a double 

gyroid structure parallel to the (211) plane and compressed 52% along the [211] axis. 
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For thin film cross-sectional analysis, ISA85 thin films were cleaved and cross-sections 

stained with RuO4 for scanning electron microscopy (SEM). The resulting images (Figure 5.5) 

showed periodically ordered structures throughout the “bulk” of the thin film with approximately 

23.8 nm measured distance between layers, close to the calculated plane-to-plane value (25.5 nm) 

from GISAXS analysis (vide supra).  

 

 
Figure 5.5. Cross-sectional SEM image (a) of an ISA85 thin film showing periodically ordered 

subsurface structure. The area outlined with a red box is enlarged in (b–d). White ovals in (c) 

indicate positions of periodic features for two neighboring planes in (b), which are represented 

with white dashed lines identified by black arrows in (d) and separated by about 24 nm. 

 

While AFM identified a hexagonal top surface morphology, GISAXS results reflecting 

more so the thin film substructure suggested a double gyroid morphology. In order to account for 

these structural differences, it was of interest to investigate the change in structure when moving 

away from the top surface layer, i.e. deeper into the film. To visualize this transition, ISA85 thin 

films were etched with CF4 plasma and subsequently imaged with SEM. Experiments with 

alternative plasmas had revealed CF4 to be the optimal choice: Using O2 resulted in selective 
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etching and surface damage, whereas argon plasma proved too weak to effectively etch away the 

top surface. Films etched with CF4 plasma were subsequently stained with RuO4 for ~15 minutes 

to increase SEM image contrast.  

Figure 5.6a shows an SEM image of an ISA85 film etched for 7 seconds. While there are 

still regions displaying hexagonal order, the image of the etched film now also clearly reveals areas 

that resemble a co-continuous structure. Regions with hexagonal lattice structure had a center-to-

center cylinder distance of 71.2 ± 1.6 nm, close to the 72.8 nm value obtained from FFT analysis 

of the top surface structure (vide supra). The spacing between the neighboring repetitive features 

in the (211) plane (see red double arrow in Figure 5.6d) was 117.0 ± 4.1 nm, similar to the 112.7 

nm spacing calculated from GISAXS data. Figure 5.6b shows an enlarged SEM image area that 

displays features consistent with a co-continuous structure. By comparing this pattern to MATLAB 

simulations of (211) planes of the double gyroid along the [211] axis at different depths (Figure 

5.6c), a bent-triangular structure alternating from one side to another is clearly recognizable (see 

the blue box in Figure 5.6c). With the PI block stained more heavily as compared to PS, the corner 

marked with a red asterisk indicates a PI-rich location. These areas appear brighter in the SEM 

image from greater electron scattering and can be assigned to a similar structure in the simulation 

(compare Figure 5.6b,d).  

Together, these results suggest a transition from a hexagonal top surface structure to a 

double gyroid morphology in the thin film substructure. This behavior is likely driven by surface 

energy effects associated with the polymer–air interface. Furthermore, this behavior is similar to a 

transition from a hexagonally perforated layer structure to a gyroid structure, which was previously 

observed in BCP thin films thermally annealed at different temperatures.38  
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Figure 5.6. SEM image (a) with magnification (b) of an ISA85 thin film surface after etching with 

CF4 plasma for 7 seconds and compared to MATLAB simulations of (211) planes of the co-

continuous double gyroid along the [211] axis at different depths (c). Comparing a specific slice 

(d), outlined in blue, from the simulation stack to the area enlarged in (c) reveals clear similarities. 

Red asterisks in (c) and (d) indicate PI-rich locations that appear brighter in SEM due to 

preferential PI staining. The red double arrow in (d) indicates the spacing between neighboring 

repetitive features in the (211) plane. 

 

Super-Resolution Imaging  

For the application of optical super-resolution microscopy (OSRM) imaging in polymer 

science, exploration of methods to incorporate optical probes into polymers are of increasing 

interest.28 Previous work39 showed successful attachment of dye-encapsulating core–shell silica 

nanoparticles via various click chemistries to BCP thin film surface domains for stochastic optical 

reconstruction microscopy (STORM). Later experiments demonstrated selective incorporation of 
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similar nanoparticle probes with nonpolar surface ligands into a nonpolar PS block and their 

characterization with STORM.31 In this study, first PEGylated aluminosilicate nanoparticles 

termed aC’ dots (synthesized as previously reported33), with polar surface ligands and 

encapsulating Cy3 dye, were used to passively label the polar PDMAEMA block of the ISA85 to 

enable STORM imaging. Dye-encapsulating aC’ dots show substantial brightness as well as 

photostability enhancements over their corresponding free dyes, as well as facile OSRM requiring 

only one excitation laser (rather than two) and no oxygen scavengers.33 They therefore present an 

attractive alternative to regular dye-based labeling approaches to provide the required optical 

blinking over extended periods of time.  

Nanoparticle incorporation was achieved by simply adding Cy3-aC’ dots to the stirring 

ISA85–THF solution before spin-coating and co-assembly, taking advantage of the affinity of the 

purely PEGylated dots to the polar PDMAEMA block. PDMAEMA is widely used as a 

polar/hydrophilic segment in BCPs,40–43 while PEG is a polar/hydrophilic polymer often used to 

provide water solubility to hydrophobic drugs and proteins.44,45 Considering the polar character of 

both PEGylated aC’ dot surface ligands and the PDMAEMA block of ISA85, the nanoparticles 

should favor this block after solution mixing and subsequent evaporation-induced self-assembly 

(EISA) via SVA. Besides enthalpically favorability, incorporation into the PDMAEMA block is 

also entropically favored. The hydrodynamic diameter of the Cy3-aC’ dots was ~4.4 nm, as 

calculated from fluorescence correlation spectroscopy (FCS), which was slightly smaller than the 

~4.7 nm radius of gyration for PDMAEMA (approximated using the freely jointed chain model 

and Kuhn length of poly(methyl methacrylate)46). The relatively smaller size of the particles helps 

to prevent segregation driven by conformational entropy loss when PDMAEMA chains wrap 

around the nanoparticles.47  
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After nanocomposite thin film self-assembly via the optimized protocol (see Experimental 

Methods), it was first confirmed that thin film surface structures of films prepared with and without 

Cy3-aC’ dots showed the same characteristic, periodically ordered hexagonal patterns discussed 

previously (compare Figure S5.6a,b). Successful incorporation of Cy3-aC’ dots into the thin film 

was suggested through expansion of the observed hexagonal center-to-center cylinder spacing 

relative to the neat ISA85 film. For thin films prepared under otherwise identical conditions and at 

the same time, neat ISA85 films (without Cy3-aC’ dots) showed an average center-to-center 

spacing of ~73.3 nm in AFM, while those prepared with Cy3-aC’ dots exhibited a larger spacing 

of approximately 81.2 nm. Such an increase in center-to-center distance demonstrates that the 

nanoparticles are successfully incorporated into the ISA85 and is consistent with swelling of the 

PDMAEMA matrix volume by Cy3-aC’ dots. 

STORM was performed to corroborate that the nanoparticles were incorporated selectively 

into the PDMAEMA block volume, rather than nonspecifically distributed throughout the 

nanocomposite thin film. To aid STORM data collection, switching to glass substrates would 

reduce aberrations associated with interactions between the laser and default silicon substrate. 

With thin film self-assembly heavily dependent on polymer–substrate interfacial energy,4 it was 

necessary to confirm the consistency of the thin film structure across different substrates. 

Fortunately, likely due to the similarity between the native oxide layer on silicon substrates and 

glass surfaces, changing from silicon to a glass substrate did not substantially alter the thin film 

morphology. The periodically ordered, hexagonally packed cylinder morphology could clearly be 

identified for films prepared on both substrates under otherwise identical conditions on the same 

day (compare Figure S5.6b,c).  
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Optical data for nanocomposite thin films prepared with [Cy3-aC’ dots] = 430 nM in 

ISA85/THF solution were reconstructed into false-color STORM images and compared to AFM 

surface images of the same films, as shown in Figure 5.7. In the OSRM images (see Figure 5.7d–

f), signal from Cy3-aC’ dots from various regions of the film appears green, which manifests as 

approximate outlines of a hexagonal structure. The absence of signal in the centers of these regions 

indicates that the Cy3-aC’ dots were preferentially integrated into the PDMAEMA block rather 

than the core–shell cylinder blocks. This conclusion was corroborated by comparing the cylinder 

spacing from AFM, 83.1 ± 2.1 nm, to the green circles’ center-to-center distance, as determined 

by STORM, 81.6 ± 4.2 nm (compare Figure 5.7c,f), with the discrepancy between AFM and 

STORM spacings well within the error bars of the measurements. The latter value was calculated 

by averaging the measured distances from the center of one green circle to that of a neighboring 

green circle.  
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Figure 5.7. AFM phase image (a) of the top surface morphology of a nanocomposite film prepared 

from ISA85 and Cy3-aC’ dots. The area within the blue box in (a) is enlarged in (b) and (c) to 

match the scale of a series of false-color STORM images in (d–f) of various regions from the same 

film. 

 

In biology, specific labeling of different structures for OSRM is frequently achieved via 

genetically encoded fluorescent proteins, conjugation of small-molecule organic dyes, and/or 

direct fluorescent antibody labeling (i.e., immunostaining) in aqueous environments, all of which 

heavily rely on well-studied, biology-specific interactions.28,48 Conversely, labeling of nanoscopic 

structures using OSRM in polymer science has relied primarily on reactive chemical attachment 

or nonspecific association of fluorophores to single domains.28 The need for bright, photostable, 

polymer-specific probes for structural visualization is underscored by the often nanoscale features 

in polymeric systems. We have previously demonstrated passive and specific labeling of the PS 
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and P(AGE-co-EO) nanodomains, respectively, in a polystyrene-block-poly[(allyl glycidyl ether)-

co-(ethylene oxide)] (PS-b-P(AGE-co-EO) diblock copolymer with benzyl-modified/PEGylated 

aC’ dots, termed “BaC’ dots” (mixing with PS domains), and PEGylated aC’ dots carrying 

clickable groups (reacting with the exposed allyl groups of P(AGE-co-EO) domains on the thin 

film surface). Given the results represented in Figure 5.7 (i.e., passive labeling of the PDMAEMA 

block with Cy3-aC’ dots for STORM imaging), we hypothesized that multicolor labeling of 

different BCP domains based solely on passive affiliation of (B)aC’ dot probes with chemically 

dissimilar blocks may be possible.  

As proof of principle, nanocomposite thin films were prepared with Cy3-aC’ dots (~4.6 

nm hydrodynamic diameter) and Cy5-BaC’ dots (~6.0 nm hydrodynamic diameter) alone, or with 

both Cy3-aC’ dots and Cy5-BaC’ dots, and compared to a neat ISA85 thin film. While all films are 

morphologically similar in their top surface structure (i.e., displaying a hexagonally packed core–

shell cylinder structure, see Figure S5.7), differences in cylinder spacing consistent with 

incorporation of the dots into the ISA85 were identified. Data derived from AFM and STORM on 

average cylinder-to-cylinder distances, 𝑑, are compiled in Table 5.1. In experiments with only one 

type of particle, purely PEGylated Cy3-aC’ dots appeared to incorporate into the PDMAEMA 

matrix of ISA85, as already observed above and again suggested by the presence of fluorescence 

surrounding hexagonally packed black (i.e., nonfluorescent) cores (see Figure S5.8a,c). The 

corresponding 𝑑 spacing substantially increased by ~8 nm relative to the parent ISA85, consistent 

with incorporation of aC’ dot probes into the BCP matrix block31 and corroborated by the STORM 

reconstructions. In experiments with only benzyl group–functionalized/PEGylated Cy5-BaC’ dots, 

fluorescence appeared both around black circles and displaying hexagonal order, consistent with 

closer proximity to the cylinder cores (see Figure 5.7b,c). Values of 𝑑 for ISA85 thin films 



215 
 

containing only Cy3-BaC’ dots increased by only ~4 nm over the parent ISA85; coupled with 

STORM, these results are consistent with preferential association of these PS-compatible probes 

with the PS shells of the triblock terpolymer. In ISA85 thin films produced with both Cy3-aC’ dots 

and Cy5-BaC’ dots, the cylinder-to-cylinder distance increased the most of all samples studied at 

about 8–9 nm.  

 

Table 5.1. Comparison of STORM and AFM Cylinder-to-Cylinder Spacings 

Film Composition AFM-Derived 𝒅 (nm) STORM-Derived 𝒅 (nm) 

ISA85 72.9 ± 3.3 nm N/A 

ISA85 + Cy3-aC’ dots 81.0 ± 2.2 nm 80.8 ± 3.8 nm 

ISA85 + Cy5-BaC’ dots 77.3 ± 2.5 nm 76.9 ± 4.0 nm 

ISA85 + Cy3-aC’ dots  

+ Cy5-BaC’ dots 
81.7 ± 2.4 nm 81.3 ± 3.5 nm 

 

 

Figure 5.8 shows a two-color STORM image of a nanocomposite thin film prepared via 

combined physical mixing of purely PEGylated Cy3-aC’ dots and benzyl group–

functionalized/PEGylated Cy5-BaC’ dots into the ISA85/THF solution before spin-coating. From 

the difference in ligand shell polarity between these two probes and earlier experiments,31 we 

suspected that these optical probes may preferentially associate with either the PDMAEMA matrix 

(Cy3-aC’ dots) or the PS cylinder shells (Cy5-BaC’ dots). In contrast, incorporation of either probe 

into the PI cylinder core was considered unlikely, as in addition to chemical incompatibility this 

block has the smallest radius of gyration of the three blocks (<4.2 nm), thereby favoring 

entropically driven demixing.47 Corroboration of this hypothesis on preferential association would 

manifest in STORM images in the form of dominating Cy3-aC’ dot signal (in false-color green) 

from the PDMAEMA matrix surrounding hexagonally packed circular regions, with lesser Cy5-

BaC’ dot signal (in false-color red) from the cylinder shells closer to the nonfluorescent PI cores 
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(appearing as black regions). These expectations were indeed met by two-color STORM 

experimental results. As Figure 5.8 demonstrates, sample regions could clearly be identified for 

which not only the Cy3-aC’ dot and Cy5-BaC’ dot signal intensities followed the expected 

behavior (i.e., dominant behavior of green Cy3-aC’ dot–based regions representing the 

PDMAEMA matrix), but signals from both probes also preferentially appeared in regions expected 

from the schematic of the surface morphology shown in Figure 5.2d, including examples of black 

regions representing the (undetected) PI core (via lack of fluorescence, see Figure 5.8d–f).  

 

 
Figure 5.8. Two-color STORM image (a) of nanocomposite ISA85 thin films prepared with 

combined Cy3-aC’ dots and Cy5-BaC’ dots, whose signals are shown respectively in the 

corresponding green (b) and red (c) channels. The yellow hexagon in (a) highlights an example of 

hexagonal packing. White arrows in (b) and (c) point to a black region (representing the PI domain) 

in a Cy3-aC’ dot–based image in (b), which exhibits a smaller area of local heightened intensity 

in the corresponding Cy5-BaC’ dot–based image in (c). Regions of interest denoted by blue circles 

in (a) are magnified in (d–f), with yellow arrows pointing to black areas without florescence in 

either channel, consistent with (unlabeled) regions of PI cylinder cores. 



217 
 

Inhomogeneous distribution of probes is anticipated in this nanocomposite system, where 

particle association of the two labels (i.e., aC’ dots and BaC’ dots) is solely based on polar versus 

nonpolar interactions of the particle ligand shells with the different ISA85 blocks, rather than 

specific, directed interactions, e.g. leading to chemical bonding. However, as further shown in 

Figure 5.9, larger regions of the thin film top surface, as reflected by STORM imaging results, 

provide a consistent picture of the selective distribution of Cy3-aC’ dot and Cy5-BaC’ dot labels 

to different polymer nanodomains in the sample. Indeed, we were able to identify numerous 

examples of two-color STORM images showing color distributions consistent with the anticipated 

triblock terpolymer domains observed throughout the film (see a selection in Figure S5.9), while 

incorporation of the two kinds of optical probes preserved the surface morphology of the parent 

thin films (see Figure S5.7).  

 

 
Figure 5.9. Representative STORM image (a) of two-dot nanocomposite ISA85 thin films—i.e., 

prepared with both Cy3-aC’ dots and Cy5-BaC’ dots, whose individual signals in the green (b) 

and red (c) channels, respectively, are overlain to create (a). In the ISA85/THF thin film preparation 

solution, [Cy3-aC’ dots] = [Cy5-BaC’ dots] = 150 nM. 
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The work presented here makes use of advanced STORM probes with tunable surface 

chemistries that enhance the photophysical properties of encapsulated dyes and require only one 

laser and no imaging solution additives to generate OSRM images.31,33,49 Taken together, these 

results demonstrate that polymer-specific optical probes can facilitate multicolor STORM imaging 

of nanostructured polymer surfaces via a facile physical solution mixing approach with the BCP, 

showcasing the potential of tunable probes to facilitate OSRM in synthetic polymers. Coupled 

with earlier results for two-color STORM imaging based on a combination of physical mixing and 

click chemistry–based polymer association,31 this work further expands the toolbox of available 

strategies using potent optical probes for OSRM-based nanostructure characterization in polymer 

science. 

 

Conclusions 

In this study, a series of structural characterization tools were applied to self-assembled 

poly(isoprene)-block-poly(styrene)-block-poly(N,N-dimethylaminoethyl methacrylate) (PI-b-PS-

b-PDMAEMA or, here, ISA85) triblock terpolymer thin films. These techniques included thin film 

surface investigation enabled by atomic force microscopy (AFM), substructure analysis from 

grazing-incidence small-angle X-ray scattering (GISAXS), etched film surface and film cross-

section visualization with scanning electron microscopy (SEM), and nanocomposite imaging via 

optical super-resolution microscopy (OSRM) in the form of stochastic optical reconstruction 

microscopy (STORM).  

Comprehensive characterization of the ISA85 triblock terpolymer used here provides a 

systematic approach to developing and studying periodically ordered patterns in multicomponent 

block copolymer (BCP) thin films. In this work, all three nanodomains of the microphase-
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separated PI-b-PS-b-PDMAEMA are represented in the top surface layer, providing a model 

system for surface and substructure exploration. This desirable thin film surface structure, with 

hexagonally packed PI–PS core–shell cylinders in a PDMAEMA matrix, was achieved via spin-

coating and solvent vapor annealing (SVA) from optimized choices of solvent, solution 

concentration, and SVA time. Fast Fourier transform (FFT) and Voronoi analyses of AFM images 

yielded comparative quantitative information on the ordered surface patterns, while interpretation 

of GISAXS and SEM data provided insight into a structural transition from the hexagonal surface 

structure to a co-continuous double gyroid morphology along the film normal into film 

substructure.  

Further work demonstrated a facile and effective solution mixing method to passively 

incorporate ultrabright STORM probes into the polar block of the ISA85, enabling first optical 

characterization of the top surface morphology of the resulting nanocomposite thin films. A 

comparison between AFM measurements and those derived from STORM on the same film clearly 

established that ultrasmall core–shell aluminosilicate nanoparticles (aC’ dots) used as labels for 

STORM and with polar poly(ethylene glycol) (PEG) surface ligands are preferentially 

incorporated into the polar PDMAEMA matrix of the polymer. This simple mixing approach of 

the two polar components in a common solvent thereby enables the use of STORM for surface 

nanostructure characterization, introducing a straightforward pathway to OSRM imaging of BCPs 

containing a hydrophilic block. Moreover, nanocomposite thin films prepared with PDMAEMA-

compatible aC’ dots and PS-compatible BaC’ dots were consistent with passive yet specific 

association of ultrabright optical probes with chemically distinct blocks. As with biological 

studies, this method facilitates multicolor OSRM characterization of BCP surface nanostructures 
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by passive physical mixing of probes with different “colors” (i.e., encapsulated dyes) via tunable 

particle ligand surface chemistries and associated polarity into the specific blocks of a BCP.  

Not only can consistent achievement of a periodically ordered tri-BCP thin film surface be 

useful for patterning chemistry,49,50 but it can also, as we show, provide a model environment for 

exploring polymer-selective optical probes. Multicolor OSRM imaging in polymers, and BCPs in 

particular, is an area of great interest to the polymer science community, as it may contribute to a 

larger diversity of noninvasive in situ polymer studies.28 A triblock terpolymer thin film structure 

with all three domains presenting at the surface like that described herein may in the future serve 

as a candidate for the exploration of three-color OSRM imaging. With tunable probes excited by 

different wavelengths, it should be possible to distinguish all nanodomains in multicomponent 

BCPs and nanocomposites derived therefrom with STORM, resulting in images that faithfully 

represent the chemical composition of a BCP surface structure and facilitating optical insights into 

nanoparticle incorporation. More broadly, this approach could enable investigatory studies from 

real-time in situ imaging of triblock terpolymer self-assembly to structural analysis of mixed 

polymer and nanocomposite systems. 
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APPENDIX C 

 

 
Figure S5.1. Gel permeation chromatography (GPC) curve of poly(isoprene)-block- 

poly(styrene)-block-poly(N,N-dimethylaminoethyl methacrylate) or PI-b-PS-b-PDMAEMA, 

designated ISA85 and synthesized as previously reported.1 Given the order of monomer addition 

during anionic polymerization, the peak denoted by the red asterisk is likely a small population of 

prematurely terminated PI-b-PS or PS homopolymer.2  
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Figure S5.2. 1H nuclear magnetic resonance (NMR) spectrum of ISA85 with peaks assigned 

according to the top scheme.  
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Figure S5.3. GPC curves (a) for Cy5-BaC’ dots (top) and Cy3-aC’ dots (bottom) used in two-dot 

nanocomposite ISA85 thin films during a second run through the column with shaded regions 

indicating where purified fractions were isolated for use in thin film preparation. The peak offset 

(Cy5-BaC’ dot peak right-shifted relative to Cy3-aC’ dot peak) is due to a lower flow rate used for 

the Cy5-BaC’ dots, resulting in longer elution times. Hydrodynamic diameters were calculated 

using a combination of fluorescence correlation spectroscopy (FCS) raw data with fitted functions 

for Cy5-aC’ dots (b) and Cy3-BaC’ dots (c) as well as UV–Vis absorbance measurements (d and 

e, respectively). 
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Scheme S5.1. Illustration of the structures of a Cy3-aC’ dot (a) and a Cy5-BaC’ dot. 

 

 

 

 

 
Scheme S5.2. Schematic illustration of the standard procedure for preparing ordered ISA85 thin 

films. The polymer is dissolved in THF before spin-coating at 3,000 RPM for one minute and 

solvent-annealing in a THF-saturated atmosphere for 19 hours. 
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Figure S5.4. Atomic force microscopy (AFM) phase image of ISA85 thin film surface (a), and 

after ImageJ processing into red-channel (b), green-channel (c), and blue-channel (d) grayscale 

images. 

 

 

 
Figure S5.5. AFM phase image of ISA85 surface (a) with corresponding grayscale green-channel 

image (b) from ImageJ, which was rendered binary to produce a Voronoi image (c). Red boxes 

(area = 900 nm2) highlight examples of regions that were excluded from Voronoi analysis. 

 

 

 
Figure S5.6. AFM phase images of thin film top surface from parent ISA85 (a) and ISA85–aC’ dot 

composites (b) on silicon wafers. Measured center-to-center distances were obtained by averaging 

across four cylinder pairs, resulting in 𝑑𝑝𝑎𝑟𝑒𝑛𝑡 ≈ 73.3 nm and 𝑑𝑐𝑜𝑚𝑝𝑜𝑠𝑖𝑡𝑒 ≈ 81.2 nm. AFM phase 

image of a composite film prepared on a glass cover slip (c) shows that periodically ordered, 

hexagonally packed cylinder surface structure can still clearly be identified regardless of which 

substrate is used. [Cy3-aC’ dots] = 430 nM in the ISA85/THF thin film preparation solution for 

(b,c). 
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Figure S5.7. AFM phase images of ISA85 thin films prepared without additives (a) and with Cy3-

aC’ dots (b), Cy5-BaC’ dots (c), or both Cy3-aC’ dots and Cy5-BaC’ dots (d). For (b–d), individual 

dot concentrations were 150 nM in the ISA85/THF thin film preparation solution. 

 

 

 
Figure S5.8. Representative images from different regions of ISA85 thin films prepared with Cy3-

aC’ dots (a), Cy5-BaC’ dots (b), or both Cy3-aC’ dots and Cy5-BaC’ dots (c), from either AFM 

(left) or STORM (right). Individual dot concentrations were 150 nM in the ISA85/THF thin film 

preparation solution. The false-color STORM images in (c) show signal from either the Cy3-aC’ 

dots (green channel) or Cy5-BaC’ dots (red channel). 
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Figure S5.9. Representative two-color STORM images (a–l) from regions throughout ISA85 

nanocomposite thin films prepared with both Cy3-aC’ dots, which generate signal depicted here 

in false-color green, and Cy5-aC’ dots, which generate signal depicted here in false-color red. In 

the ISA85/THF thin film preparation solution, [Cy3-aC’ dots] = [Cy5-BaC’ dots] = 150 nM. Yellow 

hexagons in (j,k) highlight examples of hexagonal packing. Regions of interest in blue circles in 

(i,l) are respectively magnified in (m,o) with color legend (n). Yellow arrows in (m,n) show areas 

lacking in florescence in either channel, indicating PI cores. 
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CHAPTER 6 

 

CONCLUSIONS 

 

In this dissertation, optical super-resolution microscopy (OSRM) performed on model 

block copolymer (BCP) thin film systems illustrated the importance of optical probe design in 

translating these revolutionary optical techniques to polymer science. Stochastic optical 

reconstruction microscopy (STORM), which uses photoswitchable or “blinking” fluorophores, 

enabled multicolor imaging of densely contiguous thin film surface features on the order of tens 

of nanometers. In this size regime, as outlined in Chapter 1, optical probe specificity and 

performance are crucial to their applicability. Here, probes came in the form of ultrasmall, 

ultrabright core–shell silica nanoparticles termed super-resolution Cornell prime dots or srC’ dots 

as well as their next-generation successors, aluminosilicate Cornell prime dots or aC’ dots. Though 

based on different blinking mechanisms, both demonstrated photophysical superiority over 

commercially available fluorophores, leading to a resolution enhancement crucial to OSRM 

imaging on the nanoscale.  

Chapter 2 assessed the current state of OSRM in polymers and identified possible areas of 

advancement in materials science. It became evident that these optical tools have been rapidly 

applied to biology, their field of origin, whereas their adaptation to synthetic condensed-state soft 

matter has been considerably more gradual. Review of the literature highlighted the potential of 

OSRM in fundamental areas of polymer science, namely polymerization, solution and bulk 

behaviors, polymer crystallization, gel structure, phase transitions, and biofunctionality. Single-

molecule localization microscopies (SMLMs) like STORM were the only subset of OSRM 
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techniques applied in polymer systems across all of these topics, establishing an early dominance 

in the field. To that end, it was clear that SMLM imaging in polymers still relied primarily on 

fluorophores developed for biological environments, revealing a compelling need for the 

development of advanced, polymer-specific optical probes.1  

In a first attempt to meet this challenge, Chapter 3 used fluorophore-encapsulating srC’ 

dots (and corresponding organic dyes for comparison) to selectively label the polar domain in two 

amphiphilic di-BCPs of the same composition: polystyrene-block-poly[(allyl glycidyl ether)-co-

(ethylene oxide)] or PS-b-P(AGE-co-EO). This approach took advantage of the free allyl moieties 

exposed on the surface of self-assembled thin films. Functionalization of the resulting P(AGE-co-

EO) cylinders and/or optical probes enabled thiol–ene, N-hydroxysuccinimide (NHS) ester–amine, 

and strain-promoted alkyne–azide click chemistries to covalently bind either srC’ dots or dyes to 

the minority block surface. Although blinking in both srC’ dots and dyes was induced with two 

lasers and in the presence of oxygen-scavenging agents, the latter also required an external thiol 

source. While srC’ dots were more convenient, their true appeal lied in a superior photophysical 

performance over conventional organic dyes. The nearly fourfold increase in photon budget, as 

quantified by the number of photons (𝑁) detected per blink, halved the localization uncertainty (𝜎) 

for srC’ dots, effectively doubling the spatial resolution.2 

Chapter 4 expanded on this approach by developing benzylated aC’ dots, termed BaC’ 

dots, which underwent co-assembly with the PS-b-P(AGE-co-EO) in thin films. BaC’ dots were 

generated via modifications to a recently developed one-pot aqueous synthesis of aC’ dots; these 

aC’ dots now required only one laser and no imaging solution additives to induce blinking.3 

Reducing reaction temperature and careful optimization of silane ratios allowed for the creation of 

an organic ligand shell surrounding the particle that contained both polar and nonpolar groups. 
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BaC’ dots were characterized using different optical spectroscopies, which confirmed their 

ultrasmall (<10 nm) hydrodynamic diameters, dye encapsulation (~1.5 dyes per nanoparticle), and 

benzyl loading. In addition, BaC’ dots were found to have comparable 𝑁 and 𝜎 values to srC’ dots, 

implying the translation of their predecessors’ photophysical advantages with the new system’s 

imaging benefits. Such features made BaC’ dots particularly suitable for STORM imaging of a 

PS-containing polymer system. 

The affinity of BaC’ dots for the PS domain was attributed to a combination of benzyl 

moieties embedded into the polyethylene glycol (PEG) shells and interactions between ether 

oxygens in the PEG and the delocalized π-electron system of phenyl rings in PS. Experiments with 

purely PEGylated aC’ dots did not show the same degree of affiliation with PS as BaC’ dots. This 

noncovalent mechanism facilitated passive yet selective association of BaC’ dots with the PS 

matrix nanodomains through straightforward physical mixing of the probes into the solution used 

for evaporation-induced thin film self-assembly. While an increase in domain spacing reflected 

this incorporation, as corroborated by atomic force microscopy (AFM), cylinder morphologies 

similar to the parent BCP thin film were consistently achieved with such nanocomposites. With 

the majority PS block reactively inert to the probe attachment conditions from Chapter 3, it was 

possible to then “click” functionalized aC’ dots to the P(AGE-co-EO) block on the thin film 

surface post-assembly. Consequently, two-color STORM images of nanocomposite thin film 

surfaces were achieved without sacrificing thin film nanostructure.4 

Chapter 5 investigated the possibility of using the physical association mechanism outlined 

in Chapter 4 with two complementary probes at the same time, i.e. to enable two-color STORM 

imaging of a nanostructured surface without the need for any post-assembly covalent attachments. 

This study used a model triblock terpolymer: polyisoprene-block-polystyrene-block-poly(N,N-



239 
 

dimethylaminoethyl methacrylate) or PI-b-PS-b-PDMAEMA. Examination of resulting thin films 

using a number of techniques revealed a hexagonally packed top surface morphology (PI core–PS 

shell cylinders in a PDMAEMA matrix) that was co-continuous with a gyroidal substructure. 

STORM imaging complemented this systematic characterization, providing insights into the thin 

film nanostructure using optical imaging below the diffraction limited. Significantly, Chapter 5 

tested the hypothesis that purely PEGylated aC’ dots would passively associate with the polar 

PDMAEMA matrix, while BaC’ dots would do so preferentially with the nonpolar PS cylinder 

shells. Consistent with AFM data, analysis of STORM images revealed an increase in surface 

cylinder-to-cylinder distances upon incorporation of aC’ dots and/or BaC’ dots. OSRM imaging 

also supported the passive and preferential association of each probe to the predicted nanodomain, 

for both single- and two-dot nanocomposite thin films.  

The studies outlined herein demonstrate the importance of optical nanoprobe design for 

OSRM in polymers. Future directions for this work fall under two main potential research thrusts: 

optical insights into synthetic systems and characterization of the probes themselves. For the 

former, there are significant implications of the passive, preferential incorporation of modifiable 

aC’ dots into specific polymers. Namely, this noncovalent probe–nanodomain association may 

now facilitate in situ STORM imaging of polymer nanostructures with enhanced resolution and 

high labeling density. Akin to cellular activity in biology, chemically distinct structures 

undergoing dynamic processes, such as self-assembly from solution, may now be resolved 

optically in real time and even with multicolor, three-dimensional (3D) OSRM imaging. Not only 

would this avenue provide correlative optical information regarding polymer behavior, but it 

would also generate fascinating insights into interactions between inorganic nanoparticles and 

organic structures (e.g., during co-assembly of nanocomposites). 
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Secondly, the characterization of surface-modified aC’ dots could reveal further insights 

into the compatibilization mechanisms for preferential association of nanoparticle probes with 

specific polymer nanodomains. From Chapters 4 and 5, it is apparent that BaC’ dots can 

preferentially associate with PS in either benzene or tetrahydrofuran (THF), respectively. 

Therefore, experimental observation of probe properties and behavior in different solvents would 

be an interesting pathway to investigate; understanding how (B)aC’ dot surfaces react to different 

environments would improve the design approach for polymer-specific optical probes. Preliminary 

experiments could use, for example, high-performance liquid chromatography (HPLC) to 

investigate surface chemical properties and inform probe design.5 There are furthermore numerous 

OSRM techniques besides STORM that could be adapted to polymer systems. Future work 

tailoring e.g. probe composition could translate the advantages of tunable optical probes like aC’ 

dots to other SMLM approaches or even combined coordinate-stochastic/coordinate-targeted tools 

like MINFLUX.6 

This dissertation showcases how a thoughtful experimental approach to the design of 

optical nanoprobes leads to effective, facile compatibilization with specific polymer domains. The 

(B)aC’ dots thus represent a versatile platform for selective probing of nanostructures with 

STORM. Taken together, the results represent an incredible opportunity for the greater materials 

research community, demonstrating how informed design of bright, photostable, and polymer-

specific optical probes facilitates OSRM imaging in polymer science. 
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