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There is a need for affordable, rapid, trace-level (sub-ppm) chemical technology to 

characterize large numbers of samples to proactively ensure high-quality and safe agricultural and 

food products. This is especially true for wine and grapes where large numbers of samples require 

analyses to assess smoke taint exposure, characterize breeding programs, etc. Solid-phase 

microextraction (SPME) is widely used in conjunction with gas chromatography-mass 

spectrometry (GC-MS) for volatile analyses in foodstuffs and other complex matrices. However, 

standard GC-MS quantitation methods generally require ~30-60 min per sample, making it 

suboptimal for high throughput analyses. Recent work from our lab has developed a method for 

the selective extraction and pre-concentration of volatiles which uses a planar sorbent sheet 

(SPMESH) headspace extraction prior to rapid analysis by Direct Analysis in Real Time (DART)-

MS. Using this combined SPMESH-DART-MS approach, 24 samples could be extracted and 

analyzed in 45 min with detection limits of common odorants in the ng/L to µg/L range. 

While the original work using SPMESH-DART-MS was a substantial improvement over 

SPME-GC-MS, it still has its limitations. First, instead of being limited by a lengthy GC cycle, 

throughput is now limited by: (1) the equilibration time needed for a headspace extraction, (2) 

crosstalk within the system limiting the number of useable wells, and (3) the dimensions of the 

well plate itself. Additionally, the current range of compounds compatible with SPMESH-DART-
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MS is rather narrow. While SPMESH-DART-MS has previously worked well for non-polar, 

highly volatile compounds, it has poor performance with semi-polar volatiles and is incompatible 

with non-volatile compounds in headspace mode. This dissertation will describe efforts to 

overcome these challenges. 
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CHAPTER 1: 

Introduction 

 

To proactively ensure high-quality and safe agriculture and food products, there is a need 

for affordable technologies capable of rapid, trace-level (sub-ppm) chemical characterization of 

large numbers of samples. While many characteristics of plants and foods can be measured by 

existing high-throughput analysis methods, e.g. remote sensors and spectral imaging,1 or infrared 

spectroscopy-based methods for rapid proximate analyses;2-3 these tools cannot perform rapid 

analyses of trace-level analytes. For example, when assessing smoke-taint exposure in wine 

grapes, the free volatile phenols responsible for the smokey off-aroma are analyzed by gas 

chromatography-mass spectrometry (GC-MS) while the analysis of non-volatile, glycodisically 

bound aroma compounds is performed by liquid chromatography (LC) with mass spectrometric 

(MS) detection.4 Because of their low concentrations, high-sensitivity instrumentation, such as 

MS, is used to detect and quantify trace-level compounds. An additional challenge of food and 

plant samples is the complexity of the matrix itself. Analytes of interest can be selectively 

extractions from the food or plant sample removing interferences and pre-concentrating the 

compounds for analysis. 

Currently, there are many methods used to extract and pre-concentrate trace-level analytes 

from complex matrices, but many of these existing analytical approaches are relatively slow 

because of the need for prior sample extraction and pre-concentration, and are often unsuitable for 

routine, near-real time quality assurance. Two common extraction techniques used for trace-level 

analyses are liquid-liquid extraction (LLE) and solid-phase extraction (SPE). Both of these 
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extraction techniques result in an organic extract containing the analytes of interest, but they are 

time-intensive and involve potentially hazardous solvents.5 

Solvent-free extractions can be performed by using solid-phase microextraction (SPME), where 

analytes are extracted into a sorbent polymer that is coated on a glass fiber. Polydimethylsiloxane 

(PDMS) is commonly used as the sorbent polymer; many commercially available SPME fibers 

also contain a second or third polymer (typically divinylbenzene (DVB) and carboxen) to expand 

the range of extractable compounds.6-7 The SPME fiber can be used for headspace extractions by 

positioning the fiber above a sample (for volatile compounds) or the SPME fiber can be immersed 

in the sample (for volatiles and non-volatiles).7-9  

SPME devices are not only confined to the fiber format, SPME coatings have been used in 

countless geometries. The devices and coatings can be tailored to the target analytes and analysis 

method.6 Larger format metal supports have been coated with a wide array of sorbent polymers 

for a variety of applications. Commercially available SPME Arrows, which use a thin, coated 

stainless steel rod, can be readily automated and are more durable than traditional SPME fibers 

but still have limited throughput since they cannot be used for parallel extractions.10 Coated blades 

have been used for parallel extractions from 96-wellplates making them useful for high-throughput 

methods and have been prepared with many different sorbent coatings.11-12 Blades coated with 

hydrophilic–lipophilic balance (HLB) particles embedded in polyacrylonitrile have been used to 

detect drugs in blood, plasma, and urine;13-14  contaminants in water;15 and veterinary drugs in 

biological tissues.16  

Flexible thin film (TF) membrane devices are useful for in-field sampling. For example, 

DVB/PDMS/carbon mesh TF-SPME devices have been used for environmental air sampling to 

measure benzene,17 and HLB/PDMS/carbon mesh TF-SPME devices were used to analyze volatile 
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organic compounds in water.18 The sorbent volume on TF-SPME devices and coated blades is 

larger than most other SPME coatings which increases their capacity.7 Other popular SPME 

geometries include wire meshes, stir bars, and magnetic nanoparticles.7 

Different combinations of extraction, desorption, ionization, and detection can be tailored 

to fit the analytes of interest; MS is commonly used for trace-level analyses because of its 

sensitivity. Thermal desorption, either in the GC inlet or using an external thermal desorption unit, 

can be used to desorb compounds from SPME devices prior to GC-MS analysis. SPME fibers are 

readily coupled to GC-MS and are a popular choice for volatile analyses from foodstuffs and other 

complex matrices.19 Compounds extracted by coated stir bars and thin film membranes can also 

been analyzed by GC-MS by using a thermal desorption unit.20-21 However, standard GC-MS 

quantitation methods generally require ~30-60 min per sample, making GC-MS suboptimal for 

high throughput analyses.19, 22  Solvent can be used for desorption prior to liquid injection into a 

GC-MS or LC-MS,23-24 but the chromatography step still limits throughput. Alternatively, if 

chromatography is not required, extracts can be directly introduced to the MS using flow injection 

analysis using an appropriate ion source (e.g., ESI, APCI).25-26 Open port probes have been used 

to remove analytes from SPME fibers and can introduce them to a MS.27  

Ambient ionization allows samples to be introduced directly to the MS and bypasses the 

lengthy chromatography step. Analytes are ionized prior to entering the MS making it usefully for 

targeted rapid analyses. Two popular forms of ambient ionization that can easily be coupled to 

SPME devices are Desorption Electrospray Ionization (DESI) and Direct Analysis in Real Time 

(DART), and in the past decade there have been countless examples of both being used in 

conjunction with SPME devices. For example, both DESI and DART have been used to directly 

analyze SPME devices (fibers and TF coated meshes) that had extracted drugs from urine.28-30 
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Coated TF blades were used to extract contaminants from wastewater and were then analyzed by 

DESI.31 DART has been used to quantify pesticides extracted from fruit juice, milk and water 

using coated meshes.32  Coated blades can also be sprayed directly into a MS by applying a voltage 

to the device;13 however, at this time, while the coated blades are commercially available, the 

system to spray directly form the blades is not commercially available, so the coated blades are 

often desorbed into solvent for analysis.33 

Most TF-SPME reports have focused on the analysis of non-volatiles,6 but a recent 

variation called solid-phase mesh-enhanced sorption from headspace (SPMESH) has been used by 

our group for selective extraction and pre-concentration of volatiles.34-37 In an early version of 

SPMESH, commercially available stainless-steel OpenSpot cards were coated in PDMS and 

PDMS/DVB.35-36 When analyzed using DART-MS, the SPMESH OpenSpot cards could achieve 

ng/L detection limits with <30 s MS acquisition times. However, the coated OpenSpot cards had 

to be individually positioned in SPME vials for extraction, which make them less useful for high-

throughput analyses. Subsequent work has used PDMS sheets that have been laser-etched to have 

a mesh pattern. The SPMESH sheets are the same dimensions as a wellplate (13 cm × 8.5 cm, 0.25 

mm thickness) and can be positioned in the headspace above a wellplate for parallel extraction of 

volatiles.34 A positioning stage is then used to move the SPMESH sheet in front of the DART for 

desorption and analysis. Using this combined SPMESH-DART-MS approach, 24 samples could 

be extracted in 30 min then analyzed in 17 min with detection limits of common odorants in the 

ng/L to µg/L range. 

While the original work using SPMESH-DART-MS was a substantial improvement over 

SPME-GC-MS, it still has its limitations. First, instead of being limited by a lengthy GC cycle, 

throughput is now limited by: (1) the equilibration time needed for a HS extraction, (2) crosstalk 
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within the system limiting the number of useable wells, and (3) the dimensions of the wellplate 

itself. Additionally, the current range of compounds compatible with SPMESH-DART-MS is 

rather narrow. While SPMESH-DART-MS has previously worked well for non-polar, highly 

volatile compounds, it has poor performance with semi-volatile compounds and is incompatible 

with non-volatile compounds in HS mode. 

This dissertation describes the improvement of the SPMESH-DART-MS method and how 

it can be used for novel extractions to improve throughput and expand the range of extractable 

compounds. Chapter 2 describes the use of SPMESH-DART-MS for rapid, spatially resolved 

volatile extractions from planar surfaces for high-throughput analyses and mass spectral imaging 

(MSi). Chapter 3 details the optimization of the SPMESH-DART-MS system for immersive 

extractions of semi-volatile compounds (i.e., volatile phenols) from water and juice. Chapter 4 

moves away from the SPMESH sheet format and explores the use of swellable sorbent coatings 

for the extraction and storage of trace-level compounds. Finally, future directions for SPMESH 

sheet and swellable sorbent extractions are proposed in Chapter 5. 
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CHAPTER 2: 

Spatially Resolved Headspace Extractions of Trace-Level Volatiles from Planar Surfaces for 

High-Throughput Quantitation and Mass Spectral Imaging1 

 

ABSTRACT 

The use of headspace thin-film microextraction devices (SPMESH) for parallel extraction of trace-

level volatiles prior to direct analysis in real-time mass spectrometry (DART-MS) has been 

reported previously, in which volatiles were extracted from samples in multi-well plates. In this 

report, we demonstrate that headspace extraction of volatiles by SPMESH sheets can be performed 

directly from planar surfaces. When coupled with DART-MS, this approach yields volatile mass 

spectral images with at least 4 mm resolution. When samples were spotted onto general-purpose 

silica gel thin-layer chromatography (TLC) plates, the SPMESH extraction could reach 

equilibrium within 2−4 min and 48 samples could be extracted and analyzed in 14 min. Because 

volatilization of analytes from TLC plates was very rapid, SPMESH extraction was delayed by the 

addition of 5% polyethylene glycol. Good linearity was achieved in the microgram per liter to 

milligram per liter range for four odorants (3-isobutyl-2-methoxypyrazine, linalool, methyl 

anthranilate, and o-aminoacetophenone) in several matrices (water, 10% ethanol, juice, and grape 

macerate) using 5 μL sample sizes. Detection limits as low as 50 pg/spot (10 μg/L in grape 

macerate) could be achieved. In contrast to many reports on headspace solid-phase 

microextraction, negligible matrix effects were observed for ethanol and grape macerates 

compared to water. SPMESH can preserve volatile images from planar surfaces, and 

 
1 This chapter has been published: Rafson, J. P.; Bee, M. Y; Sacks, G. L. Journal of Agricultural and Food 

Chemistry 2019, 67 (50), 13840-13847. 



19 

SPMESH−DART-MS from TLC plates is well-suited for rapid trace volatile analysis, especially 

with small sample sizes. 

 

INTRODUCTION 

Solid-phase microextraction (SPME) is widely used in conjunction with gas 

chromatography−mass spectrometry (GC−MS) for volatile analyses in foodstuffs and other 

complex matrices.1 The use of planar, sorbent thin films for solid-phase microextraction (TF-

SPME) can improve the capacity and robustness of analyses compared to conventional SPME 

geometries that rely on coated glass fibers.2 TF-SPME can also improve the convenience and 

throughput of analyses, because the devices are readily coupled with ambient ionization mass 

spectrometry (MS) techniques, such as direct analysis in real time (DART). Because TF-

SPME−DART does not use a chromatography step, this approach often uses either tandem mass 

spectrometry (MS/MS) or high-resolution mass spectrometry (time-of-flight−MS or 

Orbitrap−MS) to achieve adequate selectivity. For example, a recent study reported the use of C18-

polyacrylonitrile-coated stainless-steel wire devices for extraction and pre-concentration of 

methadone and cocaine from urine prior to DART-MS/MS, with analyses requiring 10 min.3 

Most reports on TF-SPME coupled with ambient ionization−MS have focused on analysis 

of non-volatiles,2 but a recent variation called solid-phase mesh-enhanced sorption from headspace 

(SPMESH) has been used for selective extraction and pre-concentration of volatiles.4−6 In early 

work with SPMESH, sorbent coatings [e.g., polydimethylsiloxane (PDMS) and 

PDMS/divinylbenzene] were applied to commercially available stainless-steel OpenSpot cards.4,5 

The SPMESH−DART-MS approach could achieve nanogram per liter detection limits with <30 s 

MS acquisition times. Subsequent work has used laser-etched PDMS-based SPMESH sheets 
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positioned in the headspace of a multi-well plate for parallel extraction of volatiles.6 The SPMESH 

sheet was then transferred to an XZ positioning stage, and SPMESH-extracted volatiles from each 

sample were quantitated by DART-MS. Using this combined SPMESH−DART-MS approach, 24 

samples could be analyzed in 17 min with detection limits of common odorants in the nanogram 

per liter to microgram per liter range. By comparison, quantitation with the standard approach of 

GC−MS generally requires 30 min per sample.1,7 Rapid volatile analyses based on direct 

introduction from sample headspace into a MS (e.g., proton-transfer-reaction−MS) have been 

proposed, but as a result of the absence of a pre-concentration step, these techniques generally lack 

sensitivity, except for highly volatile compounds.8 

At the moment, SPMESH−DART-MS throughput is limited by the time required for 

SPMESH extraction. In previous work, 30 min extractions were used and equilibrium was not 

observed, even up to 60 min.6 These observations are comparable to those reported for 

conventional SPME fibers.2 Although the time necessary for SPMESH equilibration is appropriate 

for a standard GC−MS analysis, it is slow compared to DART-MS. Using very short SPMESH 

equilibration times (i.e., 1−2 min) at the expense of sensitivity is one potential solution, but this 

approach would likely yield poor reproducibility because the extraction would be occurring far 

from equilibrium conditions. 

SPMESH extractions could potentially equilibrate more rapidly when aqueous samples 

were deposited on silica thin-layer chromatography (TLC) plates rather than loaded into multi-

well plates as a result of the greater ratio of the sample-to-surface area provided by the TLC 

stationary phase. TLC and paper chromatography have been successfully coupled with DART-

MS,9−11 but these reports did not involve an extraction step specific for volatiles. One question 

raised by this hypothetical approach was if SPMESH could maintain the spatial distribution of 
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volatiles from a planar surface (e.g., TLC plate) onto the SPMESH sheet during the extraction 

step. The necessity of maintaining spatial distribution makes this a hypothetical approach a form 

of mass spectral imaging (MSi). MSi of non-volatiles using matrix-assisted laser 

desorption/ionization (MALDI) or desorption electrospray ionization (DESI) has been widely 

reported, especially for analysis of proteins, peptides, and lipids in biological tissues.12 MSi of 

trace-level volatiles has not been reported, other than the case of SPMESH of multi-well plates.6 

However, the multi-well plate report used a gasket to isolate each well, an approach that limits 

spatial resolution to the size of the gasket holes. In this report, we demonstrate that SPMESH 

sheets can retain the spatial resolution of volatiles rapidly extracted directly from a planar surface, 

e.g., TLC plates. 

 

MATERIALS AND METHODS 

Materials. PDMS sheets (CultureWell Silicone Sheet, 13 cm × 18 cm × 0.25 mm) were 

obtained from Grace Bio-Laboratories (Bend, OR, U.S.A.). Stainless-steel spacers were 

manufactured at the Cornell University Laboratory of Atomic and Solid State Physics (LASSP) 

machine shop (Ithaca, NY, U.S.A.). Silica gel TLC plates (0.25 mm thickness general-purpose 

plates and 1 mm thickness preparative plates) were purchased from Sigma-Aldrich (St. Louis, MO, 

U.S.A.). The odorants 3-isobutyl-2-methoxypyrazine [IBMP, >99% purity, Food Chemical Codex 

(FCC), food grade (FG)], linalool (>97% purity, FCC, FG), methyl anthranilate (MA, >99% purity, 

FCC, FG), and o-aminoacetophenone (o-AAP, >98% purity) were all purchased form Sigma-

Aldrich. The internal standards d3-IBMP (>98% purity, 99% D) and d3-linalool (>98% purity, 99% 

D) were purchased from C/D/N Isotopes (Pointe-Claire, Quebec, Canada). d3-MA (>98% purity, 

99% D) came from Aroma Lab (Planegg, Germany). High-performance liquid chromatography 
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(HPLC)-grade methanol, polyethylene glycol 1000 (PEG-1000), Nile Red lipid stain, and sodium 

dodecyl sulfate (SDS) were purchased from Sigma-Aldrich. Biotechnology-grade ethanol (70%, 

v/v) and polyethylene (PE) Ziploc bags were purchased from VWR (Radnor, PA, U.S.A.). Grapes 

(Vitis vinifera) were obtained from two sources: Lemberger grapes were obtained from Anthony 

Road Vineyard (Penn Yan, NY, U.S.A.) and were harvested at commercial maturity in 2017, and 

Cabernet Sauvignon grapes were supplied by E.J. Gallo Winery (Modesto, CA, U.S.A.) and were 

harvested in 2017. All grapes and juices were kept frozen at −20 °C prior to analysis. 

Grape Juice and Macerate Preparation. For the juice samples, Lemberger grapes were 

crushed and then processed in a stomacher for 1 min. Afterward, the slurry was poured through a 

cheesecloth and centrifuged for 5 min at ∼4500 rpm. The supernatant was used as the juice sample. 

For the grape macerate, partially thawed grapes were blended in a chilled 250 mL stainless-steel 

Waring blender (Torrington, CT, U.S.A.) on low for 30 s then on high for 30 s. The slurry was 

mixed with NaCl (5:3, w/w, slurry to salt) and a buffer solution consisting of 0.1 M sodium 

phosphate dibasic/0.1 M sodium phosphate monobasic (1:1, w/v, slurry to buffer) and then 

vortexed. 

SPMESH from Planar Surfaces: General Setup and Operation. PDMS SPMESH sheets 

were prepared as described elsewhere.6 Stainless-steel frames (1.5 mm thickness) with two 1.6 

mm wide bars forming four windows were machined at the Cornell Machine Shop (Figure S-1 of 

the Supporting Information). For each extraction, the SPMESH sheet was positioned within the 

two steel frames. For experiments with TLC plates, samples were then pipetted onto the TLC plate 

and the SPMESH/frame assembly was placed on top of the TLC plate. To confirm that the 

SPMESH was not in contact with the TLC surface, spots of Nile Red lipid stain in corn oil (2 

mg/mL) were pipetted onto a TLC plate. Then, unused PDMS sheets were placed on the TLC plate 
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in either: no frame, an open center stainless-steel frame, or the four-window stainless-steel frame 

described above. If the PDMS touched the TLC plate/dye, it was then stained pink (Figure S-1 of 

the Supporting Information); therefore, the four-window spacer was selected for experiments 

performed in this work. Extractions were performed at room temperature for variable amounts of 

time, as described below (see the Effect of the Extraction Time section). After the extraction, the 

SPMESH in its stainless-steel frame was transferred to the XZ positioning stage on the DART 

source for analysis. For the direct DART-MS experiment, 5 μL samples of spiked (1 mg/L IBMP 

and d3-IBMP) and unspiked Lemberger juice were directly pipetted onto a stainless-steel mesh 

and then transferred to the XZ positioning stage. These results were compared to 5 μL of juice 

spiked with 1 mg/L IBMP and d3-IBMP pipetted onto a TLC plate and extracted for 2 min onto a 

SPMESH through the headspace. New TLC plates were used for all experiments, and SPMESH 

sheets were baked out in a GC oven for at least 15 min at 250 °C prior to use.6 

DART and HRMS Conditions. A DART standardized voltage and pressure (SVP) ion 

source with a 3DS-XZ automated positioning stage (Ionsense, Inc., Saugus, MA, U.S.A.) was 

coupled to a MS using a Vapur interface (Ionsense, Inc.). DART was run in transmission mode at 

a temperature of 300 °C using the DART-SVP web-based software. The XZ positioning stage was 

moved horizontally in front of DART at a scan speed of 1 mm/s. The DART source was coupled 

to an Orbitrap Elite mass spectrometer (Thermo Fisher Scientific, Waltham, MA, U.S.A.). Both 

DART and MS were run in positive ion mode and used high-purity He as the carrier gas. MS was 

operated in full scan mode over the mass range m/z 50−200 and had a 120 000 scan resolution. 

The following quantifying ions were used with a 5 ppm mass tolerance: m/z 167.1180 for IBMP, 

m/z 170.1368 for d3-IBMP, m/z 137.1325 for linalool, m/z 140.1513 for d3-linalool, m/z 152.0704 

for MA, m/z 155.0892 for d3-MA, and m/z 136.0754 for o-AAP. 
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SPMESH of Planar Surfaces: Spatial Resolution. To determine the spatial resolution of the 

SPMESH approach, 5 μL spots of 1 mg/L IBMP in water were deposited on a 0.25 mm TLC plate 

with an adjustable multi-channel pipet. The spot spacing started at 4 mm between spot edges and 

increased by 0.5 mm between spots up to 7.5 mm (Figure 1a). Samples were extracted for 2 min 

and then analyzed by DART-MS, as described above. 

To evaluate if SPMESH could preserve the distribution of volatiles within an image, a PE 

Ziploc bag was cut into the letters “H” and “I” and then placed in a 1 mg/L solution of IBMP in 

water to soak overnight. Immediately before extraction, the PE letters were removed from the 

solution and patted dry with a Kimwipe. The letters were then laid flat on a clean PE bag for the 

extraction. The SPMESH/frame assembly was then laid on the letters and clean bag and then 

extracted for 1 min at room temperature (Figure 1b). The SPMESH sheet and frame were then 

transferred to the XZ positioning stage for analysis, as described above. Data were collected for 

one horizontal row at a time, and then the stage was moved down 4 mm between rows. To create 

the “HI” image (Figure 1b), the programs ProteoWizard (http://proteowizard.sourceforge.net/) and 

imzMLConverter (https://www.cs.bham.ac.uk/~ibs/imzMLConverter/) were used to convert and 

combine RAW files. The volatile image was generated in MSiReader 

(https://msireader.wordpress.ncsu.edu/) using the IBMP quantifying ion, m/z 167.11750 ± 5 ppm. 

Effect of the Extraction Time. Standard solutions of 1 mg/L IBMP and 1 mg/L d3-IBMP 

were prepared in a variety of solutions: water, 5% (w/w) PEG-1000/water, 5% (w/w) SDS/water, 

10% (w/w) ethanol/water, Lemberger grape juice, and Lemberger grape macerate (see the Grape 

Juice and Macerate Preparation section). An 8-tip multi-channel micropipette was used to deposit 

5 μL drops (7.5 mm between spot edges) onto a 0.25 mm TLC plate. Immediately after pipetting 

the samples, 1, 2, 4, 8, and 16 min extractions were performed for each solution at room 
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temperature. Each extraction time was evaluated in triplicate, yielding 24 data points per extraction 

time. 

Effect of the Wait Time Prior to Extraction. Standard solutions of 1 mg/L IBMP and 1 

mg/L d3-IBMP were prepared in water and 5% (w/w) PEG-1000/water. Eight 5 μL drops of 

solution were deposited on a 0.25 mm TLC plate using an 8-tip multi-channel pipet (7.5 mm 

between spot edges). The spots were then left to sit on the TLC plate for 0−5 min at 15 s intervals 

prior to extractions. Extractions were performed for 2 min at room temperature. Each wait time 

was performed in triplicate, yielding 24 data points per wait time. 

Sensitivity Optimization. Standard solutions of 1 mg/L IBMP and 1 mg/L d3-IBMP were 

prepared in water for all experiments. To maintain a spot diameter of approximately 5 mm (the 

expected resolution of DART), 5 and 20 μL samples were pipetted onto 0.25 mm thickness 

general-purpose and 1.0 mm thickness preparative TLC plates, respectively. To evaluate if 

sensitivity could be further improved by depositing larger sample volumes in the form of long 

“streaks” rather than small, round spots (Figure S-2 of the Supporting Information), the silica gel 

was scraped from a 0.25 mm thickness general-purpose TLC plate, such that the remaining silica 

gel formed rectangles (17 × 5 mm or 45 × 5 mm). Then, 20 and 50 μL samples were pipetted onto 

the rectangular TLC strips. All extractions were performed at room temperature for 2 min. DART-

MS was run as described above (see the DART and HRMS Conditions section). To evaluate the 

effects of scan speed on sensitivity, 5 μL spots on the 0.25 mm general-purpose TLC plate were 

run at a slower scan speed (0.2 mm/s). For 5 μL spots on the 0.25 mm TLC plate, n = 96; 45 mm 

streaks, n = 12; and all other conditions, n = 24. Methodological relative standard deviations 

(RSDs) were calculated using the IBMP/d3-IBMP area ratios. 
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Figures of Merit. To evaluate figures of merit, calibration curves were prepared in water, 

10% ethanol, clarified Lemberger grape juice, and Cabernet Sauvignon grape macerate at the 

following concentrations: IBMP (50 μg/L, 100 μg/L, 1 mg/L, and 10 mg/L), linalool (1 mg/L, 25 

mg/L, 50 mg/L, 75 mg/L, and 100 mg/L), MA (100 μg/L, 1 mg/L, 5 mg/L, 25 mg/L, and 50 mg/L), 

and o-AAP (100 μg/L, 1 mg/L, 5 mg/L, 25 mg/L, and 50 mg/L). For an internal standard, 100 μg/L 

d3-IBMP, 50 mg/L d3-linalool, and 5 mg/L d3-MA were individually spiked into each solution. 

Then, 5 μL of each sample were spotted onto 0.25 mm TLC plates simultaneously from a 96-well 

plate with the 8-tip multi-channel pipet along with three blank solutions to confirm no background 

contamination. Extractions were performed at room temperature for 2 min. To calculate the limits 

of detection (LODs) for each compound, the signal-to-noise (S/N) ratio was determined for the 

lowest concentration and then used to calculate the minimum concentration to yield a S/N of >3. 

Methodological RSDs were calculated using the matched internal standard ratio at the lowest 

concentration of each compound for each matrix. Calibration curves were generated by linear 

regression (weighting factor: 1/sample concentration). All samples were prepared and run in 

triplicate, yielding 12 (IBMP) or 15 (MA, linalool, and o-AAP) data points per curve (Figure S-3 

of the Supporting Information). 

Statistical analyses and graphs were prepared using JMP, version 13.0 (SAS Institute, Inc., 

Cary, NC, U.S.A.) and Microsoft Excel. 

 

RESULTS AND DISCUSSION 

General Setup and Operation. A graphical representation of the TLC−SPMESH setup is 

shown in Figure S-4 of the Supporting Information, and a video of a TLC−SPMESH extraction 

can be found in the Supporting Information. Briefly, a SPMESH sheet was produced by laser-
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etching a mesh pattern into a PDMS sheet.6 Samples were spotted onto a TLC plate, and the 

SPMESH sheet was placed over it, with a stainless-steel frame positioned between the sheet and 

plate to prevent their direct contact. Headspace volatiles were then extracted from each spot in 

parallel, by absorption onto the SPMESH sheet prior to DART-MS analysis. The TLC−SPMESH 

approach shares similarities with our previous report on SPMESH sheet extraction of volatiles 

from multi-well plates. However, in TLC−SPMESH, the “wells” are defined by the volume 

inhabited by the sample spots in the voids of the TLC stationary phase. We expected that the 

TLC−SPMESH approach would result in the absorption of water into the silica gel on the TLC 

plate and allow for a more rapid and complete mass transfer of volatiles from the sample to the 

SPMESH sheet. 

In previous work with multi-well plates, a gasket was used to minimize headspace cross-

contamination among wells.6 In our current work, no gasket was used. To determine that SPMESH 

could retain spatial distribution of volatiles under these circumstances, 5 μL samples of an IBMP 

standard solution were spotted at increasing intervals using an adjustable multichannel pipet 

(which was used for all TLC−SPMESH experiments) from 4 to 7.5 mm between spot edges prior 

to SPMESH−DART-MS. IBMP was selected because it is a common odorant in foods and 

beverage and because we had previous experience with characterizing IBMP using 

SPMESH−DART-MS.6 At the closest spacing allowed by the multi-channel pipet (4 mm between 

spot edges), we observed a modest overlap of adjacent peaks, on average about 5:1 peak-to-valley 

ratio (Figure 1a). The peak-to-valley ratio for spots separated by ≥5.5 mm between spot edges was 

8:1 or better. Our results show similarity to previous work that analyzed isopropylthioxanthone 

spots from a TLC plate without a SPMESH extraction step, which noted that the DART resolution 

was limited to ∼3 mm.11 Therefore, the loss of spatial resolution introduced by the headspace 
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extraction step of SPMESH is likely comparable to less than the resolution constraint of the DART. 

This resolution would allow for as many as 60 5 μL sample spots (6 rows of 10 samples) to be 

extracted from a single, general-purpose silica gel TLC plate. 

 
Figure 1. (a) TLC plate with aqueous IBMP spots (5 μL) at regular intervals (4−7.5 mm between 

spot edges) and the resulting DART-MS chronograms for IBMP (m/z 167.1180) following 

SPMESH extraction and (b) PE film pre-soaked in an IBMP solution (top) and the spatially 

resolved image of IBMP generated by DART-MS following SPMESH extraction (bottom). The 

relative intensity is the MS signal intensity normalized to the maximum intensity (maximum 

counts) for each analysis. 

 

To further characterize the spatial resolution of SPMESH from planar surfaces, the PE film 

was cut to make the letters “H” and “I”, which were then soaked in an IBMP solution (1 mg/L) 

prior to SPMESH extraction. Because the dimensions of the scanned image (∼100 × 60 mm) were 

greater than the area sampled at any one moment by the DART source, the image was collected 

by scanning successive rows using the XZ positioning stage. The resulting extracted ion one-

dimensional (1D) chronograms were reassembled into a MS image consisting of 14 rows, with 

each row measuring 4 mm in height (Figure 1b). The SPMESH−DART-MS volatile image was 

clearly legible, although there appeared to be some slight broadening of narrow features. For 
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example, the “I” letter had a width of 10 mm, but on the mass spectral image, it appeared to be 14 

mm wide. As with the TLC spotting evaluation, the resolution of SPMESH extraction from planar 

surfaces followed by DART-MS appears to be limited by the resolution of the DART source (∼4 

mm). 

Although MSi of non-volatile compounds from planar surfaces has been widely reported, 

e.g., neuropeptides from a pericardial organ using MALDI,13 proteins in brain tissue using DESI,14 

and lipids in kidney tissue using MALDI,15 standard MS approaches used in MSi, such as MALDI 

and DESI, are inappropriate for trace volatiles as a result of their low molecular weight and 

relatively nonpolar character. To our knowledge, this work is the first to selectively measure 

volatiles during mass spectral imaging, achieved through a spatially resolved headspace extraction 

pretreatment (SPMESH). The spatial resolution achieved by SPMESH−DART-MS during MSi is 

considerably worse than that achieved by other MSi techniques, e.g., 5−300 μm for MALDI and 

>150 μm for DESI,16 but is appropriate for volatile analysis, because smaller spots would limit the 

concentration beyond achievable sensitivity. However, as discussed later, the sensitivity of DART-

MS appears to be comparable to other MSi approaches. 

Finally, an experiment was performed to confirm that mass transfer from the TLC plate to 

the SPMESH sheet was restricted to headspace volatiles and did not involve direct transfer as a 

result of unintentional contact between the plate and sheet. TLC plates were spotted with a Nile 

Red dye solution. Intentional contact between the plate and sheet using no stainless-steel spacer 

resulted in a pinkish stain appearing on the SPMESH, as did a spacer with no cross-supports 

(Figure S-1 of the Supporting Information). However, using a spacer with a central cross, as was 

used in experiments elsewhere in this report, resulted in no evidence of direct contact between the 

plate and SPMESH sheet (Figure S-1 of the Supporting Information). Therefore, extraction of 
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volatiles from TLC plates appears to be solely through the vapor phase. As additional confirmation 

that SPMESH−DART-MS removes non-volatile interferences, Lemberger juice was directly 

deposited on a stainless-steel mesh and analyzed by DART-MS either as is (Figure 2a) or following 

the addition of IBMP and d3-IBMP (Figure 2b). The mass spectra from the direct analysis of these 

juice samples contained many non-volatile interferences from the matrix. Using a headspace 

extraction from a TLC plate (Figure 2c), the non-volatile interferences are removed, such that only 

a few volatile peaks (including IBMP and d3-IBMP) are remaining. 

 
Figure 2. Mass spectra of 5 μL of Lemberger juice (a) deposited directed onto a stainless-steel 

mesh (max counts = 1.0 × 106), (b) spiked with 1 mg/L IBMP and d3-IBMP and deposited directly 

onto a stainless-steel mesh (max counts = 9.4 × 105), and (c) spiked with 1 mg/L IBMP and d3-

IBMP and extracted for 2 min from a TLC plate onto SPMESH (max counts = 1.8 × 106). IBMP 

= m/z 167.1180, and d3-IBMP = m/z 170.1368. 

 

Equilibration Time and Pre-extraction Interval. In HS-SPME extractions, volatiles must 

first partition from the sample into the headspace prior to absorption by the SPME device. For 

analytes of low or modest volatility, maximizing the HS-SPME signal (corresponding to 

equilibrium among phases) is reported to require over 30 min.17−19 SPMESH extraction from TLC 

plates reduces the equilibration time by over an order of magnitude without any heating or 

agitation. We observed that the IBMP signal (integrated peak area) reached equilibrium between 
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2 and 4 min (Figure 3a) or an order or magnitude faster than for SPMESH sheet extraction from 

multi-well plates.6 

 
Figure 3. (a) DART-MS signal intensity for IBMP (m/z 167.1180) in water, 5% PEG-1000, and 

5% SDS as a function of the SPMESH extraction time. (b) DART-MS signal intensity for IBMP 

in water and 5% PEG-1000 as a function of the delay between sample spotting and SPMESH 

extraction. For both panels a and b, eight samples were simultaneously spotted (5 μL) onto a TLC 

plate using a multichannel pipet prior to SPMESH extraction and DART-MS analysis. Each 

condition was evaluated in replicate (n = 24), and points represent the mean ± one standard error. 

Raw data for individual analyses are shown in Figure S-5 of the Supporting Information. 

 

Equilibration times were then evaluated for 

a broader range of matrices (10% ethanol, grape 

juice, and grape macerate). The matrix did not 

impact extraction time; 2−4 min was sufficient to 

achieve equilibrium in all cases (Figure 4). 

Unexpectedly, IBMP reached equilibrium faster in 

more complex matrices (e.g., 10% ethanol) than it 

did in water. Potentially, this phenomenon is 

because the presence of other matrix components 

decreases surface tension and increases the rate of 

mass transfer to the gas phase. Similar results have 

Figure 4. IBMP signal (m/z 167.1180) as 

a function of extraction times in four 

matrices: water, 10% ethanol (EtOH), 

grape juice, and grape macerate. Error 

bars represent 1 standard error from the 

mean (n = 24 for each evaluation). 
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been observed using real-time MS monitoring of volatiles released from ethanol/water mixtures.20 

Additionally, the differences in the matrix compositions did not significantly impact the volatility 

of IBMP. Further discussion about matrix effects is addressed in the Figures of Merit section. 

Using a 2 min extraction and 12 min DART analysis, SPMESH extraction from TLC plates 

could achieve a throughput of 48 samples in 14 min (Figure 5). The faster equilibration time was 

likely because the water matrix was absorbed onto the polar TLC silica coating (increasing the 

concentration and vapor pressure of the nonpolar IBMP) and because the silica gel had a high 

surface area (allowing for more rapid volatilization). At least one other study has reported similar 

improvements in HS-SPME equilibration times using small volumes; Jain et al. reported rapid (5 

min) SPME extraction from a 7 μL solvent drop.21 

 

Figure 5. (a) SPMESH extraction of a TLC plate with IBMP sample spots (n = 48; 5 μL), and (b) 

resulting chronograms at m/z 167.1180 for the 48 samples. The relative intensity is the MS signal 

intensity normalized to the maximum intensity (maximum counts) across all analyses. 

 

Analyte volatilization from TLC spots was so rapid that it necessitated the use of a multi-

channel pipet to minimize signal loss from early spotted samples. To slow sample volatilization, 

we also evaluated the effects of adding surfactants to the sample. The addition of a very strong 

surfactant (5% SDS) resulted in both slower equilibration of IBMP and a 3-fold loss in sensitivity 

(Figure 3a), indicating that it was inappropriate for controlling the rate of volatile release during 



33 

SPMESH. However, the addition of 5% PEG-1000 did not affect the final IBMP signal (Figure 

3a). When we intentionally introduced a delay period between the time of spotting and the 

SPMESH extraction, we observed a significantly higher IBMP signal when using the 5% PEG-

1000 solution compared to water (Figure 3b). The signal from both matrices as a function of wait 

time could be well-modeled by an exponential decay function [for water, signal = 1.4 × 106 

exp(−0.56t); for 5% PEG-1000, signal = 2.4 × 106 exp(−0.57t)] (Figure S-5 of the Supporting 

Information). The pre-exponential term was approximately 70% greater for the PEG-1000 matrix, 

suggesting that PEG-1000 addition to samples could be used to slow IBMP volatilization and 

facilitate TLC−SPMESH analyses. However, because signal loss was observed, even for the PEG-

1000 matrix, sensitivity of the TLC−SPMESH approach is maximized if the delay between TLC 

spotting and SPMESH extraction is minimal. One challenge of using DART is that the signal can 

experience some fluctuation (as seen in Figure S-5 of the Supporting Information). To address this, 

a matched internal standard, in this case, d3-IBMP, was used in all experiments to ensure that the 

native to internal standard area ratios remained consistent. Additionally, 24 data points were 

collected for each time point for a more thorough analysis. 

Sensitivity Optimization. Our initial work with SPMESH extraction from TLC plates used 

5 μL samples, which was the maximum volume that could be spotted onto 0.25 mm general-

purpose TLC plates while maintaining a spot diameter approximately equal to resolution of the 

DART source. To improve sensitivity, we compared our initial approach against two alternate 

approaches to increase the sample volume: (i) using preparative TLC plates with a thicker 

stationary phase (1 mm) and (ii) depositing samples as 17 or 45 mm rectangular streaks prior to 

SPMESH. For streaked samples, the resulting SPMESH−DART-MS peak widths on the 

chronograms were proportionally longer than the peak widths of the spotted samples, as expected 
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(Figure S-2 of the Supporting Information). Sensitivity was evaluated using aqueous IBMP 

solutions (Table 1). The use of 20 μL spotted samples (1 mm preparative TLC) compared to 5 μL 

samples (0.25 mm general-purpose TLC) resulted in a modest increase in the signal. The 

improvement was less than the 4-fold improvement expected from the increase in the sample 

volume, possibly because the greater bed depth of preparative TLC plates. Decreasing the scan 

speed decreased sensitivity, indicating that performance was not limited as a result of insufficient 

DART desorption time. For streaked samples, we observed an increase in the signal roughly 

proportional to the increase in the sample volume (4× and 10× for the 17 and 45 mm streaks). 

Because the sampling time increased with the longer spots, noise also increased, such that the 

improvement in LODs were only 2- and 3-fold, respectively. As a result of the added complexity 

of preparing plates for streaks with minimal sensitivity improvements, future work uses 5 μL 

samples on 0.25 mm general-purpose TLC plates for determining figures of merit. 

 

Table 1. Effect of TLC Plate/Spotting Parameters on the Signal Intensity of 1 mg/L IBMP in 

Water 

Sample 

TLC Plate 

Thickness 

(mm) 

Volume 

Pipetted 

(µL) 

Scan Speeda 

(mm/s) 

Signal 

normalized to 

intensity for 5 

µL spote 

LODb 

(µg/L) 
%RSD 

5 µL spots 0.25 5 1 1 3.7 3 

Prep TLC Plate 1 20 1 2.3 1.6 2 

17 mm streakc 0.25 20 1 4.1 1.6 1 

45 mm streakc 0.25 50 1 12.4 1.1 0.4 

Slow scand 0.25 5 0.2 2.6 5.5 1 
aDART XZ positioning stage horizontal scan speed. bAverage sample signal intensity/average 5 

μL spot signal intensity. cLOD = 3 × (1000 μg/L)/(S/N). dDepicted in Figure S-2 of the Supporting 

Information. eThe 5 μL spots on the 0.25 mm TLC plate with the DART XZ positioning stage 

moved horizontally at a scan speed of 0.2 mm/s. 

 

Figures of Merit. Linearity, precision, and LODs were evaluated for several odorants found 

in grapes, IBMP, linalool, MA, and o-AAP, using multiple matrices (water, 10% ethanol, grape 
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juice, and grape macerate). Quantification was performed against isotopically labeled internal 

standards. Good linearity was observed for all odorants in each matrix (Figure S-3 of the 

Supporting Information). Unexpectedly, unlike previous reports with HS-SPME, 10% ethanol and 

grape macerate did not result in a loss of sensitivity compared to the water matrix.22−24 In the 

literature, HS-SPME matrix effects are particularly severe for ethanol; for example, 

methoxypyrazine recovery decreased by 90% in the presence of a 20% ethanol solution.24 With 

SPMESH−DART-MS of TLC plates, there was less than a 30% difference between calibration 

curve slopes of any two matrices for a given compound (Figure S-3 of the Supporting Information). 

The reason for the minimal matrix effects is unclear but may be because SPMESH is an open 

system that would allow for ethanol or other volatile interferences to evaporate away, unlike most 

SPME analyses, which would perform extractions within a closed vial. For HS-SPME, ethanol 

matrix effects are often credited to swelling of the sorbent by ethanol and competition with the 

analytes, in addition to decreased volatility.25 The improved sensitivity may be due to the 

interaction between silica and ethanol or the greater ratio of sorbent to sample size in SPMESH 

compared to typical HS-SPME analyses. 

Detection limits for SPMESH−DART-MS of TLC plates are reported in both units of mass 

and concentration (Table 2). In all matrices evaluated, IBMP had the lowest LODs, followed by 

o-AAP and MA, which were almost equal. Linalool had the highest LODs of the analytes tested. 

Interestingly, these differences in detection limits do not appear to be related to physiochemical 

properties that would affect their headspace extractability by PDMS; e.g., IBMP and linalool have 

similar hydrophobicities (log P of 2.62 and 3.28, respectively)26,27 and Henry’s law coefficients 

(∼1.7 × 10−1 and ∼2.0 × 10−1, respectively).28 Instead, the differences in detection limits appear to 
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be related to the higher ionization efficiency of IBMP under DART-MS conditions and the higher 

level of background observed for linalool, as seen in our previous work.4 

 

Table 2. Figures of Merit for SPMESH−DART-MS for 5 μL Sample Spots on TLC Platesa 

 

IBMP Linalool MA o-AAP 

LODa 

(µg/L) 

LODb 

(pg) 

% 

RSD 

LOD 

(µg/L) 

LOD 

(pg) 

% 

RSD 

LOD 

(µg/L) 

LOD 

(pg) 

% 

RSD 

LOD 

(µg/L) 

LOD 

(pg) 

% 

RSD 

Water 24 120 7 610 3100 4 230 1200 5 190 970 7 

10% 

EtOH 
19 93 2 820 4100 7 150 750 14 130 650 4 

Juice 37 190 1 280 1400 8 92 460 1 91 460 4 

Macerate 10 49 8 330 1600 6 110 550 4 97 490 4 
aLOD was determined using analyte S/N (peak areas on chronogram). Percent relative standard 

deviation (% RSD) was calculated from the ratio of analyte and internal standard signals. 
bLODconcentration = 3 × lowest standard concentration (μg/L)/(S/N), with n = 3. cLODmass = 3 

× lowest standard mass (pg)/(S/N), with n = 3. 

 

The methodological LODs for all four compounds were above their sensory thresholds in 

water, which is 2 ng/L for IBMP and 1−10 μg/L for linalool, MA, and o-AAP.29−31 However, 

several of the LODs were comparable or less than the concentrations in foods and beverages, 

including grapes and wines. For example, linalool in Muscat wines can be found at concentrations 

up to approximately 500 μg/L,32 and in Vitis labrusca grapes, such as Concord and Niagara, MA 

concentrations can reach levels as high as 3 mg/L.33 Thus, TLC−SPMESH may be an appropriate 

analytical method for these odorants in particular matrices. 

On a concentration basis, detection limits were generally 1 order of magnitude higher than 

corresponding detection limits reported for SPMESH−DART-MS using 5 mL samples in multi-

well plates. For example, using the previously reported multi-well SPMESH approach, the LOD 

for linalool in grape macerate was 48 μg/L.6 For SPMESH of TLC plates, the comparable LOD is 

330 μg/L. However, although SPMESH−DART-MS from TLC plates had ∼10-fold higher 
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detection limits than SPMESH−DART-MS from multi-well plates, it also used 1000-fold less 

sample (5 μL versus 5 mL). On a mass basis, detection limits for TLC combined with 

SPMESH−DART-MS ranged from 49 to 4100 pg/spot (Table 2). This result is comparable to or 

better than a previous report on direct DART-MS of analytes on TLC plates, where pesticides were 

analyzed, which yielded detection limits in the high picogram to low nanogram range.9 However, 

this direct technique required multiple solvent extractions prior to analysis. By comparison, 

SPMESH−DART-MS is capable of 50 pg LODs and is selective for volatiles (Figure 2). This 

excellent mass sensitivity is likely because of the more efficient mass transfer during SPMESH 

extraction from TLC, as was also evidenced by the rapid equilibration time for the method (Figures 

3a and 4). Although we did not evaluate the stability of volatiles on SPMESH sheets following 

extraction, previous work by our group showed no change in accuracy or other figures of merit for 

intervals of up to 5 days between SPMESH extraction and DART analysis.4 The methodological 

detection limits are expected to increase if there are long intervals between TLC spotting and 

SPMESH extraction as a result of sample volatilization. In our own work, we minimized these 

issues using a multi-channel pipet to deliver spots quickly and at reproducible times. 

In summary, we have demonstrated that a TF-SPME variation (SPMESH) can be used to 

extract and preconcentrate volatiles from planar surfaces while retaining the spatial distribution of 

the original volatiles. Spotting samples onto TLC plates prior to SPMESH extraction can result in 

rapid equilibration times (2−4 min) with negligible matrix effects, allowing for trace volatile 

analysis of up to 48 samples in 14 min when using DART-MS for quantitation. Detection limits 

on a concentration basis are an order of magnitude worse than previous work using larger sample 

sizes in multi-well plates. However, we observed much better sensitivity on a mass basis, with 

detection limits approaching 50 pg/spot in some cases. Thus, loading samples onto TLC plates 
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prior to SPMESH−DART-MS may be useful in situations where rapid headspace extraction is 

required at the expense of some sensitivity or when sample volumes are limited. Our work also 

demonstrated that SPMESH−DART-MS can be used for MSi of volatiles to ∼5 mm resolution. 

Applications of volatile MSi are still to be determined but could potentially be useful in localizing 

sources of volatiles in food samples, e.g., areas responsible for taints in food packaging. 
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CHAPTER 3: 

Rapid Quantitation of Volatile Phenols by Immersive Sorbent Sheet Extraction Prior to Direct 

Analysis in Real Time Mass Spectrometry (DART-MS)2 

 

ABSTRACT 

Polydimethylsiloxane based thin-film sorbent sheets (SPMESH) have previously been 

used for parallel headspace (HS) extraction prior to direct analysis in real time mass spectrometry 

(DART-MS) for rapid quantitation of odorants in complex matrices. However, HS-SPMESH 

extraction is poorly suited for less volatile odorants, e.g. volatile phenols. We report on 

modifications to the SPMESH extraction device which make it amenable to parallel extraction of 

low volatility analytes from multiwell plates under direct immersion (DI) conditions. Optimization 

and validation of the DI-SPMESH-DART-MS approach was performed on four volatile phenols 

(4-ethylphenol (4-EP), 4-ethylguaiacol (4-EG), 4-methylguaiacol (4-MG), and guaiacol (G)) of 

relevance to the quality of wine, juices, and other beverages. Negative ion mode DART-MS 

spectra showed a series of oxygenated adducts [M+nO-H]- for all each analyte, but isobaric 

interferences could be limited for all analytes except 4-MG by selecting an appropriate MS/MS 

transition. Signal suppression from non-volatiles (sugars, acids) could be overcome by a rinse step. 

DI-SPMESH-DART-MS analysis of 24 samples could be performed in < 1 hr (30 min extraction, 

16 min DART analysis) with 0.5-3 µg/L detection limits in aqueous and model juice solutions. In 

real grape juices (n=5 cultivars), good recovery (71-135%) could be achieved for 4-EP and 4-EG. 

Acceptable precision for G was only observed in certain cultivars.  

 
2  This chapter is currently under review: Rafson, J. P., & Sacks, G. L. (2021). Rapid Quantitation of Volatile 

Phenols by Immersive Sorbent Sheet Extraction Prior to Direct Analysis in Real Time Mass Spectrometry (DART-

MS). 
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INTRODUCTION 

 Several recent publications have highlighted the appropriateness of thin-film 

microextraction (TFME) devices coupled to ambient-ionization mass spectrometry (AI-MS) for 

rapid pre-concentration and quantitation of trace level analytes (< 1 mg/L) in complex matrices1. 

Many of these approaches rely on adsorbent materials coated onto solid substrates, e.g. 

hydrophobic-lipophilic balance (HLB) particles immobilized on stainless steel2-3.  These devices 

are well-suited for extraction of non-volatile compounds but are less selective or appropriate for 

volatile extraction. An alternative TFME design appropriate for volatile extraction utilizes 

absorbent polydimethylsiloxane (PDMS) mesh sheets (SPMESH sheets) to extract and 

preconcentrate headspace (HS) volatiles. Following extraction, analytes can be desorbed and 

quantitated by direct analysis in real-time MS (DART-MS).4-6 The SPMESH sheets are simple to 

prepare by laser etching, and their design allows for simultaneous, parallel extraction of volatiles 

from multiple samples. Following a 30 min SPMESH sheet extraction, representative odor-active 

volatiles (3-isobutylmethoxypyrazine (IBMP), linalool, methyl anthranilate) could be rapidly 

quantitated (24 samples in 17 min) at µg/L to ng/L detection limits using DART-MS.4 Although 

HS-SPMESH-DART-MS has lower selectivity due to elimination of the chromatography step, its 

throughput is considerably faster than conventional volatile analyses which rely on solid phase 

microextraction (SPME) fibers coupled to GC-MS,7-8 which typically have much longer run times 

(30-60 min per sample) and do not allow for parallel extraction.1, 9 

The previously described HS-SPMESH Sheet-DART-MS approach is appropriate for 

quantitation of many volatile analytes, but is limited by the poor response for less volatile 

compounds.10 For example, volatile phenols (e.g. guaiacol, 4-methylguaiacol (4-MG), 4-
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ethylphenol (4-EP)) are common contributors to food and beverage aromas,11 and are often 

measured as part of quality control in food and beverage studies. For example, in wine, 4-EP is a 

marker of Brettanomyces yeast spoilage, and guaiacol and 4-MG are indicators of grapes and wines 

affected by brush fires (‘smoke taint’).12-14 However, these phenols typically have low volatility 

(Henry’s Law coefficients ~10 mol/(m3 × Pa)).15-16 Potentially, this challenge could be addressed 

by using multipolymer SPMESH sheets, as is commonly employed for SPME fibers.1, 17 Previous 

work on aldehydes and esters observed that coating a single-use stainless steel cards (OpenShot) 

with PDMS/divinylbenzene (PDMS/DVB) or PDMS/carboxen increased signal by several orders 

of magnitude as compared to cards coated with PDMS.10 Similar improvements have been 

observed for multipolymer SPME fibers coatings and volatile phenol extractions.13, 18 However, 

multipolymer sheets of appropriate dimensions and composition for laser-etching into SPMESH 

sheets are not commercially available. Alternatively, SPMESH response from volatile phenols 

could be improved by direct immersion (DI) extraction to eliminate the HS partitioning step 

altogether. Generally, headspace extractions are preferable for volatile analyses since they remove 

non-volatile interferences,1 but several groups have reported good response using DI extraction 

for volatile phenols, either using a traditional SPME fiber or coated stir bars.19-20  

A second shortcoming of SPMESH Sheet - DART-MS is that the loss of a chromatography 

step increases the likelihood of isobaric interferences on the MS. Our group and others have shown 

that high-resolution MS (e.g. Orbitrap-MS) can be used to improve selectivity and decrease 

methodological detection limits. However, high-resolution MS is more costly and less widely 

available than standard tandem mass spectrometers (MS/MS). 

We report here on development and validation of a DI-SPMESH Sheet extraction method 

for analysis of volatile phenols in aqueous samples. We demonstrate that DI-SPMESH Sheet offers 
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considerable advantages in speed and sensitivity over HS-SPMESH Sheet for this compound class. 

We also demonstrate that coupling DI-SPMESH Sheets to DART-MS/MS can yield acceptable 

selectivity for certain volatile phenols in real juice matrices.  

 

MATERIALS AND METHODS 

Materials. PDMS sheets (CultureWell Silicone Sheet, 0.25 mm thick/13 cm × 18 cm) used 

to make SPMESH sheets were purchased from Grace Bio-Labs (Bend, OR). These PDMS sheets 

were then laser-etched to give 0.5 × 0.5 mm mesh pattern at the Cornell NanoScale Facility (Ithaca, 

NY) as previously described.4 Deep well, 10 mL, 24-well plates, methanol, and NaCl were 

purchased from VWR (Randor, PA). Teflon sheets (0.04" thickness) were purchased from 

McMaster Carr (Elmhurst, IL). Spacers and clamps for the extraction device were machined by 

the Cornell University LASSP machine shop (Ithaca, NY). The Wilton standard duty 

woodworking vice clamp was purchased from Grainger (Lake Forest, IL). Sodium hydroxide was 

purchased from Fisher Scientific (Waltham, MA). Sucrose, bovine serum albumin (>98%, heat 

shock fraction, pH 7), and standards of 4-ethylphenol (4-EP) (>99% purity, FCC, FG), 4-

ethylguaiacol (4-EG) (>99% purity, FCC, FG), and 3-isobutyl-2-methoxypyrazine (IBMP) (>99% 

purity, FCC, FG) were purchased from MilliporeSigma (Burlington, MA). Tartaric acid and 

standards of guaiacol (G) (>99% purity) and 4-methylguaiacol (4-MG) (99% purity) were 

purchased from Acros Organics (Fair Lawn, NJ). The internal standard d4-4-ethylphenol (d4-EP) 

(> 98% purity, 99% D) was purchased from Neta Scientific (Hainesport, NJ). The internal 

standards d3-IBMP (>98% purity, 99% D) and d3-guaiacol (d3-G) (>99% D) were purchased from 

C/D/N Isotopes (Pointe-Claire, Quebec).  
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Juice Samples. Commercial white grape juice (Welch’s) was purchased from a local 

supermarket. Additional juice samples were prepared from grapes harvested from local vineyards 

(Geneva, NY) in 2020. The varieties used were Cabernet franc (V. vinifera), Chardonnay (V. 

vinifera), Concord (V. labruscana), Lemberger (V. vinifera), and Pinot Noir (V. vinifera). 

HS- and DI-SPMESH Sheet Extraction: General Conditions. HS-SPMESH sheet 

extractions were performed using previously optimized conditions.4, 6 Briefly, prior to use, the 

SPMESH sheet was baked out in a GC oven at 250 °C for 30 min. Samples were loaded into a 

fresh 24-well plate then a Teflon gasket was placed over the 24-well plate, followed by a stainless-

steel spacer, SPMESH sheet, a second stainless-steel spacer, and finally a stainless-steel top cover. 

The entire assembly was secured with bolts and wingnuts. The assembly was incubated (50 °C) 

and shaken (200 rpm) for 30 min for HS extractions (C24KC Refrigerated Incubator Shaker, 

Edison, NJ).  

For DI extraction, a second Teflon gasket was placed between the second stainless-steel 

spacer and stainless-steel top cover and a vice clamp was used to secure the entire assembly. DI 

extractions were performed by inverting the entire apparatus and agitating the assembly at 200 

rpm at 22.5 °C. After the DART analysis, the SPMESH sheet was soaked in a water/MeOH 

solution to remove any remaining non-volatiles before the next use.  

DART- MS/MS: General Conditions. After extraction, the SPMESH Sheet was transferred 

to a 3DS-XZ automated positioning stage in front of a DART standardized voltage and pressure 

(SVP) ion source (Ionsense Inc., Sangus, MA). The positioning stage scanned at 0.5 mm/s. The 

DART source was coupled to a Thermo Finnigan TSQ Discovery Max (Waltham, MA) via a Vapur 

interface (Ionsense Inc). For volatile phenol analyses, the DART source was operated in negative 

ion mode at 300 ˚C with He as the carrier gas. The DART used a ceramic cap with an inner 
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diameter of 0.5 mm for initial experiments and 2.5 mm for limit of detection calculations, 

calibration curves, and accuracy checks. The MS was also operated in negative ion mode and data 

was collected in multiple reaction monitoring (MRM) mode. The scan width was set to 0.01 and 

scan time was set to 0.1, Q1 width was 0.7, Q3 width was 0.7, CID gas was 1.5, and the transitions 

and collision energies are shown in Table S-1. 

 To find and evaluate the MRM transitions for the phenols, full scans (m/z 50-250) of the 

SPMESH after DI extractions from 10 mg/L aqueous solutions of each individual compounds were 

used to find precursor ions and their products. To determine if there were any interferences among 

the volatile phenols, DI-SPMESH extractions were performed from individual 1 mg/L aqueous 

solutions of the 4 native phenols, the 2 deuterated compounds, and syringol with the MS operating 

in MRM mode with the identified transitions. Each compound was measured in triplicate. 

For measurement of IBMP, the DART and MS were both operated in positive ion mode. 

Quantitation was performed using ion transition m/z 167 to m/z 125 with a CE of 15. for IBMP. 

All other DART and MS parameters were identical to the parameters used for volatile phenols. 

For quantitation, raw peak areas for the unlabeled analytes were determined from the chronogram 

using the native software and normalized against peak areas of appropriate labeled standard (d4-

EP for 4-EP and 4-EG; d3-G for G and 4-MG). 

Evaluation of SPMESH Device Integrity and Well-to-Well Crosstalk. To SPMESH devices 

were evaluated: the original format (one Teflon gasket and no vice clamp) and the new format 

(two Teflon gaskets and the vice clamp). To determine if the SPMESH devices were watertight, 5 

mL of water was added in every other well of a wellplate (12 of 24 wells total). The device was 

sealed, inverted for an hour, and visually inspected for evidence of leakage. To evaluate crosstalk 

among wells, 10 µg/L IBMP in water (5 mL) were again added to every other well of a wellplate. 
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HS-SPMESH-DART-MS was then performed, as described above. The crosstalk of for a given 

blank well was calculated as follows: 

𝐶𝑟𝑜𝑠𝑠𝑡𝑎𝑙𝑘 =
𝑎𝑟𝑒𝑎 𝑜𝑓 𝑡ℎ𝑒 𝑏𝑙𝑎𝑛𝑘 𝑤𝑒𝑙𝑙

Σ 𝑎𝑟𝑒𝑎 𝑜𝑓 𝑡ℎ𝑒 𝑠𝑢𝑟𝑟𝑜𝑢𝑛𝑑𝑖𝑛𝑔 𝑤𝑒𝑙𝑙𝑠
× 100% 

For comparison of the two devices, the average crosstalk value was compared. 

Evaluation of Post-Extraction SPMESH Sheet Hold Time Prior to DART-MS. HS-

SPMESH extraction was performed on 1 mg/L of 4-EP, 4-EG, 4-MG, and G in water (n= 6 wells). 

The SPMESH was then left to sit in air for 0, 20, 40, or 60 min prior to analysis by DART-MS to 

determine the stability of analytes on the SPMESH sheet at room temperature. 

Evaluation of DART Desorption Efficiency. HS-SPMESH extraction was performed on 1 

mg/L of 4-EP, 4-EG, 4-MG, and G in water (n= 6 wells). The SPMESH sheet was then analyzed 

by DART-MS. Immediately after analysis of a row, the DART-MS analysis was repeated twice 

without repeating the extraction. 

Extraction Kinetics of HS-SPMESH vs. DI-SPMESH. Standard solutions of 1 mg/L 4-EP, 

4-EG, 4-MG, and G were prepared in water for all experiments. HS-SPMESH (50 °C, 200 rpm) 

and DI-SPMESH (22.5 °C, 200 rpm) extractions was then performed with varying incubation 

times (5, 15, 30, 60, 120 min), and the SPMESH sheet analyzed by DART-MS/MS. For each 

extraction time and type, data was collected from six wells. 

Effect of SPMESH Sheet Rinsing and Sample Dilution for DI SPMESH. For rinse 

optimization experiments, standard solutions of 1 mg/L 4-EP, 4-EG, 4-MG, and G were prepared 

in Welch’s white grape juice, for some tests the spiked juice was diluted with water (1:1, v/v). 

First, the rinse volume was tested by immersing the SPMESH in 0, 1, 2, or 5 mL of water for 30 s 

after a DI extraction of undiluted spiked grape juice. To test rinse time, after a DI extraction from 

undiluted spike grape juice, the SPMESH was rinsed with 5 mL of water by being inverted and 
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manually shaken for 0, 10, 20, or 30 s. This experiment was repeated with spiked juice diluted 

with water (1:1, v/v). All samples were analyzed by DART-MS/MS and 6 data points were 

collected for each condition. Full scan data was collected (m/z 50-1000) after a DI-SPMESH 

extraction from Welch’s white grape juice spiked with 1 mg/L of 4-EP, 4-EG, 4-MG, and G that 

was diluted with water (1:1, v/v). The SPMESH was either run immediately after extraction or 

rinsed for 30 s with 5 mL of water. Diluting (1:1, v/v) with water or a saturated NaCl solution were 

compared using an aqueous solution of 50 µg/L 4-EP, 4-EG, 4-MG, and G. After a DI extraction, 

samples were not rinsed prior to being run by DART-MS/MS. 

Figures of Merit. Limits of detection (LODs) using the DI-SPMESH-DART-MS/MS 

method were determined in water and model juice. Wellplates were pretreated with a 1 g/L bovine 

serum albumin solution to reduce active site binding in the wellplate. Model juice was prepared 

from 200 g/L of sucrose, 7.5 g/L of tartaric acid, adjusted to pH 3 with 2 M NaOH. Standard 

solutions were prepared in water and model juice containing 15 µg/L of 4-EP, 4-EG, 4-MG, and 

G, and 50 µg/L of d4-EP and d3-G. The spiked water and model juice where then diluted (1:1, v/v) 

with a saturated NaCl solution. Immersion extractions were performed for 30 min with 200 rpm 

agitation at 22.5 ˚C. The order of samples within the wellplate was randomized, with every other 

well in the 24-wellplate was left blank (i.e. only 12 analyses were performed for a multiwell plate) 

to evaluate crosstalk and noise. Data was collected over 3 days yielding n=18 for the water and 

model juice samples, and n=36 for the blanks used in the noise calculations. To calculate the LODs 

for each compound, the signal-to-noise (S/N) ratio was determined and then used to calculate the 

minimum concentration to yield a S/N of >3.  

Calibration Curves & Validation. Calibration curves were generated using DI-SPMESH-

DART-MS/MS in water and pooled grape juice (Vitis vinifera and Vitis labruscana) at the 
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following concentrations for 4-EP, 4-EG, and G: 0, 5, 10, 25, 50, 100 µg/L. For internal standards, 

50 µg/L of d4-EP and d3-G was added to each solution. After being spiked, samples were diluted 

(1:1, v/v) with a saturated NaCl solution prior to extraction. Wellplates were pretreated with a 1 

g/L bovine serum albumin solution to reduce active site binding in the wellplate. All calibration 

samples were prepared and run in triplicate for each level. Calibration curves were generated by 

linear regression (weighting factor: 1/(sample concentration + 1)) and outliers were excluded. 

For accuracy measurements, 6 different real juices were spiked with 25 µg/L of 4-EP, 4-

EG, and G, and 50 µg/L of d4-EP and d3-G then diluted with saturated NaCl (1:1, v/v). Each juice 

was measured in triplicate using DI-SPMESH-DART-MS/MS. The calibration curves described 

above were then used to calculate the measured concentration of the phenols in each juice. The 

calculated concentration was then compared to the actual solution concentration. 

𝑅𝑒𝑐𝑜𝑣𝑒𝑟𝑦 =  
𝑀𝑒𝑎𝑠𝑢𝑟𝑒𝑑 𝑐𝑜𝑛𝑐𝑒𝑛𝑡𝑟𝑎𝑡𝑖𝑜𝑛

𝐴𝑐𝑡𝑢𝑎𝑙 𝑐𝑜𝑛𝑐𝑒𝑛𝑡𝑟𝑎𝑡𝑖𝑜𝑛
× 100% 

Statistical analyses and graphs were prepared using JMP, version 13.0 (SAS Institute, Inc., 

Cary, NC, U.S.A.) and Microsoft Excel. 

 

 
Figure 1. SPMESH-DART-MS workflow: (a) SPMESH is positioned in stainless steel frame, (b) 

and clamped over a 24-wellplate. (c) Parallel immersion extraction is performed by inverting the 

wellplate (d) and the SPMESH has absorbs non-polar analytes, e.g. odorants. (e) The device is 

disassembled and the SPMESH sheet is rinsed with water (f) to remove interferences. (g) Analytes 

on the rinsed sheet are analyzed by DART-MS. 
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RESULTS AND DISCUSSION 

Redesign and Optimization of a HS-SPMESH Device for DI-SPMESH. To perform a DI-

SPMESH experiment, wells are filled with sample and covered with the SPMESH sheet, analogous 

to our previously described HS-SPMESH device.4 In contrast to the previous approach, the 

wellplate is inverted after the device is clamped to put the samples in direct contact with the 

SPMESH sheet and allow for analyte absorption (Figure 1). The positioning of the sorbent PDMS 

sheet and multiwell plate allows for parallel extraction of volatiles onto spatially resolved locations 

on the sheet. Our earlier HS-SPMESH extraction device used a single Teflon gasket between the 

wellplate and the stainless-steel frame holding the 

SPMESH to isolate each well, However, we 

observed that this original design leaked when 

inverted, making it inappropriate for DI-

SPMESH. In the redesigned system, a second 

Teflon gasket was added. The framed sheet was 

positioned between the two Teflon gaskets, and a 

commercial woodworking vice (in place of two of 

the butterfly nuts) was used to evenly apply 

pressure across the device (Figure 2). With the 

new setup, the system remained watertight for at 

least 2 hours at room temperature under agitation 

conditions. 

Figure 2. DI-SPMESH device components 

(a) disassembled and (b) assembled. 
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We also observed that our redesigned 

extraction system better limited “crosstalk” 

among wells, i.e. leakage in the headspace of 

adjacent samples. The single gasket design of 

our earlier HS-SPMESH device had crosstalk 

of ~1.2%.4 This level of crosstalk is 

unacceptable for analytes with ranges greater 

than 1 order of magnitude, and necessitated the 

use of only half of the available wells in our 

previous work, with blank walls interspersed 

between samples. To evaluate the extent of 

crosstalk in the new system, we analyzed IBMP (“green pepper” aroma) under HS-SPMESH 

conditions, as this compound was used in our previous study.4 Crosstalk with the original 

SPMESH device was lower than in previous work (0.2% vs. 1.2%) (Figure 3a),4 possibly because 

earlier work reused multiwell plates. These polypropylene plates are known to scalp non-polar 

volatiles 21 which may have led to carryover between extractions. The work presented here uses 

fresh plates for each run. Using the new DI-SPMESH device (two gaskets, vice clamp) resulted in 

further crosstalk reduction to 0.03% (Figure 3b). This low level of crosstalk makes it more suitable 

for full utilization of the multiwell plate without the need for blank wells.  

Another change to our original SPMESH-DART-MS setup was the replacement of the 

small inner diameter DART ceramic cap for one with a larger inner diameter (0.5 mm to 2.5 mm). 

This change resulted in a large improvement in precision of the internal standard ratios, e.g. the 

average RSD for each volatile phenol (50 µg/L) area counts divided by the area counts of its 

Figure 3. Crosstalk between adjacent wells of 

a 24-well plate extraction (a) using 1 Teflon 

gasket or (b) using 2 Teflon gaskets and vice 

clamp. 
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internal standard in water was 71-84% for the small ceramic cap, but improved to 7-15% with the 

larger cap (Table S-2). The large DART cap also increased volatile phenol signal by ~50-140×, 

but the concurrent increase in noise limited the improvement in S/N ratios (Figure S-1). The 

improvement in precision and signal intensity with the larger cap was likely because the larger gas 

stream more completely desorbs analyte spots from the SPMESH sheet. The Teflon and stainless-

steel SPMESH frames expose an array of 8 mm × 8 mm square openings on the SPMESH sheet. 

Previous work from our group estimated that SPMESH-DART had a resolution of around 5 mm 

using the smaller cap.5 However, that work extracted IBMP from spots on TLC plates, so spreading 

may have occurred during the extraction step as the analytes volatilized. The improvement in 

signal we observed is greater than the theoretical improvement (25-fold) from the larger cap area, 

possibly because there is additional spreading of the hot gas stream following leaving the cap. 

SPMESH-DART-MS of Volatile Phenols: Selection of MS/MS Transitions. When operated 

in positive ion mode we observed no SPMESH-DART-MS peaks corresponding to volatile 

phenols (data not shown). However, SPMESH-DART-MS in negative ion mode provided 

detectable signal [M-H]- for volatile phenols, as would be expected based on the gas phase basicity 

of these compounds.22-23  We also observed formation of an oxygenated adduct series of the form, 

[M+nO-H]- in negative ion mode. For example, in full scan mode, the most abundant ion for 4-EP 

is m/z 121 ([4-EP-H]-), the second most abundant peak at m/z 137 ([4-EP+O-H]-), and further 

adducts are visible out to m/z 185 [4-EP+4O-H]-) (Figure 4a). A similar series of oxygenated 

adducts can be observed for 4-MG (m/z = 137, 153, 169, 185, 201) (Figure 4b) as well as G and 

4-EG (Figure S-2). Previous reports have also reported oxygenated adducts of aromatic ring 

containing compounds (presumably formed by reaction with O2
-) in DART-MS 24-25 and APCI-

MS.26 
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As is evident from the ion series derived 

from 4-EP and 4-MG, one challenge presented 

by these oxygenated adducts is formation of 

isobaric interferences among the different 

volatile phenol analytes in full scan mode, 

therefore we employed a triple quadrupole in 

MRM mode to improve selectivity. To evaluate 

the selectivity of MRM transitions among 

volatile phenols, we first determined major 

MRM transitions for our four target analytes. 

We next determined selectivity factors for each 

transition by measuring the SPMESH-DART-

MS signal for 1 mg/L solutions of seven volatile 

phenols (the four target analytes, the two 

deuterated standards, and syringol). For analytes 

with interferences on the major transition (G, 4-

MG), we evaluated additional MRM transitions 

(up to 4 total). 

For 4-EP and 4-EG, we observed good 

selectivity for at least one of the transitions 

involving [M-H]- as a precursor ion (Figure 4c), 

with the target analyte accounting for at least 10-

fold greater signal than all other compounds. 

Figure 4. Full scan SPMESH-DART-MS of 

1 mg/L solutions of (a) 4-EP, or (b) 4-MG. 

(c) The contribution of 1 mg/L solutions of 

targeted and non-targeted volatile phenols to 

MRM transitions. DI extractions were 

performed from aqueous solutions 

containing individual phenols, n=3 for each 

bar. 
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For 4-EG and 4-EP, the major transitions m/z 151→121 and m/z 121→106 were observed to have 

good selectivity, and no further optimization was performed. For G, we observed some modest 

interference for the m/z 123→108 transition (sum total signal for non-G analytes = 10% of G 

signal; Figure 4c). No improvement in selectivity was observed for transitions involving either the 

[M+O-H]- or [M+2O-H]- ions as precursors, and thus we chose m/z 123→108 for subsequent 

experiments. 

More serious issues with isobaric interferences were observed for 4-MG (Figure 4c).  The 

best selectivity was observed using ([4-MG-H]-) as a precursor, m/z 137→109 (summed 

interference = 33% of 4-MG signal). However, signal from this transition was relatively weak, 

approximately 10-fold lower than the intensity observed for transitions selected for other analytes, 

additionally the transition had poor reproducibility and linearity. Stronger signal could be observed 

for m/z 137→122, but the summed interferences were nearly equal to the analyte signal. The 

transition involving [4-MG+O-H]- (m/z 153→138) also had significant interference with syringol 

but not as severe with the other phenols being used in this work (summed interference without 

syringol = 20% of 4-MG signal). For this reason, m/z 153→138 was used for 4-MG in subsequent 

experiments in model systems; 4-MG was not analyzed in the accuracy experiment using real juice 

samples due to the interferences.  

DI-SPMESH has Higher Sensitivity than HS-SPMESH for Volatile Phenols due to the Low 

Volatility of the Analytes. HS-SPMESH-DART-MS has been successfully used to quantitate food 

and beverage volatiles, e.g. IBMP and linalool at their sensory threshold (low ng/L and µg/L, 

respectively) 4-6, 10, 27. These volatiles are well-suited for headspace extraction by thin-film 

microextraction techniques due to their non-polarity (log P of ~3)28-29 and relatively high volatility 

(Henry’s Law Coefficients ~2.0 × 10-1 mol/(m3Pa))30.  
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However, HS-SPMESH-DART-MS is less well-suited for other important odorant classes, 

including volatile phenols. In preliminary work, we observed poor LODs in the 10-150 µg/L range 

for 4-EP, 4-EG, G, and 4-MG in water and grape juice even following optimization (data not 

shown). These detection limits are at or above the compounds’ sensory thresholds, e.g. guaiacol is 

reported to have a detection threshold of 9.5 µg/L in aqueous 10% alcohol.31  

To confirm that the volatile phenols were being successfully thermally desorbed by DART, 

the SPMESH sheet was subjected to repeated DART-MS/MS analyses following a single 

extraction. We observed an 80% decrease in signal for volatile phenols for each subsequent 

analysis (Figure S-3), indicating that their poor sensitivity was not due to incomplete thermal 

desorption. We also observed no decrease in volatile phenol signal with increasing the wait time 

(up to 1 hr at room temperature) between SPMESH extraction and DART-MS analysis (Figure S-

4), in concurrence with previous SPMESH storage studies,27 indicating that the low sensitivity was 

not due to loss of analytes from the SPMESH sheet prior to analysis. These experiments indicated 

that the low sensitivity observed for volatile phenols was most likely due to limited HS-SPMESH 

extraction. The extent of SPME extraction can be modeled as a function of both thermodynamic 

and kinetic parameters, as previously described by Reyes-Garcés et al.1 Poor extraction of volatile 

phenols by HS-SPMESH was unlikely to be due to thermodynamic considerations alone, as the 

phenols’ polarity (Log P = 1.19 - 2.47) 32-35 was comparable to the polarity of IBMP (Log P = 

2.62)29. Alternatively, the low sensitivity for volatile phenols could have arisen from their lower 

volatility (Henry’s Law coefficients: 7.5 - 20 vs. 0.17 mol/(m3 × Pa) 30), and thus slower mass 

transfer.  

To determine if mass transfer kinetics were limiting volatile phenol extraction, we 

monitored the change in signal for 1 mg/L solutions of volatile phenols with increasing HS-
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SPMESH-DART-MS/MS extraction time (5 to 120 min). Even after 2 hr extraction at 50 ºC, we 

observed no evidence of reaching an equilibrium plateau for any analyte (4-EP, 4-EG, 4-MG, G) 

(Figure 5, red dashed lines). Buchholz and Pawliszyn 15 and other groups 12-13, 36 have made similar 

observations regarding the slow equilibration of volatile phenols when performing HS-SPME with 

coated fibers.15  

  Direct immersion (DI) with coated SPME 

fibers has previously been shown to improve 

extraction kinetics of lower volatility compounds, 

including 4-EP.12 To evaluate if similar 

improvements could be observed with DI-

SPMESH, the SPMESH device was altered to make 

it appropriate for DI extraction, as described earlier. 

For all analytes, DI-SPMESH reached equilibrium 

within 60 min and reached 50% of maximum signal 

within 15 min. (Figure 5, solid blue lines). For all 

analytes, the DI-SPMESH signal after 5 min 

extraction was similar to or exceeded the HS-

SPMESH signal after 120 min. After 30 min extraction time, we observed 10- to 20-fold higher 

signal with DI-SPMESH as compared to HS-SPMESH (Figure 6). Interestingly, for the more 

volatile IBMP, we saw no improvement in DI-SPMESH extraction vs. HS-SPMESH extraction 

from an aqueous solution and only modest improvement (~3-fold increase in signal) from spiked 

juice (Figure 6). Thus, DI-SPMESH can be used to overcome the limitations of HS-SPMESH for 

Figure 5. DART-MS/MS signal for 1 

mg/L aqueous solution of (a) 4-EP, (b) 4-

EG, (c) 4-MG, and (d) G after a HS- or 

DI-SPMESH extraction and varying 

extraction time (5 – 120 min). Error bars 

represent 1 SE, and n=6 for each point. 
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low volatility compounds like volatile phenols but offers less advantage for more volatile 

compounds. 

 

Figure 6.  Chronograms from SPMESH extractions from (a) water or (b) diluted Welch’s white 

grape juice containing 1 mg/L of all phenols or 10 µg/L of IBMP. Overlaid chronograms compare 

signal intensity from HS, DI, and DI + water rinse. The MS signal intensity was normalized to the 

maximum intensity for each analyte. 

 

Sample Dilution and Post-Extraction SPMESH Sheet Rinsing Limit the Effects of 

Interfering Compounds During DI-SPMESH-DART-MS of Real Juice Matrices. One potential 

concern with fiber based DI-SPME methods is the potential for fouling and non-volatile 

interferences.8 However, as compared to the more common multiphase fibers, PDMS based 

microextraction techniques have been demonstrated to have fewer issues with fouling in complex 

matrices, including grapes.37-38 We observed no evidence of fouling (e.g. discoloration) of our 

SPMESH Sheets when used in DI mode. However, in a real juice sample (Welch’s white grape 

juice) spiked with 1 mg/L volatile phenols (4-EP, 4-EG, 4-MG, and G), we observed near-

undetectable signal (intensity 200-4000 counts) when using a 30 min extraction during DI-

SPMESH-DART-MS (Figure 7a; rinse time = 0 s). These values represent a ~100-fold decrease 
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as compared to the response achieved in water 

(Figure 5).  A full scan DART-MS of the spiked 

juice samples (Figure 7c), showed intense peaks 

at m/z=133 (tentatively identified as the [M-H]- 

ion of malic acid, one of two major acids in 

grape juice)39 and m/z=179 (tentatively 

identified as the [M-H]- ions of fructose and 

glucose, the two major sugars in grape juice). 

Peaks corresponding to the target analytes are 

not readily apparent in this spectrum. 

We suspected that this loss of signal was 

due to the adsorption of sugars, acids, and other 

major juice components onto the surface of the 

SPMESH, which competitively inhibited the 

ionization of the volatile phenols. Because these 

compounds are polar, they would not be 

absorbed into the PDMS, and thus should be removable by surface rinsing, analogous to 

improvements for reported for SPME/TFME-DART for matrix interference removal.40-42. To test 

this, we evaluated the effects of rinsing the PDMS sheet in water for variable amounts of time. 

After a 30 s rinse with 5 mL water, signal from the putative acid and sugar interferences were no 

longer observed in the full scan MS (Figure 7d), and signal intensity had a 12- to 23-fold increase 

for the volatile phenols (Figure 7a; 0 s vs 30 s).  

Figure 7. DART-MS/MS signal intensity 

from a DI-SPMESH extraction of 1 mg/L 

volatile phenols in (a) undiluted or (b) diluted 

Welch’s white grape. After extraction, the 

SPMESH was rinsed with water for 0-30 s 

prior to analysis. Error bars represent 1 SE, 

and n=6 for each point. Full scan mass 

spectra (m/z 50-200) were collected after DI-

SPMESH extractions from diluted, spiked 

Welch’s grape juice. The SPMESH was 

analyzed by DART-MS (c) without rinsing 

or (d) after a 30 s water rinse. 
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We observed a further improvement in signal (~4-fold) across volatile phenols by diluting 

the juice sample with water (Figure 7b). Using a saturated NaCl solution for dilution, rather than 

water, also increased signal (Figure S-5). This effect may have been due to the widely reported 

“salting out” phenomenon observed for fiber based SPME extractions,15-16, 38 or due to the dilution 

of other compounds capable of competitive interference. The optimized method, which combined 

both a two-fold brine dilution pre-extraction and a 30 s, 5 mL rinse post-extraction resulted in an 

11- to 44-fold increase in signal from juice as compared to original conditions.  

Figures of Merit for Newly Design SPMESH Immersion for Volatile Phenols. After the 

method was optimized, LODs were calculated in water and model juice. In water, the LODs were 

between 0.5 and 1.7 µg/L for all four volatile phenols and in model juice they were between 0.9 

and 2.8 µg/L (Table 1). These LODs in these model systems would be lower than the volatile 

phenols’ sensory thresholds which have been reported between 9.5 and 440 µg/L.31, 39 To evaluate 

the accuracy of the method in real samples, calibration curves were prepared in water and pooled 

grape juice (V. vinifera and V. labruscana) (Figure S-6).  

 

Table 1. Figures of Merit for DI-SPMESH-DART-MS/MSa 

 
Water Model Juice 

LODb (µg/L) LOQc (µg/L) % RSD LOD (µg/L) LOQ (µg/L) % RSD 

4-EP 0.5 1.6 16% 0.9 2.9 13% 

4-EG 1.6 5.2 31% 2.5 8.3 35% 

4-MG 1.1 3.7 23% 1.7 5.8 33% 

G 1.7 5.6 15% 2.8 9.2 22% 

aLOD was determined using analyte S/N (peak areas on chronogram). Percent relative standard 

deviation (% RSD) was calculated from the ratio of analyte and internal standard signals. bLOD = 

3 × 15 μg/L/(S/N), with n=18. cLOQ = 10 × 15 μg/L/(S/N), with n = 18. 
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To evaluate the accuracy of the SPMESH-DART-MS/MS approach, grape juice samples 

(produced from n=5 different cultivars) were spiked with 25 µg/L of 4-EP, 4-EG, and G and 

analyzed in triplicate by DI-SPMESH-DART-MS/MS. 4-MG was not used due to its lack of a 

selective MRM transition, as described in previous sections. The original juices were analyzed by 

SPME-GC-MS to confirm that the four volatile phenols were undetectable in the original grapes 

(data not shown). Acceptable recovery was observed for 4-EP and 4-EG (range = 71-135% of 

expected value) (Table 2). However, recovery for G varied considerably with grape cultivar. 

Acceptable recovery was observed for Cabernet franc (138%) and Chardonnay (67%), but very 

high recovery values (>300%) were observed for Pinot noir and Lembeger. These juices also 

appeared to have G in unspiked samples, indicating that certain cultivars possess isobaric 

interferences. Potentially, Orbitrap-MS or other high resolution MS options could be used to avoid 

these isobaric interferences, but this was not evaluated in the current study.  

 

Table 2. Accuracy of DI-SPMESH-DART-MS/MS in real juice 

 4-EPa 4-EGb Gb 

Juice Recoveryc SEd Recovery SE Recovery SE 

Cab Franc 89% 7% 128% 17% 138% 46% 

Chardonnay 118% 8% 117% 12% 67% 31% 

Concord 98% 14% 135% 28% 50% 13% 

Lemberger 75% 8% 72% 11% 369% 52% 

Pinot Noir 71% 14% 83% 17% 397% 134% 

aUsed calibration curves made in water. bUsed calibration curves made in pooled juice. 
cRecovery = (measured concentration/25 µg/L) × 100%, with n=3. dSE = standard deviation/√n, 

with n=3. 
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In summary, we have developed a DI-SPMESH Sheet – DART-MS/MS method for 

analysis of volatile phenols at low µg/L detection limits, comparable to their sensory thresholds. 

Several steps were critical to this achievement, including designing a SPMESH device capable of 

immersive extraction without leaks or crosstalk; careful selection of MRM transitions; and 

introduction of a rinse and dilution step. The optimized approach can extract and analyze 24 

samples in ~45 min, or a sample every 2 min. This throughput compares favorably against 

commonly used fiber-based HS-SPME-GC-MS (which typically require around 1 h per sample for 

total duty cycle)12-14, 36 and even against faster GC-MS/MS methods (12.5 min GC run time).43 As 

with all direct MS techniques, a limitation of DI-SPMESH-DART-MS is the lack of a 

chromatographic separation step and an increased risk of isobaric interferences, as was observed 

for 4-MG, as well as for G in the juice of certain cultivars. However, the increased throughput of 

DI-SPMESH-DART-MS may make it useful for rapid initial screening of the presence of high 

volatile phenols, as is of interest for grapes suspected to have smoke taint or fruit juices suspected 

of have Alicyclobacillus spoilage.44-45  
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CHAPTER 4: 

Swellable Sorbent Coatings for Simple Extraction, Shipment, and Storage of Bioactive 

Compounds from Perishable Agricultural Samples 

 

ABSTRACT 

To proactively ensure high-quality and safe agriculture and food products, there is a 

system-level need for affordable technologies capable of rapid, trace-level (sub-ppm) chemical 

characterization of large numbers of samples. Existing analytical approaches, e.g. mass 

spectrometry (MS), require sample preparation approaches that are generally slow, expensive, 

technically challenging, and/or require large volumes of hazardous solvents. In this report, we 

describe a novel, broadly applicable technology that addresses the need for convenient and 

inexpensive extraction and storage of bioactive compounds from foods or other agricultural 

products prior to analytical analysis. Intentionally swelling (expanding) a sorbent polymer with an 

appropriate solvent prior to immersion in a sample, allows for the direct extraction of trace-level 

compounds. The swellable microextraction (SweME) devices can then be stored (without 

refrigeration) and later desorbed and analyzed by MS or other techniques, eliminating the need for 

shipping or storage of perishable samples. Here we use carotenoids from tomato juice and carrots 

as well as a range of common wine and grape odorants for this proof-of-concept work. 

 

INTRODUCTION 

While many macro-components of foodstuffs are amenable to existing high-throughput 

analysis methods, e.g. remote sensors and spectral imaging,1 or infrared (IR) spectroscopy-based 

methods for rapid proximate analyses;2-3 these same tools are often not appropriate for high-
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throughput analyses of trace-level analytes. For example, the analysis of non-volatiles in plant 

materials, including carotenoids and phenolics, is usually performed by liquid chromatography 

(LC) with either UV/VIS or mass spectrometric (MS) detection, and volatiles responsible for 

aroma are analyzed by gas chromatography-mass spectrometry (GC-MS).4 Many producers lack 

the expertise or appropriate instrumentation to perform these analyses in-house. Producers might 

send samples to commercial service labs, but this can create additional challenges.5 Agricultural 

and food products, especially those with high moisture content samples (e.g. fruits, vegetables), 

can undergo metabolic changes under ambient conditions, either due to endogenous processes or 

due to rot and spoilage.6 To avoid this, producers typically freeze (or refrigerate) and ship 

perishable samples, which is cumbersome and expensive. However, freezing and thawing a sample 

may still result in changes to the analytes, e.g. due to enzymatic and abiotic oxidation reactions.7-

8 The labs then receive, store, and prepare samples, which further adds to costs. 

An alternative to transporting frozen perishable materials for trace-level analyses is for 

producers to prepare their own extracts, but these approaches are generally not well-suited for 

preparing and transporting large numbers (hundreds or even thousands) of samples. Two classic 

sample preparation approaches are liquid-liquid extraction (LLE) and solid-phase extraction 

(SPE), which result in an organic extract containing the analytes of interest.9 These approaches 

require the handling, storage, and shipping of flammable organic solvents; additionally, the 

extractions are time consuming and expensive to perform in parallel. 

Organic solvents can be avoided by using purge-and-trap devices, but these are only 

appropriate for volatiles. Another option that avoids the use of solvents is solid-phase 

microextraction (SPME), where analytes are extracted into a polymer (coated on a glass fiber) that 

is placed in either the sample headspace (HS) (for volatiles) or bulk sample.10-12 Fiber coatings 
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usually contain polydimethylsiloxane (PDMS) and a second (or even third) polymer to expand the 

range of extractable compounds.13-14 SPME has been widely used for on-site sampling; following 

extraction, analyses can performed on-site or transported to an off-site analytical lab.15-16 However, 

SPME fibers are fragile, expensive (~$100 per fiber), and suboptimal for storing compounds.17-20 

Additionally both purge-and-trap and SPME systems are difficult to multiplex. Generally, existing 

approaches for remote extractions are slow, expensive, technically challenging, and/or require 

large volumes of hazardous solvents. 

Alternate SPME geometries that are more amenable to high throughput analyses have 

recently been developed. Our group has recently used laser etched, PDMS sheets to extract and 

analyze volatiles from 24 samples in parallel.21-22 While these sorbent sheets work well for non-

polar, volatile compounds they have not been used for non-volatile compounds. Coated blades that 

have embedded HLB particles have recently become commercially available. A 2017 report by 

Gómez-Ríos et al. used coated blades to extract drugs from blood spots.23 They were able to store 

the analytes in the coated blades for up to seven days at room temperature, but for long term storage 

the coated blades had to be frozen.23 

In this report we propose a novel, broadly applicable extraction technique that addresses 

the need for convenient and inexpensive extraction, shipment, and storage of bioactive compounds 

(toxins, flavor compounds, nutrients) in foods or other agricultural products prior to analysis. In 

this proof-of-principle work, we will extract, store, and analyze carotenoids – a compound class 

that is generally incompatible with SPME – and will demonstrate that SweME extractions could 

also improve volatile extractions.  

These swellable microextraction (SweME) devices can then be shipped by standard mail 

to service labs for analysis by MS or other techniques, eliminating the need for shipping or storage 
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of perishable samples, lowering costs, and increasing the scale of testing. In this work we 

developed a novel, durable, swellable device capable of performing simple, convenient, parallel 

trace-level extractions for food and agricultural analyses. 

 

MATERIALS AND METHODS 

Materials. Stainless-steel holders and Teflon gaskets were manufactured at the Cornell 

University Laboratory of Atomic and Solid State Physics (LASSP) machine shop (Ithaca, NY, 

U.S.A.). Stainless-steel meshes (mesh size 26 × 26) were purchased from McMaster Carr 

(Elmhurst, IL). Vinyl-terminated PDMS, vinyl-terminated polydiphenyldimethylsiloxane 

(PDPDMS), hexamethyldisilazane silica (filler), methylhydrosiloxane-dimethylsiloxane 

copolymer (crosslinker), platinum complex solution, and tetravinyltetramethylcyclotetrasiloxane 

(inhibitor) were purchased from Gelest, Inc (Morrisville, PA). Dichloromethane (DCM) (for 

HPLC >99.8%), ethyl acetate (HPLC grade), and ethanol (140 proof) were purchased from VWR 

(Randor, PA). Pentane, magnesium carbonate, sodium hydroxide, and polyethylene glycol 

(PEG400) were purchased from Fisher Scientific (Waltham, MA). Toluene (99.85%), guaiacol (G) 

(>99% purity), and 4-methylguaiacol (4-MG) (99% purity) were purchased from Acros Organics 

(Fair Lawn, NJ). Hexane (HPLC Plus, >95%), hydrochloric acid, canthaxanthin (trans, analytical 

standard), 3-isobutyl-2-methoxypyrazine (IBMP) [>99% purity, Food Chemical Codex (FCC), 

food grade (FG)], linalool (>97% purity, FCC, FG), methyl anthranilate (MA) (>99% purity, FCC, 

FG), o-aminoacetophenone (2-AAP) (>98% purity), furfural (98% purity), vanillin (natural, >97% 

purity, FCC, FG), 4-ethylphenol (4-EP) (>99% purity, FCC, FG), 4-ethylguaiacol (4-EG) (>99% 

purity, FCC, FG) were purchased from MilliporeSigma (Burlington, MA). Campbell’s tomato 

juice and Gerber carrot baby food were purchased from a local grocery store.  
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SweME Device Preparation. Swellable microextraction (SweME) strips were prepared in-

house. Stainless-steel meshes were cut into 6.5 by 50 mm strips which were soaked in 2 M NaOH 

for 2 hours followed by a 30 min soak in 0.1 M HCl. The PDMS coating was prepared by 

combining 7.5 g of PDMS, 1.5 g of filler, 42 µL of crosslinker, 1.5 µL of platinum complex, and 

1.5 µL of inhibitor in 7.5 mL of hexane. For polydiphenyldimethylsiloxane coatings, the same 

ratios were uses but with 115 µL of crosslinker. The mixture was centrifuged to reduce air bubbles, 

then the stainless-steel meshes were soaked in the PDMS solution for 5 min. Each strip was coated 

with 2 layers of PDMS and were cured at 110˚C for 1 h, followed by an additional hour at 250˚C. 

The devices were then soaked in ethyl acetate for at least 3 h to remove any excess polymer 

material. Immediately prior to use the devices were baked out at 250˚C for 15 min. 

For parallel extractions, up to 24 coated SweME strips were loaded into a stainless-steel 

holder with 7 mm by 1 mm slits cut out that correspond to the center of the wells of a 24-wellplate. 

A Teflon gasket was then placed between the wellplate and the stainless-steel holder with the 

SweME strips. The assembly was then topped with a piece of compressible Teflon and a top plate. 

The assembly was then tightened using wingnuts and bolts. 

Device Characterization. The SweME coatings were analyzed by a Bruker Alpha ATR 

FT-IR (Billerica, MA) before, during, and after swelling. Coating thickness was measured using 

Vinca digital calipers (Clockwise Tools Inc., Valencia, CA). The swelled coating volume was 

determined by immersing the polymer in a 5 mL graduated cylinder filled with water and 

measuring the water displacement. 

Carotenoid Extraction Optimization. Extraction parameters to extract carotenoids from 

tomato juice were optimized by taking color measurements from the SweME devices after 

extractions from Campbell’s tomato juice using a Chroma Meter CR-400 colorimeter (Konica 
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Minolta, Chiyoda City, Tokyo, Japan). All extractions were performed in a C24KC Refrigerated 

Incubator Shaker (Edison, NJ). 

Swell time was optimized by swelling the SweME strips in hexane for 0-30 min. After 

swelling, the swelled polymers were immersed in 16 mL of tomato juice in 20 mL amber SPME 

vials that were then agitated (200 rpm) for 2 h at 60˚C for extraction. 

To evaluate if any additions to the tomato juice would improve extraction the following 

solutions were prepared: 16 mL tomato juice; 16 mL tomato juice with 0.4 g magnesium carbonate; 

14.4 mL tomato juice with 1.6 mL ethanol, 14.4 mL tomato juice with 0.4 g magnesium carbonate 

and 1.6 mL ethanol. The SweME coatings were swelled in hexane for 20 min prior to extraction 

(2 h, 60˚C, 200 rpm). 

Swelling solvent was then optimized using a 10% ethanol and tomato juice solution. The 

SweME devices were swelled in hexane, pentane, toluene, DCM, ethyl acetate, and ethanol for 20 

min prior to extraction (2 h, 60˚C, 200 rpm). 

Extraction time and temperature were then optimized using SweME strips swelled in DCM 

for 20 min then immersed in a 10% ethanol and tomato juice solution at 20˚C, 40˚C, and 60˚C for 

15, 30, 60, or 120 min (200 rpm). 

All extractions and conditions listed above were performed in triplicate. After each 

extraction, the SweME polymers were “de-swelled” by letting the solvent naturally evaporate from 

the polymers as they sat in a fume hood. After, they were vortexed with water to remove any excess 

tomato juice. The color intensity of carotenoids extracted by the SweME device was measured 

using a colorimeter and calculating ΔE* compared to an unused SweME device where: 

∆𝐸∗ = √(𝐿1
∗ − 𝐿2

∗ )2 + (𝑎1
∗ − 𝑎2

∗)2 + (𝑏1
∗ − 𝑏2

∗)2 
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Carotenoid Desorption Optimization. Carotenoid desorption parameters were optimized 

by using SweME devices that had been swelled for 20 min in DCM then been used for extractions 

from Campbell’s tomato juice with 10% ethanol for 1 h at 40˚C (200 rpm). After extraction, the 

SweME devices were de-swelled in a fume hood then vortexed with water to remove any excess 

tomato juice. UV-VIS absorbance measurements were taken from the carotenoid-solvent extracts 

from the SweME devices. 

Desorption solvent volume was optimized by desorbing the PDMS devices that had been 

used for carotenoid extractions (as described above) in 1, 2, and 5 mL of hexane for 1 h at 20˚C. 

After desorption, the extract was diluted with hexane (3:1, hexane:extract) for UV-VIS analysis. 

In hexane, lycopene’s λmax was 470 nm. 

The desorption solvent was optimized by desorbing the SweME devices that had been used 

for carotenoid extractions (as described above) in 1 mL of hexane, DCM, toluene, and ethyl acetate 

for 1 h at 20˚C. After desorption, the extract was diluted with the other 3 solvents (1:1:1:1, e.g. 

hexane extract:fresh DCM:fresh toluene:fresh ethyl acetate) to yield an identical solvent mixture 

for all conditions to minimize any differences in extinction coefficients or λmax for different 

solvents during UV-VIS analysis.24-25 For the 4-solvent mixture, λmax was 477 nm. 

Desorption time and temperature were optimized by desorbing the SweME devices that 

had been used for carotenoid extractions (as described above) in 1 mL of ethyl acetate for 5, 15, 

30, or 60 min at 20˚C or 40˚C. After desorption, the extract was diluted with ethyl acetate (3:1, 

ethyl acetate:extract) for UV-VIS analysis. For ethyl acetate extracts, λmax was 474 nm. 

Desorption efficiency was determined by performing repeated desorptions from the 

SweME device using the optimized extraction and desorption conditions (1 mL ethyl acetate, 30 
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min at 40 ˚C). After each desorption, the extract was diluted with ethyl acetate (1:1, ethyl 

acetate:extract) and analyzed by UV-VIS. 

All extractions and conditions listed above were performed in triplicate. The relative 

abundance of carotenoids desorbed from the SweME devices was measured using UV-VIS 

(Agilent 8453 UV-Visible spectrophotometer, Santa Clara, CA). 

Quantitative Carotenoid Analysis. SweME extractions and desorptions used the optimized 

method from above: SweME devices were swelled for 20 min, then extractions were performed in 

parallel from samples with 10% ethanol at 40 ˚C for 1 h (200 rpm). After extraction, the polymer 

was de-swelled in a fume hood then rinsed with water. The devices were then desorbed in 1 mL 

of solvent for 30 min at 40 ˚C (200 rpm). The extracts were then dried under nitrogen and frozen 

prior to analysis. Samples were run at the USDA-ARS at Cornell University using their established 

Ultra-Performance Convergence Chromatography (UPC2)-UV/VIS carotenoid analysis method.26 

Sensitivity and selectivity of swelling and desorption solvent combinations were evaluated using 

different combinations of hexane, DCM, and ethyl acetate. Carotenoid profiles from tomato and 

carrot samples were compared to a traditional LLE adapted from Lin and Chen (2003).27 Both the 

SweME and LLE extraction started using 5 mL of each juice. The recovery and accuracy, 

compared to LLE, of SweME was calculated using the following equations: 

𝑆𝑤𝑒𝑀𝐸 𝑅𝑒𝑐𝑜𝑣𝑒𝑟𝑦 =
𝑀𝑎𝑠𝑠 𝑒𝑥𝑡𝑟𝑎𝑐𝑡𝑒𝑑 𝑏𝑦 𝑆𝑤𝑒𝑀𝐸

𝑀𝑎𝑠𝑠 𝑒𝑥𝑡𝑟𝑎𝑐𝑡𝑒𝑑 𝑏𝑦 𝐿𝐿𝐸
× 100% 

𝑆𝑤𝑒𝑀𝐸 𝐴𝑐𝑐𝑢𝑟𝑎𝑐𝑦 =
(

𝐼𝑛𝑑𝑖𝑣𝑖𝑑𝑢𝑎𝑙 𝑐𝑎𝑟𝑜𝑡𝑒𝑛𝑜𝑖𝑑 𝑒𝑥𝑡𝑟𝑎𝑐𝑡𝑒𝑑 𝑏𝑦 𝑆𝑤𝑒𝑀𝐸
Σ 𝑎𝑙𝑙 𝑐𝑎𝑟𝑜𝑡𝑒𝑛𝑜𝑖𝑑𝑠 𝑒𝑥𝑡𝑟𝑎𝑐𝑡𝑒𝑑 𝑏𝑦 𝑆𝑤𝑒𝑀𝐸

)

(
𝐼𝑛𝑑𝑖𝑣𝑖𝑑𝑢𝑎𝑙 𝑐𝑎𝑟𝑜𝑡𝑒𝑛𝑜𝑖𝑑 𝑒𝑥𝑡𝑟𝑎𝑐𝑡𝑒𝑑 𝑏𝑦 𝐿𝐿𝐸

Σ 𝑎𝑙𝑙 𝑐𝑎𝑟𝑜𝑡𝑒𝑛𝑜𝑖𝑑𝑠 𝑒𝑥𝑡𝑟𝑎𝑐𝑡𝑒𝑑 𝑏𝑦 𝐿𝐿𝐸
)

× 100% 
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Volatile Analysis Optimization. Extraction parameters to extract volatile compounds were 

optimized using and aqueous solution containing 50 µg/L of IBMP and 500 µg/L of linalool, 4-

EP, 4-EG, 4-MG, G, 2-AAP, MA. Extracts were analyzed by GC-MS (described below). All 

extractions were performed in a C24KC Refrigerated Incubator Shaker (Edison, NJ). 

Extraction and desorption solvent were evaluated using the aqueous solution described 

above. The PDMS SweME devices were swelled in hexane, DCM, and ethyl acetate for 20 min 

prior to immersion extraction (30 min, 60˚C, 200 rpm). After extraction, the SweME devices were 

de-swelled then desorbed (30 min, 40˚C, 200 rpm) in 1 mL of hexane or ethyl acetate. The resulting 

extract was then analyzed by GC-MS. Each combination was prepared in duplicate. 

Extraction time was optimized using the aqueous solution described above. The SweME 

devices were swelled in hexane for 20 min prior to a 5-, 15-, or 30-min immersion extraction 

(60˚C, 200 rpm). After extraction, the SweME devices were de-swelled then desorbed (30 min, 

40˚C, 200 rpm) in 1 mL of ethyl acetate. The resulting extract was then analyzed by GC-MS. Each 

extraction time was measured in duplicate. 

Desorption time was optimized using the aqueous solution described above. The SweME 

devices were swelled in hexane for 20 min prior to a 15 min immersion extraction (60˚C, 200 

rpm). After extraction, the SweME devices were de-swelled then desorbed for 5, 15, or 30 min 

(200 rpm) in 1 mL of ethyl acetate. The resulting extract was then analyzed by GC-MS. Each 

extraction time was measured in duplicate. 

Improvement of Volatile Analyses using SweME. To evaluate the effect of a SweME 

extraction to a more traditional SPME extraction, six PDMS SweME devices were swelled for 20 

min in hexane while another six of the devices were not swelled. Three of the swelled PDMS 

devices and three of the non-swelled PDMS devices were then used for HS extractions from an 
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aqueous solution containing 50 µg/L of IBMP, 5 mg/L of furfural, 1 mg/L of vanillin, and 500 

µg/L of linalool, 4-EP, 4-EG, 4-MG, G, 2-AAP, MA. The other three of each group were used for 

immersion extractions from the same aqueous solution. Additionally, a multipolymer coating 

(polydiphenyldimethylsiloxane) was compared to the PDMS devices. All extractions were 

performed for 15 min at 60 ˚C (200 rpm) in parallel the system described in Increasing 

Throughput: 24-Wellplate Format. After extraction, the swelled devices were de-swelled, then all 

the SweME devices were desorbed in 1 mL of ethyl acetate for 30 min (200 rpm). The resulting 

extract was then analyzed by GC-MS. 

GC-MS Conditions. Volatile experiments used a Shimadzu TQ-8040 GC-MS 8040 GCMS 

equipped with an AOC 5000 autosampler with HS (Shimadzu Inc., Columbia, MD) for 

quantitation. Solvent extracts (1 μL) were injected in splitless mode. The column was a 30 m × 

0.25 mm × 0.25 μm VFWAXms column (Agilent – Santa Clara, CA). Helium was used as the 

carrier gas at a constant pressure of 30 kPa, 50 mL/min total flow and 0.76 mL/min column flow 

rate. The injector temperature, interface temperature, and MS ion source temperature were all set 

at 230 °C. The temperature ramp was as follows: initial temperature was held at 40 °C for 2.5 min, 

then increased to 195 °C at 100 °C/min, increased to 120 °C at 5 °C/min, increased to 150 °C at 

100 °C/min, increased to 228 °C at 5 °C/min, and finally increased to 240 °C at 100 °C/min, 

followed by a 5 min hold time for a total run time of 29.07 min. Data were collected in SIM mode 

at the following quantifying ions: m/z 96 for furfural, m/z 124 for IBMP (RT = 8.96) and guaiacol 

(RT = 12.84), m/z 93 for linalool, m/z 138 for 4-MG, m/z 137 for 4-EG, m/z 107 for 4-EP, m/z 

120 for 2-AAP, m/z 151 for MA (18.48) and vanillin (RT = 23.97), simultaneously a full scan was 

run from m/z 45-250. 
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Carotenoid Storage Experiment. Storage experiments were carried out over 4 weeks at 

room temperature. Carotenoids were extracted for 60 min at 40˚C from tomato juice containing 

10% ethanol and 15 mg/L of canthaxanthin. The SweME devices were then rinsed with water then 

stored in an open beaker by a window (control), in a dark drawer (no light), in vacuum sealed clear 

bags by a window (no air), or in vacuum sealed bags in a dark drawer (no air and no light). Air-

free samples were vacuum sealed using a VacMaster VP210 (Overland Park, KS). The SweME 

devices were then measured on days 0, 3, 7, 14, and 28. After storage, the SweME devices were 

desorbed in 1 mL of ethyl acetate for 30 min at 40˚C. The extract was diluted in ethyl acetate (9:1, 

ethyl acetate:extract) and analyzed by UV-VIS prior to evaporation under nitrogen. The dried 

samples were then analyzed by UPC2-UV/VIS. All samples and measurements were prepared in 

triplicate. For controls, a set of extracts (after desorption) was stored in a refrigerator in amber 

SPME vials for 28 days for comparison. Additionally, another set of extracts was stored in clear 

glass SPME vials by a window for 7 days. 

Statistical analyses and graphs were prepared using JMP, version 13.0 (SAS Institute, Inc., 

Cary, NC, U.S.A.) and Microsoft Excel. 

 

RESULTS AND DISCUSSION 

Swelled Extraction Process. Polymeric coatings are regularly used to perform extractions 

from complex food matrices. These have been in the form of SPME fibers, coated stir bars, thin-

films, coated blades, and countless other devices.11, 13 Most commercially available coatings are 

some combination of PDMS, carboxen, and divinylbenzene; but polyacrylate and polyethylene 

glycol coatings can be found as well.11 These coatings are susceptible to swelling in the presence 

of solvents, which are usually avoided to preserve the integrity of the device and avoid competition 
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in the sorbent material. However, by intentionally swelling a sorbent polymer with a small volume 

of an appropriate solvent, compounds that are not typically suited for SPME extractions can be 

extracted for analysis. Using a swelled sorbent can also improve extraction of compounds that are 

well-suited for SPME (such as volatiles). 

This novel extraction technique incorporates elements of both a SPME and a liquid-liquid 

extraction. Briefly, a sorbent polymer is treated with a small volume (<500 µL per sample) of an 

appropriate solvent, which “swells” (expands) the polymer and allows direct extraction of trace-

level compounds when immersed in a sample (Figure 1). Before being swelled, the sorbent 

polymer has a tight lattice structure which can absorb small compounds, but larger compounds are 

more likely to be adsorbed to the surface. When the polymer is swelled, the porosity increases as 

the polymer expands, these wider openings allow larger compounds to enter the polymer. Swelling 

is reversible following solvent evaporation, which traps and protects the extracted analytes. 

 

 
Figure 1. SweME workflow: (a) the SweME device is swollen in an appropriate solvent, (b) then 

the swollen device is inserted into a wellplate with samples for (c) extraction. After extraction, (d) 

the solvent evaporates from the polymer in a fume hood (e) then rinsed with water. (f) The 

individual SweME devices can then be stored, shipped, and/or analyzed. 
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This work used PDMS as the sorbent polymer. 

PDMS is commonly used for SPME devices11 and is 

susceptible to swelling,13, 28 this made it a good 

candidate for the coating polymer. Other work has 

characterized PDMS’ degree of swelling by testing 

solvents of range polarities.28 In this work, we used a 

high molecular weight PDMS (molecular weight = 

155,000); this is about 3-fold higher than Sylgard 184, 

which is commonly used for PDMS devices.29-31 As previously seen, the amount that the PDMS 

swelled increased as the solvents became more non-polar (Figure 2). Using ethyl acetate, the 

PDMS more than doubled in volume, with DCM it tripled, and increased 4-5× with hexane (the 

most non-polar of the three). 

After being swelled, the sorbent returned to its original dimensions. The PDMS’ chemical 

structure was analyzed using FT-IR before, during, and after swelling with hexane (Figure S-1), 

and there was no apparent change in the PDMS’ structure from the swelling procedure. The 

SweME devices can be reused by cleaning the polymer either with heat (bakeout at 250 ˚C) or by 

washes them with solvent, but the cleaning process and lifespan of each SweME device still needs 

to be evaluated. 

Increasing Throughput: 24-Wellplate Format. To make this extraction process amenable 

for high-throughput extractions, we designed a system that could perform extractions from a 24 

wellplate in parallel. The SweME devices are reusable, robust, lightweight, and inexpensive to 

manufacture. Typically, for SPME devices the sorbent polymer is coated directly onto a metal 

support, such as a fiber or blade.11 However, for the swelled extractions we needed the polymer to 

Figure 2. SweME sorbent volume 

after swelling in different solvents.  
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stay firmly bonded to its support during multiple 

swelling, extraction, and de-swelling cycles. 

Because of this unique need, a mesh structure was 

used to as the support for the SweME devices 

(Figure 3). Stainless-steel wire meshes were dip 

coated in the PDMS as described in the methods 

section. The PDMS did not necessarily need to 

form strong bonds with the metal itself; the 

polymer was able to cure though and around the 

wires of the mesh which provided support for the 

PDMS as it expanded and contracted. If the 

coating was too thin, it became prone to tearing 

affecting the durability of the devices, therefore the 

SweME coatings were much thicker than the 

coating on most SPME devices (1.0±0.2 mm). 

Because of their thick coating, the SweME devices 

have a larger coating volume than most SPME 

devices (~90 µL (Figure 2; swell time = 0) vs ~0.6-

40 µL11). 

The coated mesh strips could then be inserted into a piece of stainless-steel with openings 

the size of the mesh strips. The SweME devices could then be held in place with heat resistant 

Kapton tape. A Teflon gasket was placed between the 24-wellplate and the stainless-steel holder, 

and a second compressible Teflon gasket was placed over the top of the stainless-steel holder. The 

Figure 3. (a) An unswelled SweME, (b) a 

swelled SweME, (c) a swelled SweME 

after extraction from tomato juice, and (d) 

the SweME after it is de-swelled.  
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entire assembly was held tightly in place using top and bottom plates secured with bolts and 

wingnuts previously used for parallel, high throughput extractions onto sorbent sheets.21 This setup 

could be used to perform all steps of the extraction process in parallel, the device could easily be 

moved from a wellplate containing the swelling solvent to a wellplate with the samples for 

extraction. After extraction, the SweME strips could be removed for storage or analysis. For this 

work, solvent desorptions were used to retrieve the extracted analytes. The SweME strips were 

placed at the bottom of a wellplate then the desorption solvent was added to the wells for 

desorption. The extracts could then be analyzed immediately by UV-VIS, LC-MS, GC-MS, etc.  

Optimization of Carotenoid Extraction and Desorption using SweME. Plant breeders are 

interested in measuring the carotenoids due to their nutritional qualities (pro-vitamin activity), 

colors, and aroma production.32-34 Typically, carotenoids are extracted from food using a liquid-

liquid extraction (LLE) or solid-phase extraction (SPE), but SPE is less common.32-33 Most LLE 

methods require multiple steps and/or large amounts of solvent. To the best of our knowledge, 

there are no reports of carotenoid analysis using SPME techniques. Stoll et al have incorporated 

carotenoids (lycopene, β-carotene, and bixin rich extracts) into polylactic acid (PLA) films to act 

as natural colorants. However, the carotenoids were first extracted and isolated from their natural 

food sources using traditional solvent extraction methods using ethyl acetate and chloroform.35  

Because the carotenoids are generally, highly non-polar (LogP ~15)36-37 and typically 

extracted with SPME, they were good initial candidates for proof-of-concept work for this 

extraction technique. Additionally, optimization could be performed using less expensive, highly 

available lab equipment (UV-VIS) whereas other compounds, such as trace-level volatiles, require 

high-sensitivity instrumentation (GC-MS). For more in-depth analyses the extracts were measured 
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using UPC2-UV/VIS and the results are described in the Evaluation of Swelled Sorbent Extractions 

section. 

 

 
Figure 4. Multiparameter extraction optimization using tomato juice carotenoids: (a) hexane swell 

time prior to extraction, (b) additions to the tomato juice (no add. = no addition, MC = magnesium 

carbonate), (c) choice of swelling solvent, (d) and (e) optimization of extraction time and 

temperature. Six colorimeter measurements were taken from each polymer with 3 replicates per 

condition. Error bars represent 1 SE. 

 

Carotenoid SweME extractions were optimized using commercially available tomato juice. 

Since carotenoids are color pigments, a colorimeter could be used to perform comparisons between 

extraction treatments. Swell time, juice additions, swelling solvent, extraction time and 

temperature were all evaluated by taking colorimeter measurements from the de-swelled and 

rinsed SweME devices after extraction (Figure 4). Conditions that yielded the highest ΔE* value 

(highest change in color from an unused SweME device) were selected for the optimized method 

and came from coatings that had the darkest color (lower L* values), and most red and yellow hues 
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(higher a* and b* values, respectively). Based on the colorimeter assessment, swelling the SweME 

devices in DCM for 20 min followed by a 1 h extraction at 40 ˚C from tomato juice containing 

10% ethanol were the best extraction conditions. We hypothesize that the ethanol helped facility 

extraction of the carotenoids from the plant material by acting as a surfactant. 

 

 
Figure 5. UV/VIS data from multiparameter SweME desorption optimization using tomato juice 

carotenoids: (a) volume of hexane used for desorption, (b) choice of desorption solvent, (c) 

optimization of extraction time and temperature, and (d) efficiency of multiple desorptions from 

the same SweME (normalized to maximum absorbance). Error bars represent 1 SE where n=3. 

 

The choice of solvent also had a large impact on the extraction performance. A range of 

solvents with varying polarities (LogP -0.19 to 3.94) were tested, and as expected the more non-

polar solvents extracted a higher concentration of carotenoids most likely because they were able 

to swell the PDMS to the largest degree. Surprisingly, pentane, which previously was reported to 

swell PDMS more than any of the other solvents tested,28 performed worse than hexane, toluene, 
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and DCM; it is not apparent why this occurred. DCM was selected as the swelling solvent since it 

had slightly better performance than the other solvents tested. The selectivity of each solvent was 

then evaluated to see if the solvent used had an impact on which analytes were extracted. This is 

further discussed later in the Evaluation of Swelled Sorbent Extractions section. 

Measurements for the desorption optimization could be performed with more standard 

carotenoid measurement techniques. Instead of using a colorimeter, UV-VIS was used to compare 

the concentration of carotenoids desorbed under various conditions. Lycopene is the primary 

carotenoid in tomatoes, and our UV-VIS spectrum (λmax = 470 nm in hexane and peak pattern) 

matched well with others reported in literature.38-39 When testing different desorption solvent 

volumes, the larger volumes had lower absorbance intensities, however, when normalized to the 

same volume, the concentration of lycopene in each extract was roughly the same (Figure 5a). 

Therefore, 1 mL was used for all subsequent desorptions since it used the least amount solvent and 

produced the most concentrated extract. 

Solvent can have a large effect on UV-VIS absorbance since the extinction coefficient and 

λmax can change.24-25 To avoid this, when performing experiments comparing desorption solvent, 

a mix of the solvents was used to dilute the extracts for UV-VIS analysis normalize any differences 

between the individual solvents. While hexane desorbed the highest concentration of carotenoids 

from the SweME device, the ethyl acetate extract was not statistically significantly different 

(Student’s t-test and Tukey HSD) than hexane (Figure 5b). Additionally, ethyl acetate is generally 

regarded as more environmentally friendly,40 so it was selected as the desorption solvent for the 

optimized method. Recovery from the SweME devices was quite high, with ~90% of the 
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carotenoids being recovered during the first desorption 

(Figure 5d; 99% recovered after 3 desorptions) 

Because only non-polar compounds up to a certain 

size can enter the SweME during extraction, large 

particulates are excluded and the final extract could be 

directly introduced to the UPC2-UV/VIS system, or a mass 

spectrometer, for analysis. However, since the quantitative 

analyses were run by an external lab the extracts were dried 

under nitrogen before analysis. 

Optimization of Volatile Extraction and Desorption 

using SweME. Odorants are generally well-suited for HS-

SPME extractions because of their volatility. However, 

semi-volatile compounds, such as the volatile phenols, can 

be more challenging to extract because of their lower 

volatility, requiring >2 h to reach equilibrium.41-43 Two 

methods to overcome this challenge is to use an immersion 

extraction to bypass the slow partitioning step or using a 

more polar sorbent polymer.41-42 Here we explored using 

SweME to improve the extraction of semi-volatile 

compounds. Because of their relatively large format, 

solvent desorption again had to be used to retrieve the 

compounds extracted by the SweME device; 1 µL of the 

extract was then injected into a GC-MS for analysis. 

Figure 6. Optimization of (a) 

swelling and desorption solvent, 

(b) extraction time, and (c) 

desorption time for SweME-GC-

MS using spiked aqueous 

solutions. Error bars represent 1 

SE where n=2. 
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We tested hexane, DCM, and ethyl acetate as the 

extraction solvents since they cover a range of polarities. Ethyl 

acetate performed the worst of the three solvents (Figure 5a), 

similarly to the carotenoid extraction presumably because it had 

the lowest swelling potential. Hexane slightly outperformed 

DCM, so it was selected for future experiments. Most of the 

volatile compounds reached equilibrium within 5-15 min using 

SweME (Figure 6b), which is faster than most SPME extractions. 

For the solvent desorption, DCM was not evaluated because it 

caused tailing during the GC-MS analysis. Hexane and ethyl 

acetate were able to desorb roughly the same concentration of 

volatiles, therefore ethyl acetate was used since it is less 

hazardous. The volatile compounds were desorbed much faster 

than the carotenoids (Figure 6c vs Figure 5c), potentially their 

small size made it easier for them to migrate out of the PDMS. 

Evaluation of Swelled Sorbent Extractions. While the 

chemical properties of the polymer had a large impact on what 

compounds could be extracted using SweME, selectivity and 

sensitivity of the SweME extractions could be somewhat 

influenced by the solvent selected. In an experiment that used 

different combinations of swelling and desorption solvents (DCM, ethyl acetate, and hexane), as 

seen during the carotenoid extraction optimization using DCM as the swelling solvent and ethyl 

acetate for desorption had the best sensitivity (extracted the most carotenoids) (Figure S-2). As 

Figure 7. Tomato juice 

carotenoid profile using (a) 

LLE or (b) SweME, and 

(c) then after 2 weeks in 

SweME (no light or air). 
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expected, ethyl acetate had the worst sensitivity; we believe this occurred because ethyl acetate 

had the lowest swelling potential. For example, for both volatiles and carotenoids ethyl acetate 

extracted lower amounts of the analytes than hexane or DCM (Figures 4c and 6a). Surprisingly, 

the different swelling solvents yielded slightly different carotenoid profiles (Figure S-3). 

Extractions that used hexane as the swelling solvent had a higher proportion of lycopene, whereas 

when the SweME was swelled with DCM the profile more closely resembled the profile a LLE 

yields (Figure 7a).  Comparatively, for the volatile extractions using SweME had consistent 

profiles regardless of swelling solvent. 

Both tomatoes and carrots have high carotenoid content but differing profiles. We 

compared the mass of each carotenoid extracted by SweME to values determined using a 

traditional carotenoid extraction. While the SweME recovery was expectedly lower than LLE 

(~7% for carrot carotenoids and ~21% for tomato carotenoids), the accuracy (proportion of a single 

carotenoid to the total carotenoids extracted) of the SweME method was ~98% for the carrot 

samples and ~125% for tomatoes (Table 1) compared to LLE. 

 

Table 1. Extracted Carotenoids from Carrot and Tomato Samples 
 Carrot Baby Food Tomato Juice 

Carotenoid 
LLE 

(µg)a 

SweME 

(µg)b 

SweME 

recoveryc 

SweME 

accuracyd 

LLE 

(µg) 

SweME 

(µg) 

SweME 

recovery 

SweME 

accuracy 

α-carotene 92.3 6.1 7% 99% n.d. n.d. - - 

β-carotene 223.5 14.1 6% 94% 4.3 0.7 17% 99% 

ζ-carotene 22.8 1.7 8% 114% 2.7 0.7 26% 152% 

Lutein 7.4 0.2 3% 45% 0.9 0.1 16% 94% 

Lycopene n.d. 0.6 - - 166.4 26.3 16% 94% 

Phytoene 15.6 1.2 8% 115% 8.7 2.2 26% 152% 

Phytofluene 13.4 1.1 8% 122% 7.6 2.0 27% 160% 
aMass extracted using LLE. bMass extracted using SweME. c(mass extracted using SweME)/(mass 

extracted using LLE)*100%. dBased on proportion of total carotenoids: [SweME individual 

carotenoid (ug)/total SweME carotenoids (ug)]/[LLE individual carotenoid (ug)/total LLE 

carotenoids (ug)]*100% 
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Figure 8. GC-MS signal after various extractions (HS vs DI, swelled vs not swelled, PDMS vs 

multipolymer) from spiked aqueous solutions. Signal intensity was normalized to the average area 

counts of the HS (no swell) extraction. Error bars represent 1 SE and n=3. 

 

Using a swelled sorbent extraction increased the extraction of all the volatile compounds 

tested when compared to a traditional HS or DI extractions to varying degrees. For relativity 

volatile compounds like IBMP and linalool (Henry’s Law Coefficients ∼0.17 and ∼0.20 

mol/(m3×Pa), respectively)44, both DI and swelled DI showed less of an improvement over a HS 

extraction. Smaller improvement was also seen for furfural, vanillin, and guaiacol. This may have 

occurred due to their polarity (LogP values of 0.73, 1.19, and 1.19, respectively)45-47 which would 

not be extracted as well as more non-polar compounds by a non-polar sorbent like PDMS. 

However, for the less volatile (Henry’s Law Coefficients >5 mol/(m3×Pa))44 and slightly more 

non-polar compounds (LogP >1.5), while traditional DI extractions had a ~30-fold improvement 

over HS extractions, DI-SweME showed an ~80-fold improvement over a HS extraction (Figure 

7). Not only does swelling the polymer allow larger analytes to be absorbed by the sorbent coating 

(like the carotenoids), but the increase in porosity also increases the polymers absorption capacity 

as seen with the improvement in extraction of volatile compounds. This could be further improved 

by using a swellable multipolymer coating (PDPDMS, phenyl proportion = 15-17%), increasing 
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the analyte signal by ~125× over a HS extraction using PDMS (Figure 8). Currently, the MS 

analysis throughput is limited by the chromatography step. Using a liquid injection followed by 

fast or low-pressure GC could increase the throughput of the analyses. 

Although straightforward, the SweME method does require more steps than most SPME 

methods, but its potential for remote sampling could make this method very useful to plant 

breeders. A month-long storage experiment was conducted by storing tomato juice carotenoids 

(which are highly light- and air-sensitive) in SweME devices under various conditions. Using UV-

VIS to look at total carotenoids, after 4 weeks the carotenoids had completely degraded when the 

SweME devices were left in open air and in the light (Figure 9; red line). But, by comparison, 

when carotenoids had been stored in solvent (in a clear SPME vial) but still exposed to light and 

air they had completely degraded within 1 week (Figure 9; blue line) showing that the SweME 

device provides a barrier that can slow degradation. By vacuum sealing the devices, degradation 

was slowed but 90% of the carotenoids still degraded by the end of the 4 weeks. However, by 

removing the SweME devices from the light the carotenoids remained stable for up at least 28 days 

(initial 25% decrease) with very little 

preventative measures in place (i.e., no 

antioxidants added, not vacuum sealed). It 

appears that the PDMS acts as a barrier to 

oxygen ingress. There was an initial decrease in 

carotenoid signal between days 3 and 7, one 

hypothesis is that carotenoids near the surface of 

the polymer were more susceptible to oxidation, 

but most of the carotenoids were further into the 
Figure 9. UV-VIS absorbance (474 nm) of 

SweME tomato juice extracts over 4 weeks 

of storage. 
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coating so oxygen would have to penetrate further into the PDMS to reach those carotenoids – 

another advantage of the thick coating on the SweME devices. 

 

 
Figure 10. Mass of carotenoids extracted from tomato juice using SweME over 4 weeks of storage 

determined by UPC2-UV/VIS. Error bars represent 1 SE where n=3. 

 

Individual carotenoid degradation was evaluated using UPC2-UV/VIS measurements were 

taken for each time point for each SweME storage condition (Figure 10). To account for any 

carotenoid degradation, canthaxanthin was added to the tomato juice as an internal standard. 

Canthaxanthin can be found in mushrooms and is added to salmon feed to impart color,48-49 but it 

is not native to tomatoes. However, although its structure was very similar to the native 

carotenoids, canthaxanthin was not an appropriate internal standard since it did not degrade at the 

same rate as the other carotenoids. As seen with the total carotenoid UV-VIS data, all the 

carotenoids degraded when SweME devices were exposed to light, but the carotenoids were more 

stable when both light and air were removed (e.g., vacuum sealed in a drawer). Phytoene, 

phytofluene and β-carotene were especially stable with almost no degradation between days 0 and 

28 (Figure 10). Even with the slightly different rates of degradation, the relative carotenoid profiles 
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remained similar (Figure 7). Additionally, there was good correlation among the native carotenoids 

(Figure S-4), making SweME useful for semi-quantitative analyses. Further work needs to be done 

to find a more appropriate internal standard to improve quantitation. This technique would allow 

breeders to perform their own extractions remotely then could mail the SweME devices to a lab 

for analysis without having to deal with shipping frozen, perishable plant materials or hazardous 

extracts. 

 

CONCLUSION 

In this work we have developed a novel extraction method capable of extracting a wide 

range of compounds, both volatile and non-volatile. By swelling a sorbent polymer with an 

appropriate solvent, trace-level compounds can be directly extracted from complex food and plant 

matrices, minimizing the use of hazardous solvents. The SweME devices can be used to store 

highly light- and air-sensitive compounds (in this case carotenoids) for up to a month with only 

slight degradation, making it potentially useful for remote sampling. While extractions can be 

performed in parallel making it amenable to high-throughput screening methods, the analytical 

analysis currently limits the throughput of the overall workflow. Future work could continue to 

expand the range of extractable analytes and use faster analytical analysis methods (e.g., flow 

injection analysis-MS, DART-MS, fast or low-pressure GC-MS) to increase throughput.  
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CHAPTER 5: 

Conclusions and Future Directions 

 

INTRODUCTION 

PDMS-based sorbent polymers have been used as an unsupported sheet (SPMESH) and as 

a coating on a wire mesh (SweME) to perform high-throughput extractions of trace-level 

compounds from complex fruit and vegetable matrices. Chapter 2 described the use of SPMESH 

sheet-DART-MS to extract and analyze trace-level volatiles from planar surfaces, i.e., TLC plates 

or plastic films. While sensitivity decreased due to the small sample size (5 µL per sample vs 5 

mL), throughput was greatly increased requiring only ~15 min to extract and analyze 48 samples 

in a single run. Chapter 3 expanded the range of compounds compatible with SPMESH sheet-

DART-MS by optimizing the method for immersion extractions which could extract semi-volatile 

compounds which were previously not compatible with the SPMESH-DART-MS system. Finally. 

Chapter 4 introduced a novel extraction technique that used swellable polymers to directly extract 

trace-level compounds, volatile and non-volatile, from plant materials. After extraction, the 

bioactive compounds could be stored for at least four weeks with minimal degradation making the 

technique useful for remote sampling. 

 

MSI OF REAL PLANT MATERIALS 

Chapter 2 demonstrated SPMESH’s ability to retained 2-D volatile images extracted from 

volatile surfaces. These experiments used spiked droplets pipetted onto TLC plates and plastic 

films soaked in spiked aqueous solutions but has yet to be used for a real plant sample. The spatial-

resolved volatile information provided by a SPMESH extraction from a real plant sample could be 
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useful in understanding and identifying disease spread and plant signaling. The C6 aldehydes are 

commonly used for plant signaling, but limonene, linalool, and other terpenes can also be 

indicators of plant disease or wounding.1-3 Currently, SPMESH is not able to extract aldehydes 

with only PDMS as the sorbent polymer, which is addressed in the next section. 

 

CONTINUE TO EXPAND THE RANGE OF EXTRACTABLE COMPOUNDS 

Chapters 3 and 4 describe efforts to expand the range of extractable compounds by 

performing immersion extractions with SPMESH sheets (for semi-volatile compounds) or by 

using SweME to extract non-volatile compounds (such as carotenoids). However, immersion 

extraction had a larger effect on compounds with low volatility (Henry’s Law Coefficient >1) but 

that were still sufficiently non-polar (LogP >1.5), this is most likely due to the non-polarity of 

PDMS. The SweME devices that had a multipolymer coating (polydiphenyldimethylsiloxane) 

performed better than the PDMS-only coatings but could still be further improved. Incorporating 

DVB or HLB particles into a SPMESH sheet or the SweME coating could increase the number of 

adsorption sites in the sorbent polymer and could further improve extraction. Alternatively, a more 

polar base polymer could be used in place of PDMS. For example, polyacrylonitrile is commonly 

used in SPME coatings.4-5 The new polymers could be made in either sheet format or as coatings 

for SweME devices.  

SweME can be used for the improved extraction of non-volatile compounds by increasing 

the porosity of the sorbent polymer. In Chapter 4, SweME was only tested with carotenoids. 

Swellable sorbent extractions would likely improve the extraction of other non-volatile 

compounds, but the extraction method and polymer coating may need to be optimized to specific 

compounds of interest. 
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ADAPT SWEME FOR HIGH-THROUGHPUT ANALYSIS 

For proof-of-concept work in Chapter 4, UPC2-UV/VIS and GC-MS were used to 

quantitate compounds extracted by SweME. Both were appropriate of the analytes of interest 

(carotenoids and volatiles, respectively), but due to the chromatography step have limited 

throughput. The UPC2-UV/VIS only required around 5 min per analysis which is useful for 

automated, high-throughput analyses, but the GC-MS method used to measure volatiles in this 

work was around 29 min per sample. The chromatography step could be eliminated by using 

DART-MS or flow injection analysis-MS for quantitation which would only require a few seconds 

per sample. But isobaric interferences can be an issue if chromatography is eliminated (as seen in 

Chapter 3). If chromatography is needed to separate compounds, fast GC-MS (using low-pressure 

or a shorter column) could be used to reduce run times.6 Solvent desorption could still be used to 

retrieve compounds from the SweME devices then a liquid injection could be used with the faster 

GC method. With fast GC methods, the length of a SPME extraction can end up limiting 

throughput (i.e., a 15 min SPME extraction would still be the rate limiting step even with a 5 min 

GC program) but using liquid injections run times could still be kept short. 

 

USE SWEME FOR IN-FIELD SAMPLING 

The storage potential of SweME was evaluated in Chapter 4 using tomato juice 

carotenoids. Those highly light- and air-sensitive compounds were stable for at least four weeks 

inside the SweME coatings by keeping the devices out of direct sunlight (e.g., in a drawer, 

envelope, or box) without refrigeration or antioxidant additives, demonstrating that the SweME 

devices would be useful for remote extractions. Currently, SweME extractions have only been 
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performed in-house and still needs to be validated for remote extractions. Showing that SweME 

can be performed without high-tech facilities would help demonstrate SweME’s full capabilities. 
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APPENDIX 

 

CHAPTER 2: SUPPLEMENTARY MATERIALS 

 

Figure S-1. a) PDMS sheet following direct contact with TLC plate (no stainless-steel holder) 

spotted with Nile Red solution. b) Same experiment, but with PDMS sheet positioned in an open 

stainless-steel frame. c) Same experiment, but with PDMS sheet positioned in a stainless-steel 

frame with two 1.6 mm support bars. 



107 

 

Figure S-2. Aqueous IBMP samples deposited on 0.25 mm TLC plates and their respective 

chronograms at m/z 167.1180. a) and b) 5 µL spots using a multichannel pipettor c) and d) 20 µL 

on 17 x 5 mm strips, e) and f) 50 µL on 45 x 5 mm strips. Relative intensity is the MS signal 

intensity normalized to maximum intensity (maximum counts) for each chronogram. 
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Figure S-3. Calibration curves for a) IBMP, b) linalool, c) MA, and d) o-AAP in water, 10% 

ethanol (EtOH), grape juice, and grape macerate (weighting = 1/concentration). For linalool, 

MA, and o-AAP, n = 15 for each matrix; for IBMP, n = 12. Error bars represent one standard 

error from the mean. 
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Figure S-4. Schematic of TLC-SPMESH extraction setup. 
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Figure S-5. IBMP signal intensity (m/z = 167.1180) following SPMESH extraction from TLC 

plates with varying intervals between TLC spotting and SPMESH extraction. Evaluations 

performed in a) water, and b) 5% polyethylene glycol 1000 (PEG-1000).  
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CHAPTER 3: SUPPLEMENTARY MATERIALS 

Table S-1. MRM Transitions for DART-MS/MS 

Compound Precursor mass Product mass Collision energy 

4-EP 121 106 16 

Guaiacol 123 108 15 

d4-EP 125 110 16 

d3-guaiacol 126 108 15 

4-MG 137 122 15 

4-MG* 153* 138* 16* 

4-EG 151 136 16 

4-EG* 151* 121* 25* 

 

*4-EG and 4-MG transitions used for validation/LOD experiments to minimize interferences 
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Table S-2. Ceramic DART Cap Size 

 Small DART Cap Large DART Cap 

Compound 
Average Area 

Counts 
S/N 

ISTD 

RSD 

Average Area 

Counts 
S/N 

ISTD 

RSD 

4-EP 684±545 1071 84% 11,964±1,552 496 7% 

4-EG 153±110 259 80% 21,492±3,589 54 15% 

4-MG 349±245 674 71% 18,896±3,082 106 14% 

G 356±284 26 71% 18,767±3,165 90 9% 
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Figure S-1. Data collected from DI SPMESH extraction (30 min, 22.5C, 200 rpm) from water 

spiked with 50 ppb of all compounds. The SPMESH was not rinsed prior to DART-MS/MS. 

Error bars represent 1 SE, n=6. 
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Figure S-2. Full scan mass spectra (m/z 50-250) of all individual volatile phenols after DI-

SPMESH extraction. 
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Figure S-3. DART-MS/MS signal following a HS-SPMESH extraction (30 min, 50C, 200 rpm, 

1 ppm all compounds) normalized to the average first desorption signal of each compound. Error 

bars represent 1 SE and n=6 for each bar. 
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Figure S-4. Average DART-MS/MS signal following a HS-SPMESH extraction (1 ppm 4-EP, 4-

EG, G, and 4-MG) after waiting 0-60 min prior to analysis. Error bars represent 1 SE and n=6 for 

each time point. 
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Figure S-5. Data collected from DI SPMESH extraction (30 min, 22.5C, 200 rpm) from water 

spiked with 50 µg/L of all compounds, then diluted (1:1 v/v) with water or a saturated NaCl 

solution. The SPMESH was not rinsed prior to DART-MS/MS. Error bars represent 1 SE, n=3. 
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Figure S-6. Calibration curves from DI-SPMESH-DART-MS/MS from water and pooled juice. 
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Figure S-7. DART-MS/MS signal for DI-SPMESH extraction from spiked Welch’s grape juice 

rinse with water (inverted for 30 sec, no agitation). Error bars represent 1 SE, n=3 for each point. 
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Table S-3. SPMESH-DART-MS signal intensity for headspace extraction (HS), direct 

immersion extraction without rinsing (DI), and DI with rinsing. Data is plotted in Figure 6. 

 

 Water Juice 

Compound 
HS 

Signal 

DI 

Signal 

DI with 

rinse 

Signal 

HS 

Signal 

DI 

Signal 

DI with 

rinse 

Signal 

4-EP 9,576 188,747 84,308 1,121 10,85 49,422 

4-EG 25,092 237,978 129,835 5,893 10,136 136,438 

4-MG 28,477 359,182 157,725 4,988 5,704 110,149 

G 11,350 91,134 35,260 2,235 461 24,138 

IBMP 45,256 41,339 57,459 13,551 35,478 49,102 
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CHAPTER 4: SUPPLEMENTARY MATERIALS 

 

 
 

Figure S-1. FT-IR spectra of PDMS SweME device before, during, and after being swelled with 

hexane. 
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Figure S-2. Total carotenoid mass extracted from tomato juice using SweME devices being 

swelled and desorbed in different solvent combinations. Each bar represents the average with 

n=3. 
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Figure S-3. Profile of carotenoids extracted from tomato juice using SweME devices that were 

swelled and desorbed in different solvent combinations. 
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Figure S-4. Correlation of all carotenoids extracted by SweME throughout a 4-week storage 

period 

 


