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ABSTRACT

Resource recovery is an important aspect of environmental engineering for sustainability
purposes, and polyphosphate (polyP) and poly(β-hydroxybutyrate) (PHB) are examples of
biopolymers that are utilized for resource recovery.
Given its structure composed of multiple phosphate groups linked by phosphoanhydride
bonds, polyP is an important source of phosphorus (P) recovery from wastewaters.
Polyphosphate accumulating organisms (PAOs) are an example of such a group of organisms
since they are capable of storing P in the form of polyP when subjected to varying oxygen
availability conditions. These organisms have been studied extensively to optimize the
performance of enhanced biological P removal (EBPR) systems for wastewaters and previous
studies have suggested the correlation between metal composition and EBPR performances.
However, the underlying mechanism remains largely unknown. Therefore, in Chapter 1, we
investigated the coordination of physiological metal cation (K+, Na+, Ca2+, and Mg2+) chelated by
polyPs of different chain lengths (with 10 and 30 phosphate moieties) by employing molecular
dynamics simulations and experimental techniques. The simulation results showed that the MgpolyP and K-polyP complexes were the most and least thermodynamically stable, respectively.
Additionally, to gain insight into the conformation of polyP-30, we conducted gel permeation
chromatography and small-angle X-ray scattering analysis on Mg-polyP-30 solution samples.
Results showed varying thermodynamic stability amongst the tested metal-polyP complexes and
we proposed the differing roles of metal-polyP complexes in maintaining the physiological pool
of bacterial polyP: while the more thermodynamically stable Mg-polyP complexes could
contribute to the long-term storage of polyP, the less stable K-polyP with weaker chelating
strength would allow and favor enzymatic hydrolysis of polyP.
Chapter 2 focuses on PHB which, due to its similar physical properties to conventional,
petroleum-based plastics, is an attractive source of bioplastic. Accumulation of PHB in various

organisms under nutrient limitations has been well reported, and Comamonas testosteroni is also
capable of accumulating PHB under nutrient deficiency. However, how nutrient limitation
induces PHB accumulation in bacteria like C. testosteroni remains unclear. Therefore, to gain
insight into the nutrient-dependent carbon metabolism that leads to PHB production by C.
testosteroni, we first investigated the effect of varying nutrient conditions on biomass growth of
C. testosteroni KF-1. Second, we employed a quantitative 13C-metabolic flux analysis (MFA)
using ultra-high-performance liquid chromatography with high-resolution mass spectroscopy to
understand the effect of nitrogen (N) availability on carbon metabolism. Third, we compared the
metabolite levels and relative protein abundances for the different N and P conditions to gain
insight into how reduced nutrient availability may have impacted the cell’s response. Our
findings implied that C. testosteroni is less sensitive to P-deficiency than to N-deficiency and
that there may be a threshold at which N depletion favors the production of PHB compared to the
replete condition due to compromised cellular growth further imposing imbalances between the
metabolic carbon flux and energetics.
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MOLECULAR COORDINATION, STRUCTURE, AND STABILITY OF
METAL-POLYPHOSPHATE COMPLEXES RESOLVED BY MOLECULAR
MODELING AND X-RAY SCATTERING: STRUCTURAL INSIGHTS ON THE
BIOLOGICAL FATE OF POLYPHOSPHATE
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1. Introduction
Polyphosphate (polyP), a polymer of two or more phosphate moieties synthesized by all
living organisms, has various biological functions including serving as a phosphorus (P)
reservoir, supporting energy supply as a phosphoryl donor for adenylate kinase, acting as a
strong metal chelator in bacteria, and buffering the effects of environmental stresses such as
nutrient deficiencies, heat, and extreme pH.1–4 Of particular interest are the polyP-accumulating
organisms (PAOs), which are bacteria capable of storing P up to four to ten times greater than
the normal cellular levels in the form of polyP.5,6 These organisms have been studied most
extensively within the context of engineered systems, namely enhanced biological P removal
(EBPR) systems for wastewater treatment.3,4 In addition to engineered systems, the importance
9

of PAOs and polyPs has recently been highlighted in natural environments such as terrestrial,
freshwater, and marine.3,4 Notably, given their phenotypic and genetic diversity, PAOs have been
considered to play a critical role in both engineered and natural P cycling through the synthesis,
storage, and utilization of polyPs.3,4 To gain insights into the importance of different metal
complexes with polyP in the biological fate of polyP, a molecular investigation of the structure,
coordination, and stability of these complexes is warranted.
As a polyelectrolyte, polyP is amenable to complexing the metal cations that serve as
counterions to the negatively charged phosphate moieties. In fact, metal composition and metalpolyP complexes have been implicated to play an important role in EBPR performance.3,7–14
Using combined microscopic and spectroscopic analyses, a recent study of metal-polyP
composition in different EBPR systems revealed the selective localization of Mg and K over Na
and Ca in polyP granules in PAO cells, as well as the varying metal-specific metal ion to P
stoichiometric ratios.15 Furthermore, correlation analysis implied that the Mg-polyP content was
especially important for promoting the stability of EBPR operations.15 Metal cations in soils and
waters are also expected to dictate the behavior of polyPs and PAOs in natural environmental
matrices. However, mechanistic information on metal complexation by bacterial polyPs is not
well known.
Bacterial polyP chains, which can vary in lengths, can contain up to thousands of phosphate
moieties.2,16 There are numerous studies on the coordination of metal complexes with
pyrophosphate, the shortest polyP molecule (see review by Ikotun et al.16 and references therein)
and phosphate glasses (see review by Sharmin and Rudd17 and references therein). Beyond the
discrepancy between the short-chain pyrophosphate and reported chain lengths for bacterial
polyP, whether structural information on the crystalline phosphate glasses is relevant to
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physiological metal-polyP complexation conditions requires further investigation. Particularly
relevant to understanding and predicting the biological fate of polyP with respect to the
formation of metal-polyP complexes, it is important to obtain structural insights on these
complexes with physiologically relevant metal cations.
To this end, we sought to elucidate the molecular coordination, structure, and stability of
polyP complexes with Na+, K+, Ca2+, and Mg2+. We employed a combination of molecular
modeling simulations and experimental measurements. Firstly, we performed annealing Monte
Carlo simulations coupled with molecular dynamics equilibration to obtain thermodynamically
optimized structures of the fully hydrated metal-polyP complexes with explicit water molecules.
The model structures were used to predict the coordination geometry and stability of metal
complexes with polyP chains of different lengths, with 10 and 30 phosphate moieties (thereafter,
named polyP-10 and polyP-30). Secondly, to obtain corroborating experimental evidence of the
predicted structures, we performed gel permeation chromatography (GPC), total X-ray scattering
(TXS) analysis, and small-angle X-ray scattering (SAXS) of a prepared Mg-polyP-30 solution.
We interpret our results in terms of the relationship between stability and favorable geometry of
metal complexation by polyP. Our study appears to be the first to obtain structural insights on
metal-polyP complexes, a fundamental knowledge that is required to achieve a mechanistic
understanding of the biological fate of polyP in PAOs in both natural and engineered systems.

2. Materials and Methods
2.1 Computational modeling of metal-polyP complexes. 2.1.1 Modeling platform. The
Chemistry at HARvard Macromolecular Mechanics (CHARMM) forcefield as implemented
within the Discovery Studio software package (Biovia) was employed to obtain the speciation (at
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pH 7) of each polyP molecule (polyP-10 and polyP-30) in a solvated environment. Subsequent
simulations of the solvated metal-polyP complexes were conducted using the all-atom
condensed-phase optimized molecular potentials for atomistic simulation studies (COMPASS,
version II) force-field and the Forcite module within the Materials Studio software package.18 All
the partial charges and interatomistic parameters were in accordance with the COMPASS II
forcefield, except that those for the water molecules were assigned SPC/E charges.
2.1.2 Validation of modeling platforms and forcefield applications. No structural data
were available for longer chains of polyP. Therefore, we conducted validation simulations with a
Ca-pyrophosphate complex, for which there were published X-ray structural data, to validate that
the COMPASS II forcefield was adequate for simulating metal-polyP in our systems.
Acknowledging that our targeted polyP chains are longer than the pyrophosphate, the goal of our
validation simulations was to evaluate the ability of our protocol to achieve optimized structural
configurations of the phosphoanhydride (i.e., phosphate-phosphate) bond as well as the
coordination geometry of metal complexation by phosphate ligands. The Ca-pyrophosphate
complex was initially prepared at pH 4.5 as done in the published study19 and solvated with
explicit water molecules (with a minimum of 5 Å-thick water layer) using the Discovery Studio
platform with the CHARMM forcefield. The prepared complex was subjected to a series of
simulations consisting of energy minimization and annealing molecular dynamics (five cycles
from 363 to 600 K) as previously described.20,21 Structural data were retrieved from a 10-ns
molecular dynamics equilibration run (time step = 1 fs), wherein the potential energy profile was
equilibrated after less than 0.5 ns. The molecular dynamics run was carried out in a canonical
NVT ensemble (fixed number of atoms, simulation cell volume, and constant temperature) using
a canonical Berendsen thermostat to maintain the temperature at 363 K as done in the published
12

study.19 Compared to the experimental structural data, the optimized configuration of the
simulated Ca-pyrophosphate yielded less than 6% and 12% difference (on average) from the
measured values of 10 bond lengths and 13 bond angles, respectively (Table S1.1).19
2.1.3 Simulations of metal-polyP complexes. Following the validated procedure described
above, polyP-10 and polyP-30 were both prepared at pH 7 and solvated with explicit water
molecules. Subsequently, the solvated polyP molecules were imported into the Materials Studio
platform to obtain the energy-optimized structures using the COMPASSII forcefield, as
described above. To obtain each metal-polyP complex, the Adsorption Locator module was used
to subject each metal cation (Na+, K+, Ca2+, or Mg2+) to translation and rotation steps with
respect to the (dry) poly-P molecule during an annealing Monte Carlo search with a temperature
cycle from 298 K to 600 K, repeated five times, followed by a preliminary 1-ns molecular
dynamics equilibration of the resulting metal-polyP complex at 298 K. Subsequently, the
solvation sphere of water molecules (from the aforementioned solvation procedure) was allowed
to assume an optimal solvation arrangement around the metal-polyP complex using the
Adsorption Locator module. The final solvated metal-polyP system was subjected to a final
molecular dynamics equilibration run for 10 ns. In all eight hydrated metal-polyP complexes
(four different metal complexes for the two polyP chains), equilibrium of the potential energy
profiles occurred in less than 0.5 ns.
2.1.4 Molecular Modeling Analysis. All configurations obtained from the final 10-ns
molecular dynamics run were used to retrieve thermodynamic and structural data. We computed
the statistics for the total potential energy, and interatomic distance between the metal cations
and different O atoms in the system. Total potential energies for the metal-polyP complexes were
used to evaluate their relative thermodynamic stability.20,21 The three O atoms analyzed for the
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metal coordination were: O atoms in water molecules (water O), the deprotonated O atoms of the
polyP molecule (ligand O), and the O atoms in the phophoanhydride bond within the polyP
molecule (bridging O). We employed the Forcite module in Materials Studio to obtain radial
distribution functions (RDFs) for the metal-O atom pairs using a bin interval of 0.06 Å. The
coordination numbers (CNs) were calculated by first integrating the RDF up to the first global
minimum. To obtain the most likely coordination geometry of each complex, the CN numbers
were recalculated up to the radial distance at which the CN value was close to the rounded-up
whole number of the previously obtained CN for each case (Table S1.2; Figure S1.1). The
coordination geometry of each complex was determined by gathering the possible geometries
based on the sum of coordination numbers (CNs) and then assigning the specific geometry by
comparing the CN of each O group within the range of the coordination distance from the metal
cation. For each metal-O pairs, we conducted a one-way analysis of variance (ANOVA) test on
the coordination distances reported in Table 1.1 followed by a post-hoc Tukey-Kramer test to
discern the metals that have statistically significant differences in the coordination distances.
2.2 Experimental analysis of metal-polyP complexes. To obtain experimental
corroboration, we conducted GPC and X-ray scattering measurements on a solution of Mgcomplexed polyP-30.
2.2.1 Synthesis of polyP-30 and preparation of Mg-polyP-30. A polyP-30 (P30O91Na32)
was obtained using a previously published procedure22 whereby hydrated sodium dihydrogen
phosphate (NaH2PO4∙H2O) was gradually heated to 700 °C, followed by the removal of oxide
and hydroxide layers with acetic acid and NaCl and quenching on a copper plate. Subsequently,
the polyP-30 glass was fractioned by grinding, dissolving in deionized water, stirring, and
performing serial addition of acetone. Finally, the precipitate in the solution was collected,
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frozen at -20 °C, and then lyophilized. The degree of polymerization of the produced polyP was
determined by 31P-NMR analysis. The Mg-polyP-30 solution was prepared by dissolving 52 mM
of MgCl2 obtained from Sigma-Aldrich (St. Louis, MO) and 3.3 mM of the synthesized polyP30; a reference solution containing only MgCl2 at the same concentration was also prepared. The
concentrations were decided on to ensure Mg-polyP-30 complexation yet to prevent the
precipitation of the Mg-polyP-30 complex. All solutions were prepared with the ultrapure water
obtained with the Barnstead™ GenPure™ water purification system (Thermo Scientific,
Waltham, MA).
2.2.2 Small-angle X-ray scattering. The SAXS measurements for the determination of the
particle distribution were performed at the beamline 5ID-D of the Advanced Photon Source
(APS) at the Argonne National Lab. A vacuum flow-cell setup was used at 10 KeV of photon
energy. A triple detector system (hs102, hs103, and hs104) from Rayonix was used for
diffraction intensity measurements. The position of the 2-dimensional detector was calculated by
measuring silver behenate (AgC22H43O2) as a standard. Additionally, glassy carbon was used for
the determination of the calibration factor for the SAXS data, and water scattering data from the
medium angle scattering region were used for the determination of the thickness of the sample
capillary. Measurements of the sample (Mg-polyP-30) solution and the reference solution
(MgCl2) were obtained at a sample load speed of 20 µl/s. An exposure of 10 s per frame was
used for the total collection of 5 frames per sample. The reference solution was used as a
baseline correction for the SAXS analysis. The vacuum flow cell was washed with flowing soap
and water and rinsed with water between each measurement. The radius distribution of the MgpolyP-30 complex using the SAXS data obtained at the beamline was determined using the
Interior-Point Gradient method for fitting the experimental data. Data processing was performed
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with the GSAS-II software package. From the SAXS data, multiple shape models were tested to
obtain respective size distributions. Subsequently, the size distribution was compared to that
obtained from the GPC analysis (described in a later section). The results were most comparable
when a spherical model was assumed.
2.2.3 Total scattering using Pair Distribution Function. Total scattering data for the MgpolyP-30 solution and the reference MgCl2 solution were collected at room temperature at the
Integrated Molecular Structure Education and Research Center (IMSERC) at Northwestern. Each
liquid sample was loaded into a Kapton capillary (1.65 mm in diameter) and mounted on a STOE
StadiVari diffractometer equipped with an AXO Ag Kα micro-focus sealed X-ray source AMiXS, running at 65 kV and 0.68 mA, and a Dectris Pilatus3 R CdTe 300K Hybrid Photon
Counting detector. The data were integrated using the program GSAS-II and corrections (such as
subtraction of the container and subsequent correction by the reference solution, Compton and
fluorescence scattering, geometric and absorption corrections) were performed using the
program PDFgetX3.23 The normalized data were truncated at 20 Å−1 before pair distribution
function (PDF) calculation (details available in Supporting Information). For comparative
analysis, given that the experimental PDF accounts for all atom-to-atom interactions within the
sample, we also obtained the PDF for the Mg paired with all O atoms within the simulated MgpolyP-30 system using a bin interval of 0.06 Å.
2.2.4 Gel permeation chromatography analysis. Aqueous GPC was performed using the
prepared Mg-polyP-30 solution. Data were collected using the Astra Version 7 data acquisition
software and processed using Astra Version 7. The instrument was configured with an Agilent
1260 Series high-performance liquid chromatography module equipped with an ultraviolet
detector and coupled with Wyatt Heleos II Multi-Angle static Light Scattering and Refractive
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Index detectors. The size-exclusion chromatographic analysis was run on a PSS Suprema column
(diameter 7.6 mm x length 250 mm) at a flow rate of 1 mL/ min with phosphate-buffered saline
as a mobile phase. The particle size was derived from the scattering theory developed by Ludvig
Lorenz, which represents an exact solution of Maxwell’s electromagnetic theory.24 There were
no restrictions on the particle’s refractive index or size, and the ASTRA software was used to
determine the radius of homogeneous spherical particles.

3. Results and Discussion
3.1 Relative thermodynamic stability predicted by molecular simulations of metal-polyP
complexes. Using the total potential energy from our molecular dynamics simulations, we
evaluated the relative stability of the metal-polyP complex whereby the most stable complex
would exhibit the lowest potential energy value (Figure 1.1C). Due to the reference algorithm for
the energy parameters in the forcefield, these calculated energies can only be compared across
metal complexes with the same polyP molecule.20 The total potential energy for the complexes
of polyP-10 with Na+, K+, Ca2+, and Mg2+ was -22,600.7 ± 143.4, -22,111.4 ± 72.3, -24,044.1 ±
115.8, and -24,191.4 ± 62.5 kcal/mol, respectively (Figure 1.1C). For the metal-polyP-30
complexes, the total potential energy was -76,471.7 ± 265.2, -73,911.7 ± 332.6, -81,154.6 ±
247.7, and -82,752.8 ± 180.4 kcal/mol for Na+, K+, Ca2+, and Mg2+, respectively (Figure 1.1C).
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Figure 1.1 (A) Snapshot of molecular-dynamics optimized hydrated Ca-polyP-10 complex. (B) Snapshot of
molecular-dynamics optimized hydrated Ca-polyP-30 complex. (C) Percent (%) difference of the total potential
energies of (A) metal-polyP-10 and (B) metal-polyP-30 respective to the corresponding Na-polyP. The asterisks
(***) mark that all cases had statistically significant differences with a p-value < 0.05 when comparing the total
potential energies of each cases.

Figure 1.1C illustrates the comparison of the percent difference of the total potential
energy for each complex relative to the respective Na-polyP complex. Therefore, the stability
order for both metal-polyP10 and metal-polyP30 complexes was Mg2+ > Ca2+ > Na+ > K+
(Figure 1.1C). The predicted stability order was consistent with the inverse order of the ionic
potentials of the metal cations, as would be expected for electrostatic interactions.25 In EBPR
18

systems, the presence of Na-, K-, Ca-, and Mg-polyP was evident in the polyP granules of
PAOs.15 Remarkably, only the Mg-polyP complex, which we determined was the most
thermodynamically stable complex, was found to be preferred in intracellular polyP granules and
its abundance was shown to correlate positively with EBPR performance.15 We further analyzed
our model metal-polyP structures to determine the role of the coordination geometry of the
complexed metal, a structural insight that has not yet been elucidated for metal-polyP complexes.
3.2 Molecular modeling of metal coordination in the metal-poly-P complexes. From
the RDFs of the thermodynamically optimized systems, we calculated both the coordination
distance and the coordination number of each metal-O pair in the metal-polyP complexes (Figure
1.2; Table 1.1). For the metal complexation by polyP-10 ligand O, the ANOVA test on the
coordination distances reported significant variation among the four metals [F(3,26)=7.002,
p=0.001] but further post-hoc Tukey-Kramer test showed that only Mg2+ compared to K+ or Na+
had a statistically significant difference (p < 0.05). For the metal complexation by polyP-10
bridging O, there was significant variation among the metals [F(3,26)=12.025, p < 0.001] and all
metals had statistically significant differences (p < 0.05) except when Ca2+ was compared to K+
or Na+. Both statistical analyses implied that the coordination distances for Mg with polyP O
atoms was significantly smaller than the other metals analyzed. For metal complexation by
polyP-10 water O, there were no significant variation among the metals [F(3,26)=1.245,
p=0.312]. Therefore, it was implied that the differences in thermodynamic stability of metalpolyP complexes should be attributed to the complexation by the polyP ligand O and bridging O.
Consistent with the reverse order of the thermodynamic stability order, the coordination distance
for all metal-polyP-10 O atoms increased in the order from Mg2+, Ca2+, Na+, to K+ (Table 1.1).
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For metal-polyP-30 ligand O, there was significant variation among the metals
[F(3,86)=9.929, p < 0.001] and all comparisons had statistically significant differences (p < 0.05)
except when comparing Ca2+ to Mg2+ and K+ to Na+. Therefore, the coordination distances of
divalent metal cations to polyP-30 ligand O were significantly smaller than those of the
monovalent metal cations. For the metal complexation by polyP-30 bridging O, again there was
significant variation [F(3,86)=28.279, p < 0.001] and all comparisons but that between Ca2+ and
K+ had statistically significant differences (p < 0.05). For the metal complexation by polyP-30
water O, there was significant variation [F(3,86)=5.094, p=0.003] and only the comparisons of
Ca2+ with K+ and Na+ were statistically significantly different (p < 0.05). The coordination
distances for metal-polyP-30 ligand O and water O increased in an order similar to that for
metal-polyP-10 and O pairs (Mg2+ = Ca2+ < Na+ = K+) (Table 1.1). However, for metal-polyP-30
bridging O, the coordination distance increased from Mg2+, Na+, K+, to Ca2+ (Table 1.1)
Therefore, for polyP-30, the order of coordination distances for the metal complexation by polyP
ligand O followed the thermodynamic stability trend, implying that the thermodynamic stability
of the metal-polyP complexes was in accordance with the strength of metal chelation by the
polyP ligand O.

Table 1.1 Coordination distance (average ± standard deviation, Å), coordination number (CN),
and coordination geometry of the metal (M)-polyphosphate (polyP) complexes
M-ligand O
M
(metal)
Distance
CN
M-polyP-10 complexes
Na+
2.37 ± 0.44
1.50
K+
2.70 ± 0.46
1.99
Ca2+
2.28 ± 0.29
1.80
Mg2+
1.71 ± 0.16
1.82

2.16 ± 0.22
2.52 ± 0.29
2.16 ± 0.22
1.74 ± 0.18

0.40
0.40
1.20
1.40

2.40 ± 0.82
2.52 ± 0.22
2.19 ± 0.71
1.95 ± 0.09

2.44
1.20
0.40
0.20

Square pyramid
Square pyramid
Trigonal pyramid
Square pyramid

M-polyP-30 complexes
Na+
2.61 ± 0.58
K+
2.64 ± 0.42
Ca2+
2.16 ± 0.25
Mg2+
2.01 ± 0.34

2.19 ± 0.27
2.43 ± 0.13
2.49 ± 0.23
1.89 ± 0.20

0.20
0.03
0.33
0.13

2.49 ± 0.37
2.55 ± 0.27
2.19 ± 0.16
2.34 ± 0.39

2.04
1.44
0.77
1.60

Trigonal biprism
Trigonal bipyramid
Trigonal pyramid
Square pyramid

2.59
1.83
1.36
2.36

M-bridging O
Distance
CN

M-water O
Distance
CN

Coordination Geometry
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Figure 1.2 Radial distribution functions (RDF, g(r)) of different O groups within the metal (M)-polyphosphate
(polyP) complexes: (A) polyP-10 and (B) polyP-30. The dotted lines mark the radial distance at which the global
minimum was detected and used for coordination number (CN) calculations. Color code: Na (pink), K (yellow), Ca
(blue), and Mg (green).

The CN values of the polyP ligand O (1.5 – 2.6) were greater than those of the bridging O
(0.1 – 1.4) in all cases by 52.4 ± 28.4 % for metal-polyP-10 complexes and by 90.2 ± 10.0 % for
metal-polyP-30 complexes (Table 1.1), indicating a greater contribution of the ligand O than the
bridging O in the metal complexation by polyP. The CN values for water O varied among the
metal-polyP complexes, ranging from 0.2 to 2.4 (Table 1.1) – the CN values of the water O in
metal-polyP-30 complexes was not well determined due to the lack of a clear global minimum
for the CN calculation (Figure 1.2).
For determining the metal coordination geometries, we used rounded values of the CN
values reported in Table 1.1 (Table S1.2). We found that, the specific coordination geometry was
well conserved for divalent metal complexes for both polyP chain lengths: a trigonal pyramid
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coordination geometry for the Ca-polyP complexes, and a square pyramid coordination geometry
for the Mg-polyP complexes (Figure 1.3; Table 1.1). However, for the monovalent metal
complexes, the coordination geometries were not conserved for different polyP chain lengths.
The Na-polyP complexes had a square pyramid and trigonal biprism coordination geometries for
polyP-10 and polyP-30, respectively. While the K-polyP-10 complex also had a square pyramid
coordination geometry, the K-polyP-30 complex had a trigonal bipyramid coordination
geometry. In all metal complexes except the Mg2+ complexes, there were minor distortions from
the regular polyhedron coordination geometries (Figure 1.3), which may be attributed to JahnTeller geometrical distortions of non-linear molecules towards obtaining a thermodynamically
optimized stable configuration.26,27
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Figure 1.3 Close-ups of molecular dynamics snapshots for each metal complex with (A) polyP-10 or (B) polyP-30.
From top to bottom, Na+ (pink), K+ (yellow), Ca2+ (blue), and Mg2+ (green). For each complex, solvated waters not
involved in the coordination of the metal was removed and adjacent Pi moieties of the polyP backbone was included
on each side of the coordinated O within the molecule for clarity.

3.3 Experimental corroboration of Mg-polyP-30 conformation and coordination
using GPC, TXS, and SAXS. Polyphosphate has been considered to assume three different
conformations: open linear chains, closed rings, and caged structures with branched phosphate
groups.28 The molecular dynamics-optimized structures predicted a curved linear configuration
for the metal-polyP-10 complexes, but the metal-polyP-30 complexes had a ring-like
conformation (albeit not a closed circle), as illustrated in Figures 1.1A and B for Mg-polyP-10
and Mg-polyP-30, respectively. These results implied a polyP chain length threshold that would
determine transition from linear to circular configurations. Determining this threshold was
beyond the scope of our data.

Figure 1.4 Comparison of the size distribution results for Mg-polyphosphate (polyP)-30 complexes analyzed with
different methods: (A) size distribution of the circular polyP-30 molecule’s radius obtained from gel permeation
chromatography (GPC) (blue) and small angle X-ray scattering (SAXS) (red). (B) Box plots of the results from GPC
and SAXS overlapped with a line marking the radius obtained from the MD simulation model (yellow). Each box
plot was created by taking the 1st, 2nd, and 3rd quartile of the data and the lines mark the range of the experimentally
measured radius.

We conducted both GPC and SAXS analyses to probe experimentally the occurrence of
the circular Mg-polyP-30 complexes in solution. The radius ranged from 21.3 to 88.7 Å for MgpolyP-30 calculated from the GPC data and ranged from 13.5 to 74.0 Å from the SAXS analysis
(Figure 1.4A). The radius (14.8 ± 0.0 Å) of the circular conformation of the simulated Mg23

polyP-30 was within two standard deviations of the averaged radius values obtained with the
GPC analysis and at the low end of the radius range obtained with the SAXS analysis (Figure
1.4B). Therefore, the experimental analysis highlighted the simultaneous presence of both curved
linear chain and circular ring conformations of the Mg-polyP-30 complex, but a circular
conformation was revealed to be thermodynamically favorable for the simulated polyP-30
complex (Figure 1.1 and 1.4).

Figure 1.5 Comparison of experimental and computational data of the coordination environment in the Mg-polyP30 complex: (A) Experimental X-ray scattering determined pair distribution function (PDF, G(r)) both without
(black) and with (red) reference solution correction. (B) Simulation determined radial distribution function (RDF,
g(r)) of Mg-polyP-30 overlaid with bars that mark the peaks in the RDFs for each individual Mg-O pairs. The gray
boxes overlaid across both panels correspond to the ranges at which there are positive differences in the
experimental data between the corrected and uncorrected PDF.

Furthermore, we employed the all atom-to-atom PDF obtained with the TXS
measurements of the Mg-polyP-30 solution, which was corrected by the PDF of the reference
MgCl2 solution to obtain experimental validation of the simulated coordination geometry of the
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complexed Mg (Figure 1.5A). Since the only difference between the sample and reference
solution was the presence of polyP-30, a positive difference between the uncorrected and
corrected PDF was attributed to the complexation interaction between Mg2+ ions and polyP-30
(Figure 1.5A). Multiple correction factors (0.1, 0.3, 0.5, 0.7, and 0.9) were tested and they all
yielded similar radial ranges at which there were positive differences between the uncorrected
and corrected PDF for Mg with all O atoms (Figure S1.2). Selecting the correction factor of 0.7
for comparative analysis with the simulation results, we evaluated overlaps between the
coordination distances of the polyP O atoms and the coordination distances with a positive
difference in the experimentally determined PDF (Figure 1.5B). Remarkably, we found that all
peaks in the simulated RDF for Mg-polyP-30 ligand O (occurring at radial distances of 1.71,
2.31, and 2.85 Å) were within the coordination distance ranges highlighted by the corrected total
scattering PDF data (Figure 1.5B). The good agreement between the experimental and simulated
coordination distances implied that the Mg complexation by both linear and circular forms of
Mg-polyP-30 exhibited similar coordination geometry.
3.4 Implications for the biological and environmental fates of metal-polyP
complexes. Previous studies have reported a correlation between EBPR performance and metal
content in wastewaters, implying the dependence of phenotypic traits of PAOS for P removal on
the type of metal-polyP complexes.3,7–14 This correlation has been attributed commonly to the
differential preferences amongst different PAOs for different metals serving as counterions to the
negative charge of intracellular polyP.4,15 However, the underlying mechanistic relationship
between metal type and metal complexation by polyPs had largely remained unclear.
Our findings through molecular dynamics simulations predicted that the polyP complex
with K was the least stable and the complex with Mg was the most stable, based on both the total
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potential energies and coordination distances of the metal-polyP complexes investigated. The
theoretical coordination geometry was subsequently confirmed by X-ray scattering analysis.
Importantly, both Mg and K were reported previously to be co-localized with polyP granules of
PAOs in EBPR activated sludge samples15, implying that the co-occurrence of metal-polyP
complexes of different thermodynamic stability may be important to the physiological fate of
polyP. In fact, the subsequent availability of the phosphate stored in polyP relies on phosphatase
enzymes, which hydrolyze the terminal phosphate groups to release orthophosphate and thus
shorten the polyP chain.29 This enzymatic hydrolysis involves an intermediate chemical species
wherein the polyP ligand O atoms complex divalent metal cations in the active site.30–33
Therefore, the phosphate moieties in K-polyP complex with relatively lower chelation strength
would be more available for the enzymatic hydrolysis to sustain a bioavailable physiological
pool of polyp, whereas the relatively stronger Mg-polyP complex would be more appropriate for
long-term polyP storage in the cell. In accordance with this proposal, the cellular Mg-polyP
content was reported to have a statistically significant positive correlation to EBPR performance
and stability.15 For the underlying mechanism that governs such selective metal complexation by
polyPs, our findings imply that the complexation of Mg is involved in establishing
thermodynamically stable metal-polyP complexes.
Regarding the polyP configuration, the linear form of polyP has been considered the most
common in all living organisms, while the biological synthesis and function of circular polyP are
not well understood34,35. In biological samples, early studies have reported the coexistence of
both forms of polyP, but the composition was deemed inconclusive due to errors in the extraction
methods.35 A recent study of the polyP content within Xanthobacter autotrophicus using the nondestructive 31P solid-state nuclear magnetic resonance spectroscopy identified both linear and
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cyclic polyP within cells.35 Consistent with this latter finding, both linear and circular forms of
Mg-polyP-30 complexes were found through our experimental size distribution analysis,
obtained with both gel permeation chromatography and X-ray scattering, albeit the molecular
simulations generated a circular structure for the Mg-polyP-30 complex. However, we obtained
good agreements between the experimental PDF from the X-ray scattering data and the
computed RDF from the molecular simulations, suggesting similar metal coordination geometry
for both linear and circular configurations of Mg-polyP-30. For the metal complexes with the
relatively shorter chain polyp (i.e., polyP10), only a (slightly curved) linear configuration was
obtained, suggesting a polyP chain length threshold that facilitates transition between linear and
circular configurations of the metal-polyP complexes. Elucidation of the biological significance
of this structural transition warrants future investigation.
Activated sludge in EBPR systems is subjected to alternating anoxic and oxic conditions
to favor and enrich PAOs for P removal.36,37 Such fluctuating conditions, which can also be
found in natural environments, have been implicated in PAO-involved P cycling in agricultural
soil or sediments.3,4,38 The new insights obtained here on the mechanism underlying the
relationship between metal-polyP complexation and the behavior of PAOs in EBPR would also
be relevant to P cycling and recycling in various natural habitats.3 To extend the relevance of our
findings to a variety of chemical and biological conditions, future research is needed to elucidate
the molecular structure of complexes with other environmentally relevant metals and with polyPs
of different chain lengths.
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1. Introduction
Polyhydroxyalkanoates (PHAs) have been gaining interest as a source of biodegradable
substitutes to conventional, petroleum-based plastics with similar thermal and mechanical
properties.39–41 Many prokaryotic microorganisms can naturally synthesize PHAs to serve as
carbon and energy reserves.42 Microbial accumulation of poly(β-hydroxybutyrate) (PHB), a
commonly found PHA, has been reported in many microorganisms when cells are grown in
either excess carbon or limitation of nutrients such as nitrogen (N) and phosphorus (P).39,42,43 In
response to nutrient replenishment, the accumulated PHB gets subsequently degraded to be
metabolized thus provide carbon and energy to the cell.39,44
Of special interest is Comamonas testosteroni, a bacterium commonly found in polluted
environmental samples, that is capable of metabolizing and accumulating PHB.40,45,46 Production
of PHB in C. testosteroni has been investigated during feeding on different carbon sources and
under different nutrient conditions.39,40 Reduced N availability was identified as a trigger to
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increased cellular PHB production.39,40 Based on its genome, C. testosteroni does not possess the
enzymes for either the assimilatory route for common sugars such as glucose or the complete
oxidative pentose phosphate (PP) pathway.45,47 Therefore, the functional pathways in the central
carbon metabolism of this species are the Embden-Meyerhof-Parnas (EMP), Entner-Doudoroff
(ED), non-oxidative PP pathways, and the tricarboxylic acid (TCA) cycle.45,47 However, it is not
yet understood how the central carbon metabolism is remodeled in response to nutrient
limitations to achieve accumulation of PHB.
Here we investigated the nutrient-dependent relationship between PHB biosynthesis and
cellular growth, metabolism, and energetics in C. testosteroni KF-1, towards elucidating the
metabolic phenotypes favorable to PHB accumulation. First, we compared the biomass growth
under varying acetate (as the carbon source), N, and P concentrations. Second, we performed a
quantitative analysis of the N-dependent carbon metabolism, by supplying stable isotope tracers
and metabolomics profiling using ultra-high-performance liquid chromatography (UHPLC) with
high-resolution mass spectroscopy (HRMS). Third, we combined the quantitative metabolic flux
analysis (MFA) and proteomics profiling to gain insight into the metabolic remodeling
associated with PHB biosynthesis as a function of N availability. Fourth, we evaluated protein
abundance change in key metabolic pathways relevant to PHB biosynthesis in response to
decreasing P availability. Our findings revealed a threshold at which N depletion is favorable to
PHB production compared to then replete conditions, as a result of imbalances between
metabolic carbon flux and energetics due to compromised cellular growth.
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2. Materials and Methods
2.1 Materials. The C. testosteroni KF-1 (DSMZ 14576) cells were obtained from Deutsche
Sammlung für Mikroorganismen und Zellkulturen (Braunschweig, Germany). [U-13C] sodium
acetate was obtained from Cambridge Isotopes (Tewksbury, MA); all other chemicals were
obtained in analytical grade from Fischer Scientific (Pittsburg, PA) and Sigma-Aldrich (St.
Louis, MO). All solutions were prepared with ultrapure water (Barnstead™ GenPure™ water
purification system; Thermo Scientific; Waltham, MA) and filter-sterilized using 0.22 μm
polyethersulfone (PES) membranes filters (Millipore; Burlington, MA). Sample resuspensions
for analysis were performed using LC-MS-grade water and filtered with 0.22 μm cellulose
acetate (CA) membrane filters (Corning; Corning, NY) prior to UHPLC-HRMS and nuclear
magnetic resonance (NMR) analysis. The HRMS analysis was conducted using UHPLC
(Thermo Scientific Dionex UltiMate 3000) coupled to a high-resolution accurate-mass
spectrometer (Thermo Scientific Q Exactive quadrupole-Orbitrap hybrid) with electrospray
ionization operated in negative mode. To quantify PHB (digested as crotonate), we used a
UHPLC (Thermo Scientific Vanquish Flex with diode array detector). An Agilent Cary UVvisible spectrophotometer (Santa Clara, CA) was used for optical density readings at 600 nm
(OD600) to monitor biomass growth. Cell biomass was also lyophilized with a freeze-dryer
(FreeZone 2.5 Liter Benchtop Freeze Dryer; Labconco) to monitor cell dry weight in grams
(gCDW).
2.2 Culturing conditions and growth measurements. The pH-adjusted (7.0 ± 0.2) and
filter-sterilized minimal nutrient medium contained the following: 0.81 mM MgSO4∙7H2O, 8.6
mM NaCl, 34 μM CaCl2∙2H2O, 30 μM FeSO4∙7H2O, 0.86 μM CuSO4∙5H2O, 1.9 μM H3BO3, 7.7
μM ZnSO4∙7H2O, 0.75 μM MnSO4∙5H2O, 0.26 μM NiCl2∙6H2O, and 0.31 μM
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Na2MoO4∙5H2O.48,49 For all conditions, sodium acetate was fed as a sole carbon source at a
concentration of 50 mM C. For the nutrient-replete (control) condition, 89.4 mM K2HPO4, 56.4
mM NaH2PO4, and 18.7 mM NH4Cl were added. For the N-dependent condition, the NH4Cl
concentration was reduced by 10-fold (1.87 mM NH4Cl). For the P-dependent condition, the
total PO43- concentration, maintaining a constant K2HPO4/NaH2PO4 ratio, was reduced by 100and 500-folds corresponding to 1.46 and mM and 0.29 mM total PO43-, respectively. In addition,
the elemental composition of C. testosteroni biomass was analyzed with the Elementar Vario EL
Cube combustion analysis conducted by the Integrated Molecular Structure Education and
Research Center (IMSERC) located in Northwestern University (Table 2.1).
Comamonas testosteroni KF-1 cells were initially grown in Luria-Bertani (LB) medium,
mixed with 50% glycerol at mid-exponential phase, and then aliquots were stored at -80 °C in
cryogenic vials. Vials were left to adjust to room temperature prior to transfer into the minimal
nutrient growth medium, and a minimum of two transfers into the growth medium was used to
acclimate cells to each specific growth condition. At each transfer step, cells were washed in the
minimal-nutrient medium to minimize the transfer of carry-over carbon and nutrients from the
previous culture. Cultures were grown in an incubator (model I24; New Brunswick Scientific,
Edison, NJ) maintained at 30 °C and shaken at 220 rpm. Bacterial growth in 125- or 250-mL
baffled Erlenmeyer flasks in three biological replicates was monitored as a function of time until
late- stationary phase, using OD600, where cell suspensions were diluted when the value was
above 0.5 to obtain accurate readings. The gCDW values were also determined throughout growth
by lyophilizing the cell pellets as previously described.50 The biomass growth rate of 0.746 ±
0.050 gCDW ∙L-1OD-1was obtained via regression analysis.
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2.3 Acetate consumption and extracellular nutrient measurements. For all nutrient
conditions, samples were obtained throughout growth (14 to 22 different time points) to monitor
acetate consumption and metabolite secretion. Culture aliquots (1.5 mL; three biological
replicates) were pelleted by centrifugation (10,000 rpm, 5 min, 4 °C), filtered, and stored at -20
°C until analysis. For quantifying acetate concentration by NMR analysis, 100 μL of the filtered
sample was mixed with 60 μL of 100% D2O, 50 μL of 10 mM sodium azide as an antimicrobial
agent, 150 μL of 6 mM 2,2-dimethyl-2-silapentane-5-sulfonate (DSS) as a chemical shift
reference compound, and 240 μL of 100 mM NaHCO3 for pH control. The Bruker Avance III
HD system equipped with a TXO 5 mm Prodigy probe w/ Z-Gradient available at IMSERC was
used for the 1H-NMR measurements and subsequent analysis of the obtained 1D proton spectrum
was performed using the MestReNova (Mestrelab Research) software. Acetate consumption
rates (in mmol∙gCDW-1h-1) were determined via regression analysis of acetate depletion over time
combined with biomass growth rate. For the N- and P- dependent conditions, with the same
filtered samples, the extracellular NH3-N and PO43- concentrations were monitored throughout
growth using a commercially available NH3-N assay kit based on the salicylate method (TNT
832; HACH) and the phosphomolybdate spectrophotometric method, respectively.
2.4 Metabolite Quantification. All metabolite quantifications by UHPLC-HRMS
followed a previously described protocol.48,49 Briefly, an Acquity UPLC Waters column of 1.7
μm particle size (2.1×100 mm; Milford, MA) was used for the UHPLC, setting a constant
column temperature of 25 °C and a constant flow rate of 0.180 mL/min with the injection
volume for each sample set to 10 μL. The solvent compositions as described previously.48 All
metabolite identification and quantification were done with Thermo Scientific Xcalibur 3.0 Quan
Browser.
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Extracellular metabolites. Metabolite excretion was measured for the control and Ndependent condition by monitoring the extracellular metabolite levels in the cell-free samples
prepared for acetate consumption measurements. Excretion rates (in mmol∙gCDW-1h-1) were
calculated by regression analysis for the following metabolites relevant to the central carbon
metabolism: glucose 6-phosphate (G6P), fructose 6-phosphate (F6P), fructose 1,6-bisphosphate
(FBP), 3-phosphoglycerate (3PG), phosphoenolpyruvate (PEP), pyruvate (PYR), xylulose 5phosphate (Xu5P), ribose 5-phosphate (R5P), sedoheptulose 7-phosphate (S7P), aspartate,
citrate, α-ketoglutarate (αKG), succinate, fumarate, and malate.
Intracellular metabolites. For each nutrient condition, cells were sampled during the
exponential growth phase and intracellular metabolites were extracted following the protocol
described by Sawnow et al.50 Briefly, aliquots (3 mL) were sampled (three biological replicates)
and filtered through 0.22 μm nylon filters. The cell-containing filter disks were immediately
quenched in 2 mL of 4 °C methanol:acetonitrile:water solution (2:2:1) for 30 min. Lysed cell
biomass was separated via centrifugation, and then supernatants were transferred to a separate
centrifuge tube and dried down with ultra-high purity N2 gas. Once fully dried, the samples were
stored at -20 °C until further analysis with LC-HRMS. When preparing samples for UHPLCHRMS, the metabolites were resuspended in LC-MS-grade water at different volumes to obtain
different dilution factors. For the long-term 13C-labeling of intracellular metabolites, 25% of the
total acetate was supplied as [U-13C] sodium acetate. and cells were sampled at two different
time points during the exponential phase of each nutrient condition. The labeling 13C-labeling
patterns for the central carbon metabolites listed previously were analyzed with the Metabolomic
Analysis and Visualization Engine (MAVEN) software.51 For all metabolites, the natural 13C
abundance was accounted for by using the isotope correction for high-resolution MS labeling
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experiments (IsoCor) software.52 To verify pseudo-steady-state isotopic enrichment of the
intracellular metabolites, we compared the isotope labeling pattern of all analyzed metabolites at
the two different time points of each condition (Figure S2.4). Intracellular metabolite levels were
quantified using samples retrieved at the second time point for the isotope labeling experiment
for each condition. The aspartate labeling pattern was used as a proxy for oxaloacetate (OAA), a
direct precursor to aspartate, by assuming equilibrium between the two metabolites.50 The
labeling of dissolved CO2 was estimated by comparing the labeling patterns of aspartate to NCarbamoyl-aspartate or aspartate to PYR (Figure S2.5).
2.5 Intracellular PHB measurements. Intracellular PHB was measured throughout the
exponential phase for the control and N-dependent conditions to obtain the PHB production rates
and at a single time point during the exponential phase for the P-dependent conditions to obtain
the PHB levels. The samples were lyophilized and acid digested to measure the resulting
crotonate with UHPLC as described by Padovani et al. with minor modifications to the
procedure.53 At time points within the exponential phase, 10 mL culture aliquots were pelleted
via centrifugation (3,200 g, 10 min, 4 °C), washed with ultrapure water, lyophilized, and then
stored in -20 °C until further analysis. Prior to analysis, cell pellets were digested at 90-95 °C in
a silicone oil bath with 1 mL of H2SO4 (concentrated) for 30 mins and filtered with 0.45-μm
polypropylene filters after cooled down cooling to room temperature. The digested and filtered
samples were subjected to 5-fold dilution with ultrapure water and then analyzed with the
UHPLC equipped with a ZORBAX Eclipse Plus C18 5-μm column (4.6×100 mm; Agilent). The
solvent composition and flow rate were both as previously stated.53 The crotonate concentrations
were analyzed with the Chromeleon 7 CDS software (Thermo Scientific) and the production
rates (in μmol∙gCDW-1h-1) were determined by regression analysis.
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2.6 Quantitative MFA and co-factor balance for the N-dependent condition. To
elucidate the metabolic fluxes through the central carbon metabolism of C. testosteroni under the
two N-dependent conditions, we compiled the 13C-labeling patterns with the substrate
consumption rates, metabolite secretion rates, growth rates, and cellular stoichiometry. Carbon
effluxes from the biomass precursor metabolites were estimated based on the reported biomass
composition of Pseudomonas testosteroni (proteins, nucleic acids, cell membrane, and
carbohydrate polymers), adjusted by the substrate consumption and growth phenotype of each
condition.54,55 The model metabolic network for C. testosteroni KF-1 was constructed by
referencing the metabolic pathways predicted by MetaCyc56 and the draft genome sequence for
this strain.45 The following reactions were constrained in the forward direction: F6P → G6P,
FBP → F6P, and PEP → 3PG. Optimized fluxes in the metabolic model were simulated with the
OpenFLUX2 software, whereby in silico 13C-labeling patterns of targeted metabolites were
computed iteratively with the input measured labeled fractions.57 Upon flux optimization, the
95% confidence intervals of the fluxes were computed via a Monte Carlo-based approach.57 Each
MFA was performed the experimental 13C-labeling patterns of each replicate. We used the
computed metabolic fluxes to estimate the production and consumption rates of cofactors:
adenosine triphosphate (ATP), nicotinamide adenine dinucleotide (NADH), ubiquinone (UQ),
and nicotinamide adenine dinucleotide phosphate (NADPH).
2.7 Proteomics. For all nutrient conditions, proteomics analysis was done on four
biological replicates by sampling cells during the exponential phase. At OD600 values
corresponding to those of the second time point for the isotope labeling experiment described
above, 15 mL of the culture was sampled, pelleted via centrifugation (3,200 g, 10 min, 4 °C), and
stored at -80 °C until further analysis. The quantification of the proteome of each sample

36

followed the protocol described by Waldbauer et al.58 From all the proteins measured, we
removed proteins that were identified in less than three of the four replicates or had less than five
isobaric peptide terminal labeling MS2 spectra. Then, significantly differential protein
expression between the different conditions was determined by calculating the z-score for protein
abundance differences by taking the difference in the log2-transformed mean protein abundance
between conditions. These values were subsequently divided by the sum of the total uncertainly
estimate for the protein in the two conditions being compared. The obtained total uncertainty
estimate for a given condition was calculated with the following equation: square root of the sum
of the standard deviation of a protein’s abundance and the average standard error of the protein’s
abundance across qualified spectra within each replicate. Finally, these z-scores were converted
to p-values assuming a standard normal distribution and then the familywise error rate for
significantly differential expression between conditions was controlled to 0.05 using the q-value
method to correct for multiple testing.58 In addition, we analyzed the relative abundance of the
proteins relevant to the central carbon metabolism or nutrient metabolism by comparing the log2transformed relative abundance results of the N- and P-dependent conditions to those of the
control condition. For the analysis, we focused on the proteins that had an increase or decrease
greater than 0.3-fold in each nutrient-dependent condition compared to the control condition.
2.8 Metabolite level and relative protein abundance visualization. For the metabolite
level analysis, we first corrected the quantified metabolite concentrations by the OD600 values of
the sampling time point. Then, the values for each nutrient condition were normalized by that of
the control condition and log2-transformed. To compare the relative abundance of the identified
proteins that are relevant to the central carbon, N, and P metabolism, we calculated the
differences in the log2-transformed relative protein abundances for each nutrient condition and
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the control. These values were input to Java TreeView version 1.1.6r4 to prepare the heat maps
in Figure 2.5B and C.59

3. Results and Discussion
3.1 Growth response of C. testosteroni KF-1 to nutritional availability of N and P. Due to
reported bacterial growth inhibition by acetate,60 we first investigated the effect of acetate
concentration on the growth rate of C. testosteroni (Figure 2.1; Figure S2.1). The growth rates
were 0.26 ± 0.01, 0.34 ± 0.00, 0.42 ± 0.02, and 0.34 ± 0.01 h-1, when the cells were grown on 10,
25, 50, and 100 mM C acetate, respectively (Figure 2.1; Figure S2.1). The growth rates for all
conditions, except 25 mM C compared to 100 mM C, had statistically significant differences (p <
0.05) (Figure 2.1). All following experiments were performed with 50 mM C acetate, which led
to the highest growth rate.

Figure 2.2 Growth rates for C. testosteroni KF-1 fed on acetate as a sole carbon source with varying nutrient
concentrations: different acetate concentrations with 18.7 mM NH 4Cl and 145.8 mM PO4 (red), different NH4Cl
concentrations with 50 mM C acetate and 145.8 mM PO4 (yellow), and different total PO4 concentrations with 50
mM C acetate and 18.7 mM NH4Cl (purple). Significant differences (p < 0.05) are denoted by changes in letters.
Data are shown as mean ± standard deviation for biological replicates (n = 3).
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To decide on the nutrient concentrations for the N- and P-dependent conditions, we first
investigated the effect of N and total P concentration on cell growth (Figure 2.1; Figure S2.1).
The growth rates were 0.34 ± 0.01, 0.34 ± 0.01, 0.32 ± 0.01, and 0.29 ± 0.00 h-1 in response to 3, 5-, 10-, and 20-fold decrease in N concentration compared to the control condition, respectively
(Figure 2.1; Figure S2.1). When the N concentration was reduced by 3-fold, the growth rate
decreased by nearly 20% compared to the control condition, but further N depletions were
statistically insignificant (p > 0.10) (Figure 2.1). Interestingly, during the 10- and 20-fold
reductions in N, we observed a diauxic growth trend whereby the growth rate of the second
phase was 83% less than the growth rate of the first phase (Figure S2.1; Figure S2.3); only the
growth rates for the first growth phase were illustrated in Figure 2.1.
With respect to growth responses to P depletion, the growth rates were 0.53 ± 0.01, 0.44
± 0.01, 0.41 ± 0.00, and 0.38 ± 0.01 h-1 when the total P concentration was 6-, 100-, 200-, and
500-fold less than the replete condition, respectively (Figure 2.1; Figure S2.1). When the total P
concentration decreased to 25 mM from the replete condition, the growth rate increased. When
the concentration was reduced by 100-folds, the difference in growth rates was statistically
insignificant, but a further reduction by 300-folds had a statistically significant difference (Figure
2.1). Interestingly, though such differences in growth rates (ranging from 0.09 to 0.15 h-1) were
observed, there was less than about 12% difference in the maximum biomass across all tested
concentrations (Figure S2.1). Therefore, C. testosteroni KF-1 seems to be more sensitive to N
depletion than P depletion.
Table 2.1 Elemental composition of biomass in % (weight/weight)
C
a

N

C. testosteroni KF-1
43.9 ± 0.2
13.0 ± 0.2
b
P. putida KT2440
48.8
15.2
a
From this study (mean ± standard deviation, n = 3)
b
From Duuren et al. 2013

H

S

O

P

7.2 ± 0.0
6.2

0.5 ± 0.0
0.7

26.4

2.7
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To estimate the cell stoichiometric N and P requirement, we conducted a combustion
analysis of C. testosteroni KF-1 biomass which gave the weight-by-weight percentage of C, H,
N, and S content (Table 2.1). Because this analysis does not provide information on P, we
referenced a paper that reported the elemental composition for Pseudomonas putida KT2440,
given that C. testosteroni, which has previously been classified as Pseudomonas, is
phylogenetically related.47,61,62 By considering the biomass conversion rate and maximum OD600
of the nutrient replete condition, we calculated the stoichiometrically required N and P
concentrations to be 13.2 mM N and 1.13 mM P. Therefore, we confirmed that the control was
replete in N and P. Moreover, we confirmed that the 10-fold N reduction and 500-fold P
reduction from the control would be below the stoichiometric N and P requirement, respectively.
We attributed the unexpected diauxic growth trend during the 10-fold reduction in available N to
a response to more severe N limitation than at the start of the growth curve. To further
investigate this case, we selected the 10-fold N reduced condition as our N-dependent condition.
For the P-dependent investigation, we chose the 100- and 500-fold reductions of available P
relative to the control condition. By monitoring the kinetic extracellular NH3-N or phosphate
concentrations of these selected growth conditions, we found complete depletion of N and P for
10-fold N reduction and 500-fold P reduction, respectively. In agreement with the theoretical
estimations of P requirement, P depletion was not complete for the 100-fold P reduction but
rather reached a concentration plateau (Figure S2.2). Interestingly, the acetate consumption rates
were all comparable (p > 0.05) across all nutrient conditions, except for the second growth phase
of the N-dependent condition for which the acetate consumption was decreased significantly by
nearly 80% compared to the first phase (Figure S2.3). We sought to understand how intracellular
carbon metabolism is altered to respond to changes in nutrient (N and P) availability.
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3.2 Changes in metabolic pathways and fluxes in response to reduced N-availability.
Using 13C-labeling data, we conducted a quantitative MFA of C. testosteroni during the first
growth phase of the N-dependent condition (denoted N1) and the second phase of the diauxic
growth (denoted N2) (Figure 2.2). A discrepancy in the 13C-labeling patterns for several
metabolites for N1 between the two measurements was likely due to the low biomass hence, low
metabolite levels, which can contribute to error in labeling measurements (Figure S2.4).
Metabolite secretion was detected for PYR (0.013 ± 0.010 mmol∙gCDW-1h-1) and αKG (0.281 ±
0.086 mmol∙gCDW-1h-1) in the N2 condition (Table S2.2).
Overall, the absolute metabolic fluxes decreased with decreasing N levels (Figure 2.2).
However, the absolute values do not account for the difference in growth rates and acetate
consumption rates across the conditions (Figure 2.1; Figure S2.3). Therefore, we considered the
z-scores of each metabolic reaction to highlight the increase and decrease compared to the
control condition (Figure 2.2). The relative differences in the acetate consumption rates of N1
and N2 were reflected in the relative changes in the metabolic fluxes of the canonical TCA cycle
(Figure 2.2), but flux through the glyoxylate shunt had a pronounced decrease as a function of
decreasing N levels (Figure 2.2). The glyoxylate shunt is considered essential for bacterial
growth on acetate (or fatty acids) as a carbon source under conditions due to the requirement for
gluconeogenesis.63 Therefore, it was intriguing to observe decreased flux through the glyoxylate
shunt (by 30% and 40% for N1 and N2, respectively, each compared to the control) along with a
decrease in fluxes to the upper metabolism (EMP, ED, and non-oxidative PP pathway). For all
reactions above PEP, the fluxes remained steady for N1 relative to the control (with about 13%
decreases) but decreased significantly by about 93% during N2 when extracellular N was
completely depleted (Figure 2.2). In accordance with the aforementioned decrease in growth
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rate, the biomass effluxes for N2 were all decreased compared to the N1 phase and the control
(Figure 2.2). Considering that the role of the glyoxylate shunt is to funnel carbon to anabolism
before carbon loss through the oxidative side of the TCA cycle, the reduction of carbon away
from the glyoxylate shunt needed to be resolved. Beyond the metabolite secretion rates of PYR
and αKG during N2, which were very small, there was an increased flux (by 13%) from acetylCoA to PHB during N1 (Figure 2.2). We also evaluated the intracellular metabolite levels and
protein abundances to elucidate the underlying regulation.
Among the total proteins analyzed (n = 453), about 0.3% and 1.6% had a statistically
significant difference when comparing N1 and N2 to the control, respectively. For the relative
protein abundances (in circles in Figure 2.2), we found general agreement with the relative
increase and decrease in the metabolic fluxes of N1 and N2, relative to the control. The flux to
the glyoxylate shunt was decreased by 30 – 40% with decreasing N levels, while the relative
abundance of isocitrate lyase (AceA) (which catalyzes the first reaction in the shunt to produce
glyoxylate and succinate from citrate) was also decreased by 20% and 60% for N1 and N2,
respectively (Figure 2.2). The abundance of PEP carboxykinase (PckA), which catalyzes the
conversion of OAA to PEP, decreased noticeably by 70%, during N2, consistent with the
decrease in the corresponding metabolic flux (Figure 2.2). Interestingly, despite a relative
increase by 50% and decrease by 53% in the metabolic flux to citrate during N1 and N2,
respectively, the relative abundance of aconitase hydratase (AcnB) did not change significantly
for either condition (Figure 2.2). Similarly, the relative abundance for succinate dehydrogenase
(SdhC) and malate dehydrogenase (Mdh) remained steady despite changes in the associated
metabolic fluxes in the TCA cycle (Figure 2.2). Instead, elevated levels of acetyl-CoA and
succinate by 244% and 106%, respectively, in N2 than in N1 coupled with the secretion of
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metabolites (PYR and αKG) reflected a bottleneck at these two metabolic nodes of the metabolic
pathway (Figure 2.2).
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Figure 2.3 Schematic of carbon metabolism in C. testosteroni KF-1 under the control and N-dependent condition.
Boxes next to each arrow hold the average absolute fluxes (in mmol∙gCDW-1h-1) of the control (C), N-dependent
condition phase 1 (N1), and phase 2 (N2), consecutively. Circles under selected fluxes hold the X-fold change of the
named proteins for the N1 and N2 respective to C. For both the metabolic fluxes and the proteomics results,
increases compared to the C condition are marked with red, and decreases are marked with blue. The absolute
biomass effluxes (in mmol∙gCDW-1h-1) for all three conditions are listed in the table in the upper right corner. The bar
graphs show the intracellular metabolite levels in the three conditions (mean ± standard deviation, n = 3) near the
position of the measured metabolite in the reaction scheme. Abbreviations: glucose 6-phosphate (G6P), fructose 6phosphate (F6P), glyceraldehyde 3-phosphate (GAP), 3-phosphoglyceric acid (3PG), phosphoenolpyruvate (PEP),
pyruvate (PYR), acetyl-CoA (ACCOA), citrate (CIT), αKG (α-ketoglutarate), succinate (SUCC), fumarate (FUM),
malate (MAL), oxaloacetate (OAA), dihydroxyacetone phosphate (DHAP), erythrose 4-phosphate (E4P), ribose 5phosphate (R5P), poly(β-hydroxybutyrate) (PHB).
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Figure 4. Cofactor balances for the control (C), N-dependent condition phase 1 (N1), and phase 2 (N2): (A)
schematic of the energy metabolism in the carbon metabolism and (B) consumption and production balances for
ATP, NADH/UQ, and NADPH estimated by the MFA flux results for the control and N-dependent conditions. Data
presented are the average ± standard deviation of the best-fit fluxes. Abbreviations: adenosine triphosphate (ATP),
nicotinamide adenine dinucleotide (NADH), ubiquinone (UQ), nicotinamide adenine dinucleotide phosphate
(NADPH).

Accordingly, the increased flux to PHB (by 13%) during N1 would route carbon from the
metabolic bottleneck to acetyl-CoA, but there was a subsequent decrease in the flux to PHB (by
64%) during N2 (Figure 2.2). However, the level of the protein [PHB depolymerase (PhaZ)]
involved in the PHB biosynthesis increased by 84% from N1 to N2 (Figure 2.2). To probe the
reason for this discrepancy, we examined the cofactor balances (Figure 2.3). Across the three
conditions, the major source of ATP production was through oxidative phosphorylation, which
correspondingly was the major source of NADH/UQ consumption (Figure 2.3). It was also
noticed that NADH/UQ were primarily produced through the TCA cycle (Figure 2.3). Both ATP
and NADPH levels produced were depleted by 71% and 85%, respectively, from N1 to N2,
which could be disadvantageous to fulfilling the NADPH requirement of PHB biosynthesis
(Figure 2.3B).39 Therefore, the flux to PHB may have decreased due to limitations imposed by
the energy metabolism. Remarkably, there was an overall ATP deficit under the control
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condition whereas there was an overall ATP surplus under both N-dependent conditions (Figure
2.3B), consistent with previous studies that suggested that PHB serves as not only carbon but
also energy storage.41
3.3 Nitrogen metabolism. We evaluated the metabolite levels and protein abundances
relevant to NH3 assimilation in response to N depletion. The three enzymes relevant to NH3
assimilation are glutamine synthetase (GS), glutamate synthase (GOGAT), and glutamate
dehydrogenase (GDH) (Figure 2.4). Via the GS/GOGAT pathway or the GDH pathway, NH3 is
assimilated to either glutamate or glutamine. Despite a higher energy cost for the GS/GOGAT
pathway compared to the GDH pathway, the GS/GOGAT pathway is the preferred assimilation
route at low N levels because GS has a higher affinity to NH3.64 Accordingly, the protein
abundances of GlnA and GlnK, both of which are associated with the GS pathway, continued to
increase with decreasing N levels, and eventually increased by 5.4- and 44.4-fold, respectively,
for N2 compared to the control (Figure 2.4). The abundances of GltB and GltD in the GOGAT
pathway also increased both by 2.5-folds during N1 and by 1.5- and 2.1-fold, respectively,
during N2 compared to the control (Figure 2.4). Moreover, the enzymes relevant to the GHD
pathway showed insignificant change compared to the control and hence were not depicted in
Figure 2.4. Consistent with the greater increase of the proteins in the GS pathway for the
conversion of glutamate to glutamine than the proteins in the GOGAT pathway in the reverse
direction, the glutamate pool size was continuously decreased with N depletion while the αKG
levels continued to increase (Figure 2.4). The glutamate levels were decreased by 59% from the
control to N1 and by 58% from N1 to N2, whereas the αKG levels increased by 20% and 163%,
subsequently, with depleting N levels (Figure 2.4). Therefore, it was implied that the secretion of
αKG during N2 was caused by changes in the NH3 assimilation pathway induced by the reduced
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N availability. Such effect of the N availability on αKG, a TCA cycle metabolite, likely induced
further changes in the carbon metabolism that led to reduced flux to PHB production during N2.

Figure 2.5 Schematic of ammonium assimilation. Circles next to the metabolic reactions hold the X-fold increase
values of the named proteins for the N1 and N2 respective to that of C. Increases in relative protein abundance
compared to that of the C condition are marked with red and decreases are marked with blue according to the color
scheme. Abbreviations: glutamine synthetase (GS), glutamate synthase (GOGAT), glutamate dehydrogenase
(GDH), αKG (α-ketoglutarate).

3.4 Nutrient-dependent metabolome and proteome changes. We also compared the
metabolite levels and relative protein abundances of the different nutrient conditions. For the
comparison, we denoted the 100- and 500-fold P reduction conditions as P1 and P2, respectively.
For the P-dependent conditions, among the total proteins analyzed (n = 507), about 3.2% and
1.9% had a statistically significant difference when comparing P1 and P2 to the control,
respectively. When comparing the intracellular PHB levels across the five nutrient conditions,
the level was greatest for N2 and lowest for the control condition. Though the PHB levels for the
N-dependent conditions may seem contrary to the metabolic flux analysis that showed a reduced
flux from acetyl-CoA to PHB during N2, it is possible that the PHB level quantified in N2
reflected the accumulated amount throughout N1 and N2 while the flux itself had decreased by
the time point of analysis (Figure 2.5A). Contrary to the N-dependent conditions where the PHB
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level showed a steep increase by 12.5-fold between the two phases, the PHB levels for the Pdependent conditions remained constant (Figure 2.5A). Nonetheless, results showed that reduced
P availability also induced greater PHB production (increased by 5.9-fold compared to the
control) (Figure 2.5A).
There were several metabolic bottlenecks in the EMP pathway in response to Pdeficiency that were absent in the N-dependent conditions (Figure 2.5B). Specifically, two
metabolites (G6P and F6P) in the upper EMP pathway were elevated by 9- and 4.3-fold,
respectively, compared to the control, whereas these metabolite pools remained relatively
unchanged in the N-dependent conditions (Figure 2.5B). For metabolites involve in anaplerotic
reactions (pyruvate and acetyl-CoA), the was a metabolic bottleneck that was also observed for
N2, but the metabolite pool sizes of these metabolites were larger by 2- and 11.6-fold,
respectively, for the P-dependent conditions than in N2 (Figure 2.5B). All other metabolite levels
of the P-dependent conditions were comparable to the control condition (Figure 2.5B).
Moreover, the relative protein abundances of proteins involved in the central carbon
metabolism, N metabolism, and P metabolism during the nutrient-deplete conditions compared
to the nutrient-replete condition are presented in Figure 2.5C. Contrary to the higher PHB levels
quantified in the P-dependent conditions compared to the control, PhaZ abundances in Pdependent conditions and the control were comparable (Figure 2.5A and C). Furthermore, four
proteins relevant to P metabolism (PhoH, UgpB, PstS, and Ppa) were identified for the Pdependent conditions (Figure 2.5C). Among the four proteins, only the relative abundance of
PstS increased significantly (by 4.7-fold) during P2 compared to the control (Figure 2.5C). The
increased PstS abundance during the P-reduced condition agrees with the current knowledge on
P acquisition pathways in bacteria; while the phosphate inorganic transporters (Pit) assimilate
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phosphate under P-replete conditions, the phosphate-specific transport (Pst) system, which
includes PstS, is induced under P-deplete conditions.65 However, the steady levels of PhoH was
unexpected since many genes involved in the P metabolism are controlled by the global
regulatory phosphate (pho) regulon and PhoH is predicted to be an ATPase that is induced by P
starvation.66 Both the metabolite pool sizes and relative protein abundance data suggested that
the carbon metabolism in C. testosteroni likely responds differently to reduced P- and Navailability.

Figure 2.5 Nutrient dependent (A) PHB levels, (B) metabolome profiling, and (C) proteome profiling for the five
nutrient conditions: control (C), N-dependent condition phase 1 (N1) and phase 2 (N2), 100-fold P reduction
condition (P1), and 500-fold P reduction condition (P2). Significant differences (p < 0.05) denoted by changes in
letters in panel A. The color scale for both heatmaps in panels B and C was based on log 2-transformed values.
Abbreviations: ribose 5-phosphate (R5P), glucose 6-phosphate (G6P), fructose 6-phosphate (F6P), 3phosphoglyceric acid (3PG), phosphoenolpyruvate (PEP), pyruvate (PYR), acetyl-CoA (ACCOA), αKG (αketoglutarate), poly(β-hydroxybutyrate) (PHB), not detected (ND).

4. Conclusion
Poly(β-hydroxybutyrate), an attractive source of bioplastic with shared physical
properties with synthetic plastics, is known to accumulate naturally in environmental
microorganisms subjected to the right nutrient availability conditions. However, there has been a
lack of mechanistic understanding of carbon and N metabolisms responsible for promoted PHB
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biosynthesis in bacteria. Using quantitative 13C-MFA combined with metabolomics and
proteomics data, we elucidated important metabolic changes in response to N depletion. When
grown on low N concentrations, C. testosteroni exhibited a greater flux of PHB production and,
once the extracellular N was fully depleted, imbalances in energy metabolism during
compromised biomass growth, the carbon flux was routed away from the glyoxylate shunt and
PHB biosynthesis towards anaplerotic reactions and metabolic flux trough reactions of αKG and
PYR from the TCA cycle. Comparison of the metabolite pool sizes and relative protein
abundances for different N- and P-availability conditions highlighted the difference in the cells’
response to N- and P-deficiencies. Results implied that the carbon metabolism would be
remodeled differently in response to the two nutrient availability conditions.
However, the comparison of the metabolite and proteomics profiling results among the
studied condition does not fully explain how the carbon metabolism is affected by P-deficiency
and how it induces PHB accumulation. Therefore, future research on metabolic flux changes
during P-dependent conditions through a similar quantitative 13C-MFA would allow a more
comprehensive comparison between the two nutrient-dependent responses of C. testosteroni.
Moreover, because environmental and engineered systems in which C. testosteroni can be
subjected to can have various and more complicated nutrient availability conditions, an analysis
across a wider range of nutrient conditions would enable further optimization of the bacteria’s
natural ability to synthesize PHB and provide guidance to any potential metabolic engineering on
the strain to produce PHB. Nonetheless, our findings shed light on how the carbon metabolism
underlying nutrient limitations can be optimized in environmental bacteria to favor PHB
biosynthesis, as well as informing potential metabolic engineering strategies.
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APPENDIX A: Chapter 1

Table S1.1 Comparison of essential bond lengths (Å) and angles (°) within the Capyrophosphate structure from the simulation (average ± standard deviation) and the reference
(Gras et al. 2016). Atom numbered according to the reference.
Bond length

Simulation

Reference

% difference

Bond angle

Simulation

Reference

% difference

O1 - P9

1.593 ± 0.040

1.492

6.8

O1-P9-O3

101.8 ± 4.0

113.4

10.2

O8 - P10

1.580 ± 0.036

1.581

0.0

O1-P9-O4

111.2 ± 7.6

112.7

1.4

O8 - P9

1.612 ± 0.045

1.688

4.5

O1-P9-O8

115.9 ± 3.4

107.0

8.3

O7 - P10

1.517 ± 0.037

1.525

0.5

O4-P9-O8

113.3 ± 9.0

116.4

2.7

O3 - P9

1.480 ± 0.028

1.510

2.0

O3-P9-O4

100.2 ± 4.6

104.2

3.8

O4 - P9

1.635 ± 0.041

1.551

5.4

O3-P9-O8

112.1 ± 5.4

101.5

10.5

O5 - P10

1.581 ± 0.039

1.533

3.1

P9-O8-P10

97.2 ± 3.6

128.3

24.2

O6 - P10

1.477 ± 0.029

1.501

1.6

O5-P10-O7

94.6 ± 5.6

113.3

16.5

Ca11 - O1

2.585 ± 0.074

2.372

9.0

O5-P10-O6

109.0 ± 4.9

106.2

2.7

O5 - Ca2

2.772 ± 0.086

2.343

18.3

O5-P10-O8

107.3 ± 7.1

106.0

1.2

O6-P10-O7

50.4 ± 8.1

114.7

56.1

O7-P10-O8

100.1 ± 12.0

106.4

5.9

O6-P10-O8

116.8 ± 24.0

109.9

6.2

Table S1.2 Coordination distance (average ± standard deviation, Å) and number (CN) of the
metal (M)-polyphosphate (polyP) complexes. The reported values have been recalculated based
on the values reported in Table 1.1. Instead of calculating the distance and CN up to the global
minimum as in Table 1.1, the values here are recalculated up to the radial distance at which the
CN value was closest to the rounded up whole number of the CN values reported in Table 1.1.
M-ligand O
M
(metal)
Distance
CN
M-polyP-10 complexes
Na+
2.58 ± 0.56
2.07
K+
2.70 ± 0.46
1.99
Ca2+
2.43 ± 0.37
1.96
Mg2+
1.98 ± 0.32
2.01

2.73 ± 0.55
2.88 ± 0.49
3.09 ± 0.75
2.64 ± 0.70

1.01
1.01
2.03
2.04

2.73 ± 0.51
2.76 ± 0.35
2.40 ± 0.25
2.52 ± 0.42

3.07
2.06
0.97
0.96

M-polyP-30 complexes
Na+
2.79 ± 0.68
K+
2.76 ± 0.49
Ca2+
2.52 ± 0.46
Mg2+
2.43 ± 0.58

2.85 ± 0.65
3.24 ± 0.60
2.97 ± 0.51
2.46 ± 0.53

1.03
0.96
1.00
1.02

2.46 ± 0.35
2.67 ± 0.34
2.25 ± 0.20
2.46 ± 0.46

1.97
1.94
0.97
1.98

3.00
1.99
1.98
2.98

M-bridging O
Distance
CN

M-water O
Distance
CN
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Figure S1.1 Radial distribution functions (RDF, g(r)) of different O groups within the metal
(M)-polyphosphate (polyP) complexes: (A) polyP-10 and (B) polyP-30. The dotted lines mark
the radial distance at which the calculated coordination number (CN) was closest to the rounded
up whole number. Color code: Na (pink), K (yellow), Ca (blue), and Mg (green).

Figure S1.2 Pair distribution function (PDF, G(r)) obtained from total X-ray scattering, both
without (black) and with various reference solution correction factors (0.1, 0.3, 0.5, 0.7, and 0.9).
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Details of the pair distribution function (PDF) calculation. The experiments were
straightforward X-ray powder diffraction measurements. From the coherent part, 𝐼 𝑐𝑜ℎ (𝑄), of the
measured total diffracted intensity of the material we find the total scattering structure function,
𝑆(𝑄)
I coh (Q) −  c f (Q)
i i
S (Q) =
2
 ci f i (Q)

2
+1

(1)

where the coherent intensity is corrected for background and other experimental effects and
normalized by the flux and number of atoms in the sample. Here, 𝑐𝑖 and 𝑓𝑖 are the atomic
concentration and X-ray atomic form factor, respectively, for the atomic species of type 𝑖.
Momentum transfer, 𝑄, is given by
Q = 4 sin  

(2)

By Fourier transforming the expression 𝑄[𝑆(𝑄) − 1] we have

Q
max
G (r ) = (2  )  Q[ S (Q) − 1] sin(Q  r )dQ
Q=0

(3)

where 𝐺(𝑟) is the atomic pair distribution function which is also defined as
G(r ) = 4  r[  (r ) −  ]
0

(4)

where ρ0 is the average atomic number density, 𝜌(𝑟) is the atomic pair-density and r is a radial
distance. The function 𝐺(𝑟) gives information about the number of atoms in a spherical shell of
unit thickness at a distance r from a reference atom. Finally, the experimental 𝐺(𝑟) can be
compared and refined against a theoretical 𝐺(𝑟) from a structural model given by
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1
G (r ) + 4  r   = 
0 r

 

f (0) f (0)



f (0) 2



 (r − r )


(5)

In theory, 𝑄𝑚𝑎𝑥 from equation (3) should by infinite but experimentally is always a finite
number. In order to have good resolution, values of Q > 20 Å-1 are desirable therefore short
wavelengths are necessary according to equation (2).
Unlike a conventional X-ray or neutron powder diffraction experiment, the PDF analysis
treats both the Bragg and diffuse scattering on an equal basis. Because the data analysis does not
presume any periodicity, the technique is very useful for examining samples if distortions found
in a specific single crystal are representative of the total bulk of the sample.

62

APPENDIX B: Chapter 2

Figure S2.1 Growth curves for C. testosteroni KF-1 fed on acetate as a sole carbon source with
varying nutrient concentrations: (A) different acetate concentrations, (B) different NH4Cl
concentrations, and (C) different total PO4 concentrations. The data for independent biological
replicates (n = 3 or 6) were compiled for each nutrient concentration.
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\
Figure S2.2 Kinetic profile of extracellular N or P (square) overlaid with the OD600 (circle):
NH3-N was monitored for the N-dependent condition (A), and PO4 was monitored for the Pdependent conditions 1 and 2 (B and C). N and P concentration data are shown as mean ±
standard deviation for biological replicates (n = 3 or 6).
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Figure S2.3 Acetate consumption measured with 1H-NMR for the following conditions: (A)
control (C), (B) N-dependent condition, (C) P-dependent condition 1 (P1), and (D) P-dependent
condition 2 (P2). (E) Acetate consumption rate [mmol∙gCDW-1∙h-1] was calculated for each
condition with the N-dependent condition divided into the first (N1) and second (N2) growth
phase. Significant differences (p < 0.05) are denoted by changes in letters. Data are shown as
mean ± standard deviation for biological replicates (n = 3).
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Figure S2.4 Metabolite 13C-labeling patterns at two different time points (TP) during
exponential growth on [U-13C]-acetate for (A) control (OD600 ~ 0.35 and 0.7) (B) N1 (OD600 ~
0.17 and 0.3), and (C) N2 (OD600 ~ 0.6 and 0.7) conditions. Vertical axes represent the fraction
of each labeling pattern.
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Table S2.1 Metabolic rates determined by the MFA of [U-13C]-acetate by C. testosteroni KF-1
using the OpenFLUX2 software. Listed values are normalized to 100% acetate consumption
respective to each condition. Absolute fluxes [mmol∙gCDW-1∙h-1] are illustrated in Figure 2.2.
Reactions

Control

N1

N2

ACE_EX => ACCOA
SUCC => 0.5 FUM + 0.5 FUM
FUM => MAL

100.3 ± 0.2
43.6 ± 5.4
43.6 ± 5.4
131.6 ±
11.9
46.8 ± 5.2
16.6 ± 7.5
13.4 ± 7.7
30.2 ± 2.4
30.2 ± 2.4
44.3 ± 10.7
36.2 ± 24.9
-57.9 ± 14.1
0.0 ± 0.0
-28.6 ±11.6
12.1 ± 0.6
7.9 ± 0.3
3.3 ± 0.1
2.8 ± 0.1
2.8 ± 0.1
1.0 ± 0.0
0.1 ± 0.0
0.1 ± 0.0
1.7 ± 0.1
1.8 ± 0.1
6.2 ± 0.7

98.9 ± 0.5
50.6 ± 2.5
50.6 ± 2.5

98.6 ± 3.0
59.6 ± 11.9
59.6 ± 11.9

75.8 ± 11.0

103.9 ± 8.1

52.9 ± 2.8
36.6 ± 1.5
34.3 ± 2.0
16.3 ± 1.7
16.3 ± 1.7
10.6 ± 9.6
9.9 ± 4.1
-8.9 ± 12.9
-4.8 ± 1.8
0.4 ± 10.1
8.0 ± 1.3
5.3 ± 1.0
2.2 ± 0.5
1.9 ± 0.3
1.9 ± 0.3
0.5 ± 0.1
0.2 ± 0.1
0.2 ± 0.1
1.2 ± 0.2
1.4 ± 0.3
10.0 ± 3.8

70.7 ± 9.1
11.3 ± 5.3
0.2 ± 4.9
59.4 ± 8.9
59.4 ± 8.9
31.8 ± 15.4
0.6 ± 27.4
15.0 ± 28.3
41.4 ± 12.0
-27.9 ±16.3
2.8 ± 0.7
2.0 ± 0.5
0.8 ± 0.2
0.7 ± 0.2
0.7 ± 0.2
0.2 ± 0.1
0.0 ± 0.2
0.0 ± 0.2
0.5 ± 0.3
0.5 ± 0.3
7.1 ± 12.3

MAL => OAA
ACCOA + OAA => CIT
CIT => AKG + CO2
AKG => 0.5 SUCC + 0.5 SUCC + CO2
CIT => 0.5 SUCC + 0.5 SUCC + GLOX
GLOX + ACCOA => MAL
OAA => PEP + CO2
OAA => PYR + CO2
MAL => PYR + CO2
PYR => ACCOA + CO2
PYR => PEP
PEP => 3PG
3PG => GAP
GAP => DHAP
DHAP + GAP => FBP
FBP = >F6P
F6P => G6P
E4P + F6P => S7P + GAP
S7P + GAP => R5P + Xu5P
F6P + GAP => E4P + Xu5P
Xu5P => R5P
ACCOA = PHB
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Table S2.2 Biomass efflux and metabolite secretion rates were determined by the MFA of [U13
C]-acetate by C. testosteroni KF-1 using the OpenFLUX2 software. Listed values are
normalized to 100% acetate consumption respective to each condition. Absolute fluxes
[mmol∙gCDW-1∙h-1] are illustrated in Figure 2.2.
Reactions

Control

N1

N2

3PG => Biomass
AKG => Biomass
DHAP => Biomass
E4P => Biomass
G6P => Biomass
OAA => Biomass
PEP => Biomass
PYR => Biomass
R5P => Biomass
ACCOA => Biomass
PYRin => PYRex
AKGin => AKGex

4.2 ± 0.3
3.2 ± 0.2
0.5 ± 0.0
1.7 ± 0.1
1.0 ± 0.0
4.4 ± 0.3
3.6 ± 0.2
6.9 ± 1.0
1.9 ± 0.1
17.2 ± 1.9
-

2.7 ± 1.1
2.3 ± 1.2
0.3 ± 0.1
1.0 ± 0.3
0.5 ± 0.1
2.3 ± 1.5
3.1 ± 1.1
5.4 ± 0.7
1.5 ± 0.4
14.9 ± 1.8
-

0.9 ± 0.8
0.3 ± 0.5
0.1 ± 0.0
0.4 ± 0.4
0.2 ± 0.1
0.8 ± 0.6
1.1 ± 0.3
1.7 ± 1.1
0.6 ± 0.4
2.9 ± 2.5
0.5 ± 0.4
10.8 ± 3.3
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Figure S2.5 Estimation of CO2 labeling from the biosynthesis of (A) N-carbamoyl-aspartate
(NCarbAsp) from aspartate for the control condition, (B) aspartate from PYR for N1 and (C) N2.
NCarbAsp and aspartate are formed from aspartate and pyruvate, respectively, with the
incorporation of dissolved CO2. The addition of 13C-labeled carbon in NCarbAsp and Asp is
considered an addition of labeled dissolved CO2. Color schemes equal to that for Figure S2.4
Vertical axes represent the fraction labeling patterns for each metabolite.
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