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Folate-mediated one-carbon metabolism (FOCM) consists of a network of metabolic 

pathways connected through the common use of folate derivatives that carry and donate one-

carbon (1C) units for de novo biosynthesis of purines and thymidylate (dTMP or deoxythymidine 

monophosphate), and homocysteine remethylation. Impairments in FOCM are associated with 

common pathologies, including neural tube defects (NTDs), neurodegenerations, and cancer, but 

the causal mechanisms are not established. This dissertation research investigated the nutritional, 

biochemical and genetic factors that regulate FOCM, with a focus on de novo thymidylate 

biosynthesis pathway. 

Regulation of the partitioning of folate cofactors among FOCM pathways is essential to 

address metabolic needs that fluctuate through cell cycle progression. The first objective aimed 

to summarize the evidence for temporal regulation of expression, activity and cellular 

localization of enzymes and pathways in the FOCM network in mammalian cells through the cell 

cycle. 

The second objective sought to investigate the structure of the nuclear de novo 

thymidylate synthesis multienzyme complex and the nature of the protein-protein interactions. 

Multiple SUMO1 modification sites were identified on enzymes of the de novo dTMP 

biosynthesis pathway by mass spectrometry (MS) analysis. Further experiments are needed 
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characterize the protein-protein interactions within the complex.  

Computational modeling is useful to access the complexity of FOCM network and guide 

the design of biological experiments. The third objective aimed to extend the current FOCM 

model to include the nuclear compartment. The model confirms that accounting for the kinetic 

effects of nuclear multienzyme complex formation and substrate channeling is essential for the 

functioning of de novo dTMP synthesis. 

The fourth objective sought to investigate the unique requirement for glycine for C2C12 

myoblasts proliferation. Glycine contributed 1C units to FOCM and de novo thymidylate 

biosynthesis. However, formate, hypoxanthine or thymidine supplementation failed to rescue the 

growth of C2C12 myoblasts under glycine depletion, suggesting that generating 1C units is not 

the primary mechanism by which glycine supports C2C12 myoblasts proliferation. 
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Chapter 1 INTRODUCTION 

 
Folate-mediated one-carbon metabolism (FOCM) consists of a network of metabolic 

reactions connected through the common use of folate derivatives that carry and donate 1C units 

for de novo biosynthesis of purines and thymidylate (dTMP), and remethylation of homocysteine 

to methionine. FOCM plays an essential role for genome stability and methylation, and 

disruption of the network can be caused by genetic variants of the required enzymes or nutrient 

deficiencies[1], [2]. Impaired folate status and disrupted FOCM are associated with numerous 

human disease outcomes, including megaloblastic anemia, neural tube defects (NTDs), 

neurodegenerations, and cancer[3]–[9]. However, understanding the causal pathways and 

mechanisms underlying these pathologies has been limited, because the pathways of FOCM are 

tightly interconnected. 

FOCM is highly complex for several reasons: 1) pathways in FOCM compete for a 

limiting pool of folate cofactors[10]; 2) metabolic reactions in FOCM are subjected to long-

range and indirect regulatory processes, 3) multi-enzyme complexes exist in FOCM, including 

the de novo thymidylate synthesis complex and de novo purine synthesis complex referred to as 

“purinosome”, 4) pathways in FOCM are compartmentalized in the cytosol, nucleus and 

mitochondria, 5) Genetic factors cause perturbations in FOCM through changes in coding and 

expression variants in folate-dependent enzymes; 6) FOCM interacts with other cellular 

metabolic pathways; 7) the FOCM network is sensitive to nutritional status for several vitamins 

that serve as enzyme cofactors, including folate, riboflavin, vitamin B6 and vitamin B12[11].  

The overarching goal of this dissertation research was to investigate the nutritional, 

biochemical and genetic factors that regulate FOCM, with a focus on de novo thymidylate 

biosynthesis pathway. Elucidating the regulation of FOCM and nuclear de novo thymidylate 
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biosynthesis is essential to understanding the underlying mechanisms of folate associated 

pathologies. The results will inform future human studies and facilitate drug development for the 

prevention and treatment of folate associated pathologies. 

The de novo dTMP synthesis pathway consists of four enzymes, including serine 

hydroxymethyltransferase (SHMT1 and SHMT2α), thymidylate synthase (TYMS), dihydrofolate 

reductase (DHFR), and methylene-tetrahydrofolate dehydrogenase 1 (MTHFD1). Specifically, 

TYMS utilizes 5,10-methyleneTHF (CH2F) as a cofactor in the conversion of deoxyuridylate 

(dUMP) to deoxythymidylate (dTMP), oxidizing tetrahydrofolate (THF) to dihydrofolate (DHF). 

DHFR catalyzes the NADPH-dependent reduction of DHF back to THF. CH2F is independently 

generated by SHMT (SHMT1 and SHMT2α) and MTHFD1 using serine and formate as 1C 

sources, respectively. Impaired de novo dTMP synthesis can lead to inadequate dTMP 

biosynthesis activity and consequently to elevated uracil misincorporation in DNA[1], [12], [13]. 

During DNA synthesis, either dTTP or dUTP can basepair with an adenine nucleotide base on 

the template strand. Therefore, proper functioning of de novo dTMP synthesis is important for 

genome stability. 

During S and G2/M phases of the cell cycle or in response to DNA damage, a fraction of 

enzymes involved in de novo dTMP synthesis pathway are SUMOylated and translocate to the 

nucleus[14], [15]. Enzymes in de novo dTMP synthesis pathway form a multienzyme complex 

that is associated with the replication and epigenetic machinery[16]. Formation of a multienzyme 

complex is essential for the functioning of the de novo dTMP synthesis pathway, as de novo 

dTMP synthesis activity in isolated nuclei is impaired following sonication[16]. Nuclear de novo 

dTMP synthesis complex formation may allow for channeling of folate cofactors among enzyme 

active sites, limiting substrate diffusion and accelerating enzymatic reaction rates[17]. Previous 
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studies show that SHMT acts as a scaffold protein that anchors this multienzyme complex to 

nuclear lamina[16], [18]; however, no direct interaction was found between SHMT and TYMS 

or DHFR using the yeast two hybrid assay[19]. The mechanism of nuclear de novo dTMP 

synthesis complex formation is not yet characterized.  

This dissertation is divided into five chapters. Chapter 2 reviews the temporal regulation 

of expression, activity and cellular localization of enzymes and pathways in the FOCM network 

in mammalian cells through the cell cycle. Partitioning of folate cofactors among FOCM 

pathways is regulated to address metabolic needs that fluctuate through cell cycle progression.  

Chapter 3 investigates the underlying mechanism of de novo thymidylate biosynthesis 

pathway complex formation in the nucleus. Enzymes in de novo dTMP synthesis pathway, 

including SHMT, TYMS, DHFR and MTHFD1, as well as Lamin A, can be modified by small 

ubiquitin-like modifier 1 (SUMO1) [14], [19]–[22]. SUMO-interacting motifs (SIMs) mediate 

non-covalent interactions between SUMO and SIM-containing proteins. SUMO-SIM 

interactions have been shown to facilitate protein complex assembly and function. We 

hypothesized that multiple SUMO-SIM interactions among enzymes in de novo dTMP synthesis 

pathway establish a scaffold for the complex assembly. SUMO1 modification sites on enzymes 

in de novo dTMP synthesis pathway were identified by mass spectrometry using purified 

recombinant SUMOylated proteins from engineered bacteria. Protein-protein interactions were 

investigated by in vitro de novo dTMP synthesis complex assembly and cross-linking/mass 

spectrometry (XL/MS). 

Computational modeling is useful to access the complexity of FOCM and guide the 

design of biological experiments. In chapter 4, we extended the hybrid stochastic model of 

FOCM described previously by including the nuclear compartment. The effects of including 
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nuclear compartment and folate channeling in the FOCM network was explored with emphasis 

on rates of de novo thymidylate biosynthesis and the contribution of serine, glycine and formate 

as sources of one-carbons in FOCM. 

Serine and glycine are non-essential amino acids that are interconvertible through FOCM. 

Both serine and glycine provide precursors for the biosynthesis of proteins, nucleic acids, and 

lipids. However, unlike cancer cells and T lymphocytes that require serine but not glycine for 

proliferation[23], [24], glycine alone is effective at stimulating muscle cell expansion[25]. In 

chapter 5, the unique requirement of glycine for C2C12 myoblasts proliferation was investigated. 

Specifically, we examined the role of glycine as a one-carbon source for FOCM and de novo 

thymidylate synthesis. 
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Chapter 2 CELL CYCLE REGULATION OF FOLATE-MEDIATED ONE-CARBON 

METABOLISM 

 

Authors: Xu Lan, Martha S. Field and Patrick J. Stover 

Affiliations: Cornell University, Division of Nutritional Sciences, Ithaca NY 14850 

Author contributions: 

Xu Lan (X.L.) wrote the original manuscript and revised it. P.J. Stover (P.J.S.), and M.S. Field 

(M.S.F.) revised the manuscript and provided critical feedback. 

Abstract: 

Folate-mediated one-carbon metabolism (FOCM) comprises a network of interconnected 

folate-dependent metabolic pathways responsible for serine and glycine interconversion, de novo 

purine synthesis, de novo thymidylate synthesis and homocysteine remethylation to methionine.  

These pathways are compartmentalized in the cytosol, nucleus and mitochondria. Individual 

enzymes within the FOCM network compete for folate cofactors because intracellular folate 

concentrations are limiting. Although there are feedback mechanisms that regulate the 

partitioning of folate cofactors among the folate-dependent pathways[26], [27], less recognized 

is the impact of cell cycle-regulation on FOCM. This review summarizes the evidence for 

temporal regulation of expression, activity and cellular localization of enzymes and pathways in 

the FOCM network in mammalian cells through the cell cycle. 

2.1 Introduction 

Folate-mediated one-carbon metabolism (FOCM) comprises a network of interconnected 

folate-dependent metabolic pathways responsible for serine and glycine interconversion, de novo 

purine synthesis, de novo thymidylate (dTMP) synthesis and homocysteine remethylation to 

methionine. These pathways are compartmentalized in the cytosol, nucleus and mitochondria. 



 

6 

They are interconnected through their dependency on one-carbon (1C) units derived primarily 

from serine and glycine catabolism, and through their reliance on folate cofactors, which carry 

and chemically activate 1C units at the oxidation states of formate, formaldehyde and 

methanol[11]. Intracellular folate concentrations are limiting for individual enzymatic reactions 

within the FOCM network, because the cellular concentration of folate-dependent enzymes 

exceeds by several fold the concentration of intracellular folate. Hence, the biosynthetic reactions 

of FOCM  compete for folate cofactors[28]. Cells preferentially direct the flux of 1C units to 

meet changes in cellular demands due to stress conditions, including nutrient deprivation and 

disease states such as cancer[29], [30]. Although there are feedback mechanisms that regulate the 

partitioning of folate cofactors among the folate-dependent pathways[26], [27], there are also 

temporal differences in the activity and expression of the enzymes that constitute the various 

pathways within FOCM. Regulation of the partitioning of folate cofactors among FOCM 

pathways is essential to address metabolic needs that fluctuate through cell cycle progression, 

such as increased demand of dTMP for DNA replication during S phase of the cell cycle[16].  

Temporal changes in FOCM metabolic inputs and outputs can be achieved through the 

regulation of FOCM enzyme levels at the level of transcription (table 2.1), translation and post-

translational modification as well as regulation of FOCM enzyme subcellular localization. This 

review synthesizes the evidence for pathway-specific and cell cycle-dependent regulation of 

enzymes in or related to the FOCM pathway. Specifically, we focus on the temporal changes in 

the expression and cellular localization of these enzymes in mammalian cells as a function of the 

cell cycle. 
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Table 2.1. Genes involved in one-carbon metabolism network are regulated by transcription 
factors in a cell cycle-dependent manner 

Gene name Transcription 
factors 

Cell cycle stage of 
transcription induction 

Binding site Reference 

CAD Myc/Max G1/S-phase promoter [31] 

DHFR E2F  promoter [32] 

Sp1 Throughout cell cycle promoter [33], [34] 

MTHFD1 FOXM1  promoter [35] 

MTHFS FOXM1   [35] 

RRM1 E2F   [36], [37] 

RRM2 E2F S phase[38]  [36]–[39] 

TK1 E2F   [36] 

FOXM1   [35] 

TYMS E2F G1 to S transition[40]  [36], [37], 

[40], [41] 

FOXM1   [35], [42] 

LSF G1/S promoter and 

intronic regions 

[43] 

 

2.2 FOCM in the cytosol 

Folate-activated 1C units in the FOCM network can be generated directly by the 

conversion of tetrahydrofolate (THF) and serine to glycine and 5,10-methyleneTHF catalyzed by 

SHMT1 or SHMT2a in the cytosol and nucleus. Alternatively, 10-formylTHF is formed from 

THF, ATP and formate catalyzed by MTHFD1 in the cytosol and nucleus. Formate is a major 

source of 1C units, and is derived primarily from THF-dependent serine and glycine catabolism 

in the mitochondria. Elevated plasma formate concentrations and decreased rates of de novo 

formate production were observed in the rats fed on folate-deficient diet compared with rats fed 

on folate-replete diet[44]. The relative contributions of endogenous formate production and 

exogenous formate uptake on cellular formate concentration remain unclear. Other sources of 1C 

units include the degradation of histidine in the cytosol[45], [46], and degradation of choline-

derived methyl-glycine species, including betaine, dimethylglycine (DMG) and sarcosine (Figure 
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2.1). Choline can be oxidized to betaine via choline dehydrogenase and betaine aldehyde 

dehydrogenase. In the cytosol, betaine-homocysteine S-methyltransferase (BHMT) provides a 

1C unit through the conversion of betaine and homocysteine to DMG and methionine in a 

pathway that is folate independent. DMG is catabolized to sarcosine and glycine in the 

mitochondria through dimethylglycine dehydrogenase and sarcosine dehydrogenase respectively, 

generating additional folate-activated 1C units. In the cytosol, formate-derived, folate-activated 

1C units enter into the FOCM network and are incorporated into the end products of de novo 

purine biosynthesis, de novo dTMP biosynthesis, and the remethylation of homocysteine to 

methionine. Methionine can be converted to S-adenosyl-methionine (SAM), a cofactor that 

donates methyl groups for numerous methylation reactions, including methylation of DNA, 

RNA, proteins, phospholipids, and neurotransmitters[47], [48].  

2.2.1 Methylenetetrahydrofolate dehydrogenase 1 (MTHFD1) 

2.2.1.1 MTHFD1 expression 

MTHFD1 is a trifunctional enzyme with 5, 10-methyleneTHF dehydrogenase, 5,10-

methenylTHF cyclohydrolase and 10-formylTHF synthetase activities. In the cytosol, MTHFD1 

is the source of formate-derived 1C units which are required for de novo purine synthesis 

(through 10-formylTHF synthesis) as well as de novo dTMP synthesis and homocysteine 

remethylation into methionine (through methyleneTHF synthesis). The MTHFD1 gene is 

predominantly expressed in G1/S and G2 phase of the cell cycle in human foreskin 

fibroblasts[49]. Its promoter is bound by the G2/M transcription factor FOXM1 in U2OS and 

Hela cells[35], although the mechanism of cell cycle regulation of MTHFD1 gene expression 

remains unclear. Future study is needed to assess the changes in MTHFD1 protein levels 

throughout the cell cycle. 
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Figure 2.1. Compartmentation of folate-mediated one-carbon metabolism. One-carbon units in 

FOCM are derived from serine and histidine catabolism in the cytosol, and from the catabolism 

of serine, glycine and choline-derived methyl-glycine species in the mitochondria. FOCM in the 

cytoplasm is required for de novo purine synthesis, for de novo thymidylate synthesis and for 

homocysteine remethylation to methionine. FOCM in the nucleus is required for de novo 

thymidylate synthesis at sites of DNA replication. The de novo thymidylate synthesis pathway is 

also present in the mitochondria. 
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2.2.1.2 MTHFD1 subcellular localization 

MTHFD1 protein translocates into the nucleus during S-phase, and the partitioning of 

MTHFD1 between the cytosol and nucleus is influenced by cellular folate levels, with increased 

MTHFD1 nuclear localization observed in response to folate depletion[15], [50]. A human 

MTHFD1-green fluorescent protein (GFP) fusion protein expressed in HeLa cells was observed 

in the nucleus, and the levels of MTHFD1-GFP fusion protein in the nucleus were nearly 2-fold 

higher in S-phase-arrested cells compared to cell arrested in either G1 or G2/M phase. 

Endogenous MTHFD1 protein nuclear localization also increased during S-phase in Hela 

cells[50]. In mouse liver, MTHFD1 nuclear localization was increased when mice were fed a diet 

lacking folate[50]. Human fibroblasts expressing an MTHFD1 variant with reduced activity 

exhibited increased MTHFD1 nuclear localization, suggesting MTHFD1 nuclear localization 

supports de novo dTMP biosynthesis in the nucleus at the expense of homocysteine 

remethylation pathway in the cytosol, especially during folate deficiency[15]. 

2.2.2 The de novo dTMP synthesis pathway  

2.2.2.1 Pyrimidine biosynthesis 

Pyrimidine biosynthesis is regulated through the cell cycle to meet increasing cellular 

demand for both cytosine and thymidine deoxyribonucleotides during DNA replication. The 

pyrimidine biosynthesis pathway was shown to be upregulated 2-fold prior to entry into S phase 

and decreased upon exit from S phase in baby hamster kidney cells[51]. Similarly, pyrimidine 

nucleotide concentrations are increased during growth in rat livers[52].   

The carbamoyl-phosphate synthetase 2 gene (CAD) encodes a trifunctional protein that 

catalyzes the first 3 activities of the 6-step pyrimidine biosynthesis pathway: 

carbamoylphosphate synthetase (CPS II), aspartate transcarbamoylase (ATCase), and 
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dihydroorotase. The cad gene is regulated throughout the cell cycle at both the transcriptional 

and posttranscriptional levels. Steady state cad RNA levels increased 13-fold, peaking during 

mid to late G1 phase of the cell cycle, in serum stimulated Syrian hamster ts13 cells[53]. Newly 

synthesized CAD protein increased in parallel[53]. However, the rate of cad transcription 

increased only about 2-fold[53], indicating that posttranscriptional regulation plays an important 

role. Similarly, in serum stimulated mouse fibroblasts, steady-state levels of cad mRNA 

increased 10-fold whereas its transcription increased only 3-fold[54]. When teratocarcinoma 

cells were induced into differentiation, steady-state levels of cad mRNA decreased by 7-fold 

while the rate of cad mRNA transcription remained the same, suggesting that expression of the 

cad gene is cell-growth dependent and regulated at the posttranscriptional level[55]. Several 

transcription factors have been shown to regulate cad gene expression. Binding of Myc-Max at 

cad promoter is essential for growth-induced cad expression regulation[31]. The cad gene is also 

under the regulation of induction by a nonclassical ERa/Sp1-mediated pathway and repression 

by HIF-1a[56], [57]. 

The activities of enzymes in the de novo pyrimidine synthesis pathway are direct targets 

of cell cycle regulation. Increased ATCase activity was observed following increases in the cad 

transcription rate and mRNA level in serum stimulated mouse fibroblasts[54]. CPS II, ATCase 

and orotate phosphoribosyl transferase (OPRTase, another enzyme in pyrimidine biosynthetic 

pathway) have distinct peaks of enzymatic activity during S phase and diminished activity during 

the G2/M phase in rat hepatoma cells. More specifically, CPS II and ATCase activities were 

shown to be increased rapidly during early G1, whereas OPRTase activity did not increase until 

late G1[58].   

CAD activity is also regulated throughout the cell cycle by phosphorylation and 
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dephosphorylation signaling cascades. Phosphorylated CAD stimulates de novo pyrimidine 

synthesis and progression through S phase of the cell cycle in mammalian cells mediated by the 

activation of mTORC1[59]. Ribosomal protein s6 kinase 1, a mTORC1 target, phosphorylates 

S1859 on CAD, promoting CAD oligomerization[59], [60]. In baby hamster kidney cells, CAD 

was activated by MAPK phosphorylation just before the onset of S phase, and then 

rephosphorylated by PKA and dephosphorylated at CAD MAPK site late in S phase[51]. 

Furthermore, CPS II activity, which catalyzes the initial and rate-limiting step in de novo 

pyrimidine biosynthesis, is controlled by mitogen-activated protein kinase (MAPK)- and protein 

kinase A (PKA)-mediated phosphorylation. Changes in CAD enzymatic activity by 

phosphorylation and dephosphorylation was also observed in rapidly growing cells compared 

with quiescent cells. Baby hamster kidney cells entering the exponential growth phase exhibited 

an 8-fold increase in pyrimidine biosynthesis, with a 4-fold increase in CAD threonine 

phosphorylation and a 40-fold increase in MAPK activity. In contrast, confluent cells exhibited a 

2-fold increase in CAD phosphoserine modification, a measure of PKA phosphorylation[61]. 

These observations suggest that CAD is activated by MAPK phosphorylation during periods of 

rapid growth and down-regulated by PKA phosphorylation during quiescence[61]. In normal 

MCF10A breast cells, pyrimidine biosynthetic pathway was up-regulated in the exponential 

growth phase by MAP kinase phosphorylation of CAD Thr456, and down-regulated by 

P~Thr456 dephosphorylation and PKA phosphorylation of CAD[62].  

Enzymes in pyrimidine biosynthetic pathway are also under metabolic control by 

allosteric effectors (reviewed in [63]). CAD is regulated by feedback inhibition by the end 

product uridine 5’-triphosphate (UTP) and allosterically activated by phophoribosyl 

pyrophosphate(PRPP)[63]. When phosphorylated by MAP kinase or activated by epidermal 
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growth factor, CAD became resistant to feedback inhibition and more sensitive to activation by 

PRPP[64]. Increased sensitivity to PRPP and reduced inhibition by UTP in CAD were observed 

as baby hamster kidney cells approached S-phase of the cell cycle. These changes were reversed 

when cells emerged from S-phase[51]. In vitro and in vivo studies suggest that allosteric 

regulation of CAD controls the rate of pyrimidine biosynthesis[51], [63]. Although these 

activities lie upstream of folate-dependent de novo thymidylate synthesis, their cell-cycle 

regulation provides the needed levels of nucleotide precursor substrate in the form of dUMP to 

support folate-dependent thymidylate biosynthesis and DNA synthesis during S phase. 

2.2.2.2 Dihydrofolate reductase (DHFR)  

DHFR expression 

DHFR catalyzes the reduction of dihydrofolate (DHF) to tetrahydrofolate (THF), an 

essential reaction in the de novo thymidylate biosynthesis pathway. DHFR activity is also critical 

for the reduction of dietary folic acid, a form of folate found in fortified foods and in nutritional 

supplements, to DHF. DHFR transcript levels are cell cycle regulated. In synchronized human 

osteosarcoma U2OS cells, DHFR mRNA levels were elevated at the G1/S boundary[35]. The 

DHFR gene was expressed at the beginning of S phase in Hela cells and was grouped in the “late 

DNA replication” cluster by hierarchical clustering analysis [65]. DHFR gene expression was 

enriched in G2/M phase in synchronized primary human foreskin fibroblasts [49].  

DHFR transcript levels are cell cycle regulated, but there is conflicting evidence 

regarding the underlying mechanisms. Multiple studies suggest that increased levels of DHFR 

mRNA during S phase or after serum stimulation was controlled primarily at the level of 

transcription [33], [66]–[68]. In methotrexate-resistant mouse sarcoma cells, Dhfr mRNA levels 

increased following growth stimulation without a change in Dhfr mRNA half-life[69]. In MTX-
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resistant mouse 3T6 fibroblasts synchronized by mitotic selection, the transcription rate was low 

in G1 phase, increased 7-fold at the beginning of S phase, decreased almost immediately 

thereafter, and remained low throughout the remainder of S and into G2[70].  

The cell cycle regulation of DHFR transcription was achieved by increasing the rate of 

transcription from a single promoter region[70], mediated through transcription factors and 

chromatin remodeling[32]. The hamster Dhfr gene promoter contains consensus binding sites for 

two eukaryotic transcription factors: Sp1 and E2F. There are four Sp1 cis elements in the mouse 

Dhfr promoter that play a role in Dhfr transcription[33] in addition to an E2F1 element that is 

conserved across the human, mouse and hamster Dhfr promoters[32]. Sp1 binds to the human 

DHFR promoter throughout the cell cycle in early passage and senescent cells, whereas the E2F 

binding activity was serum-inducible and was diminished in senescent cells[34]. The E2F family 

of transcription factors plays an important role in the regulation of gene expression at the G1/S 

phase transition of the cell cycle. E2F1 expression stimulated the DHFR promoter 22-fold in 

serum-starved NIH 3T3 cells[71]. However, expression of E2F1 in quiescent cells only 

minimally induced Dhfr transcription in REF52 cells[37]. The retinoblastoma (RB) tumor 

suppressor and its family members, p107 and p130, repress E2F activity. There is evidence that 

E2F-p130 and Sp1-pRB complexes cooperate in repression of the Chinese Hamster Ovary 

(CHO) Dhfr gene when cells withdraw from the cell cycle and enter G0[72]. In U2OS cells, 

HDAC1 acts through Sp1 to repress DHFR promoter activity, and the E2F element modulates 

the activity of SP1 at the DHFR promoter through a cis-acting mechanism[73]. Dhfr expression 

was induced early in p107-/-; p130-/- mouse embryonic fibroblasts (MEFs) after serum 

stimulation[39]. The mechanism of Sp1 and E2F in regulation of DHFR gene expression has 

been extensively reviewed elsewhere [32]. 
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However, other studies failed to observe cell cycle-dependent regulation of DHFR 

transcription. One study found Dhfr transcription rates to be invariant throughout the cell cycle, 

while Dhfr mRNA accumulated as mouse thymocytes progressed though the cell cycle[74]. In 

methotrexate-resistant mouse sarcoma cells, Dhfr mRNA levels increase following growth 

stimulation without a change in Dhfr gene transcription rate. In proliferating cells, most Dhfr 

transcripts were shown to be converted to mRNA, whereas in quiescent cells, the majority of 

Dhfr transcripts were rapidly degraded in the nucleus[69]. Conflicting findings related to DHFR 

transcriptional regulation through cell cycle may be due to limitations of the nuclear run-on 

technique and need further investigation[68]. Regardless of the mechanism, there is strong 

evidence that DHFR activity is elevated during S phase to support de novo thymidylate 

biosynthesis. 

DHFR activity exhibits similar cell cycle-dependent patterns as its mRNA levels. DHFR 

activity was observed to be at its lowest level in G0 and G1 in human lymphoblasts[75], but 

increased significantly when quiescence temperature-sensitive cells were stimulated by serum at 

the permissive temperature[76]. DHFR steady state mRNA level, protein synthesis and activity 

increased 2-fold as cells progressed from G1 to G2/M in Chinese hamster ovary cells[77]. DHFR 

protein has been shown to autoregulate its own translation by binding to DHFR mRNA and 

inhibiting its translation[78]. Occupation of the DHFR folate cofactor binding site by 

methotrexate prevented the interaction of the DHFR protein with its cognate mRNA, thereby 

relieving translation autoregulation and resulting in increased DHFR levels in cells[78]. This 

feedback regulation ensures DHFR enzyme levels do not increase in the absence of available 

folate cofactor availability. 
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DHFR subcellular localization 

HeLa cells expressing a GFP-DHFR fusion protein provided evidence for cell cycle-

dependent subcellular localization of DHFR. The GFP-DHFR fusion protein localized to the 

nucleus during S and G2/M phases but not in G1 phase[16]. Nuclear localization may be small 

ubiquitin-like modifier (SUMO) dependent. DHFR was shown to be modified by SUMO-1 in 

vitro[14] and was also identified as a target for SUMO2 modification in proteome-wide mass 

spectrometry analysis[79]. Potential SUMOylation modification sites were identified through 

mass spectrometry analysis and through sequence alignments from various species, but these 

observations require experimental verification[14], [79], [80]. 

2.2.2.3 Serine hydroxymethyltransferase (SHMT1 and SHMT2a) 

SHMT1 expression 

There are two cytosolic/nuclear isozymes of SHMT encoded by distinct genes; SHMT1 

and SHMT2a and these two enzymes are functionally redundant[81]. They catalyze the 

reversible conversion of serine and THF to glycine and 5,10-methylene THF. One study found 

that SHMT1 mRNA levels were elevated in G1/S phase of the cell cycle in synchronized U2OS 

cells[35], whereas in another study, SHMT1  protein levels were elevated during S phase in 

HeLa cells blocked with hydroxyurea without changes in SHMT1 mRNA level[50], [82]. A 

significant increase in SHMT activity was observed in lymphocytes when stimulated to 

proliferate by phytohemagglutinin treatment[83]. 

SHMT subcellular localization 

SHMT1 and SHMT2a and their cytosolic/nuclear localization are cell cycle regulated.  

The SHMT2 gene encodes an SHMT2 protein that localizes exclusively to the mitochondria, 

whereas it also expresses a SHMT2a isozyme that localizes to the cytosol and translocates to the 
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nucleus during S-phase[16], [81]. SHMT1 and SHMT2a are modified by SUMO during S-phase 

of the cell cycle, and SUMOylated SHMT1 is enriched and exhibits primarily nuclear 

localization in HeLa cells[19]. SHMT1 was localized primarily to the cytoplasm at G1/stationary 

phase of the cell cycle and to the cytoplasm, nuclear periphery, and nucleus in the S-phase and 

G2/M-phase of the cell cycle in blocked MCF-7 cells[19]. Evidence suggests that SUMOylation 

of SHMT1 occurs at the nuclear pore and is linked to its nuclear import, as mutation of either 

SHMT1 Lys 38 or Lys 39 to arginine impaired in vitro SUMOylation by SUMO1 and nuclear 

localization of the mutant protein. Ran-binding protein 2, a nuclear periphery/nuclear pore 

protein which possesses E3 SUMO ligase activity, also plays a role in SHMT1 nuclear 

localization[19]. It is likely that the other enzymes in the de novo dTMP synthesis pathway, 

DHFR and TYMS, are compartmentalized in the nucleus during S-phase through similar 

mechanisms. 

Interestingly, SHMT1 is also ubiquitinated at Lys39 and is subject to ubiquitin-dependent 

degradation. Ub-SHMT1 was at the lowest level at S phase of the cell cycle. Lys-63 

polyubiquitination of SHMT1 was enriched in the nuclear fraction in S and G2/M phase, but 

absent in G1 in both nuclear and cytosolic fractions. Mutation of the ubiquitination site increases 

SHMT1 stability[82]. In HeLa cells, Ubc13-mediated ubiquitination of SHMT1 is required for 

nuclear export and nuclear stability, whereas Ubc9-mediated modification with Sumo2/3 leads to 

SHMT1 degradation within the nucleus[82]. 

2.2.2.4 Thymidylate synthase (TYMS)  

TYMS expression 

TYMS catalyzes the reductive methylation of deoxyuridylate (dUMP) to 

deoxythymidylate (dTMP) using 5,10-methyleneTHF as a cofactor. DTMP is further 
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phosphorylated to dTTP for DNA synthesis. TYMS activity and protein levels are subject to cell 

cycle variation. Very low TYMS enzyme activity in G0 and G1 phase has been observed in 

human lymphoblasts with significant higher levels in S and G2/M phases[75], [84]. Elevations in 

TYMS protein levels and activity are associated with the onset of S-phase when cells were 

growth arrested and then allowed to reenter the proliferating state (reviewed in [85]). In human 

diploid fibroblasts synchronized by serum starvation, TYMS protein and mRNA level increased 

through post-transcriptional regulation[86]. In MCF-7 cells synchronized with lovastatin, TYMS 

protein level is tightly regulated in the cell cycle with the peak of TYMS level coinciding with 

that of S phase, with no change in the level of TYMS mRNA level[87].  Similarly, other studies 

have shown that TYMS cell cycle regulation occurs through intron splicing signals, with very 

little change in rate of transcription during G1-S phase transition in serum stimulated mouse 3T6 

fibroblasts[88], [89].  

Other evidence suggests that the TYMS gene is regulated transcriptionally and 

posttranscriptionally  (reviewed in [85], [90]). HCT116 cells synchronized by serum starvation 

exhibit increased TYMS mRNA levels during G1, followed by an increase in TYMS protein 

levels which did not decrease following S-phase completion[91]. Tyms mRNA levels increased 

20- to 40-fold as mouse fibroblasts progressed from a resting to late S phase, as a result of 

increased transcription rates and other posttranscriptional regulation[92]. In synchronized HeLa 

cells, analysis of transcript levels and hierarchical clustering of the expression patterns classified 

TYMS in the “late DNA replication” cluster, together with other genes in nucleotide metabolism, 

including DHFR, ribonucleotide reductase (RRM1 and RRM2), and additional DNA replication, 

repair and recombination genes[65]. Interestingly, TYMS expression was shown to be down-

regulated during metastatic HO-1 human melanoma cells differentiation[93]. In cells that have 
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not been subjected to cell cycle arrest followed by release, analyses of TYMS protein and mRNA 

levels lead to conflicting results. Several studies found no variation in TYMS protein or TYMS 

mRNA with S phase (reviewed in [85]). On the contrary, TYMS mRNA has been observed to 

accumulate as thymocytes progress through the cell cycle[74].  

The TYMS gene is regulated by several transcription factors. Transcription factor Late 

SV40 Factor (LSF) induces TYMS gene at G1/S transition in growth-stimulated cells through 

binding to sites within the TYMS promoter and intronic regions[43]. The TYMS gene is also 

targeted by the transcription factor Forkhead Box M1 (FOXM1)[42]. Chromatin 

immunoprecipitation followed by high-throughput sequencing (ChIP-seq) in U2OS cells 

identified TYMS gene as a target for FOXM1, which strongly activates promoters of G2/M phase 

genes and weakly activates those induced in S phase[35]. Tyms gene expression has also been 

shown to be regulated by E2F in MEFs[36]. Tyms expression was derepressed in G0 and G1 in 

MEFs lacking both p107 and p130, two E2F activity controlling proteins[39]. DNA microarray 

analyses  demonstrated that Tyms gene expression is up-regulated by E2F-1 or E2F-3, along 

with the functionally-related enzymes Uracil-DNA glycosylase (UNG), proliferating cell nuclear 

antigen (PCNA) and dUTP nucleotidohydrolase (dUTPase)[41]. Tyms gene transcription was 

induced by E2F1 in quiescent REF52 cells infected with E2F1 cDNA containing recombinant 

adenovirus[37]. E2F motifs in rat Tyms promoter region were found to be necessary for 

increased Tyms expression during the G1 to S transition in serum stimulated cells[40]. However, 

adenovirus-mediated over-expression of E2F1 and cyclin E in three human cell lines had no 

effect on TYMS expression[91]. As seen for DHFR, TYMS protein autoregulates its synthesis by 

binding to its own mRNA with high affinity which represses translation (reviewed in [90]). 
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TYMS subcellular localization 

HeLa cells expressing a GFP-TYMS fusion protein showed nuclear TYMS localization 

during S and G2/M phases but not in G1[16]. TYMS is modified by SUMO1 in vitro[14], and 

was also identified as a target for SUMO2 modification in system-wide mass spectrometry 

analysis [79], [80]. Several putative SUMOylation modification sites were identified through 

mass spectrometry analysis[14], [79], [80]. Collectively, there is strong evidence for cell cycle 

regulation of the enzymes that constitute the de novo dTMP synthesis pathway, with elevated 

protein levels and nuclear localization of the pathway during S phase. 

2.2.3 dTMP salvage pathway 

2.2.3.1 TK expression 

Thymidine kinase 1 (TK1) catalyzes the conversion of thymidine to dTMP in pyrimidine 

salvage pathway synthesis, and its enzyme activity varies throughout the cell cycle and reflects 

the levels of TK1 protein[94]. TK1 activity was shown to vary through the cell cycle in 

synchronized mouse fibroblasts and synchronized human KB cells[95], [96]. Very little or no 

activity of TK1 was observed in G0 and G1 in human lymphoblasts[75], [84], [97], with a higher 

level of TK1 activity observed in S and G2/M[84], with the maximum activity observed after the 

peak of DNA synthesis[97]. In contrast to increased TK1 activity in S and G2/M phases, 

enzymes involved in thymidine and thymidylate catabolism, including dihydrothymine 

dehydrogenase, thymidine phosphorylase and dTMP phosphatase, have constant levels of 

activity throughout the cell cycle in synchronized Human B lymphocytes[97]. 

Both TK1 mRNA and protein levels were shown to be upregulated in rapidly dividing 

cells. Tk1 mRNA levels increased more than 20-fold in S-phase compared to G0-phase of the cell 

cycle in BALB/c 3T3 cells[98]. Proliferating cells exhibited higher levels of TK1 mRNA and 
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protein compared to slowly growing, quiescent, or terminally differentiated cells. The levels of 

TK1 mRNA and enzyme activity increased significantly when quiescent cells were stimulated by 

serum or adenovirus infection [76], [99], [100].  

It is not clear how TK1 protein levels are regulated throughout the cell cycle. TK1 mRNA 

levels were increased in senescent human diploid fibroblasts WI38 when serum stimulated, 

without increased incorporation of 
3
H thymidine[101] into DNA, indicating that TK1 activity 

was not increased with elevated transcript levels. However, increased TK1 activity depended on 

the availability of TK1 mRNA in BALB/c 3T3 cells[98]. Pulse labeling experiments showed that 

TK1 protein synthesis was elevated 10-fold in S phase compared to G1 phase, suggesting that the 

efficiency of translation of TK1 mRNA increased[94]. TK1 protein synthesis ends with a post-

transcriptional block at about the time human KB cells begin mitosis[96]. Conflicting data exist 

with regard to TK1 protein stability throughout the cell cycle. TK1 protein stability changes 

during the cell cycle in some circumstances, as the stability of TK1 protein was shown to 

decrease upon cell division in HeLa cells[94]. However, in human KB cells, the stability of the 

enzyme did not change significantly throughout the cell cycle, suggesting that enzyme activity is 

determined by rate of enzyme synthesis rather than enzyme degradation[96]. Interestingly, 

deletion of the carboxyl-terminal 40 amino acids or fusion of beta-galactosidase to the 

carboxylterminus of human TK1 completely abolishes cell cycle regulation and stabilizes the 

protein throughout the cell cycle. The truncated or fusion proteins have similar enzymatic 

activity when compared to wild-type TK1 protein[102]. 

TK1 mRNA levels are controlled by both rates of gene transcription and mRNA 

degradation, and subject to cell cycle regulation. In growth stimulated CV1 African Green 

Monkey kidney cells, a large increase in TK1 mRNA levels and a relatively small increase in 



 

22 

transcription rates were observed, suggesting that TK1 gene expression was controlled at both a 

transcriptional and post-transcriptional level[103]. In BALB/c 3T3 cells, the rate of run-on Tk1 

transcription increased 2-4 fold during S phase compared to G0 phase [98]. The half-life of Tk1 

mRNA was longer in S and M phases then in quiescence[98].  

The mechanism of TK1 transcriptional cell cycle regulation remains elusive. In CV1 

African Green Monkey kidney cells, the TK1 cDNA alone is sufficient to encode cell cycle-

regulated expression[103]. However, Travali, et. al. showed that the Tk1 promoter has also an 

important role in cell cycle regulation of TK1 mRNA levels[104]. Tk1 gene transcription was 

regulated by E2F in MEFs[36], however, Tk1 expression was not affected in MEFs lacking E2F 

regulating proteins Rb, p107, p130, or both 107 and p130[39]. Similar to the TYMS gene, the 

TK1 gene is also bound by transcription factor FOXM1 in U2OS and HeLa cells[35]. 

2.2.3.2 TK subcellular localization 

Like the enzymes that comprise the de novo dTMP synthesis pathway, TK1 translocates 

into the nucleus during S-phase of the cell cycle, providing dTMP at site of DNA replication. In 

Chinese hamster cells during S-phase, TK1 co-fractionated with DNA polymerase, NDP kinase, 

RNR, and the de novo dTMP synthesis pathway enzymes, including DHFR and TYMS[105]. 

The mechanism for TK1 nuclear localization during S phase remains unknown.  

2.2.4 Purine synthesis 

Human cells produce purines in the cytosol through both salvage and de novo 

biosynthesis pathways. The purine nucleotide salvage pathway includes a one-step conversion of 

hypoxanthine to inosine monophosphate (IMP)[106]. IMP is further converted into adenosine 

and guanosine nucleotides. The more energy consuming de novo pathway consists of ten 

chemical reactions that convert phosphoribosyl pyrophosphate (PRPP) into IMP, utilizing the 1C 
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from two 10-formylTHF during the process (the formyl group of 10-formylTHF is incorporated 

as the #2 and #8 carbons of the purine ring). In order to conserve energy, purine nucleotides are 

synthesized preferentially through salvage pathway when hypoxanthine is available in most 

cells[107]. However, de novo purine synthesis, rather than purine salvage synthesis or 

pyrimidine synthesis, limits CHO cell growth rate[107]. 

2.2.4.1 Expression of enzymes in purine synthesis pathway 

Purine nucleotide synthesis rates are growth-dependent in rat livers[52]. De novo purine 

biosynthesis was shown to be upregulated in serum-stimulated 3T6 fibroblasts, with increased 

levels of PRPP and formylglycinamide ribonucleotide (biosynthetic intermediates in the de novo 

purine synthesis pathway)[108]. De novo and salvage purine synthesis pathway increased 5- and 

3.3-fold respectively, as cells progressed from mid-G1 phase to early S phase[109]. In CHO K1 

cells synchronized by serum deprivation, amidophosphoribosyltransferase (ATase) and 

hypoxanthine-guanine phosphoribosyltransferase (HPRT), which are key regulatory enzymes of 

the de novo and salvage pathways of purine synthesis respectively, showed distinct expression 

changes throughout the cell cycle. ATase activity increased from late G1 phase to the S phase, 

whereas HPRT activity was nearly constant during throughout the cell cycle[107]. ATase and 

aminoimidazole ribonucleotide carboxylase (an enzyme in de novo purine synthesis pathway) 

mRNA levels increased approximately 5-6 fold in G1/S phase of the cell cycle compare to G0 in 

synchronized rat 3Y1 fibroblasts[110]. MTORC1 activity, which is important for S and G2 

progression[59] and M phase entry (review in [111]), was shown to increase metabolic flux 

through the de novo purine synthesis pathway and adjusted purine nucleotide pools available for 

nucleic acid synthesis in various mouse and human cells[112]. Similarly, purine synthesis was 

stimulated by mTORC1 through activating transcription factor 4 (ATF4) in both normal and 
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cancer cells[112]. 

2.2.4.2 Subcellular localization of enzymes in the de novo purine synthesis pathway 

The six proteins that comprise the de novo purine synthesis pathway were shown to 

cluster in the cytoplasm and form a multienzyme complex known as the “purinosome” in HeLa 

cells under purine depletion[113]. Purinosome formation exhibited cell cycle dependence in 

HeLa cells cultured in purine-depleted conditions, with the highest number of cells with 

purinosomes observed during G1 phase[114]. A similar observation was made in Lesch-Nyhan 

disease (LND) fibroblast cells that are deficient in hypoxanthine/guanine phosphoribosyl 

transferase (HGPRT), an enzyme in the purine salvage pathway. However, elevated levels of 

purinosomes in S and G2/M phases were also observed, probably due to the fact that LND cells 

rely primarily on the de novo pathway to synthesize purine nucleotides[114]. 

2.2.5 Methenyltetrahydrofolate synthetase (MTHFS) 

2.2.5.1 MTHFS expression 

MTHFS catalyzes the irreversible and ATP-dependent conversion of 5-formylTHF (a 

storage form of THF cofactors) to 5,10-methenylTHF. 5-formylTHF is an inhibitor of 

SHMT[115] and AICAR transformylase[116] (an enzyme in the de novo purine synthesis 

pathway). MTHFS protein activity is inhibited by 10-formylTHF, which exists in chemical 

equilibrium with 5,10-methenylTHF[26].  

MTHFS gene expression was shown to be significantly higher in G1/S phase of the cell 

cycle in synchronized HacaT human keratinocytes[117]. Although the MTHFS gene has been 

observed to bind the transcription factor FOXM1[35], the mechanism of cell cycle regulated 

gene expression of MTHFS remains unknown.  
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2.2.5.2 MTHFS subcellular localization 

MTHFS cellular localization has been shown to be cell cycle dependent. A GFP-MTHFS 

fusion protein colocalized with purinosomes in purine-depleted media in Hela cells, suggesting 

MTHFS is a component of the purinosome[118]. It has been proposed that MTHFS delivers 10-

formylTHF cofactors to the purinosome, as MTHFS levels influence rates of de novo purine 

biosynthesis[118]. SUMOylation was shown to be necessary for localization of GFP-MTHFS to 

the purinosome. Recombinant MTHFS is modified by SUMO-1 both in vitro and in Hela cells, 

and mutation of the MTHFS SUMO1 modification sites K140 and K190 ablated the localization 

of a GFP-MTHFS fusion protein to the purinosome in HeLa cells cultured in purine-deficient 

conditions[118]. 

2.2.6 Homocysteine remethylation pathway 

2.2.6.1 Methylenetetrahydrofolate reductase (MTHFR) 

There is limited evidence for cell cycle regulation of MTHFR, an enzyme that catalyzes 

the conversion of 5,10-methyleneTHF to 5-methylTHF (a required cofactor for homocysteine 

remethylation to methionine). MTHFR is phosphorylated at T34 by CDK1/cyclin B1[119] which 

inhibits its catalytic activity and this phosphorylation peaked during mitosis in Hela cells[119].  

2.2.6.2 Methionine synthase (MTR) 

MTR is a folate- and vitamin B12-dependent enzyme that catalyzes the conversion of 

homocysteine into methionine, utilizing a methyl group from 5-methylTHF which is transferred 

to homocysteine through a methyl-cobalamin intermediate. Resting human peripheral blood 

lymphocytes do not efficiently take up vitamin B12 in the form of cobalamin (CbI); increased 

CbI uptake correlates with active cell division and DNA synthesis through increased receptor 

activity[120]. The MTR mRNA level is elevated in S phase of the cell cycle in synchronized 
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U2OS cells[35]. The lowest level of MTR activity was observed during G0 and G1 in human 

lymphoblasts[75]. Another study found MTR activity correlated with cell division and DNA 

synthesis in human lymphocytes[120].  

2.2.7 Other FOCM related enzymes and transporters 

2.2.7.1 Folate transporters 

Folates are transported into cells through membrane-bound folate receptor alpha (FR-a), 

the reduced folate carrier (RFC), and the proton-coupled folate transporter (PCFT). Folate uptake 

is closely correlated with cell growth and S-phase of the cell cycle. FR-a expression has been 

shown to be cell cycle-dependent with the highest expression levels in S-phase[121]. FR-a 

function has been observed to decrease as cellular growth slowed in JAR, Caco-2 and MA-104 

cell lines[122]. In primary human trophoblast cells, inhibition of mTORC1 or mTORC2 

markedly decreased basal folate uptake and decreased the plasma membrane expression of FR-a 

and RFC transporter isoforms without changes in global protein expression levels[123]. 

2.2.7.2 Ribonucleotide reductase 

Ribonucleotide reductase (RNR) converts ribonucleotides to deoxyribonucleotides, an 

activity that is essential for de novo dTMP synthesis by generating the precursor substrate 

dUMP. RNR consists of two subunits, RRM1 and RRM2. RRM1 protein levels remained 

constant throughout the cell cycle in bovine kidney MDBK cells[124], whereas RRM2 protein 

levels increased as cells passed from G1 to S[125]. During G2, RRM2 was degraded, which 

maintained balanced dTNP pools and genome stability[126]. RRM2 interacts with cycline F and 

its protein level is tightly controlled by two different ubiquitin ligases in the G1 and G2 phases of 

the cell cycle[127]. RNR activity is highest during S phase in eukaryotes, when the requirement 

for dNTPs is the highest (reviewed in[128]).  
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RNR gene expression has been shown to be cell cycle regulated[36]. Both Rrm1 and 

Rrm2 transcripts were very low or undetectable in G0 and G1, but increased as cells progressed 

into S phase, and then declined in G2/M phase in hydroxyurea-resistant mouse mammary tumor 

TA3 cells[129]. The regulation of RNR transcription is not well understood. Rrm1 and Rrm2 

transcription rates are invariant throughout the cell cycle in mouse thymocytes, whereas Rrm2 

mRNA levels but not Rrm1 exhibited cyclic regulation in mouse thymocytes[74]. Another study 

indicated that Rrm1 gene expression is mainly regulated at the transcriptional level during the 

cell cycle[130]. Rrm1 and Rrm2 transcription was induced by E2F1 expression in quiescent 

cells[37] and in synchronized MEFs[36]. Rrm2 expression was derepressed in G0 and G1 in 

MEFs lacking both p107 and p130, which control E2F activity[39]. S phase-specific 

transcription of the mouse Rrm2 gene is dependent on one proximal promoter repressive element 

that binds E2F4, and mutation of the E2F binding site leads to premature promoter activation in 

G1[38]. 

2.3 FOCM in the nucleus 

2.3.1 Nuclear co-localization of enzymes in the de novo dTMP synthesis pathway  

During S and G2/M phases of the cell cycle or following DNA damage, the enzymes of 

the dTMP synthesis pathway, including SHMT1, SHMT2α, TYMS, DHFR, and MTHFD1 are 

SUMOylated and translocate into the nucleus for DNA replication or repair[16]. This pathway 

forms a multienzyme complex that is associated with the nuclear lamina and other enzymes of 

the DNA replication machinery [14], [16], [19], [81]. SHMT1 and SHMT2α independently serve 

as scaffold proteins that are essential for dTMP synthesis complex formation at sites of DNA 

replication[16]. Interestingly, in BHK cells transfected with a fluorescent CAD fusion protein, a 

significant fraction of CAD translocates in the nucleus when cells enter S-phase of the cell 
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cycle[51]. The role of CAD nuclear localization remains unknown[63]. Similarly, RNR has been 

observed to localize at DNA damage sites to allow production of dNTPs at sites of DNA 

repair[131], indicating that the nucleus may synthesize thymidylate de novo completely within 

the nuclear compartment in some cells. 

The co-localization of the enzymes in the de novo dTMP synthesis pathway suggests that 

the spatial organization of the pathway enzymes play an important role in meeting cellular dTMP 

demand during DNA replication in S phase. The formation of the dTMP synthesis complex at 

sites of DNA replication potentially enables much more efficient catalysis through substrate 

channeling, which offers kinetic advantages over free diffusion of folate cofactors within the 

bulk solvent[132].  

2.3.2 Uracil-DNA glycosylases (UNG) 

Folate deficiency and impaired dTMP synthesis leads to uracil misincorporation into 

DNA and chromosome instability and breakage. Uracil-DNA glycosylases (UNG) excises uracil 

residues from DNA. Specifically, UNG cleaves the N-glycosylic bond and initiates the base-

excision repair pathway. UNG gene expression is enriched in the G1/S and G2 phases of the cell 

cycle in synchronized primary human foreskin fibroblasts[49]. 

2.4 FOCM in the mitochondria 

1C units are generated in mitochondria through catabolism of serine, glycine, histidine, 

betaine, dimethylglycine and sarcosine, and are released into the cytosol in the form of 

formate[133]. Mammalian mitochondria also contain a de novo dTMP synthesis pathway, with 

SHMT2 playing an essential role in limiting uracil misincorporation into mitochondrial DNA 

[134]. Confocal microscopy demonstrated that fluorescent fusion proteins of DHFR2 and TYMS 

localized to the mitochondria in Hela cells. Endogenous DHFR2, SHMT2 and TYMS have also 
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been shown to localize to the mitochondrial matrix and the inner membrane of the mitochondria 

in fractionated HepG2 mitochondria [134]. 

2.4.1 Methylenetetrahydrofolate dehydrogenase 2 

Methylenetetrahydrofolate dehydrogenase (MTHFD2) is a nuclear-encoded 

mitochondrial bifunctional enzyme that has methyleneTHF dehydrogenase and methenylTHF 

cyclohydrolase activities.  The multifunctional enzyme reversibly converts 5,10-methylene 

THF, 5,10-methenylTHF and 10-formyl THF. The formyl group of 10-formyl THF is liberated 

as formate, thereby generating THF via the enzyme MTHFD1L.  MTHFD2 is also found in the 

nucleus, though its function within the nucleus has not been elucidated[135].  MTHFD2 has 

recently been shown to co-localize with newly synthesized DNA in the nuclei of U251, HeLa, 

and HCT116 cells[135]. MTHFD2 gene expression is upregulated in S phase of the cell cycle in 

U2OS cells[35]. MTHFD2 expression was stimulated by mTORC1 through activating 

transcription factor 4 (ATF4) in both normal and cancer cells[112]. MTHFD2 over-expression 

also increased HCT116 proliferation rates, even when MTHFD2 lacking functional 

dehydrogenase activity was expressed[135]. This observation, taken together with the 

assumption that MTHFD2 dehydrogenase activity would be expected to decrease synthesis of 

5,10-methylene-THF (or oppose the activity of MTHFD1 dehydrogenase activity), suggests that 

the function of MTHFD2 within the nucleus is distinct from its catalytic activity. 

2.4.2 Serine hydroxymethyltransferase 2 

The SHMT2 gene encodes two transcripts, a mitochondrial SHMT2 isozyme and a 

cytoplasmic/nuclear SHMT2a isozyme. SHMT2 expression is significantly enriched in G2/M 

phase of the cell cycle in synchronized HacaT human keratinocytes[117], whereas SHMT2 

mRNA levels in MCF-7 cells did not vary during the cell cycle[136]. SHMT2 expression is 
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predicted to be regulated by transcription factor E2F and Sp1[137].  

2.4.3 Compartmentalization of folate derivatives 

Folate derivatives are compartmentalized within the cell. Mitochondria contain roughly 

40% of total cellular folate[138], [139], while the nuclear compartment contains about 10% 

cellular folate[138], leaving about 50% of cellular folate within the cytosol. Neither total cellular 

folate levels nor nuclear folate levels varied as a function of cell cycle in MCF-7 cells[50].  

Interestingly, nuclear folate levels resisted depletion during S-phase in MCF-7 cells cultured in 

folate-depleted media[50].  In mice consuming folic acid-deficient diets for six weeks there was 

a 50% decrease in liver whole-cell folate concentration compared to animals consuming control 

diets containing folic acid, but nuclear folate levels resisted depletion[50]. These data suggest 

that nuclear folate levels are maintained to protect de novo dTMP synthesis during S-phase and 

in response to folate deficiency. However, protecting nuclear folate pools and dTMP synthesis 

occurs at the expense of cytosolic folate pools and homocysteine remethylation[15]. 

2.5 Conclusions  

Nutrition and genetic epidemiological studies and /or randomized controlled trials 

implicate impaired folate status and FOCM in several pathologies, including megaloblastic 

anemia, neural tube defects (NTDs), neurodegenerative disease, and various types of cancer[3]–

[9]. However, the causal pathways and mechanisms underlying these pathologies remain unclear 

due to the interconnectedness of these pathways[132]. Key to understanding the etiology of 

folate-associated pathologies will be elucidating the regulation of the pathways within FOCM, 

and how decisions are made to partition one-carbon units and other intermediates among the 

pathways, as well as the partitioning of folate cofactors which are a limiting resource for all 

pathways[3]. Cell cycle regulation of FOCM, which is necessary considering its role in DNA 
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synthesis, provides a mechanism to ensure cellular needs are met by assigning priority to 

individual pathways within the network based on temporal needs, especially deoxyribonucleotide 

biosynthesis. Evidence for cell cycle regulation of homocysteine remethylation and 

mitochondrial one-carbon metabolism is much more limited.  

There is clear evidence that folate-dependent and folate independent purine and thymine 

deoxyribonucleotide synthesis are regulated by cell cycle.  This regulation involves both an 

increase in enzyme activity through increased expression and enzyme activity, as well as 

formation of multienzyme complexes. However, the strategies for meeting cellular demands 

differ among the pathways. Thymidylate synthesis occurs in the nucleus at sites of DNA 

synthesis, with both increased expression of the pathway and nuclear import occurring at the S 

and G2/M phases. Nuclear dTMP synthesis separates this pathway from FOCM in the cytosol, 

eliminating competition for folate cofactors with de novo purine biosynthesis and homocysteine 

remethylation, assuming that folate nuclear and cytosolic folate cofactors are not shared[50]. 

De novo purine biosynthesis and homocysteine remethylation both occur in the 

cytoplasm and are poised to compete for cofactor availability.  Both of these pathways rely on 

MTHFD1 and cellular formate to provide folate-activated 1C units. De novo purine biosynthesis 

exhibits cell cycle regulation at the level of multienzyme complex formation, but less 

information is available concerning cell cycle regulation of enzyme levels. If purinosome 

formation, which forms at G1 and extends into S phase, is critical to meet cellular purine 

nucleotide needs, this may suggest that homocysteine remethylation may be most vulnerable to 

decreased activity during times of purinosome formation.   

Understanding how metabolic decisions are made as a function of cell cycle, both in 

terms of enzyme expression and localization, will shed light on the regulation of FOCM network 
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and the role of disrupted FOCM in disease pathogenesis. 
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Chapter 3 SUMO MODIFICATION AND COMPLEX FORMATION OF DE NOVO 

THYMIDYLATE SYNTHESIS PATHWAY 

 
3.1 Introduction 

During S and G2/M phases of the cell cycle or following DNA damage, the enzymes of 

the de novo dTMP synthesis pathway, including serine hydroxymethyltransferase (SHMT1 and 

SHMT2α), thymidylate synthase (TYMS), dihydrofolate reductase (DHFR), and methylene-

tetrahydrofolate dehydrogenase 1 (MTHFD1) are SUMOylated and translocate into the nucleus 

[16], [22], [81]. The pathway forms a multienzyme complex at sites of DNA replication with the 

DNA replication and epigenetic machinery[16]. Specifically, TYMS utilizes 5,10-methyleneTHF 

(CH2F) as the methyl donor to catalyze the conversion of deoxyuridylate (dUMP) to 

deoxythymidylate (dTMP) and dihydrofolate (DHF). DHFR catalyzes the reduction of 

dihydrofolate back to tetrahydrofolate (THF). Methylene-tetrahydrofolate can be generated 

through the enzyme SHMT1 and SHMT2α using serine as one-carbon (1C) source, or through 

the enzyme MTHFD1 using formate as 1C source.  

Previous study indicates that SHMT serves as a scaffold protein that anchors de novo 

dTMP synthesis pathway as a multienzyme complex to nuclear lamina; however, no direct 

interaction was found between SHMT and TYMS or DHFR using the yeast two hybrid 

assay[16], [19]. Formation of a multienzyme complex is essential for the pathway to function, as 

nuclei purified from mouse liver disrupted by sonication lack de novo dTMP synthesis 

activity[81]. The structure of the nuclear de novo thymidylate synthesis multienzyme complex 

and the nature of the protein-protein interactions have not been characterized.  

All enzymes in de novo dTMP synthesis pathway, including SHMT, TYMS, DHFR and 

MTHFD1, as well as Lamin A, contain SUMOylation modification sites (Table 3.1) [14], [19]–
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[22]. SUMOylation is a reversible post-translational modification in which the polypeptide small 

ubiquitin-like modifier (SUMO) is covalently attached to its protein substrate. SUMO is attached 

to most substrate proteins at the lysine in a YKX(D/E) sequence, where Y is a large hydrophobic 

residue[140], although several proteins have been shown to be modified at other sites. Similar to 

ubiquitination, SUMOylation involves in three sequential enzymatic reactions, catalyzed by a 

SUMO-activating enzyme (E1), one and only SUMO-conjugating enzyme (E2) called Ubc9, and 

one of several SUMO-protein ligases (E3). The molecular consequences of SUMOylation are 

substrate specific, including subcellular localization, antagonizing other modifications such as 

ubiquitination, protein activation, interactions with other macromolecules and half-life [141]–

[143]. 

SUMOylation of SHMT1 occurred at the nuclear pore and was linked to its nuclear 

import[19]. Mutation of either SHMT1 K38 or K39 to arginine residues impaired SUMOylation 

in vitro[19]. MTHFD1 was SUMOylated in HeLa cells and MTHFD1-K223R-GFP mutant 

proteins exhibited less SUMOylation in vitro compared with MTHFD1-GFP fusion protein[22]. 

TYMS and DHFR were substrates for UBC9-catalyzed SUMOylation in vitro by SUMO1[14]. 

Mass spectrometry analysis of SUMO2-enriched peptides also identified TYMS and DHFR as 

substrates[79], [80], [144]. Despite the evidences of several lysine residues being important for 

SUMOylation modifications or possible target, the exact SUMOylation sites on enzymes of de 

novo thymidylate biosynthesis pathway remain uncharacterized.  
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Table 3.1. Summary of putative SUMO modification sites and SIMs on de novo dTMP synthesis 
pathway enzymes. Putative SUMO modification sites are derived from Eukaryotic Linear Motif 

(ELM, http://elm.eu.org/) resource and previous publications. Putative SIMs were identified 

based on structural availability.  

 

Enzyme Site Positions Source 
SHMT1 

 
SIM 

 
281-GKEILYNL-288  
346-GYKIVSGG-353  
237-AAGVVPSP-244  
410-SRGLLEKD-417  

SUMOylation K38,K39 [19] 

MTHFD1 

(C/D 

domain) 

SUMOylation 

 

K223 [22] 

K223, K245, K246 ELM 

TYMS 

 
SUMOylation 

 
K287, K292, K308 ELM 

K82,K93,K204,K209,K225,K25

3, 

K258,K274,K287,K292,K308 

[79], [80], 

[144] 

K292 [14] 

DHFR 

 

SUMOylation 

 

K81, K174 ELM 

K179 [14] 

K29,K47,K81,K99,K106,K122, 

K158,K174,K179,  

[79], [144] 

 

SUMO-interacting motifs (SIMs) mediate non-covalent interactions between SUMO and 

SIM-containing proteins. SIMs are generally characterized by a short stretch of hydrophobic 

amino acids, (V/I)X(V/I) (V/I), which are often flanked by acidic or serine residues. The 

hydrophobic core of SIMs adopts a parallel or anti-parallel b-strand conformation that interacts  

with a groove of SUMO formed by a beta sheet and part of the alpha helix[145]. One potential 

role of SIMs is to facilitate protein complex assembly and function. Evidence suggests SIMs are 

important in promyelocytic leukemia (PML) nuclear body formation by mediating recruitment 

and SUMO modification of PML body resident proteins[141].  

It is possible that enzymes in de novo thymidylate biosynthesis pathway contain multiple 

SIMs that allow non-covalently interactions with SUMO modifications that facilitate complex 

formation (Table 3.1). We hypothesized that a combination of SUMO modifications and SIMs of 
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de novo dTMP synthesis pathway enzymes enables protein-protein interactions and establish a 

scaffold for the complex. To gain structural insight of de novo dTMP synthesis complex and 

characterize the interactions among the enzymes, SUMO1 modified proteins of de novo dTMP 

synthesis pathway were purified from bacterial lines in which SUMO1 as well as SUMO-

activating and -conjugating enzymes are expressed. SUMO1 modification sites on enzymes of de 

novo dTMP synthesis pathway were identified by mass spectrometry analysis. Protein-protein 

interactions among enzymes were identified by cross-linking/mass spectrometry (XL/MS) using 

disuccinimido sulfoxide (DSSO) and disuccinimido dibutyric urea (DSBU). DSSO and DSBU 

are MS-cleavable crosslinkers that contain amine-reactive N-hydroxysuccinimide (NHS) esters 

that react with primary amine groups to form stable amide bonds. The ability to cleave 

crosslinked peptide during MS/MS considerably facilitates peptide sequencing using traditional 

database search engines. 

 

Table 3.2. The SHMT1, TYMS, and MTHFD1 (C/D domain) cDNA were amplified by PCR using 
the primers listed. 

Gene  Restriction Enzyme Primer Sequence 
SHMT1 Forward ECOR1 5’ gtagatgaattctaatgacgatgccagtcaacg 3’ 

Reverse Hind3 5’ gcagctaagcttttagaagtcaggcaggcc 3’ 
MTHFD1 (C/D 

domain) 

Forward Sma1 5’ atatatcccgggaatggcgccagcagaaat 3’ 
Reverse Hind3 5’ gcagctaagcttctaaatcatccactttcctg 3’ 

TYMS Forward Sma1 5’ atatatcccgggaatgcctgtggccggct 3’    
Reverse Hind3 5’ gcggctaagcttctaaacagccatttccat 3’ 

 

3.2 Methods 

Plasmid construction 

pE1-E2-His-SU1 vector was generously provided by Dr. Guillaume Bossis, Institute of 

Molecular Genetics of Montpellier, France. pCMV6-AC-TYMS-GFP, phiYEP-SHMT1 and 
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pET28-MTHFD1C/D were previously described [15], [16]. The SHMT1, TYMS, and MTHFD1 

(C/D domain) cDNA were amplified by PCR and cloned into pCAL-n vector (Agilent) (Table 

3.2). All DNA constructs were verified by DNA sequencing. 

Protein expression and purification 

Purification of DHFR was previously described[14]. SUMO1 modified proteins of de 

novo thymidylate synthesis pathway were purified using previously published protocols[146] 

with modifications. Briefly, BL21(DE3) competent bacteria (Invitrogen) were transformed with 

both pE1-D2-His-SU1 and pCAL-target plasmids. The transformed bacteria were plated on LB-

agar plates with chloramphenicol and ampicillin. One colony was then picked up and grown 

overnight in 5mL of Luria-Bertani Broth (Research Products international) supplemented with 

antibiotics. The preculture was then diluted in 1L of terrific broth (Research Products 

international) with antibiotics and grown with agitation at 37°C until the OD reached 0.6-0.8. 

Pyridoxine was added to the culture for expression of SHMT1. Protein expression was induced 

by adding 500uM IPTG for 8hr at 25°C. The bacteria were harvested by centrifugation at 4°C 

and pellet was resuspended in 30 mL of B-PER (ThermoFisher), 1:100 diluted Protease Inhibitor 

Mixture (Sigma), lysozyme (1mg/mL) and 10mM β-mercaptoethanol.  

Calmodulin affinity resin (Agilent) was equilibrated 3 times with binding buffer (50 mM 

Tris, pH 8, 150 mM NaCl, 10 mM β-mercaptoethanol, 1 mM magnesium acetate, 1 mM 

imidazole and 2 mM CaCl2). The resuspended pellets were sonicated before centrifugation. The 

supernatant was collected and incubated with the equilibrated resin for 30 min at 4°C using 

overhead rotation. The resin was washed 5 times with binding buffer. Proteins of interest were 

eluted with 50 mM HEPES, pH 7.2, 150 mM NaCl, and 2 mM EGTA. Pyridoxal phosphate 

(PLP) was added to buffers for purification of SHMT1 as it is a PLP-dependent enzyme. 
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Chemical cross-linking with DSSO and DSBU 

SUMO and SIMs interact with medium to low affinity with dissociation constants in the 

range 1-100µM[147]. Based on this information, 3nmol SHMT1, 1.5nmol TYMS, 1.5nmol 

MTHFD1(C/D domain), and 1.5nmol DHFR were incubated in 250µl cross-linking buffer 

containing 50mM HEPES, pH 7.2, 150 mM NaCl. Cross-linking reactions were also performed 

with 5nmol TYMS and 5nmol DHFR incubated in 250µl cross-linking buffer. Before the cross-

linking reaction, the optimal concentration of DSSO and DSBU cross-linking reagent for the in 

vitro assembled de novo thymidylate protein complex were determined (Figure 3.1 & 3.2). Based 

on titration results, DSSO (50 mM stock solution in DMSO, Thermoscientific) was added to the 

protein solution to a final concentration of 175 µM. Similarly, DSBU (50 mM stock solution in 

DMSO, Thermoscientific) was added to the protein solution to a final concentration of 25 µM or 

500 µM. The cross-linking reaction was incubated at 25°C for 30min. The cross-linking reaction 

was stopped by adding Tris-HCl pH 8.0 to a final concentration of 20 mM and incubated at 25°C 

for 10 min. DSSO cross-linked protein samples were subjected to in-solution digestion, and 

DSBU cross-linked protein samples were subjected to both in-solution digestion and SDS-PAGE 

followed by in-gel digestion prior to MS analysis. The cross-linked proteins were digested with 

trypsin or double-digested with trypsin and chymotrypsin. 

Fractionation of cross-linked peptides by strong cation exchange (SCX) 

SCX fractionation was performed on an UltiMate 3000 HPLC (Dionex, Sunnyvale, CA 

USA) using a PolySULFOETHYL A column 5um, 200Å, 2.1 x 200mm (PolyLC, Columbia, 

MD USA) with 10mM potassium phosphate monobasic in 25% ACN pH = 3.0 as buffer A and 

10mM potassium phosphate monobasic /0.5M potassium chloride in 25% ACN pH = 3.0 as 

buffer B.  All eluents were vacuum filtered through a 0.22um Durapore GV membrane (EMD 
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Millipore Corporation, Billerica, MA USA) and stored at 4° C until use.  Sample (1 mg of 

digests) was reconstituted in 25% acetonitrile (ACN)/0.1% formic acid (FA) (v/v) (Optima 

LC/MS grade – Fisher Chemical, Fair Lawn, NJ USA) and filtered through a Costar Spin-X 

0.22um cellulose acetate centrifuge tube filter (Corning Incorporated, Corning, NY USA), 

following the manufacturer’s recommended protocol, prior to injection. The LC was performed 

using a gradient from 5-60% of buffer B in 40 min and 60-100% B in additional 10 min at a flow 

rate 200 µL/min.  Sixty fractions were collected using 96 well plates (400ul capacity/well) at 1 

min intervals monitored by UV absorbance at 220nm and 280nm, pooled into 25 fractions 

(ranged from 23 min to 60 min).   

All 25 samples were desalted using SOLA HRP 10mg/ml cartridges (Thermo # 60109-

001). Cartridges were conditioned with 90% methanol, 0.1% TFA, and then equilibrated with 

0.1% TFA. Samples were dried to dryness in speed vacuum then reconstituted in 500 ul 0.1% 

TFA. Reconstituted samples were applied to the equilibrated cartridges and washed with 0.1% 

TFA.  Peptides were eluted with two washes of 500ul of 50% ACN, 0.1% TFA (final volume = 

1.0 ml). Eluted peptides were dried to dryness in speed vacuum and stored at -20C until LC 

MS/MS analysis.   

NanoLC-MS/MS analysis 

Peptides and cross-linked peptides were analyzed using an UltiMate3000 RSLCnano 

(Dionex, Sunnyvale, CA) coupled to an Orbitrap Fusion (Thermo-Fisher Scientific, San Jose, 

CA) mass spectrometer equipped with a nanospray Flex Ion Source. Each sample was loaded 

onto an Acclaim PepMap 100 C18 trap column (5 µm, 100 µm x 20 mm, 100 Å, Thermo Fisher 

Scientific) at 20 µL/min of 0.5% FA. After 3 minutes, the valve switched to allow peptides to be 

separated on an Acclaim PepMap C18 nano column (3 µm, 75µm x 25cm, Thermo Fisher 
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Scientific), in a 120 min gradient of 5% to 40% B at 300 nL/min.  

The Orbitrap Fusion was operating in positive ion mode with nano spray voltage set at 

1.7 kV and source temperature at 275 °C. External calibration for FT, IT and quadrupole mass 

analyzers was performed prior to the analysis. Samples were analyzed using CID–MS2–MS3 

workflow, in which peptides with charge states 4–10 were selected for CID MS2 acquisitions in 

Orbitrap analyzer with a resolution of 30,000 and an AGC target of 5 × 10
4
.  MS scan range 

was set to 375–1575 m/z and resolution was set to 60,000. The precursor isolation width was 1.6 

m/z and the maximum injection time was 100 ms. The CID MS2 normalized collision energy 

was set to 25%. Targeted mass-difference-dependent CID–MS3 spectra were triggered for 

acquisition in the ion trap with CID collision energy of 35%; AGC target of 2 × 10
4
 when a 

unique mass difference (Δ=31.9721 Da) was observed in the CID–MS2 spectrum. MS2 isolation 

window of 3 m/z with the maximum injection time set to 100 ms. All data were acquired under 

Xcalibur 3.0 operation software and Orbitrap Fusion Tune Application v. 2.1 (Thermo-Fisher 

Scientific).  

Data processing, protein identification and data analysis  

The precursors (MS) was isolated and fragmented (MS2), followed by selection and 

fragmentation of fragment peaks originating from the cross-linked peptide pair (MS3). All MS, 

MS2 and MS3 raw spectra from each sample were searched using Proteome Discoverer 2.2 

(Thermo-Fisher Scientific, San Jose, CA) with XlinkX v2.0 algorithm for identification of cross 

linked peptides. The search parameters were as follow: three missed cleavages for full trypsin 

digestion or double digestion with fixed carbamidomethyl modification of cysteine, variable 

modifications of methionine oxidation, DSSO tris and DSSO hydrolyzed for lysine.  The 

peptide mass tolerance was 10 ppm, and MS2 and MS3 fragment mass tolerance was 20 ppm 
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and 0.05 Da, respectively. For Xlink identification, the precursor mass tolerance was 10ppm and 

the fragment mass tolerance was 0.5Da for ITMS and 20ppm for FTMS. Bos Taurus NCBI 

refseq 2019 with added targeted protein sequences was used for PD 2.2 database search with 1% 

FDR for report of cross-link results. In addition, the search was also performed using the full 

sequences of the proteins including the recombinant tags. Identified xlinked peptides were 

filtered for Max. XlinkX Score >20 containing at least two identified MS3 spectra for each pair 

of xlinked peptides. Results of the search with were exported by the software as a spreadsheet. 

3.3 Results 

Expression and purification of SUMOylated proteins in de novo dTMP synthesis pathway 

using Escherichia coli. 

Purification of endogenous SUMOylated proteins remains challenging. Most proteins 

subjected to SUMOylation appear to be modified at a small percentage at steady state[142]. In 

addition, SUMOylation is dynamic and subject to de-SUMOylating by SUMO proteases. 

Previously, an expression/modification system was developed to purify large amounts of 

SUMOylated proteins using Escherichia coli modified to express His-tagged human SUMO1 as 

well as the SUMO-activating and -conjugating enzymes[146], [148]. Here, we purified SUMO1-

conjugated SHMT1, TYMS, and MTHFD1 (C/D domain) with a modified version of the 

previous purification system. Specifically, proteins of de novo thymidylate synthesis pathway 

were conjugated to CBP tag and purified with calmodulin affinity resin. The purified protein was 

a mixture of SUMOylated and non-SUMOylated target. Under native conditions, SHMT1, 

TYMS and MTHFD1 exist in the form of dimers or tetramers. It was technically challenging to 

further separate SUMOylated proteins from the non-SUMOylated proteins. 
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Identification of SUMOylation sites on enzymes of the de novo thymidylate biosynthesis 

pathway 

To identify sites of SUMOylation, purified SUMOylated proteins were resolved by SDS-

PAGE followed by in-gel digestion. SHMT1 and TYMS were digested by Trypsin and Glu-C. 

MTHFD1 (C/D domain) was digested by Trypsin and Chymotrypsin. Mass spectrometry 

analysis confirmed that K38 on SHMT1 and K223 on MTHFD1 were SUMOylated. Several 

novel SOMUylation sites were also identified, including K72 on SHMT1, K308 on TYMS, and 

multiple sites on MTHFD1 C/D domain (Table 3.3). 

 

Table 3.3. Identification of SUMOylation site on enzymes in the de novo thymidylate biosynthesis 
pathway. 

Protein SUMOylation site 
MTHFD1 (C/D domain) K83, K175, K223, K245/K246, K262, K250 
SHMT1 K38, K72 
TYMS K308 
 

In Vitro XL-MS analysis of de novo thymidylate biosynthesis complex 

To define the spatial arrangement of the de novo thymidylate biosynthesis complex, XL-

MS were performed on protein complexes assembled in vitro. Protein mixtures were cross-linked 

with either disuccinimido sulfoxide (DSSO) or disuccinimido dibutyric urea (DSBU). A titration 

of the cross-linking reagent DSSO or DSBU was performed to select the optimal concentration 

for each cross-linking reaction (Figure 3.1 & 3.2). XL-MS experiment was also performed using 

bovine serum albumin (BSA) as a positive control. The cross-linked proteins were analyzed by 

mass spectrometry. Unfortunately, only intra-crosslinked peptides were identified (Table 3.4). 
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Figure 3.1. Optimization of DSSO cross-linking reaction conditions by titration. Different 

aliquots of protein mixtures were cross-linked with a range of DSSO concentrations. Proteins 

were separated by SDS-PAGE and stained with Coomassie Blue. (A & B) Lane 1, protein 

markers. Lane 2 and 8 correspond to the experiments when no DSSO was added. For lane 3-6 

and 9-12, DSSO was added at increasing concentrations to mixtures of all four proteins, and 

mixtures of only TYMS and DHFR, respectively. 
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Figure 3.2. Optimization of DSBU cross-linking reaction conditions by titration. Different 

aliquots of protein mixtures were cross-linked with a range of DSBU concentrations. Proteins 

were separated by SDS-PAGE and stained with Coomassie Blue. Lane 1, protein markers. Lane 

2, 4 and 10 correspond to the experiments when no DSBU was added. Lane 3 correspond to BSA 

cross-linking experiment with 1mM DSBU concentration. For lane 5-9 and 11-15, DSBU was 

added at increasing concentrations to mixtures of all four proteins, and mixtures of only TYMS 

and DHFR, respectively. 
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Table 3.4. Cross-linked lysine pairs identified among proteins in de novo thymidylate biosynthesis pathway by XL-MS. 
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3.4 Discussion 

Previous studies in our lab suggested that K38/K39 on SHMT1 and K221 on MTHFD1 

were likely to be SUMOylated[19], [22]. This study confirmed that K38 on SHMT1 and K223 

on MTHFD1 are SUMOylated using mass spectrometry. In addition, we identified multiple 

novel SUMO1 modification sites on proteins of de novo thymidylate synthesis pathway, 

including K72 on SHMT1, K308 on TYMS, and K83, K175, K245/K246, K262, K250 on 

MTHFD1 (C/D domain). A previous In vitro SUMOylation study indicated that DHFR is a 

substrate for UBC9-catalyzed SUMOylation in by SUMO1[14]. However, the percentage of 

SUMOylated DHFR produced in bacterial lines was too small to be purified and separated by 

SDS-PAGE for mass spectrometry analysis. 

We hypothesized that complex formation of de novo dTMP synthesis pathway is 

mediated through multiple SUMO-SIM interactions among the enzymes. However, XL/MS 

analysis of DSSO and DSBU cross-linked in vitro assembled de novo dTMP biosynthesis 

complex only showed intra crosslinks and no inter crosslinks. Several limitations of this study 

could possibly explain why only intra crosslinks were identified. Firstly, DHFR protein used to 

assemble de novo thymidylate synthesis complex in vitro for XL/MS was not SUMOylated. The 

affinity between SUMO and SIMs is in the high micromolar range[142], meaning that additional 

contacts between the SUMOylated protein and its binding partner or multiple SUMO-SIMs 

interactions are needed for interaction in occur. Secondly, SHMTs are tetrameric proteins. 

DHFR, TYMS and MTHFD1 function as dimers. It was technically difficult to separate SUMO1 

modified proteins from non-SUMOylated proteins during protein purification. The proteins used 

for cross-linking reactions were a mixture of SUMOylated and non-SUMOylated proteins, and 

the percentage of SUMOylated proteins in the mixture could be lower than the percentage of 
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endogenous SUMOylated proteins in the nucleus. Thirdly, both DSSO and DSBU react mainly 

with lysine residues. It is likely that there is not a sufficient number of lysine residues accessible 

for cross-linking where proteins of the de novo dTMP synthesis pathway are interacting. The 

length of spacer arm of DSSO and DSBU may also limit cross-linking reactions. Several novel 

MS-cleavable crosslinkers have been developing and are promising for future studies. One of 

them is Phospho-bisvinylsulfone (pBVS), a recently developed MS-cleavable cross-linker that 

targets multiple types of amino acid residues, including cysteine, lysine and histidine[149]. 

Lastly, de novo dTMP synthesis complex used for cross-linking reactions was assembled in vitro 

that may not be ideal for protein interactions. These proteins likely lack other post-translational 

modifications that are crucial for protein-protein interactions. For example, CK2 regulated 

phosphorylation adjacent to the hydrophobic core of SIM has been shown to mediate SUMO-

SIM interaction[150].  

Apart from facilitating enzyme complex formation through SUMO-SIM interactions, 

there are other possible roles that SUMO modification plays in the de novo thymidylate 

biosynthesis pathway. SUMO modifications of de novo thymidylate synthesis enzymes may 

change enzymatic activities or affect the protein interactions with other cellular proteins. 

Evidence suggest that SUMO modification facilitates nuclear import of the de novo thymidylate 

synthesis enzymes during S-phase of the cell cycle. A previous study in our lab showed that 

SUMOylation of SHMT1 occurred at the nuclear pore and was linked to its nuclear import [19]. 

K38R/K39R SHMT1 mutants were not substrates for Ubc9-mediated SUMOylation and were 

not translocated to the nucleus during S-phase[19]. SUMO modification of MTHFD1 was crucial 

for its nuclear translocation during S-Phase of the cell cycle in HeLa cells[22]. The MTHFD1-

K223R-GFP mutant protein exhibited impaired nuclear translocation in S-phase blocked cells 
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and less in vitro SUMOylation compared with MTHFD1-GFP fusion protein[22]. It is possible 

that SUMO modifications of DHFR and TYMS have similar effect on protein nuclear 

translocation. The compartmentalization of de novo thymidylate synthesis pathway during S-

phase is advantageous for cells that require increased amount of dTMP for DNA replication.  

In cells, the total concentration of folate-dependent enzymes exceeds the total cellular 

concentration of folate[13]. The regulation of the partitioning of limited amount of folate 

cofactors among the pathways that constitute the FOCM network is crucial, especially under 

folate deficiency or other types of cellular stresses. The nuclear localization of de novo 

thymidylate synthesis pathway helps compete for methylene-tetrahydrofoalte from homocysteine 

remethylation, which occurs in the cytosol[16].  

In conclusion, our study identified multiple SUMOylation sites on enzymes of the de 

novo dTMP biosynthesis pathway. Only intra crosslinks were identified from XL-MS analysis of 

in vitro assembled de novo dTMP synthesis complex using DSSO and DSBU as cross-linking 

reagents. Further investigations are needed to characterize the spatial structure of the de novo 

dTMP synthesis complex and the underlying mechanism of the protein-protein interactions. 
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Abstract: 

Mammalian folate-mediated one-carbon metabolism (FOCM) in the cytosol is a highly 

interconnected network of metabolic pathways that synthesize purine bases and thymidylate 

(dTMP), and remethylate homocysteine to methionine. Simulations from a previously published 

hybrid-stochastic model of FOCM indicated that rates of de novo dTMP synthesis in the cytosol 

are insufficient to produce adequate dTMP for DNA synthesis during S-phase. Recent 

experimental evidence indicates that de novo dTMP synthesis occurs within the nuclear 

compartment specifically at sites of DNA replication to prevent uracil misincorporation 

into DNA. The existing hybrid-stochastic FOCM model has been extended to include 

the nuclear compartment in order to explore its effect on the FOCM network, with emphasis on 

rates of de novo dTMP biosynthesis. In addition, a key aspect of nuclear FOCM is the 

formation of a multienzyme complex, which permits folate channeling among the 

active sites of the involved enzymes. Both nuclear complex formation and substrate 

channeling are taken into account in this extended model and computational 

simulations highlight their importance for meeting cellular needs for genome 

replication. In silico experiments provide insight into the contribution of cytosolic and 

nuclear dTMP synthesis to overall dTMP synthesis. Moreover, model simulations 

provide evidence that the network is most sensitive to expression levels of TYMS and 

DHFR, and that folate partitioning between the cytosol and the nucleus plays an 

important role in cellular dTMP synthesis capacity. 

4.1 Introduction 

Folate-mediated one-carbon metabolism (FOCM, for a list of the abbreviations 

refer to Table 4.1) is required for the de novo synthesis of three of the four DNA bases 

and the remethylation of methionine (MET) to homocysteine (HCY) [151]. In the 



 

51 

interconnected metabolic network, folate serves as one-carbon carrier and donor for 

biochemical reactions associated with the anabolic pathways[17]. FOCM plays an 

essential role for genome stability and methylation[1], and disruption of the network can 

be caused by genetic and/or nutritional factors, including genetic variants of the required 

enzymes or folate and vitamin B12 deficiency[2]. Impairment of FOCM is associated 

with the pathogenesis of neural tube defects, neurodegenerative diseases and cancer[152], 

[153]. 

In the cytosol, FOCM is required for the de novo nucleotide biosynthesis of purines and 

thymidylate (dTMP), as well as for HCY remethylation to MET, which is catalyzed by the 

vitamin B12-dependent enzyme methionine synthase (MTR) (Figure 4.1). The enzymes that 

comprise the de novo purine biosynthesis pathway form a multienzyme complex referred to as 

the “purinosome” that forms during purine-deficient conditions[154]. Other studies demonstrate 

that FOCM also occurs in the nucleus at the site of DNA synthesis[18], [81], [155]. The 

enzymes present in the nucleus include serine hydroxymethyltransferase (SHMT), dihydrofolate 

reductase (DHFR), methylenetetrahydrofolate dehydrogenase 1 (MTHFD1), 

methenyltetrahydrofolate synthase (MTHFS) and thymidylate synthase (TYMS). The required 

co-factor for dTMP synthesis, 5,10-methyleneTHF (CH2F), is independently generated by 

SHMT and MTHFD1 using serine and formate as one-carbon sources, respectively. TYMS 

utilizes CH2F as a co-factor to catalyze the conversion of dUMP to dTMP and dihydrofolate 

(DHF). DHFR reduces DHF to THF in a NADPH-dependent reaction, regenerating the 

THF cofactor.  In mammalian cells, a fraction of the enzymes involved in dTMP 

synthesis translocate to the nuclear compartment during S-phase of the cell cycle or in 

response to DNA damage after undergoing post-translational modification by the small 

ubiquitin like modifier (SUMO) protein[14], [15]. Nuclear enzymes involved in the de 
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novo  dTMP synthesis pathway form a multienzyme complex, which is associated with the  

nuclear lamina and with the replication and epigenetic machinery[16]. Experimental 

observations show that SHMT acts as essential scaffold protein that anchors this 

multienzyme complex to nuclear lamina[16], [18]. Formation of the nuclear enzyme 

complex appears to be essential for the functioning of de novo dTMP synthesis, as 

previous studies have demonstrated that dTMP synthesis activity in isolated nuclei is 

reduced following sonication[16]. Furthermore, nuclear metabolic complex formation 

may allow for channeling of folate polyglutamate cofactors among enzyme active sites, 

limiting substrate diffusion and accelerating enzymatic reaction rates[17]. Interestingly, 

the formation of a multienzyme complex and resulting substrate channeling seems to be 

unique to mammalian cells[155]. Folate deficiency, anti-folate treatment or impaired 

assembly of the multienzyme complex responsible for nuclear de novo dTMP synthesis 

can lead to depressed dTMP biosynthesis activity and consequently to elevated uracil 

incorporation in DNA[1], [12], [13]. During DNA synthesis, either dTTP or dUTP can 

basepair with an adenine nucleotide base on the template strand;  u racil 

misincorporation into DNA increases when dTMP becomes limiting. Therefore, adequate 

intracellular concentrations of folate and proper assembly of the dTMP synthesis pathway 

are important for genome stability. 

Previously, we have reported the development of a hybrid stochastic model of 

FOCM that faithfully reflected experimental and clinical studies of FOCM functioning.  

We have shown that low levels of folate and the common C677T MTHFR polymorphism 

affect cytosolic de novo dTMP synthesis[132] whereas impairment of the 5-

formyltetrahydrofolate (5fTHF) futile cycle introduced by decreased MTHFS activity is 

mainly associated to loss in purine synthesis activity[156]. The simulations also 
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indicate that de novo dTMP synthesis rates in the cytosol are insufficient to support 

DNA synthesis during S-phase[132].  Here, we extend the computational model of 

FOCM described previously by including its compartmentalization to the nucleus and 

by accounting for the kinetic effects of multienzyme complex formation. In silico 

experiments with the multi-compartmental model allow us to better understand the 

impact of enzyme complex formation and substrate channeling on overall network 

outcomes with a special focus on de novo dTMP synthesis activity. Furthermore, 

sensitivity analysis was conducted throughout the network to identify the impact of 

changes in the expression of individual enzymes on the overall functioning of FOCM. 
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Table 4.1. List of Abbreviations and acronyms. 

5fTHF 5-formyl tetrahydrofolate 
5mTHF 5-methyl tetrahydrofolate 
10fTHF 10-formyltetrahydrofolate  
AICAR 5-Aminoimidazole-4-carboxamide ribonucleotide 
AICARFT Phosphoribosylaminoimidazolecarboxamide formyltransferase 
BHMT Betaine-homocysteine methyltransferase 
CHF 5,10-methenyltetrahydrofolate 
CH2F 5,10-methylenetetrahydrofolate 
DHF Dihydrofolate 
DHFR Dihydrofolate reductase 
DNMT DNA methyltransferase 
dUMP Deoxyuridine monophosphate 
dTMP Deoxythymidine monophosphate 
FOCM Folate-mediated one-carbon metabolism 
FTD 10-formyltetrahydrofolate dehydrogenase 
FTS Formate-tetrahydrofolate ligase 
GAR Glycinamide ribonucleotide 
GNMT Glycine N-methyltransferase 
HCY Homocysteine 
MAT-I Methionine adenosyltransferase 1 
MAT-III Methionine adenosyltransferase 3 
MET Methionine 
MTCH Methenyltetrahydrofolate cyclohydrolase 
MTD Methylenetetrahydrofolate dehydrogenase 
MTHFD Methylenetetrahydrofolate dehydrogenase 
MTHFR Methylenetetrahydrofolate reductase 
MTHFS Methenyltetrahydrofolate synthetase 
MTR Methionine synthase 
NADP+ Nicotinamide adenine dinucleotide phosphate 
NADPH Reduced form of Nicotinamide adenine dinucleotide phosphate 
PGT Phosphoribosylglycinamide formyltransferase 
THF Tetrahydrofolate 
TYMS Thymidylate synthase 
SAH S-adenosyl-homocysteine 
SAHH S-adenosylhomocysteine hydrolase 
SAM S-adenosyl-methionine 
SHMT Serine Hydroxymethyltransferase 
 

 

 



 

55 

 
Figure 4.1. Folate-mediated one-carbon metabolism. The reaction-based specification of the 
model including the cytosolic and nuclear compartment according to the notation introduced 
previously[132]. Orange rectangles identify model variables, non-boxed substrates are model 
constants, green circles identify enzymes, dark blue arcs identify matter transformation, and light 
blue arcs identify regulatory events (dotted lines indicate activations and solid lines indicate 
inhibitions). 
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4.2 Materials and Methods 

Description of the model 

The results presented herein are based on an extension of the computational model of 

FOCM in the cytosol described previously[132], [156]. This model provides a description of 

FOCM in the cytosol including its regulation of key biological processes related to de novo 

dTMP synthesis, de novo purine synthesis and remethylation of homocysteine to methionine.  

With respect to the initial model, the model herein employed has been extended to include the 

folate-mediated reactions occurring in the nuclear compartment (Figure 4.1, Table 4.2, 4.4, & 

4.5). The model consists of 36 reversible and irreversible reactions, most of which have been 

parametrized by means of Michaelis-Menten kinetics with one or two substrates as described 

previously[156]. The parameter estimates for the folate cycle can be found in the Table 4.2, 

whereas the parameter estimates for the reactions related to the remethylation of methionine 

were as previously reported[156]. Whenever possible, physiologically relevant forms of folate 

polyglutamate cofactors in the nucleus have been considered, in agreement with the cytosolic 

model (Table 4.4). In the following we describe the technical procedure we applied to update 

the cytosolic model described previously[156] by including the nuclear compartment. 

Updating the cytosolic compartment 

The cytosolic model[156] was extended to account for enzyme translocation to the 

nucleus. The enzymes SHMT, MTHFD1 (trifunctional enzyme encoded as FTS, MTD and 

MTCH activities), DHFR, TYMS and MTHFS have been considered as variables that can 

change in time (some of them were encoded in the Michaelis-Menten constants in the previous 

model). Due to this, the Michaelis-Menten kinetics of the reactions catalyzed by the enzymes 

MTHFD1, DHFR and TYMS were updated to consider the turnover number and the enzyme 
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concentration in place of the Vmax value, considering the relation Vmax = kcat · [Enzyme]. 

 

 
Table 4.2. Parameter estimates for the extended model including cytoplasmic and nuclear 
FOCM grouped by reactions. All concentrations are expressed in µm, while time is expressed in 
hours. The parameter estimates have been calculated by scaling the respective cytoplasmic 
values to the nuclear volume. The estimates for the reactions forming the remethylation of 
homocysteine cycle are listed in Table 4.3. 

 
Parameter Metabolite Value 

cytoplasm nucleus 
Cell line Reference 

Volume 9.4 ·1013 2.2 ·1013 HeLa [164] 

  RAICARFT : 10fTHF → THF  

Vmax  63350 MCF-7 [165] 

Km 10fTHF 0.3 Human leukemia [166] 
Km AICAR 16.8 Human purH [167] 
Ki 5fTHF 3 [116] 

  RDHFR : DHF → THF  

kcat  36000 36000 Human [168] 

Km DHF 0.5 2.14 L1210 [169] 

Km NADPH 4.3 18.37 L1210 [169] 

  RFTS : THF → 10fTHF  

kcat  5100 5100 L1210 [170] 

Km THF 0.1 0.43 L1210 [170] 

Km formate 16 68.36 L1210 [170] 

  RMTCH : CHF → 10fTHF  

kcat  324000 324000 L1210 [170] 
Km CHF 4 17.09 L1210 [170] 

 

          RMTCH : 10fTHF → CHF 
 

kcat  324000 324000 L1210 [170] 
Km 10fTHF 20 85.45 L1210 [170] 

 

                                 to continue on next page . . . 
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  Table 4.2 continued 
Parameter Metabolite Value 

cytoplasm nucleus 
Cell line Reference 

  RMTD : CHF → CH2F  

kcat  66000 66000 L1210 [170] 

Km CHF 6.3 26.92 Human DC301 [196] 
Km NADPH 10.5 44.86 Human DC301 [196] 

  RMTD : CH2F → CHF  

kcat  66000 66000 L1210 [170] 

Km CH2F 2 8.55 L1210 [170] 

Km NADP+ 2 8.55 L1201 [170] 

  RMTHFR : CH2F → 5mTHF  

Vmax  120 Pig liver [171] 
Km CH2F 0.26 Pig liver [171] 
Km NADPH 125 Pig liver [171] 

  RMTHFS : 5fTHF → CHF  

kcat  5400 5400 [26] 

Km 5fTHF 0.2 0.85 [26] 

Ki 10fTHF 0.015 0.64 [26] 

  RMTR : 5mTHF + HCY → THF + MET  

Vmax  26 Estimated in the 
range  0.024 [171]- 

   50 [172] µM/h 
Km 5mTHF 0.5 Pig liver [171] 
Km HCY 0.1 [173] 

  RPGT : 10fTHF → THF  

Vmax  6600 [173] 

Km 10fTHF 0.9 human [174] 

Km GAR 1.1 human [174] 

  RSHMT : THF → CH2F  

kcat  18000 18000 L1210 [170] 

Km Serine 600 2563.6 L1210 [170] 

Km THF 0.2 0.85 L1210 [170] 

 

           RSHMT : CH2F → THF 

                                    to continue on next page . . . 
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 Table 4.2 continued 
Parameter Metabolite Value 

cytoplasm nucleus 
Cell line Reference 

 
 

 

 

 
 

 

 

 
 

 

 
 
 
 
 
 

  

kcat  45000 45000 Rabbit liver [190]    
Km Glycine 3000 12818 L1210 [170] 

Km CH2F 0.2 0.85 L1210 [170] 

  RSHMT : CHF → 5fTHF  

kcat  198 198 [191] 

Km CHF 40 170.9 [191] 

  RTYMS : CH2F → DHF  

kcat  11196 11196 Human [192] 

Km CH2F 4.3 18.37 Human colon [193] 
Km dUMP 3.6 15.38 Human colon [193] 

(un-)binding of 5mTHF and SHMT 

kunbinding 1980 1980 Rabbit liver [27] 
kD 0.4 1.71 Rabbit liver [27] 
kbinding 4950 1158 Rabbit liver  

 
 

(un-)binding of 5fTHF and SHMT 

kunbinding 144 144 Rabbit liver [27] 
kD 0.2 0.85 Rabbit liver [27] 
kbinding 720 169 Rabbit liver  
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Table 4.3. Model parameter estimates for the homocysteine remethylation cycle grouped by 
reactions. All concentrations are expressed in μm, while time is expressed in hours. 

Parameter Metabolite Value Reference 
  RBHMT : HCY → MET   
Vmax  2160 [172] 
Km HCY 12 [172] 
Km Betaine 100        [172] 
  RDNMT : SAM → SAH   
Vmax  180 [172] 
Km SAM 1.4 [172] 

Ki Inhibition by SAH 1.4 
       [172] 

  RGNMT : SAM → SAH   
Vmax  245 [172] 
Km SAM 32 [172] 
Km Glycine 130 [172] 

Ki Inhibition by SAH 18 
       [172] 

  RMAT−I : MET → SAM   
Vmax  260 [172] 
Km MET 41        [172] 
  RMAT−III : MET → SAM   
Vmax  220 [172] 
Km MET 300 [172] 

Ka Activation by SAM 360 
       [172] 

  RSAHH : SAH → HCY   
Vmax  320 [172] 
Km SAH 6.5        [172] 
  RSAHH : HCY → SAH   
Vmax  4530 [172] 
Km HCY 150        [172] 

 
 



 

61 

Table 4.4. Steady state fluxes for all model reactions (in µm/h). 

 



 

62 

Table 4.5. Steady state concentration (in μm) and steady state distribution of folate (in 
percentage of total folate per compartment) of the cytoplasm and nucleus. 

 

Adding the nucleus 

The inclusion of the nuclear compartment and its interplay with the cytosol is the main 

novelty of the model herein presented. The nucleus has been modeled to account for the folate-

dependent reactions catalyzed by the enzymes MTHFD1, SHMT, DHFR, TYMS and MTHFS 

and consists of 17 variables and 16 (reversible and irreversible) reactions, as indicated in Figure 

4.1 and Table 4.5. The nuclear stoichiometry and regulation of these reactions have been 

inherited from their counterparts in the cytosol, while model parameters have been derived as 

explained in the following. Furthermore, the model has been developed to account for 

observations that the four enzymes, MTHFD1, SHMT, DHFR and TYMS, form a multi-enzyme 
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complex when they translocate to the nucleus[50]. This complex has the proposed structure 1: 

TYMS, 1: DHFR, 1: MTHFD1, 2: SHMT and allows for substrate channeling[17], which was 

modeled as explained in the following. 

Translocation of the de novo thymidylate synthesis pathway to the nucleus 

The translocation of enzymes and metabolites to the nucleus has been modeled by an 

abstract function representing the SUMO-dependent nuclear import process according to 

experimental results[81]. The function derives the enzyme and folate availability in the nucleus 

by subtracting a given percentage of each folate form or enzyme from the steady state of the 

model restricted to the cytosol. In particular, the function follows the rules/steps described 

below. 

Nuclear kinetic parameter estimates 

The parameter estimates were adapted from the values considered for the cytosol by 

scaling them according to the volume of the nucleus (Table 4.2). 

Nuclear constant substrates 

The constant substrates (serine, glycine, formate, NADPH, NADP, and dUMP) were 

modeled at the same constant levels used for the cytosol[132]. 

Nuclear folate one-carbon forms 

Folate has been distributed between the two compartments by assuming that 10% of the 

total cytosolic folate mass is present in the nucleus[18]. The initial nuclear folate distribution 

has been calculated by assigning 10% and 35% of total nuclear folate to 5mTHF and 5fTHF, 

respectively, according to[157] (Table 4.4). The remaining 55% of nuclear folate have been 

assigned to THF, 10fTHF, CHF, CH2F and DHF by preserving the same proportions of their 

steady state distribution in the cytosol. The remaining 90% of total folate mass is redistributed 
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in the cytosol according to its steady state distribution. 

Nuclear enzymes 

The availability of MTHFS in the nucleus has been estimated to preserve 35% of nuclear 

folate being 5fTHF at steady state according to[157], resulting in a concentration of 0.0039 µm 

(Table 4.6). The 5fTHF is presumed to be bound to SHMT as a slow-binding inhibitor[27]. The 

enzymes MTHFD1, SHMT, DHFR and TYMS have been translocated to the nucleus by 

assuming that all enzymes are in a complex of the structure 1:TYMS, 1:DHFR, 1:MTHFD1, 

2:SHMT. This assumption is based on knowledge that SHMT is a tetramer with 4 active sites, 

whereas TYMS, MTHFD1 and DHFR are dimers with 2 active sites. Among the enzymes 

forming the complex, TYMS was the least abundant and therefore the availability of the 

complex has been based on a given percentage of TYMS availability in the cytosol. In 

particular, 75% of cytosolic TYMS was assumed to be translocated to the nucleus. An equal 

amount of DHFR and MTHFD1 has been translocated to the nucleus, whereas twice the amount 

of SHMT was imported to maintain stoichiometry (Table 4.6). 

Table 4.6. Concentrations of nuclear enzymes (in µm) before and after their translocation to the 
nuclear compartment. The values provided for the nucleus reflect the enzyme availability 
in their free form and after the multienzymatic complex formation. 

 

Reactions catalyzed by the nuclear enzymatic complex 

The reactions catalyzed by the multi-enzyme complex are modeled considering 
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replicates of the reactions catalyzed by the single, free enzymes. Because the enzyme complex 

allows for substrate channeling, the reaction included in the channeling have been multiplied by 

an “acceleration” or scaling factor to enhance the reaction rates. To derive the scaling factor, 

two approaches were considered: 

The first approach was based on kinetic measures of folate substrate channeling. Based 

on experimental evidence reported previously on the channeling of folates within the TYMS-

DHFR bifunctional enzyme[158], [159], we considered a 20-fold scaling factor for the enzyme 

channeling. Due to the lack of other available experimental data for the other enzymes SHMT 

and MTHFD1 which form the complete channeling network, we assumed that a similar scaling 

factor would also apply to the remaining enzymes. 

 

Figure 4.2. Schematic representation of the channeling reaction volume. A channeling sphere 
consists of a unit complex capable of de novo thymidylate biosynthesis consisting of 1 TYMS 
dimer, 1 DHFR dimer, 1 MTHFD1 dimer and 1 SHMT tetramer. 
 

The second approach was based on the quantification of the channeling reaction volume. 

As an alternative approach to the one described above, we derived the scaling factor based on 

the estimation of the reaction volume of the multi-enzyme complex. We interpret the channeling 

as a set of reactions working in close proximity in a smaller spherical reaction volume. A rough 

estimation of the volume diameter can be given by the length of the reaction chain that includes 
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all the involved enzymes and substrates (Figure 4.2). The length of the reaction chain was 

derived by summing up the diameters of all molecules, which have been approximated as 

spheres (Table 4.7 & 4.8). The diameter of each sphere representing an enzyme molecule was 

computed by deriving the volume of the molecule according to the following formula: 

Volume = M W · P SV, 

where MW indicates the corresponding molecular weight (Table 4.7) and PSV indicates 

the average protein partial specific volume (0.72 cm3/g in all cases[160]). Once the total volume 

of the enzyme complexes in the nucleus was estimated,  the final scaling factor was computed 

by the ratio of the nuclear volume and the volume of the multi-enzyme complex. These 

calculations resulted in a scaling factor of 25 (see Tables 4.7 & 4.8). 

Table 4.7. Diameters for the molecules involved in the channeling. The structure of the 
molecules has been approximated as sphere and its volume has been calculated by considering 
the molecular weight (MW) and the average protein partial specific volume (PSV = 0.72 cm3/g). 
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Table 4.8. Calculation of the channeling speed-up factor. The diameter of the channeling sphere 
is estimated by the length of the reaction chain including all enzymes and substrates (diameter of 
involved enzymes, substrates and products, and diameter total). The standard equation for the 
volume of a sphere (V = 4 r3π) is used to calculate the volume for one complex. The total 
channeling volume results from the multiplication of the number of complexes in the nucleus 
(Table 4.6). 

 

Binding of 5fTHF and 5mTHF to SHMT within the enzymatic complex 

The model was developed taking into account that SHMT binds 5mTHF and 5fTHF 

when in the complex; both of these forms of folate inhibit SHMT[27]. Therefore, the model 

considered six different complex forms according to the binding state of the two SHMT 

monomers included in the complex (not shown in Figure 4.1, where a generic enzyme complex 

has been included to simplify the network). Figure 4.3 shows the six complex configurations:  

1) both SHMT monomers are unliganded, 2) one SHMT is bound to 5mTHF, while the other is 

unliganded, 3) one SHMT is bound to 5fTHF, while the other is unliganded, 4) one SHMT 

monomer is bound to 5mTHF, while the other is bound to 5fTHF, 5) both SHMT monomers are 

bound to 5mTHF and 6) both SHMT monomers are bound to 5fTHF. 
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Figure 4.3. The six states of the nuclear enzymatic complex with respect to the binding of SHMT 
with 5mTHF and 5fTHF. Green cycles identify the enzymes of the complex, while orange 
rectangle boxes refer to the model variables 5mTHF and 5fTHF. The arrows between the 
complexes indicate the possibility to evolve from one state to the other. 

 

Description of the computational environment and simulation procedure 

The computational model has been defined as a set of ODEs implemented as a 

MATLAB function. All model simulations have been computed with the numerical ODE solver 

ode15s. 

All simulations for each scenario of interest were carried out considering the following 

steps: 1) the cytosolic compartment was simulated until reaching steady state, 2) The 

translocation was carried out and initial settings for the cytosol and nuclear compartment were 

updated according to the rules described above, and 3) the complete model including the cytosol 

and the nucleus were simulated until reaching steady state. 

In silico experiments 

In the following a short technical description of the considered simulation scenarios is 

provided. If not indicated differently, we used the 25x scaling factor to produce the in silico 

experiments. 
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Required dTMP molecules for cell replication - Based on the assumption that 59% of the 

human genome consists AT base pairs[161], the number of dTMP molecules needed for the 

replication of the human genome can be computed as 

0.59 · 3 · 109 = 1.77 · 109. 

Model-derived production of dTMP molecules for cell replication 

The predicted number of produced dTMP molecules was derived by model simulation 

considering the final steady state of the system. The total number of dTMPs is given by the sum 

of the molecules produced in the cytosol and in the nucleus. For each one of the two 

compartments, the following formula has been used: 

#T = vTYMS · kvol · Sl · NA · V ol, 

where vTYMS indicates the flux of the reaction catalyzed by TYMS in the corresponding 

compartment (cytosol or nucleus),  kvol = 10-6 
!
"! indicates a scaling factor used to transform  

the concentration from µm to m, Sl = 8h is the length of the S-phase, NA = 6.022 · 1023 is the 

Avogadro constant and V ol is the volume of the respective compartment (Table 4.2) 

The role of enzymatic complex formation for sufficient dTMP production 

The equation introduced above for estimating the total production of dTMP molecules 

was computed for four different simulation scenarios to test the contribution of nuclear 

enzymatic complex formation and the effect of the substrate channeling on acceleration of the 

pathway. In particular, the following four scenarios were considered: 1) restriction to the 

cytosolic model, 2) entire network, without multi-enzyme complex formation (all nuclear 

enzymes are in free from), 3) entire network, with multi-enzyme complex formation and 20-fold 

substrate channeling acceleration (literature-based approach) and 4) entire network, with 

complex formation and 25-fold substrate channeling acceleration (volume-based approach). 
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The effect of folate partitioning on dTMP production 

The impact of folate partitioning between the two compartments was studied by varying 

the percentage of folate being translocated to the nuclear compartment. Starting from the 

standard scenario, in which 10% of cytosolic folate is translocated to the nucleus, the ratio of 

nuclear folate was increased up to 60% (considering the levels of 20%, 30%, 40% and 50%). De 

novo dTMP activity was measured for all the scenarios and expressed as number of predicted Ts 

synthesized, as well as percentage of dTMP synthesis rates required for genome replication. We 

further assessed with which folate partitioning the model would predict a sufficient dTMP 

activity for genome replication. 

The role of nuclear MTHFS 

The influence of the addition of MTHFS in the nuclear compartment was studied by 

comparing model steady states and the dTMP production in three different scenarios: 1) 

standard case with complex formation and 25-fold substrate channeling acceleration; 2) scenario 

1, without MTHFS in the nucleus and 3) scenario 2 without the nuclear reaction RSHMT : CHF → 

5fTHF. 

Sensitivity analysis of model enzymes 

To study the impact of model enzymes on the network output variables a sensitivity 

analysis was carried out. The perturbation of the enzymes was calculated by a multiplicative 

scaling factor with the levels 0.25, 0.5, 1, 2 and 4. For each considered enzyme concentration 

we simulated the system to identify the steady state values of the following variables of interest: 

purine synthesis (measured as fluxes through PGT and AICARFT), thymidylate synthesis 

(measured as total dTMP production, and fluxes through TYMS in the cytosol and nucleus), and 

methionine synthesis (measured as flux through MTR). The influence of an enzyme on an 
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output variable was measured by the coefficient of variation (CV): 

CV =  mean · 100%, where a high value identifies those enzymes with a high influence 

on the output variable. 

The contribution of NADPH and NADP to network dynamics 

The contribution of NADPH and NADP to FOCM dynamics was studied by comparing 

model steady states of different scenarios corresponding, respectively, to the sum variation and 

ratio variation of these two molecules. In the model NADPH and NADP are considered to be 

constant over time (NADPH: 58µm, NADP: 18µm for both the cytosol and nucleus). To assess 

the role of NADPH and NADP two in silico experiments were carried out. First, to understand 

the influence of the overall availability of NADPH and NADP, four scenarios with respect to 

the sum of NADPH and NADP were considered, while their ratio stayed fixed as 

NADPH:NADP = 70:30. Their overall availability was varied by means of a scaling factor with 

the levels of 0.5, 1, 1.5, and 2, corresponding to concentrations levels of 38µm, 76µm, 114µm, 

and 152µm, respectively (Table 4.9). Second, the impact of the partitioning of NADPH and 

NADP was assessed by considering a step-wise change in the ratio NADPH/NADP, while the 

overall availability of the two substrates remained constant (76 µm). This resulted in eleven 

scenarios indicated in Table 4.10. 

Table 4.9. The scenarios considered to measure the effect of the overall availability of NADPH 
and NADP for a fixed ratio of the two variables NADPH/NADP = 70:30. The sum of NADPH 
and NADP was varied according to the scaling factors: 0.5x, 1x, 1.5x, and 2x. 
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Table 4.10. The scenarios considered to measure the effect of the partitioning of NADPH and 
NADP, while their overall sum stayed fixed at 76µm. NADPH and NADP are presented as 
percentage of their sum, as well as the responding concentration used for model simulations in 
the cytosol and nucleus. 

 

The contribution of glycine and serine to network dynamics 

The contribution of serine and glycine to FOCM dynamics was studied following the 

same approach as for NADPH and NADP described in the previous paragraph. For this model 

steady states of different scenarios corresponding, respectively, to sum variation and ratio 

variation of glycine and serine were compared. In the model serine and glycine are considered 

to be constant over time (serine: 468µm, glycine: 1850µm for both the cytosol and nucleus). To 

assess the role of glycine and serine two in silico experiments were carried out. First, to 

understand the influence of the overall availability of glycine and serine, four scenarios with 

respect to the sum of serine and glycine were considered, while their ratio stayed fixed as 

glycine: serine = 80:20. Their overall availability was varied by means of a scaling factor with 

the levels 0.001, 0.1, 0.5, 1, 1.5, 2, 5, and 10, corresponding to concentration levels of 23.2µm, 

231.8µm, 1159µm, 2318µm, 3477µm, 11590µm, and 23180µm, respectively (Table 4.11). 
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Second, the impact of the partitioning of glycine and serine was assessed by considering a step-

wise change in the ratio glycine/serine, while the overall availability of the two substrates 

remained constant (2318 µm). This resulted in eleven scenarios indicated in Table 4.12. 

 

Table 4.11. The scenarios considered to measure the effect of the overall availability of glycine 
and serine for a fixed ratio of the two variables glycine/serine = 80:20. The sum of glycine and 
serine was varied according to the scaling factors: 0.01x, 0.1x, 0.5x, 1x, 1.5x, 2x, 5x, and 10x. 

 

 

Table 4.12. The scenarios considered to measure the effect of the partitioning of glycine and 
serine, while their overall sum stayed fixed at 2318µm. Glycine and serine are presented as 
percentage of their sum, as well as the responding concentration used for model 
simulations in the cytosol and nucleus. 
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Cell culture 

Human MCF7 mammary adenocarcinoma cells (ATCC, #HTB22) were passaged in 

minimal essential medium α-modification (Hyclone) supplemented with 10% FBS (Hyclone) 

and 1% penicillin/streptomycin (Corning). The MCF7GlyT cell line, which expresses murine 

glycine transporter GlyT1 and normalizes extracellular and intracellular glycine concentrations, 

was described previously[10]. 

Vector construction and transfection 

The pCDNA-MTHFR-V5 and pCDNA-TYMS-V5 vectors were created by inserting the 

MTHFR and TYMS into the pCDNA 3.1/V5-His TOPO plasmid (Invitrogen) by directional 

TOPO cloning. Full-length MTHFR was amplified from cDNA (dharmacon, MHS6278-

202833327) with the primer pair 5’-GCCACCatggtgaacgaagcc-3’ and 3’-

GtcatggagcctccgtttctctC-3’. Full-length TYMS was amplified from pCMV6-AC-TYMS-GFP 

described previously[81] with the primer pair 5’-GCCACCatgcctgtggccgg-3’ and  3’-G 

gcgcctaaacagccatttccattttaat-3’. All DNA constructs used were verified by DNA sequencing. 

Cells were transfected by FuGene 6 transfection reagent (Promega) following the 

manufacturer’s instructions. 

Immunoblotting 

Cellular proteins were extracted with 10 mM Tris·HCl (pH 7.4), 150 mM NaCl, 5 mM 

EDTA, 1% Triton X-100, 5 mM DTT, and 1:100 diluted Protease Inhibitor Mixture (Sigma). 

Total protein was quantified[162], resolved on 12% (vol/vol) SDS/PAGE gels (NuSep), and 

transferred to nitrocellulose membranes (Invitrogen). Membranes were blocked for 1 h at room 

temperature in blocking buffer (Rockland). Primary antibodies were diluted in blocking buffer 

and incubated overnight at 4°C. Secondary antibodies were diluted in 5% nonfat dry milk in 
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PBS with 1 % Nonidet P-40 (US Biologicals) and added to the membrane for 1 h at room 

temperature. MTHFR and TYMS were detected using a 1:1000 dilution of rabbit anti-MTHFR 

antibody (cell signaling) and a 1:1000 dilution of rabbit anti-TYMS antibody (cell signaling), 

respectively, followed by a 1:20000 dilution of IRDye 800CW-conjugated goat anti-rabbit IgG 

secondary antibody (LICOR Biosciences). As loading controls, 1:1000 mouse anti-b-Actin 

antibody (LICOR Biosciences) was used followed by a 1:20000 goat anti-mouse IgG secondary 

antibody (LICOR Biosciences). The membranes were then visualized on an Odyssey Infrared 

Imaging System (LICOR Biosciences). 

dU suppression Assay 

The contribution of the de novo and salvage pathways to dTMP synthesis was performed 

by exposing MCF7 cells to [14C]-deoxyuridine and [3H]-thymidine as described previously[10]. 

The ratio of 14C/3H DPM in nuclear DNA is a measure of relative capacity of de novo synthesis 

compared to salvage pathway dTMP synthesis. [14C]-deoxyuridine is incorporated into DNA by 

TYMS in a folate-dependent manner, whereas [3H]-thymidine is incorporated into DNA 

through the salvage pathway after its phosphorylation by Thymidine kinase 1 (TK1). Briefly, 

MCF7 cells were transfected with pCDNA-MTHFR-V5 or pCDNA-TYMS-V5 vector for 48 h. 

Cells were replated in triplicate in six-well plates (Corning) containing modified media 

supplemented with 20 μM methionine, 1 mg/L pyridoxine, 25 nM (6S)5-formylTHF, 500 nM 

[3H]-thymidine (Moravek), and 10 μM [14C]-deoxyuridine (Moravek). Cells were allowed to 

grow for two doublings and harvested. Genomic DNA was extracted with a DNA isolation kit 

with RNase A treatment (Roche), per manufacturer’s instructions. Isotope levels were 

quantified using a Beckman LS6500 scintillation counter in dual disintegrations per minute 

mode. Experiments were replicated two times. 
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To determine the effect of serine, glycine and formate on de novo dTMP synthesis, 

MCF7 and MCF7GlyT2 cells were plated in the medium described above that was also 

supplemented with one of the followings in triplicate: 1) 20 μM methionine, 6 mM serine, 1.85 

mM glycine, and 16 µM formate; 2) 20 μM methionine, 6 mM serine, 30 mM glycine, and 16 

µM formate; 3) 20 μM methionine, 600 µM serine, 3 mM glycine, and 160 µM formate; 4) 200 

μM methionine, 6 mM serine, 1.85 mM glycine, and 16 µM formate; 5) 200 μM methionine, 6 

mM serine, 30 mM glycine, and 16 µM formate; 6) 200 μM methionine, 600 µM serine, 3 mM 

glycine, and 160 µM formate. 

4.3 Results 

Enzymatic complex formation is required for sufficient dTMP production 

To test the impact of including the nuclear compartment and the contribution of nuclear 

enzymatic complex formation with substrate channeling on de novo dTMP synthesis, model 

steady states were compared across different experiments. In particular, the four following 

scenarios were considered: 1) restriction to the cytosolic model; 2) entire network (cytosol and 

nucleus), without multi-enzyme complex formation; 3) entire network, with nuclear multi-

enzyme complex formation and 20-fold substrate channeling acceleration (literature-based 

approach); and 4) entire network, with complex formation and 25-fold substrate channeling 

acceleration (volume-based approach). 
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Table 4.13. Predicted number of produced Ts for different scenarios with respect to the 
compartmentalization, nuclear enzymatic complex formation and substrate channeling. Number 
of produced Ts was predicted during S-phase (8 hours) for the cytosol and nuclear compartment. 
The ratio of required activity for human genome replication (1.77 x 109) was calculated. 

 

The model that considered only the cytosol leads to a dTMP production rate which 

produces 77% of required dTMP synthesis for genome replication in a cell cycle (Table 4.13). 

However, based on the experimental evidence that the de novo dTMP pathway must localize to 

the nucleus to prevent uracil accumulation in DNA, this scenario can be considered as an 

artificial, fragmentary one. When considering the in silico experiments for the complete model 

that includes the translocation of the pathway to the nucleus without multienzyme complex 

formation, cytosolic dTMP rates decrease by more than 75% as a response to the decreasing 

enzyme and substrate availability in the compartment (Table 4.13). Nuclear dTMP synthesis 

rates cannot compensate for this decline and only 21% of needed dTMP is synthesized (Table 

4.13), indicating that nuclear localization of the de novo dTMP synthesis pathway alone is not 

sufficient to accelerate dTMP synthesis. 

When metabolic channeling and multienzyme complex formation is considered, the 

nuclear dTMP synthesis pathway displays an enhanced activity and the number of produced Ts 

increased up to 25-fold (Table 4.13, row 3 and 4). While the model with the channeling 
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acceleration factor of 20-fold predicts a dTMP rate which covers 72% of required dTMP 

synthesis, the model with the scaling factor based on the volume of the sphere (25-fold) 

captures 85.5% of required synthesis, thus exceeding the results of the model restricted to the 

cytosol. 

Our observations indicate that de novo dTMP synthesis functions mostly in the nucleus 

and when the respective enzymes SHMT, TYMS, DHFR and MTHFD1 form a multienzyme 

complex. Accounting for the kinetic effects of nuclear multienzyme complex formation on de 

novo dTMP synthesis is therefore essential to support genome stability. 

The gap between predicted (85%) and required dTMP activity can be explained by two 

considerations: 1) The nuclear FOCM network is quite sensitive to folate availability and only a 

slight increase in nuclear folate levels rises de novo dTMP synthesis levels remarkably (see 

below, Table 4.14); 2) In addition to the de novo dTMP synthesis pathway, some cells also 

contain the salvage dTMP synthesis pathway catalyzed by TK1, which recovers dTMP from 

thymidine and contributes to the overall needed dTMP activity. However, this process is not yet 

included in the model and is highly dependent upon exogenous sources of thymidine. 
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Table 4.14. Predicted number of produced Ts in response to the partitioning of folate between 
the nuclear and cytosol compartments. Number of produced Ts was predicted during S-phase (8 
hours) for the cytosol and nuclear compartment. The ratio of required activity for human genome 
replication (1.77 x 109) was calculated. 

 

The effect of folate partitioning on dTMP production 

To assess the effect of folate partitioning between the two compartments on de novo 

dTMP synthesis, we evaluated seven scenarios. In particular, the percentage of folate 

translocated to the nuclear compartment was step-wise increased from 10 % (standard scenario) 

to 60%. 

While cytosolic dTMP production rates decrease moderately in response to declining 

folate availability in the respective compartment, nuclear dTMP synthesis increases notably 

(Table 4.14). Throughout the considered folate partitioning range, the cytosolic proportion for 

dTMP synthesis diminishes by 60%, whereas nuclear production rate increases almost 10-fold. 

We further assessed which folate partitioning allows for the model to meet de novo 

dTMP synthesis rates sufficient for genome replication. Interestingly, translocation of 11.6% of 

cytosolic folate, which is only 1.6% more than in the standard scenario, to the nucleus increases 

the flux through nuclear TYMS enough to synthesize adequate levels of dTMP. These results 

show that the network exhibits high sensitivity with respect to nuclear folate levels and further 

indicate the importance of the nuclear dTMP pathway as main contributor of overall cellular de 
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novo dTMP capacity. 

The role of nuclear MTHFS activity 

The impact of nuclear MTHFS activity on model steady states and dTMP production 

rates for three different scenarios were compared: 1) standard model with normal MTHFS 

activity; 2) no nuclear MTHFS activity and 3) no nuclear MTHFS activity and SHMT catalyzed 

activity CHF → 5f THF activity turned off. The metabolic role of 5fTHF is not yet elucidated. 

It does not serve as a cofactor in folate-dependent biosynthetic reactions, but rather has been 

proposed to serve as an intracellular storage form of folate[19], and as an inhibitor of the folate 

dependent enzymes SHMT and AICARFT[19]. The model demonstrates that nuclear MTHFS 

activity is necessary to prevent the accumulation of nuclear folate as 5fTHF. This result is 

consistent with the observations made for cytosolic MTHFS activity described elsewhere[156].  

When the nuclear compartment was modeled without MTHFS availability, nuclear folate pools 

accumulated as 5fTHF (90% of total nuclear folate, Table 4.15), while the remaining 10% of 

nuclear folate was 5mTHF (the stoichiometry of the network implies no nuclear MTR nor 

MTHFR activity, therefore initial 5mTHF levels remain unchanged at the predefined 

availability of 10% throughout all simulation scenarios (Figure 4.1). As a consequence, no 

folate co-factors were available for nuclear dTMP synthesis in the absence of MTHFS activity 

and the overall production rate decreases to 18.5% of required TYMS activity (Table 4.15).  

The lethal pooling of nuclear folate as 5fTHF can be prevented, if in addition to the deletion of 

nuclear MTHFS activity the SHMT-catalyzed conversion of CHF to 5fTHF is also turned off 

(Table 4. 15). 
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Table 4.15. Predicted number of produced Ts during S-phase (8 hours), the ratio of required  
dTMP synthesis, and 5fTHF levels (as percentage of total nuclear folate) for different scenarios 
with respect to nuclear MTHFS and SHMT activity. 

 

Sensitivity analysis of FOCM enzymes 

We performed various computational experiments to summarize the dynamic effects on 

FOCM resulting from changes in individual model enzyme activity. For each enzyme, five 

simulations were carried out to perturb the enzyme activity according to a multiplicative scaling 

factor, and the impact of this variation was measured across the simulations by means of the 

coefficient of variation. A summary of the results, indicating the impact of each enzyme on 

network output variables of interest, is presented in Figure 4.4. The model predictions for all 

executed simulations are in the Table 4.16. 

The steady state activity of purine synthesis depends highly on the magnitude of the two 

enzymes AICARFT and PGT, which is not unexpected, since AICARFT and PGT are the 

enzymes directly involved in de novo purine biosynthesis. Interestingly, changes in AICARFT 

and PGT also affected HCY remethylation, as measured by flux through MTR, and de novo 

dTMP biosynthesis. De novo dTMP was sensitive to changes in levels of purine biosynthesis 

enzymes, with TYMS and DHFR showing with the greatest sensitivity, followed by MTR, 

which exhibited the third highest influence. Indeed, TYMS and DHFR activity exhibit high 

values of variation for all model output variables of interest, including the relevant fluxes for 
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purine synthesis, MTR activity and dTMP synthesis (Figure 4.4). 

 

Figure 4.4. The impact of model enzymes on FOCM output. The variables of interest were purine 
synthesis: flux through PGT and AICARFT, methionine synthesis: flux through MTR and 
thymidylate synthesis: total dTMP synthesis by means of predicted number of Ts and fluxes 
through TYMS in the cytosol and nucleus). A) Coefficient of variation across enzyme levels for 
each enzyme- output combination. Colors encode the ranking of these values: red identifies the 
smallest CV relating to the enzyme with the least influence on the output variable, whereas green 
identifies the highest changes. B) Ranking of the enzyme influence on the output variables. For 
each variable of interest, the enzymes are listed according to their influence on this variable, 
starting from the one with the highest influence. Colors refer to the values in subfigure A. 
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Table 4.16. The impact of variation in model enzymes activity on network output 
variables.Enzyme levels were modified according to a scaling factor (0.5x, 1x, 2x, and 4x) and 
for each enzyme the resulting model predictions for the flux through the enzymes AICARFT, 
PGT, MTR, TYMS as well as the total number of produced Ts are provided. The variation across 
scenarios was assessed using the coefficient of variation (CV). 
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Changing TYMS levels affects the variables of interest in a linear fashion, with the most 

pronounced effect in the scenario in which TYMS is upregulated by a 4-fold scaling factor 

(Table 4.16). On the other hand, the high values of variation of DHFR is solely a consequence 

of the most extreme scenario considering the downregulation of DHFR by a factor of 0.25, 

while for the remaining DHFR levels, no variation in the variables of interest can be observed 

(Table 4.16). The two extreme scenarios, 0.25×DHFR and 4×TYMS respectively, lead to an 

accumulation of DHF, which in turn leaves no folate co-factors available for de novo dTMP 

synthesis, purine synthesis or methionine synthase (Table 4.16).  

Nuclear dTMP synthesis remains quite stable throughout all considered scenarios (Table 

4.16 and Figure 4.4) as only changes in TYMS, DHFR or MTHFS activity affect the nuclear 

dTMP biosynthesis. While the impact of TYMS levels on dTMP production is obvious, the 

simulations suggest that 5fTHF accumulation as a result of decreasing MTHFS levels lead in 
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turn to a modest decrease of dTMP synthesis, because less folate co-factor is available (Table 

4.16). DHFR levels influence dTMP synthesis only in the restricting scenario, when DHFR 

levels are downregulated by the factor of 0.25 (Table 4.16). In this scenario DHFR becomes the 

limiting enzyme in the cytosol and reduces the nuclear enzyme complexes by 50% and in turn 

nuclear dTMP synthesis declines. 

The effect of the enzymes of the HCY remethylation and transmethylation pathways 

(MAT-I, MAT-III, GNMT, DNMT, BHMT, and SAHH) on network pathways is negligible 

(Figure 4.4). Indeed, only BHMT and SAHH slightly influence cytosolic dTMP activity due to 

diminishing HCY levels as response to downregulated SAHH levels and upregulated BHMT 

levels. In turn, MTR reaction flux decreases allowing an accumulation of 5mTHF, which then 

leaves less folate available as a co-factor for cytosolic de novo dTMP synthesis. 

Overall, the model suggests that there is substantial robustness in the FOCM network 

towards smaller enzymatic variations and identifies DHFR and TYMS as the main drivers for 

changes in overall network dynamics. 

The contribution of NADPH and NADP to network dynamics 

To study the effect of changes in NADPH and NADP availability on FOCM dynamics, 

model steady states of different scenarios corresponding to sum and ratio variation of NADPH  

and NADP were considered. 

Increasing overall availability of NADPH and NADP, while considering a fixed ratio 

(NADPH = 70%, NADP = 30%), leads to a shift in the steady state distribution of cytosolic 

folate with an accumulation of folate as 5mTHF (Table 4.17). This comes at the expense of the 

remaining folate co-factors, including 5fTHF and 10fTHF, with the exception of THF, which 

decreases only moderately (Figure 4.5). 10fTHF is the substrate of the purine synthesis 
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reactions catalyzed by AICARFT and PGT. The simulations indicate that flux through the PGT-

catalyzed reaction declines as response to the lack of substrate, whereas the flux through the 

second purine-relevant enzyme AICARFT exhibits the opposing behavior (Figure 4.5). A 

possible explanation for this is the depletion of 5fTHF levels, following the increase of NADPH 

+ NADP (Figure 4.5). 5fTHF is a known inhibitor of AICARFT[116] and therefore lower 

NADPH + NADP concentration levels increase the flux through the AICARFT-catalyzed 

reaction (Figure 4.5). These data suggest that the 5fTHF futile cycle and its link to purine 

synthesis could play an important role in controlling purine synthesis rates and in compensating 

for and/or preventing cellular and energetic consequences of 10fTHF depletion. 

 

Table 4.17. Steady state concentrations of model variables (in µm) for different levels of 
NADPH+NADP (ranging from 0.5x to 2x of the standard concentration of 76 µm). 
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Figure 4.5. Effect of NADPH and NADP availability on model variables and fluxes. The 
provided values are computed by considering model steady states achieved by varying the total 
availability of NADPH+NADP from 38µm to 152 µm, according to Table 4.9. The results are 
expressed in terms of percentage of the maximal activity/availability over the considered range. 
Panel a) to d) display the results for cytosolic variables and fluxes, while panel e) and f) display 
those for the nuclear compartment. Reactions are indicated by the catalyzing enzyme, and for 
bidirectional reactions the direction is indicated behind the enzyme name: Enzyme (Substrate). 
 
 
 

Even though 5fTHF depletion reduces the amount of SHMT bound to 5fTHF, fluxes 

through SHMT-catalyzed reactions do not increase (Figure 4.5C and d). This is a consequence 

of increasing 5mTHF levels, which also serves to inhibit SHMT. Therefore, increasing 5mTHF 
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compensates for the loss of SHMT inhibition by 5fTHF by increasing the ratio of SHMT bound 

to 5mTHF from 16% to 94% of overall SHMT (Figure 4.5a, c, d; Table 4.17). 

The activity of de novo dTMP synthesis depends on the substrate CH2F of the reaction 

catalyzed by TYMS. When NADPH and NADP levels are increased, cytosolic CH2F levels 

decrease in response to accumulation of folate as 5mTHF and therefore cytosolic dTMP activity 

declines by more than 50% throughout the considered scenarios (Figure 4.5b; Table 4.18).  

However, nuclear CH2F levels increase with increasing NADPH and NADP levels, because 

absence of MTHFR from the nucleus averts 5mTHF accumulation in this compartment and 

because the flux through MTD (CHF → CH2F) accelerates (Figure 4.5e, f). Consequently, 

more folate cofactor is available for nuclear de novo dTMP production (Table 4.18; Figure 

4.5e). The model suggests that the overall activity of dTMP synthesis is quite robust towards 

increases in NADPH and NADP, because nuclear productivity increases to balance the decline 

in cytosolic TYMS activity (Table 4.18, rows 2 to 4). Lower level of NADPH and NADP 

affects total dTMP synthesis and simulations suggest that the ratio of required dTMP molecules  

reduces from around 80% to 70% (Table 4.18, rows 1 and 2). 
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Table 4.18. Steady state activity of dTMP synthesis in response to the variation in cytosolic and 
nuclear overall availability of NADPH and NADP. The sum of NADPH and NADP was step- 
wise increased considering a scaling factor with the levels 0.5x, 1x, 2x and 4x, while the ratio 
NADPH:NADP stayed constant at 70:30. dTMP activity was measured in terms of steady state  
flux through the model reactions catalyzed by TYMS, the predicted number of produced Ts 
during S-phase (8h) and the ratio of required dTMP synthesis for human genome replication 
(1.77·109). 

 

 

Table 4.19. Steady state activity of dTMP synthesis in response to the variation in partitioning of 
NADPH and NADP. The partitioning of NADPH and NADP was modeled by step-wise 
increasing the percentage of NADPH from 0% to 100% (Scenario 1 to 11, Table 4.10), while 
overall availability of NADPH and NADP stayed fixed at 76µm. dTMP activity was measured in 
terms of steady state flux through the model reactions catalyzed by TYMS, the predicted number 
of produced Ts during S-phase (8h) and the ratio of required dTMP synthesis for human genome 
replication (1.77·109) 
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Furthermore, we carried out a second set of in silico experiments, in which overall 

availability of NADPH and NADP has been considered constant and the ratio of NADPH and 

NADP has been varied according to Table 4.10. The model shows that NADPH is required to 

prevent impairment of dTMP synthesis, while nuclear dTMP activity is enhanced with 

increasing NADPH availability. Cytosolic dTMP synthesis doesn’t show a linear trend and 

reaches its maximum rate with a NADPH:NADP ratio of 60:40 (Table 4.19). Moreover, for all 

considered scenarios, nuclear dTMP synthesis remains the main contributor to overall dTMP 

activity. The depletion of NADPH levels leads to an interconvertible pooling of folate as DHF 

and consequently stops dTMP synthesis (Table 4.19, scenario 1). On the other hand, depletion 

of NADP increases nuclear dTMP synthesis notably (Table 4.19, scenarios 1 and 11). This is a 

consequence of the accumulation of CH2F due to the loss of RMTD : CH2F → CHF activity . 

The contribution of glycine and serine to network dynamics 

To study the effect of changes in serine and glycine availability on FOCM dynamics, 

model steady states of different scenarios corresponding to sum and ratio variations were 

compared. Changing the overall availability of serine and glycine does not lead to significant 

effects on any cytosolic folate-dependent biosynthetic nucleotide synthesis pathways (Figure 

4.6, AICARFT, PGT, and TYMS). Cytosolic dTMP activity remains mostly unaffected 

throughout the considered scenarios, because of quite constant steady state levels of CH2F 

(Figure 4.6b; Table 4.20). The main effect of changing total serine+glycine levels can be 

observed in the model dynamics of SHMT-catalyzed reactions (Figure 4.6c, d). Not 

unexpectedly, flux through the glycine/serine-dependent bidirectional reaction RSHMT : THF ↔ 

CH2F increases with increasing availability of glycine and serine (Figure 4.6c). 
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Figure 4.6. Effect of glycine and serine availability on model variables and fluxes. The provided 
values are computed by considering model steady states achieved by varying the total 
availability of glycine+serine from 23µm to 23180 µm, according to Table 4.11. They are 
expressed in terms of percentage of the maximal activity/availability over the considered range. 
Panel a) to d) display the results for cytosolic variables and fluxes, while panel e) and f) display 
those for the nuclear compartment. Reactions are indicated by the catalyzing enzyme, and for 
bidirectional reactions the direction is indicated behind the enzyme name: Enzyme (Substrate). 
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Table 4.20. Steady state concentrations of model variables (in µm) for different levels of 
glycine+serine (ranging from 0.01x to 10x of the standard concentration of 2318 µm). 

 
 

For nuclear FOCM, the model suggests a more pronounced trend as a consequence to 

changes in glycine and serine levels. Interestingly, a reduction of overall availability of serine 

and glycine by 50% leads to a dTMP activity sufficient for the requirements of genome 

replication (Table 4.21). Indeed, increasing serine and glycine availability led to an increase of 

nuclear THF concentration, while CH2F decreased notably (Figure 4.6e and f). In turn, this 
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affected nuclear dTMP activity, as the flux through TYMS decreased by 40% of initial activity 

(Figure 4.6f; Table 4.20). Consequently, the percentage of produced dTMP required for genome 

replication decreased from 123% to 57% (Table 4.21). 

Table 4.21. Steady state activity of dTMP synthesis in response to the variation in cytosolic and 
nuclear overall availability of glycine and serine. The sum of glycine and serine was step-wise 
increased considering a scaling factor with the levels 0.01x, 0.1x, 0.5x, 1x, 1.5x, 2x and 5x, and 
10x while the ratio glycine: serine stayed constant at 80:20. dTMP activity was measured in 
terms  of steady state flux through the model reactions catalyzed by TYMS, the predicted 
number of produced Ts during S-phase (8h) and the ratio of required dTMP synthesis for human 
genome replication (1.77·109) 
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Table 4.22. Steady state activity of dTMP synthesis in response to the variation in partitioning of 
glycine and serine. The partitioning of glycine and serine was modeled by step-wise increasing 
the percentage of serine from 0% to 100% (Scenario 1 to 11, Table 4.12, while overall 
availability of glycine and serine stayed fixed at 2318µm. dTMP activity was measured in terms 
of steady state flux through the model reactions catalyzed by TYMS, the predicted number of 
produced Ts during S-phase (8h) and the ratio of required dTMP synthesis for human genome 
replication (1.77·109). 

 

Furthermore, we carried out a second set of in silico experiments, in which overall 

availability of serine and glycine has been considered constant and the ratio of serine and 

glycine has been varied according to Table 4.12. Simulations suggest that also varying the ratio 

of glycine and serine does not have a big effect on model outcomes related to cytosolic 

nucleotide synthesis (Table 4.22). Nuclear dTMP synthesis benefits from increasing serine 

availability and we observe a 2-fold increase of the flux through TYMS (Table 4.22).  

Consequently, overall dTMP activity increases and already at scenario 6 (glycine: serine = 

50:50) we can observe dTMP synthesis rates sufficient for genome replication requirements. 

Overall, the model suggests that nuclear FOCM is responsive to changes in serine and 

glycine availability, whereas cytosolic FOCM remains mostly unaffected. A possible 

explanation for this could be the substrate channeling, which occurs only in the nuclear 
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compartment, and which leads to increased fluxes which in turn exhibit a higher sensitivity to 

changes of serine and glycine. 

De novo thymidylate biosynthesis was not affected in MCF7 Cells overexpressing 

MTHFR or TYMS 

The model predictions were compared to experimental data from cultured MCF-7 cells.  

Specifically, the effects of changes in MTHFR and TYMS levels on de novo dTMP 

biosynthesis was investigated. MTHFR catalyzes the irreversible conversion of 5,10-

methyleneTHF to 5-methylTHF, which commits one carbon units away from de novo dTMP 

synthesis and towards HCY remethylation to MET. MTHFR concentration was decreased or 

increased in the model to examine whether there was a dose-response relationship between 

MTHFR enzyme levels and various readouts of the FOCM network. Our model indicated that 

cellular dTMP production decreases as MTHFR enzyme concentration increases (Figure 4.4; 

Table 4.16). The decrease in total dTMP production resulted from decreased TYMS activity in 

the cytosol. To verify this observation, MTHFR was overexpressed in MCF7 cells and de novo 

dTMP synthesis activity was measured by dU suppression assay. The ratio of the incorporation 

of [14C]-deoxyuridine (an indicator of de novo dTMP biosynthesis) to [3H]-thymidine (an 

indicator of salvage pathway thymidylate synthesis) into nuclear DNA did not change in MCF7 

cells overexpressing MTHFR compared with control MCF7 cells (P=0.43) (Figures 4.7 & 4.8). 
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Figure 4.7. Overexpression of MTHFR or TYMS in MCF7 cells. (A) MTHFR protein levels in 
whole-cell lysates from control and MTHFR overexpressing MCF7 cells. Experiments were 
repeated two times. (B) TYMS protein levels in whole-cell lysate from control and TYMS 
overexpressing MCF7 cells. Experiments were repeated two times. 

 

Figure 4.8. Effects of MTHFR or TYMS overexpression on de novo thymidylate biosynthesis of 
MCF7 cells. The dU suppression assay quantifies the capacity of de novo dTMP synthesis 
relative to the salvage pathway for dTMP synthesis. Data are means of n=3 biological replicates 
per condition, and the data are shown as means ± SEMs. Data were analyzed by using a paired t 
test with post hoc Bonferroni correction. NS P ≥ 0.05, * p < 0.05. Experiments were repeated 
two times. 
 

Similarly, increased or decreased TYMS enzyme concentration was modeled to examine 

whether there was a dose-response relationship between TYMS enzyme levels and various 

readouts of the network. The model showed that total dTMP production increases as TYMS 

enzyme concentration increases (Figure 4.4; Table 4.16). This increase in dTMP production 

resulted from increased flux through TYMS in both the cytosol and the nucleus. To verify this 
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observation, TYMS was overexpressed in MCF7 cells and dTMP synthesis activity was 

measured by a dU suppression assay. De novo dTMP biosynthesis was not increased in MCF7 

cells overexpressing TYMS compared with control cells (P=0.29) (Figures 4.7 & 4.8). The 

model-predicted changes of total dTMP production from various MTHFR or TYMS activities 

may be too small to detect using dU suppression assay. 

 

Table 4.23. Input values for the simulations to assess the contribution of serine, glycine and 
formate to de novo thymidylate biosynthesis 

 

 

Table 4.24. Six comparisons were chosen to assess the contribution of serine, glycine and 
formate to de novo thymidylate synthesis. Comparison 1: Serine and formate concentration at 
their Km values; comparison 2: 10x Km serine and standard Km formate; comparison 3: 
Standard Km serine and 10x Km formate; comparison 4: Standard Km for serine and formate 
plus glycine present at Km; comparison 5: 10x Km serine and standard Km formate plus glycine 
at 10x Km; comparison 6: Standard Km serine and 10x Km formate plus glycine present at Km.  
Total, nucleus and cytosol dTMP production for various combinations of serine, glycine and 
formate concentrations. The simulation was carried out for high (5x standard value) MTHFS 
availability. 
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De novo dTMP biosynthesis in MCF7 cells was refractory to serine, glycine and 

formate in culture medium 

To assess the impacts of serine, glycine and formate as sources of one-carbon units on 

de novo dTMP biosynthesis, model steady states of six different combinations of serine, glycine 

and formate concentrations (Table 4.24) were compared to the reference standard simulation 

(Table 4.23). To verify if the model accurately represents the FOCM network, MCF7 cells were 

treated with three different combinations of serine, glycine and formate concentrations and de 

novo dTMP biosynthesis capacity was measured using the dU suppression assay (Figure 4.9). 

The effect of varying MET concentrations at 20 or 200 mM was investigated. Once imported 

into the cell, MET is converted to S-adenosylmethionine, a potent inhibitor of MTHFR. As 

expected from the in silico model, we observed that the rate of de novo dTMP biosynthesis was 

only mildly affected by different concentrations of serine, glycine and formate. MCF7 cells 

treated with 200 μM methionine had higher level of de novo dTMP biosynthesis relative to 

those supplemented with 20 μM methionine (P<0.001), regardless of serine, glycine and 

formate concentrations (Figure 4.9). At 200 μM methionine, MCF7 cells treated with 600 µM 

serine, 3 mM glycine, and 160 µM formate had significantly higher de novo dTMP synthesis 

compared to MCF7 cells treated with 6 mM serine, 30 mM glycine, and 16 µM formate 

(P=0.02). All three combinations of serine, glycine, and formate supplementations resulted in 

similar levels of de novo dTMP synthesis at 20μM methionine (P>0.05). 
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Figure 4.9. Effects of serine, glycine and formate on de novo thymidylate biosynthesis of MCF7 
cells. The dU suppression assay quantifies the capacity of de novo dTMP synthesis relative to the 
salvage pathway for dTMP synthesis. Data are means of n=3 biological replicates per condition, 
and the data are shown as means ± SEMs. Data were analyzed by using a paired t test with post 
hoc Bonferroni correction. NS P ≥ 0.05,  * p < 0.05. Experiments were repeated two times. Ser, 
serine; Gly, glycine; For, formate; Met, methionine. 
 

Previously, we observed that MCF7 cells expressing murine glycine transporter (GlyT) 

had altered cellular folate derivative distribution and SAM and SAH concentrations[10]. GlyT 

expression normalizes intracellular and extracellular glycine concentrations. MCF7GlyT cells 

treated with 200 μM methionine had increased level of de novo dTMP biosynthesis relative to 

those supplemented with 20 μM methionine (P<0.001) (Figure 4.10). At 200 μM methionine, 

MCF7GlyT cells treated with 600 µM serine, 3 mM glycine, and 160 µM formate had higher 

level of de novo dTMP synthesis compared to MCF7 cells treated with 6 mM serine, 1.85 mM 

glycine, and 16 µM formate(P=0.009), and MCF7 cells treated with 6 mM serine, 30 mM 

glycine, and 16 µM formate(p=0.008). All three combinations of serine, glycine, and formate 

concentrations have similar level of de novo dTMP synthesis at 20μM methionine (P>0.05) 
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Figure 4.10. Effects of serine, glycine and formate on de novo thymidylate biosynthesis of 
MCF7GlyT cells.The dU suppression assay quantifies the capacity of de novo dTMP synthesis 
relative to the salvage pathway for dTMP synthesis. Data are means of n=3 biological replicates 
per condition, and the data are shown as means ± SEMs. Data were analyzed by using a paired t 
test with post hoc Bonferroni correction. NS P ≥ 0.05, * p < 0.05. Experiments were repeated 
two times. Ser, serine; Gly, glycine; For, formate; Met, methionine. 
 
4.4 Discussion 

Recent experimental studies indicate that folate-dependent dTMP biosynthesis must also 

occur in the nucleus to limit genome instability[13], [81], [132]. Therefore, we extended our 

cytosolic FOCM model by building a multi-compartmental model that includes nuclear folate 

metabolism. A key aspect of the proposed model is that the enzymes constituting the de novo 

dTMP synthesis (SHMT, TYMS, DHFR, and MTHFD1) form a multi-enzyme complex in the 

nucleus[18], [81]. These enzymes undergo SUMOylation during the G1/S phase, which leads to 

their nuclear import[14], [19]. In the model, the translocation of the de novo thymidylate 

synthesis pathway to the nuclear compartment is encoded in functions and based on 

assumptions drawn from experimental data. The complex formation is proposed to accelerate 

the enzymatic reactions through folate substrate channeling (transfer of co-factors from the 
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active site of an enzyme to another in the absence of diffusion), a process which, to the best of 

our knowledge, has not yet been modeled in FOCM literature. Experimental evidence indicates 

that de novo dTMP synthesis is effective only when the enzymes are present in the multi-

enzyme complex within the nucleus and is therefore important to prevent uracil 

misincorporation into DNA and genome instability[19], [81]. Computational models provide a 

feasible framework to study this aspect and in silico simulations enable rapid testing of 

assumptions related to this and other critical factors. Indeed, by including nuclear FOCM in the 

model we investigated factors that modify dTMP synthesis, including the effect of multienzyme 

complex formation, substrate channeling, nuclear MTHFS availability, enzyme expression 

levels, folate partitioning between the cytosol and nucleus, as well as availability of glycine, 

serine, NADPH and NADP. 

We observed that modeling dTMP synthesis in the nucleus must include multienzyme 

complex formation and substrate channeling of folate substrates among the enzymes in order to 

produce the level of dTMP required for DNA synthesis (Tables 4.13 & 4.14). Only when both 

aspects were taken into account, adequate levels of dTMP synthesis activity were reached. 

Model simulations of the standard scenario predicted that de novo dTMP synthesis may produce 

up to 85% of needed dTMP. This portion can be increased when enhanced nuclear folate levels 

are considered, emphasizing the influence of folate partitioning between the two compartments 

on overall functionality of dTMP synthesis. Notably, even a very small increase in nuclear 

folate availability (from 10% to 11.6% of total folate) is sufficient to allow for adequate 

production of dTMP synthesis for mammalian genome replication (Table 4.14). The observed 

“gap” between de novo dTMP synthesis rates and dTMP needs for replication can also be 

explained by dTMP salvage pathway synthesis. The dTMP salvage pathway, which could be 
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included in a possible extension of the proposed model, involves the conversion of thymidine to 

dTMP, and occurs in the cytosol/nucleus catalyzed by TK1 and in the mitochondria by TK2.  

Salvage pathway synthesis of dTTP is not sufficient to sustain nuclear or mitochondrial DNA 

replication[163] and therefore requires folate-dependent de novo dTMP synthesis to maintain 

genomic integrity during cell division[1]. Presumably, most dTTP required for DNA replication 

is synthesized from dUMP by the de novo dTMP biosynthesis pathway[163], matching our 

predicted contribution of de novo dTMP synthesis around 85% (Table 4.13). 

Sensitivity analyses confirm that the folate pathways involved in purine and dTMP 

biosynthesis, and HCY remethylation, are interconnected in the cytoplasm, as illustrated by 

changes in the activity of purine biosynthesis enzymes which then affect both dTMP synthesis 

and HCY remethylation (Figure 4.4, Table 4.16). Interestingly, de novo thymidylate 

biosynthesis is the most sensitive to perturbations in FOCM activity across the network when 

modeled in the cytosol.  Importantly, de novo dTMP synthesis is protected from perturbations 

in purine biosynthesis and HCY remethylation when the dTMP synthesis enzymes are modeled 

in the nucleus (Figure 4.4, Table 4.16). The model also clearly shows a key role for minimal 

MTHFS and DHFR activity in preventing the trapping/accumulation of the folate forms 5fTHF 

and DHF respectively, the two forms of folate that do not serve as metabolic cofactors (Figure 

4.4, Table 4.15). 

The model also demonstrates that the de novo dTMP synthesis pathway exhibits altered 

sensitivity to substrate/cofactor availability depending on its location in the cytosol or nucleus.  

Whereas elevated NADPH + NADP levels impair the pathway in the cytosol by increasing 

MTHFR activity, nuclear dTMP synthesis is increased in this situation (Figure 4.5, Tables 4.18 

& 4.19). In contrast, cytosolic dTMP synthesis was refractory to changes in serine + glycine 
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levels, whereas nuclear dTMP synthesis was impaired at elevated serine + glycine levels due to 

accumulation of nuclear THF, presumably due to increased conversion of glycine to serine 

under these conditions (Figure 4.6, Tables 4.21 & 4.22).  Experiments conducted in MCF-7 

cells support the relative insensitivity of de novo dTMP biosynthesis to exogenous serine, 

glycine and formate. 

An open question is related to the identification of the relative contribution of nuclear 

and cytosolic dTMP synthesis to overall dTMP synthesis. Our model clearly highlights the 

importance of nuclear dTMP synthesis and predicts that during S-phase around 79% of overall 

dTMP molecules are synthesized in the nucleus. A possible explanation for this high 

contribution is given by the fact that the complex formation and substrate channeling occur 

solely in the nucleus. Without these two features, cytosolic de novo dTMP synthesis remains  

the main contributor to overall dTMP synthesis activity. Moreover, nuclear translocation 

uncouples de novo dTMP synthesis from de novo purine biosynthesis and HCY remethylation 

in the cytosol, thereby eliminating competition for folate cofactors[17]. The simulation results 

provide a computational indication that the translocation to the nuclear compartment is essential 

to prevent uracil incorporation in DNA by protecting dTMP biosynthesis from variability in the 

network, introduced e.g. by fluctuations in NADPH, NADP levels. 

In summary, inclusion of the nuclear compartment in the computational model has 

provided new insights into the functioning of the FOCM network. The model confirms that 

accounting for the kinetic effects of nuclear multienzyme complex formation and substrate 

channeling is essential for the functioning of de novo dTMP synthesis. In silico simulations also 

indicate that the nuclear compartment plays an important role for regular cell replication and 

DNA repair.  
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Chapter 5 GLYCINE-DERIVED ONE-CARBON UNITS ARE NOT ESSENTIAL FOR 

C2C12 MYOBLASTS PROLIFERATION  

 

Author Contributions: 
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experimental design. X.L. and S.B. conducted the experiments, performed data analysis, and 

wrote the original manuscript. X.L. and P.J.S. edited and revised the manuscript. 

Abstract: 

Serine and glycine are interconvertible through folate-mediated one-carbon metabolism 

(FOCM) and provide precursors for the biosynthesis of proteins, nucleic acids and lipids in the 

cell. Previous studies suggest that cancer cells and T lymphocytes required serine but not glycine 

for proliferation, whereas glycine alone was effective at stimulating muscle cell expansion. The 

underlying mechanism of the unique nutrient requirement for glycine in muscle cell proliferation 

is not fully understand. One function of glycine is to contribute one-carbon (1C) units to FOCM. 

We hypothesized that muscle cell proliferation depends on glycine derived one-carbon units in 

FOCM for thymidylate and purine synthesis for DNA replication. The effect of glycine on 

proliferation of C2C12 myoblasts and its impact on folate metabolism and de novo thymidylate 

biosynthesis were examined. Our study revealed that the addition of serine or glycine alone 

stimulated C2C12 myoblasts proliferation in a dose-dependent manner. Glycine supplementation 

increased intracellular 5-methylTHF at the expense of THF and contributed one-carbon units to 

de novo thymidylate biosynthesis. However, formate, hypoxanthine or thymidine 

supplementation failed to rescue the growth of C2C12 myoblasts under glycine depletion, 

suggesting that generating 1C units is not the primary mechanism by which glycine supports 

C2C12 myoblasts proliferation.  
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5.1 Introduction 

Serine and glycine are non-essential amino acids that provide precursors for the 

biosynthesis of proteins, nucleic acids, and lipids that are important for cell growth and function. 

Although serine and glycine are interconvertible through folate-mediated one-carbon metabolism 

(FOCM) (Figure 5.1), cancer cells and T lymphocytes depend specifically on serine and not 

glycine for proliferation[23], [24]. On the contrary, serine or glycine supplementation alone was 

effective at stimulating human muscle progenitor cells (hMPCs) expansion[25], suggesting that 

muscle cells have a unique requirement for glycine. hMPCs exhibit limited capacity for serine 

and glycine biosynthesis in response to serine and glycine restriction[25]. The underlying 

mechanism of glycine supporting muscle cell proliferation remains unknown. 

Mitochondria-derived formate from seine and glycine catabolism enters the cytosolic or 

nuclear folate-mediated one-carbon metabolism (FOCM), which is required for the de novo 

purine biosynthesis, de novo thymidylate biosynthesis, and for the remethylation of 

homocysteine to methionine[11] (Figure 5.1). Folate plays an important role in skeletal muscle 

cell development[175]. Folic acid deficiency induces deregulation of the cell cycle exit and many 

cell cycle regulatory genes, induces cellular senescence, and inhibits proliferation and 

differentiation in C2C12 myoblasts[176]. Folate deficiency during early-mid pregnancy affects 

piglet longissimus dorsi muscle fiber number and content of intramuscular triglyceride[177]. 

Clinical effects of impaired FOCM are linked to defects in DNA synthesis and homocysteine 

remethylation, which result in decreased rates of cell division and elevated plasma 

homocysteine[178]. Hyperhomocysteinemia has been further associated with reduced skeletal 

muscle function and strength[179], [180] as well as increased risk of osteoporotic fracture[181], 

although the underlying causal mechanisms have not been fully understood. Taken together, the 
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results of these studies suggest the importance of normal functioning of FOCM in skeletal 

muscle cell growth and function. In this study, we sought to examine the role of glycine on 

proliferation of C2C12 myoblasts. Specifically, our study investigated the impacts of glycine on 

folate metabolism and de novo thymidylate biosynthesis in C2C12 myoblasts.  

 

Figure 5.1. Serine and glycine catabolism contribute 1C units to FOCM.Serine and glycine are 
interconvertible through enzyme serine hydroxymethyltransferase (SHMT) in FOCM. 
Mitochondria-derived formate from serine and glycine catabolism enters the cytosolic or nuclear 
FOCM, which is required for the de novo purine biosynthesis, de novo thymidylate biosynthesis, 
and for the remethylation of homocysteine to methionine. 
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5.2 Methods 

Cell culture.  

C2C12 myoblasts were maintained in DMEM (Corning) with 10% (vol:vol) FBS 

(HyClone), 1% penicillin/streptomycin (Mediatech) and 4 mM L-alanyl-L-glutamine (Corning) 

at 37°C and 5% CO2. For all experiments, unless otherwise indicated, cells were cultured in 

“modified DMEM” that consisted of DMEM lacking glycine, serine, folate, choline, methionine, 

and all nucleosides and nucleotides with 10% dialyzed and charcoal-treated FBS, 1% 

penicillin/streptomycin, and 4 mM L-alanyl-L-glutamine.  

Cell proliferation.  

C2C12 myoblasts were seeded in a 96-well plate in modified DMEM (as indicated in 

Cell Culture) supplemented with 20 µM methionine and 25 nM (6S) 5-formylTHF. To determine 

a dose-response effect of serine, glycine or formate on cell growth, cells were further 

supplemented with one of the followings in ten replicates: 1) 10 µM glycine; 2) 250 µM glycine; 

3) 10 µM serine; 4) 100 µM serine; 5) 30 µM sodium formate; or 6) 150 µM sodium formate. 

The cells cultured in the same modified DMEM but not supplemented with glycine, serine, and 

formate served as a negative control, and those cultured in regular DMEM served as a positive 

control. To determine the effect of hypoxanthine and thymidine on cell growth, cells were further 

supplemented with one of the followings in six replicates: 1) 100 µM hypoxanthine; 2) 30 uM 

thymidine; 3) 100 µM hypoxanthine and 30 uM thymidine; 4) 500 µM glycine; 5) 500 µM 

glycine and 100 µM hypoxanthine; 6) 500 µM glycine and 30 uM thymidine; or 7) 500 µM 

glycine, 100 µM hypoxanthine, and 30 uM thymidine. The cells cultured in regular DMEM 

served as a positive control. Cell confluence was measured by using a Celigo Image Cytometer 

(Nexcelom).   
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Determination of folate cofactor one-carbon distribution. 

C2C12 myoblasts were seeded in 10-cm tissue culture plates (Corning) in modified 

DMEM supplemented with 20 µM methionine. To determine the effect of glycine, serine or 

formate on distribution of the folate cofactor one-carbon forms, cells were further supplemented 

with one of the followings in duplicate: 1) 250 µM glycine; 2) 100 µM serine; 3) 150 µM 

sodium formate; or 4) 250 µM glycine, 100 µM serine and 150 µM sodium formate. Upon ~60% 

confluence, plates were rinsed twice with 1X PBS and replaced with the same culture medium 

but supplemented with 50 nM (6S)-[3H]5-formylTHF (Moravek Biochemicals) [157]. Following 

a 24h incubation, the same culture medium without any folate was added to the appropriate 

plates, and cells continued to grow for 24h. Cells were harvested, and intracellular folates were 

extracted as previously described[115]. Folate one-carbon forms (i.e., 10-formylTHF, THF, 5-

formylTHF and 5-methylTHF) were separated and quantified using reverse-phase HPLC as 

previously described [182].  

Glycine metabolism and de novo thymidylate biosynthesis. 

To determine whether 1C units derived from glycine catabolism are incorporated into 

dTMP, C2C12 myoblasts were seeded in 10-cm tissue culture plates in modified DMEM 

supplemented with 20 µM methionine and 25 nM (6S) 5-formylTHF. Following a 48h 

incubation, cells were plated in triplicate in the same culture medium but supplemented with 20 

µM [2-14C]-glycine (American Radiolabeled Chemicals) for 48h. Cells were harvested, and 

genomic DNA was isolated by using a High Pure PCR template preparation kit (Roche) with 

RNase A treatment according to the manufacturer’s instructions. DNA was digested to 

nucleosides[183], and isotopic enrichment of thymidine in DNA was determined as previously 

described[184].  
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Statistical analysis. 

Linear mixed models with Bonferroni corrections were used to assess the effect of serine, 

glycine or formate on cell growth over time. To examine the effects of serine, glycine, and 

formate on folate cofactor one-carbon distribution, a one-way ANOVA was used with post hoc 

Bonferroni correction. Difference in radioactivity (counts per minute) from thymidine fraction 

and baseline level was assessed by using a paired t test. Data are shown as means ± SDs of 2-10 

biological replicates/condition. All statistical tests were two-sided, and significance was defined 

as P < 0.05. Analyses were performed with IBM SPSS Statistics (version 20). Linear mixed 

model was used to assess the effects of hypoxanthine and thymidine on cell growth over time. 

Analyses were performed with JMP (version 14). 

5.3 Results 

Serine and glycine affect the growth of C2C12 myoblasts in a dose-dependent manner 

Serine or glycine, both nonessential amino acids, stimulated C2C12 growth. There were 

significant interactions between treatments and time (P < 0.001), indicating that the growth rate 

of C2C12 myoblasts differed by treatments (Figure 5.2). C2C12 myoblasts cultured in modified 

DMEM lacking all three sources of 1C units (i.e., serine, glycine and formate) exhibited 

significantly lower growth rates relative to those cultured in regular DMEM over 72 h (P < 

0.001). The addition of serine (10 or 100 µM) in modified DMEM resulted in a pronounced 

increase in the growth of C2C12 myoblasts in a dose-dependent manner (Figure 5.2A); the cells 

supplemented with 10 µM serine exhibited 29%, 106%, and 191% higher cell confluence at 24, 

48, and 72 h, respectively, compared with those maintained in modified DMEM lacking three 

sources of one-carbon units (P < 0.001). C2C12 myoblasts supplemented with 100 µM serine 

reached 100% confluence by 72 h, exhibiting 97% and 267% increases in their growth at 24 and 
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48 h, respectively, compared with those lacking one-carbon sources (P < 0.001). Compared with 

the cells cultured in regular DMEM, which served as a positive control, C2C12 myoblasts in 

modified DMEM supplemented with 100 µM serine exhibited 17% lower cell confluence at 24 

and 48 h (P < 0.001).  

Similarly, the addition of glycine (10 or 250 µM) in modified DMEM resulted in 

significant increases in the growth of C2C12 myoblasts in a dose-dependent manner, but to a 

lesser extent than the serine supplementation (Figure 5.2B); the cells supplemented with 10 µM 

glycine exhibited 21%, 39%, and 74% higher cell confluence at 24, 48, and 72 h, respectively, 

compared with those maintained in modified DMEM lacking three sources of one-carbon units 

(P < 0.001). The addition of 250 µM glycine in modified DMEM increased cell growth by 30%, 

96% and 169% at 24, 48 and 72 h, respectively, relative to modified DMEM lacking one-carbon 

sources (P < 0.001). Compared with C2C12 myoblasts cultured in regular DMEM, the cells 

supplemented with 250 µM glycine exhibited 50% and 60% lower cell confluence at 24 and 48 

h, respectively (P < 0.001). The addition of formate (30 or 150 µM) in modified DMEM did not 

affect the growth of C2C12 myoblasts compared with the condition lacking one-carbon sources 

(P > 0.12; Figure 5.2C).  
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Figure 5.2. Effects of serine (A), glycine (B) and formate (C) on the growth of C2C12 myoblasts. Cell confluence was measured over 
48 or 72 h. Data were analyzed using a linear mixed model with Bonferroni correction. Values are shown as means ± SDs of ten 
biological replicates/condition. Labeled means without a common letter at each time point differ, P < 0.001. *Different from the other 
conditions at each time point, P < 0.001. rDMEM, regular DMEM; mDMEM, modified DMEM lacking serine, glycine and formate; 
Ser, serine; Gly, glycine; For, formate
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Figure 5.3. Effects of serine, glycine and formate on cellular distribution of folate one-carbon 
forms. The relative percentages of folate forms including 10-formylTHF, THF, 5-formylTHF and 
5-methylTHF are shown for each treatment. Differences in folate forms among treatment groups 
were determined by using a one-way ANOVA with Bonferroni correction. Values are shown as 
means ± SDs of 2 biological replicates/condition. Labeled means without a common letter in 
each folate one-carbon forms differ, P < 0.05. mDMEM, modified DMEM lacking serine, 
glycine and formate; Ser, serine; Gly, glycine; For, formate. 
 

Glycine supplementation increases intracellular 5-methylTHF at the expense of THF  

C2C12 myoblasts cultured in modified DMEM lacking all three sources of 1C units 

(serine, glycine and formate) exhibited a 47% decrease in intracellular 5-methylTHF (P = 0.01) 

and 38% increase in THF levels (P = 0.01) compared with those supplemented with sources of 

1C units including 100 µM serine, 250 µM glycine and 150 µM formate (Figure 5.3). The 

addition of 100 µM serine alone in modified DMEM did not reverse these changes, yielding a 

51% decrease in 5-methylTHF pools (P = 0.01) and 50% increase in THF pools (P = 0.003) 

compared to the condition supplemented with all 1C sources. Notably, the addition of 250 µM 

glycine alone in modified DMEM was sufficient to reverse the changes in folate vitamer 
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distribution induced by the depletion 1C sources, yielding a 160% increase in 5-methylTHF 

pools (P = 0.001) and 54% decrease in THF pools (P < 0.001) compared with the condition 

lacking serine, glycine and formate. The addition of 150 µM formate alone in modified DMEM 

did not affect the distribution of folate one-carbon forms compared with the condition lacking 1C 

sources or the condition supplemented with 1C sources (P > 0.12). Overall, these findings 

suggest that glycine supports the generation of 5-methylTHF, with the increase in 5-methylTHF 

occurring at the expense of THF, in C2C12 myoblasts.   

 

Figure 5.4. Incorporation of exogenous glycine into thymidine in DNA. The incorporation of 
[14C]-glycine into thymidine was normalized to DNA content. Data were analyzed by using a 
paired t test. Values are shown as means ± SDs of 3 biological replicates. *Different from 
Baseline, P < 0.05. CPM, counts per minute. 

 

Exogenous glycine is incorporated into thymidine in C2C12 myoblasts 

We next determined whether 1C units derived from glycine contribute to de novo dTMP 

synthesis by supplementing C2C12 myoblasts with [2-14C]-glycine and measuring radioactivity 

in thymidine present in nuclear DNA. Exogenous glycine was shown to be incorporated into 

thymidine as indicated by the presence of [14C]-thymidine in DNA, with the levels increased by 

6.5-fold compared to the baseline radioactivity levels (P = 0.009; Figure 5.4).  
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Hypoxanthine or thymidine does not rescue the growth of C2C12 myoblasts under glycine 

depletion 

Next, we investigated if glycine support growth of C2C12 myoblasts by contributing 1C 

units in FOCM for de novo dTMP synthesis or de novo purine synthesis. To this end, cells 

cultured in modified DMEM were supplemented with hypoxanthine (an alternative source of 

purines through the purine salvage pathway) or thymidine in the presence or absence of glycine 

(Figure 5.5, Table 5.1). There were significant interactions between treatments and time 

(P<0.001), indicating that the growth rate of C2C12 myoblasts differed by treatment. 

Consistently, C2C12 myoblasts cultured in modified DMEM with glycine supplementation 

showed significantly higher growth rates relative to those cultured in modified DMEM lacking 

glycine (p=0.0007). Addition of hypoxanthine, thymidine, or both in modified DMEM lacking 

glycine did not rescue growth of C2C12 myoblasts, suggesting that generating 1C units is not the 

primary mechanism by which glycine supports C2C12 myoblasts proliferation (p<0.0001, 

p=0.0094, p<0.0001, respectively). Addition of hypoxanthine, thymidine, or both in modified 

DMEM containing glycine did not have a significant effect on cell growth (p=0.5194, p=0.468, 

p=6194, respectively). 
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Figure 5.5. Addition of hypoxanthine or thymidine did not rescue the growth of C2C12 myoblasts 
in media lacking glycine. Data were analyzed using a linear mixed model. mDMEM, modified 
DMEM; Gly, glycine; Hypo, hypoxanthine; Thy, thymidine. 
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Table 5.1. Results of linear mixed model regression analysis between media and time. 
Confluence were measured on day 2-4. Data were combined from two replicate experiments 
(n=6) and were analyzed using a linear mixed model, significant differences compared to C2C12 
myoblasts treated with modified DMEM plus glycine (P<0.05). The comparisons and 
interactions between "treatment" and "time" were statistically significant (p<0.0001). mDMEM, 
modified DMEM; Gly, glycine; Hypo, hypoxanthine; Thy, thymidine. 

 

 

5.4 Discussion 

In this study, we observed that serine or glycine stimulated a significant increase in 

growth rate of C2C12 myoblasts, which is consistent with previous finding that the addition of 

serine and glycine alone or in combination stimulated human muscle progenitor cells (hMPCs) 

proliferation in a dose-dependent manner [25]. In C2C12 myoblasts, glycine is essential for 

myotube size and addition of glycine reduces muscle wasting during growth factor deprivation or 

nutrient starvation [185]. Mdx mice treated with glycine transporter inhibitor exhibited 

completely compromised muscle regeneration[186]. The effects of glycine on muscle cell 

proliferation is unique compared to other cell types. In cancer cell lines, exogenous glycine 

cannot replace serine to support cancer cell proliferation, and restriction of exogenous glycine or 

depletion of the glycine cleavage system did not impair proliferation[24]. In T lymphocytes, 

Variables Regression coefficient Std Error P
Intercept -15.617 11.637 0.3454
media[mDMEM] -10.269 2.380 <.0001*
media[mDMEM+Gly+Hypo] 4.834 2.380 0.0453*
media[mDMEM+Gly+Hypo+Thy] 3.217 2.380 0.18
media[mDMEM+Gly+Thy] 1.083 2.380 0.6503
media[mDMEM+Hypo] -12.534 2.380 <.0001*
media[mDMEM+Hypo+Thy] -10.639 2.380 <.0001*
media[mDMEM+Thy] -9.528 2.380 0.0001*
time 13.835 1.602 <.0001*
media[mDMEM] x time -7.768 2.266 0.0007*
media[mDMEM+Gly+Hypo] x time 1.463 2.266 0.5194
media[mDMEM+Gly+Hypo+Thy] x time -1.128 2.266 0.6194
media[mDMEM+Gly+Thy] x time 1.648 2.266 0.468
media[mDMEM+Hypo] x time -10.100 2.266 <.0001*
media[mDMEM+Hypo+Thy] x time -9.522 2.266 <.0001*
media[mDMEM+Thy] x time -5.947 2.266 0.0094*
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serine is essential for optimal cell proliferation and glycine cannot compensate for serine 

deficiency[23].  

Glycine catabolism contributes 1C units to FOCM through glycine cleavage system 

(GCS), which can be incorporated into purines, thymidylate, as well as methyl groups for 

biosynthetic and regulatory methylation reactions. GCS is a multi-enzyme complex that exist in 

the mitochondria and consists of four constituents. One of the proteins in GCS, glycine 

decarboxylase (GLDC) was observed to express in a limited number of human tissues including 

liver, kidney and placenta, but not in skeletal muscle [187]. Consistently, the enzymatic activity 

of GCS was identified only in tissues where GLDC mRNA was abundantly expressed [187], 

[188]. Although skeletal muscles contain very limited amount of GCS activity, evidence suggest 

that GCS contributes 1C units to FOCM in muscle in mice[186]. Glycine-induced muscle 

regeneration was significantly impaired in mdx mice treated with GLDC-targeted short hairpin 

RNA (shRNA). Furthermore, treatment with formate or THF partially rescued muscle 

regeneration in mdx mice without glycine[186]. Our study confirms that glycine contributes 1Cs 

units to FOCM in C2C12 myoblasts. We observed that glycine supplementation increased 

intracellular 5-methylTHF with a corresponding decrease in THF. In addition, 1Cs units derived 

from exogenous glycine were incorporated into thymidine in DNA through de novo dTMP 

biosynthesis.  

Despite the evidence that glycine plays a role in FOCM in C2C12 myoblasts, our results 

suggested that generating 1C units is not the primary mechanism by which glycine supports 

C2C12 myoblasts proliferation. If the requirement for glycine in C2C12 myoblasts was 

attributed to the role of glycine in FOCM, the proliferative arrest in glycine depleted media 

should be rescued by supplementation of formate or nucleotide precursors. However, formate 
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supplementation failed to rescue the growth of C2C12 myoblasts in media lack of serine and 

glycine, indicating that 1C units were not growth limiting. Furthermore, neither hypoxanthine 

and/or thymidine supplementation alone or in combination rescued the growth of C2C12 in 

glycine depleted conditions. Taken together, these findings confirmed previous observations in 

hMPCs that the glycine requirement appears to not be related to DNA synthesis as 

supplementation with nucleotide precursors did not rescue cell expansion[25]. 

In addition to the role of generating one-carbon units for FOCM, glycine participates in 

numerous biosynthetic and signaling pathways in the cell, including protein synthesis and 

glutathione production. The pathways and mechanisms through which glycine supports muscle 

cell growth and proliferation have been explored previously. Glycine supplementation protects 

muscles in a variety of wasting models, including cancer cachexia, sepsis, and reduced caloric 

intake, likely involve receptor-mediated responses and modulation of intracellular 

metabolism[189]. Recently, a study in C2C12 myoblasts indicated that mTORC1 signaling is 

necessary for glycine’s protective effects in vitro[185]. Glycine stimulated satellite cell 

proliferation and muscle regeneration by increasing activation of mTORC1 in mdx mice[186]. In 

human muscle progenitor cells (hMPCs), both serine and glycine are essential for cell 

proliferation, likely through supporting synthesis of intracellular antioxidant glutathione, and 

restriction of serine and glycine was sensed in an EIF2α-dependent manner resulting in cell cycle 

arrest in G0/G1[25]. The underlying mechanisms responsible for the effects of glycine on muscle 

cells proliferation remain unclear and require further investigation. 

In conclusion, our study observed that serine or glycine supplementation alone stimulated 

C2C12 myoblasts proliferation in a dose-dependent manner. Glycine contributed one-carbon 

units for folate one-carbon metabolism and for de novo thymidylate biosynthesis in C2C12 
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myoblasts. However, the addition of formate, hypoxanthine or thymidine did not rescue the 

growth of C2C12 myoblasts under glycine depleted condition, suggesting that generating 1C 

units is not the primary mechanism by which glycine supports C2C12 myoblasts proliferation. 

 



 

122 

Chapter 6 SUMMARY AND FUTURE WORK 

This dissertation research investigated the nutritional, biochemical and genetic factors 

that regulate folate-mediated one-carbon metabolism (FOCM), with a focus on the de novo 

thymidylate biosynthesis pathway. Chapter 2 reviewed the cell cycle regulation of FOCM. 

Evidence suggests that folate-dependent and folate-independent purine and thymine 

deoxyribonucleotide synthesis are regulated by cell cycle. The cellular needs at each stage of the 

cell cycle are met by assigning priority to individual pathways within the network through 

regulation of enzyme expression, activity, and subcellular localization, as well as multienzyme 

complex formation. Specifically, enzymes in de novo thymidylate biosynthesis pathway are 

expressed at a higher level and form a complex in the nucleus during S and G2M phase of the 

cell cycle. Nuclear translocation of de novo thymidylate biosynthesis pathway eliminates the 

competition for folate cofactors with de novo purine biosynthesis and homocysteine 

remethylation in the cytosol, assuming that folate nuclear and cytosolic folate cofactors are not 

shared. De novo purine biosynthesis also exhibits cell cycle regulation at the level of 

multienzyme complex formation, however, the cell cycle regulation of enzyme levels is less 

studied. Further investigations are needed to understand the cell cycle regulation of 

homocysteine remethylation and mitochondrial one-carbon metabolism. 

In chapter 3, the role of SUMO-SIM interactions in de novo dTMP synthesis complex 

formation was investigated. Our study confirmed multiple previously predicted SUMOylation 

sites and identified novel SUMOylation sites on enzymes of the de novo dTMP biosynthesis 

pathway. These SUMO1 modification sites were identified using recombinant SUMOylated 

proteins purified from engineered bacteria, therefore, in vivo verifications are required. 

SUMOylation of SHMT1 is linked to its nuclear import. It is likely that DHFR, TYMS and 

MTHFD1 are also translocated into the nucleus through similar mechanisms. SUMO1 
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modification sites identified in Chapter 3 may be verified by investigating cellular localization of 

SHMT1, TYMS and MTHFD1 with mutations at SUMO1 modification sites. Polymorphisms in 

genes coding for proteins in de novo thymidylate biosynthesis pathway should also be examined, 

especially polymorphisms at identified SUMO1 modification sites or adjacent amino acids. 

MS analysis of DSSO and DSBU cross-linking experiments with the in vitro assembled 

de novo dTMP biosynthesis complex only identified intra crosslinks but no interenzyme 

crosslinks. Further investigations are needed to characterize the spatial structure and underlying 

mechanism of protein-protein interactions. One limitation of the experiment is that the purified 

proteins were not characterized for proper folding. Additionally, DHFR proteins used to 

assembly de novo dTMP biosynthesis complex were not SUMOylated. SUMO1 modified DHFR 

may be obtained by optimizing the current purification system or by switching to other 

expression systems, such as insect cell or mammalian cell systems. Furthermore, other MS-

cleavable crosslinkers may be considered. Both DSSO and DSBU crosslinkers interact with 

lysine, which limit the possibility of crosslinking reactions among the proteins in de novo dTMP 

biosynthesis complex. One of the promising crosslinkers is phospho-bisvinylsulfone (pBVS), a 

recently developed MS-cleavable cross-linker that targets multiple types of amino acid residues, 

including cysteine, lysine and histidine. 

In vivo cross-linking experiments may be considered in future work. In the nucleus, 

proteins in de novo thymidylate biosynthesis pathway form a complex and interact with 

replication and epigenetic machineries. Compared to in vitro cross-linking of assembled protein 

complex using purified proteins, in vivo cross-linking reactions generate highly complex samples 

and increase difficulty in MS analysis. Proteins in de novo thymidylate biosynthesis pathway 

may be overexpressed to increase nuclear protein concentrations and therefore increase the 
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possibility of cross-linking and identification of interaction sites. 

Aside from facilitating enzyme complex formation through SUMO-SIM interactions, 

other roles of SUMO1 modification of proteins of de novo thymidylate synthesis pathway may 

be explored. The enzymatic activity or protein interaction with other cellular proteins of SUMO1 

modified proteins of de novo thymidylate synthesis pathway may be studied. Future experiments 

are needed to investigate if SUMO1 modifications of DHFR, TYMS and MTHFD1 have similar 

effect on protein nuclear translocation compared to SHMT1. 

To better understand the function of the FOCM network, a previously developed hybrid-

stochastic model of FOCM was extended by including the nuclear compartment which is 

described in Chapter 4. To the best of our knowledge, this is the first FOCM computational 

model to include nuclear de novo thymidylate biosynthesis complex formation and enzyme rate 

acceleration through folate substrate channeling. Inclusion of the nuclear compartment in the 

model has provided new insights into the functioning of the FOCM network. The model 

confirms that accounting for the kinetic effects of nuclear multienzyme complex formation and 

substrate channeling is essential for the functioning of de novo dTMP synthesis. Sensitivity 

analyses indicate that de novo thymidylate biosynthesis in the nucleus is protected from 

perturbations in purine biosynthesis and HCY remethylation, whereas cytosolic de novo 

thymidylate biosynthesis is more sensitive to changes in the activities of enzymes in FOCM. The 

model also demonstrates that de novo dTMP synthesis pathway in the nucleus exhibits altered 

sensitivity to substrate/cofactor availability compared to pathway in the cytosol. The model 

simulation suggests that nuclear translocation is essential for de novo thymidylate biosynthesis 

by eliminating competition for folate cofactors and protecting the pathway from variability in the 

network. Experimental data in MCF7 cells confirms that MTHFR expression levels does not 
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significantly affect total de novo dTMP synthesis.  

This model is a good starting point and can be optimized in several aspects. Firstly, 

mitochondria one-carbon metabolism may be added to the model. Secondly, the regulation of 

metabolic pathways in FOCM through cell cycle progression may be added to the model. 

Thirdly, the model simulation of TYMS expression and serine, glycine and formate 

concentrations affecting de novo dTMP synthesis did not match the experimental results in 

MCF7 cells. The concentrations of the constant substrates and most model parameter estimates 

included in the model are from literature in L1210 cell line. The responses of FOCM output 

variables to changes in enzyme activities and substrate concentrations are likely to be cell type 

specific. The model can be modified specifically to various tissue or cell lines according to 

proteomics and metabolomics data. In this way, the model will account for the differential 

expression and regulation of enzymes associated with FOCM, as well as tissue or cell line 

specific metabolite concentrations. 

One example of differential expression of enzymes in FOCM is glycine decarboxylase 

(GLDC), one of the four proteins in glycine cleavage system (GCS) in the mitochondria. Glycine 

catabolism through GCS contributes 1C units to FOCM. GLDC was observed to express in a 

limited number of human tissues including liver, kidney and placenta. In Chapter 5, the effect of 

glycine on proliferation of C2C12 myoblasts and its impact on folate metabolism and de novo 

thymidylate biosynthesis was investigated. Addition of serine or glycine alone stimulated C2C12 

proliferation. Glycine supplementation increased 5-methylTHF at the expense of THF and 

contributed one-carbon units to de novo thymidylate synthesis. However, formate, hypoxanthine 

or thymidine supplementation failed to rescue the growth of C2C12 under glycine depletion, 

suggesting that generating 1C units is not the primary mechanism by which glycine supports 
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C2C12 myoblasts proliferation. 

The underlying mechanism of the unique nutrient requirement for glycine in C2C12 

myoblasts proliferation remains to be determined. The role of glycine in other biosynthetic and 

signaling pathways in the cell may be investigated, especially the mTORC1 signaling pathway 

and the synthesis of intracellular antioxidant glutathione. 
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