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Plant defenses are typically predicted to increase over ecological succession, 

paralleling increases in the abundance of herbivores.  While this successional 

escalation of defenses has been widely observed on an interspecific level, little is 

known about how the defense phenotypes of plant populations change over succession 

and succession additionally presents a dynamic environment to study the factors that 

influence herbivore resistance within species.  Here I use tall goldenrod, Solidago 

altissima (Asteraceae), as a model system to examine intraspecific patterns of plant 

defense over succession.  Chapter 1 examines changes in the resistance of S. altissima 

plants to insect herbivores over a gradient of oldfield succession in a large-scale field 

experiment and assesses the roles of microevolution and phenotypic plasticity in 

mediating these shifts in resistance.  We find that both genotypic shifts in plant 

populations and soil environmental changes affect plant herbivore resistance.  

Chapter 2 reviews how anthropogenic disturbances, such as agriculture, can alter 

plant-microbe interactions and discusses how advances in methodology, particularly 

soil microbiome transplant experiments, can be used to assess the impacts of these 

disturbances on important plant ecological interactions.  Chapter 3 applies these 



 

 iv 

methods to characterize changes in S. altissima plants’ interactions with soil bacteria 

and fungi over oldfield succession in the field and assess the potential of these 

successional microbial shifts to affect plant herbivore resistance.  We find that the 

microbial communities that colonize S. altissima shift over oldfield succession and 

that experimentally inoculating S. altissima plants with later succession microbiomes 

confers greater resistance to their main specialist herbivore, Trirhabda virgata, 

paralleling the patterns of herbivory observed in the field.  Chapter 4 explores the 

potential of this microbe-mediated herbivore resistance that we have observed in S. 

altissima plants inoculated with late succession soil microbiomes to improve the pest 

resistance of crop species. We find that while microbiomes from different stages of 

succession differentially affect both plant growth and resistance, the effects are 

species-specific. Collectively, these studies indicate that microbiomes can play an 

influential role in determining the defense phenotypes of their host plants and that 

these microbiome effects can interact with other factors such as host genotype and 

species.   
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CHAPTER 1 

ECO-EVOLUTIONARY PROCESSES AFFECTING PLANT-HERBIVORE 

INTERACTIONS DURING EARLY COMMUNITY SUCCESSION 
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ABSTRACT 

The quality and outcome of organismal interactions are not only a function of 

genotypic composition of the interacting species, but also the surrounding 

environment. Thus, the strength and direction of natural selection of interacting 

populations vary with the community context that is changed by the interaction itself. 

Here we test for the role of interacting evolutionary and ecological processes in plant-

herbivore interactions during early community succession in the tall goldenrod, 

Solidago altissima, study system. We use surveys in a large-scale field experiment 

with repeated plots representing six years of early oldfield succession and reciprocal 

transplant common garden experiments to test for the relative importance of rapid 

evolution (genetic) and environmental changes (soil quality) in affecting the mean 

plant resistance and growth phenotypes during community succession. While plant 

growth varied strongly with soil quality over the first five years of succession after 

abandonment of agriculture, plant secondary metabolism and herbivore resistance 

varied minimally with the soil environment. Instead, mean composition and 

abundance of plant secondary compound bouquets differed significantly between S. 

altissima plants from populations collected in communities in the first (“early”) and 

sixth (“intermediate”) years of oldfield succession, which was reflected in the 

preference of the specialist herbivore, Trirhabda virgata for early succession lines. 

Moreover, this feeding preference was most pronounced on poorer quality early 

succession soils. Overall, our data demonstrate that plant quality varies for insect 

herbivores during the course of early succession and this change is a combination of 
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altered genotypic composition of the population and phenotypic plasticity to 

differential availability of soil nutrients.    

 

INTRODUCTION 

 Insect herbivores can modify plant community dynamics both by altering 

competitive interactions among members of the community (Carson and Root 2000) 

and through natural selection and the resulting population-specific changes in plant 

defence trait expression (Bode and Kessler 2012; Agrawal et al. 2012; Uesugi and 

Kessler 2016). Thus, herbivores, continuously or intermittently, alter the context in 

which their interactions with plant populations are played out. For example, the 

intensity of biotic stresses, such as herbivory and competition, vary along 

environmental gradients in space (geographically) and time (community succession) 

and consequently so do their roles as interacting agents of natural selection on 

associated plant traits, such as resistance to herbivores and inter-and intra-specific 

competitive ability (Walker and Moral 2003; Hodkinson 2005; Schemske et al. 2009; 

Hakes and Cronin 2012). In addition, plants exhibit phenotypic plasticity to both biotic 

and abiotic conditions in their environments (Callaway et al. 2003). Thus, the 

expression of a plant phenotype (e.g. chemical defenses, competitive ability) and its 

relative or associational status within the community is a function of the community 

composition, the population genetic composition and the presence of biotic and abiotic 

factors inducing changes in plant metabolism (phenotypic plasticity). In a natural 

environment all of those factors interact and consequently make plant chemistry-

mediated interactions context dependent. The outcome of biotic interactions, such as 
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those between plants and herbivores, can consequently be predicted to be subject to a 

reciprocal interaction between ecological and rapid evolutionary processes (Agrawal 

et al. 2013).  

 

Phenotypic plasticity and rapid evolution in Solidago altissima  

 The tall goldenrod, Solidago altissima L. (Asteraceae) is a particularly 

interesting species in which to study ecological and rapid evolutionary dynamics. This 

species dominates early succession habitats, such as oldfields and naturally open 

habitats in northeastern North America, as well as frequently across its invasive range 

in Europe and Asia (Meyer et al. 2005; Etterson et al. 2008). S. altissima has long 

been used as a community ecology study system to understand complex interactions 

between plants and insect herbivores and predators (Weis and Abrahamson 1986; 

Maddox and Root 1987; Crutsinger et al. 2006). In some such oldfield communities, 

insect herbivory has been shown to be the major driver of community dynamics 

because herbivory reduces the competitiveness of the dominant S. altissima relative to 

other plant species in the community and so maintains higher species diversity 

(Carson and Root 2000). At the same time, the members of the diverse arthropod 

community associated with S. altissima differentially prefer different plant genotypes 

as hosts (Maddox and Root 1987). This phenomenon is suggested to underlie the 

finding that high genotypic diversity within S. altissima populations begets arthropod 

community diversity (Crutsinger et al. 2006). 

 Recent studies have demonstrated not only that the relative dominance of S. 

altissima populations within oldfield communities results from complex interactions 
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between herbivory and competition with other plant species (Carson and Root 2000), 

but that differential exposure to these two different types of antagonism (herbivory 

and competition) affects the genetic composition of the plant population and 

consequently the mean expression of defence and competition phenotypes. While 

herbivory selects for increased expression of defence metabolites and herbivore 

resistance (Bode and Kessler 2012; Uesugi and Kessler 2016), relief from herbivory 

selects for the increased expression of traits mediating increased competitive ability, 

such as increased growth under competition and increased production of allelopathic 

polyacetylenes, such as dehydromatricaria ester (Johnson et al. 2010; Uesugi and 

Kessler 2013, 2016). These changes in mean defence and competitive phenotypes in 

herbivore inclusion and exclusion plots, respectively, were detected after a 12-year 

maintenance of an herbivore exclusion treatment (Bode and Kessler 2012; Uesugi and 

Kessler 2013) suggesting rapid evolutionary processes with both insect herbivores and 

competition with neighbouring plants as the major agents of natural selection (Uesugi 

et al. 2017).  

 Community context and rapid evolutionary processes affecting the population 

genetic composition both likely interact with phenotypic plastic responses. Solidago 

altissima has strong induced and very specific secondary metabolic responses to insect 

herbivory (Bode et al. 2013; Uesugi et al. 2013; Morrell and Kessler 2016) and insect-

derived chemical cues (Helms et al. 2013; Uesugi et al. 2016). This strong inducibility 

of resistance combined with a volatile organic compound-mediated chemical 

information transfer from plant to plant (Morrell and Kessler 2016) has been shown to 

result in a more even distribution of herbivory among plants of the same population 
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(Rubin et al. 2015).  Strong context dependency means then that the outcome of plant-

animal interactions, such as those described above, and thus natural selection on the 

associated traits should vary with community composition and population genetic 

structure.  

 

Plant herbivore interactions changing along successional gradients 

Within this framework, gradients of community succession are particularly 

interesting because they represent that ever-changing community context and have 

been associated with a number of seminal hypotheses on the evolution of chemical 

anti-herbivore defences (McKey 1974; Coley et al. 1985; Herms and Mattson 1992). 

For example, growth rates and defensive trait expression can vary dramatically with 

the succession of a habitat (Walker and del Moral 2003), with late successional 

species growing more slowly than early colonizers, but having stronger herbivore 

resistance (Herms and Mattson 1992; Bergelson 1994). However, while these patterns 

have been studied in species comparisons, they have rarely been investigated as 

genetically correlated traits within species. In those few within-species comparisons, a 

genotype’s competitiveness was usually negatively correlated with its resistance to 

herbivores (Bode and Kessler 2012; Uesugi and Kessler 2013). In three recent studies, 

herbivory was identified as the major agent of natural selection on both resistance and 

competitive ability (Bode and Kessler 2012; Agrawal et al. 2012; Uesugi and Kessler 

2013). Most importantly, evolutionary shifts in the mean phenotypes happened over 

surprisingly short periods of time (3–12 years), suggesting that rapid evolutionary and 

ecological processes underlying plant-herbivore interactions reciprocally affect each 
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other in similar ways as has been found in artificial and natural systems, such as 

rotifer-algae chemostats and guppy life history evolution interacting with nutrient 

cycling (Post and Palkovacs 2009).  

 Specific relationships between ecological and rapid evolutionary processes can 

be predicted to shift during community succession and thus affect the outcome of 

species interactions on the population level, not only because species composition and 

diversity of the interacting community may change but also because the abiotic 

conditions may have shifted as an emergent property of community composition and 

diversity (Post and Palkovacs 2009). For example, soil conditions have been found to 

change over relatively short periods of time with the changing plant community, 

involving changes such as soil microbial community shifts, soil organic matter and 

nutrient availability (Bazzaz 1979; Maharning et al. 2009). Similarly, changes in plant 

community composition may affect how a specific plant population is exposed to 

herbivory as a function of abundance (e.g. resource concentration, (Root 1973) and 

associational resistance mechanisms (Barbosa et al. 2009). Thus, the community 

context in which plant-insect interactions are played out gradually changes during 

succession and differential natural selection on S. altissima populations can be 

predicted.  

However, a recent reciprocal transplant experiment did not detect a genotype 

effect, but instead found a pure environment effect causing plants to express high 

resistance and low tolerance when transplanted in early successional communities and 

relatively lower resistance but higher tolerance in late succession communities (Hakes 

and Cronin 2012). Nevertheless, the same study found signs of directional natural 
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selection on herbivore resistance, suggesting that population genetic composition and 

so the distribution of defence phenotypes should change over succession. Hakes and 

Cronin (2012) suggested that the focus of their study on mid (5 year) and late (15 

year) succession may have contributed to the lack of detection of genotypic effects, 

since high population genotypic diversity and recruitment from seeds is highest 

(Hartnett and Bazzaz 1985; Maddox et al. 1989), and hence natural selection is 

potentially more easily detected, in the first five years of succession.  

 Here we address this apparent contradiction and assess the relative importance 

of environmental vs. population genetic factors as mechanisms determining the 

differences in mean resistance and growth phenotypes of S. altissima in the early years 

(years 1 and 6) of community succession using a common garden soil reciprocal 

transplant experiment.  We hypothesized that soil conditions and plant population 

origin (early vs. intermediate succession habitats) will be major factors affecting mean 

growth and resistance phenotypes of S. altissima along successional gradients. 

Focusing on soil quality as a major environmental factor changing during community 

succession, we reciprocally transplanted genotypes from early and late succession 

habitats into common gardens with soils from those habitats and measure growth and 

insect resistance phenotypes. To explain natural herbivore distribution and plant 

growth patterns that we observed in plant populations during early oldfield succession 

(year 1–6), we specifically examined genotypic and soil environment-induced 

differences in plant secondary metabolism, as well as insect herbivore choice.  
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MATERIALS & METHODS 

Study system 

The tall goldenrod, S. altissima, is a common forb that often dominates early 

succession plant communities and is particularly common in oldfields. Even though it 

is an early colonizer, S. altissima can dominate oldfield habitats for a long time and 

persist for 50-75 years (Hartnett and Bazzaz 1985; Maddox et al. 1989). However, 

recruitment from seeds is thought to be limited to the first five years of the 

establishment of a typical forb community after which plants reproduce largely 

vegetatively (Hartnett and Bazzaz 1985; Maddox et al. 1989). S. altissima is 

associated with a very diverse arthropod herbivore community (Maddox and Root 

1987) of which some affect plant species persistence and dominance to the point of 

altering plant community composition (Carson and Root 2000). Thereby, the 

persistence of S. altissima genotypes within a population is a function of the 

interaction between herbivore resistance and plant competitive ability (Uesugi and 

Kessler 2013, 2016). One major plant-community altering herbivore is the specialist 

chrysomelid beetle Trirhabda virgata, which has also been suggested as a major agent 

of natural selection on plant chemical resistance (Bode and Kessler 2012; Uesugi and 

Kessler 2016). Periodic and localized population outbreaks of T. virgata are common 

during early succession (Maddox and Root 1987), but the factors driving outbreak 

cycles are unknown. Another common herbivore in the study area is a specialist 

chrysomelid beetle Microrhopala vittata whose larvae are leaf miners and adults leaf 

chewers. 
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Field experiment 

For this project we utilized a long-term early oldfield succession chronosequence 

located in Dunlop meadow, Brooktondale, NY (42°23'13"N, 76°24'00"W) established 

in 2002. Each of six years in a succession sequence (1–6) after three years of 

agricultural use is represented with two 30 x 30 m plots (total of 12 plots) separated by 

10 m mowed grassland buffer. After 6 years of succession the experimental plots are 

planted with maize for three years following conventional agricultural practices (Fig. 

S1). In the first year after agricultural use, the plant community establishes through 

natural recruitment from seed. The gene pool from where the recruitment occurs is 

likely to be very similar across years because of the close proximity of the plots to one 

another. Potential differences in recruitment due to differences in biotic and abiotic 

conditions between years are mitigated by continuing recruitment of S. altissima over 

the first five years of succession (Maddox et al. 1989).   

 

Field survey 

We surveyed herbivory, growth, seed production and abundance of S. altissima in the 

experimental succession plots in 2016. As all observations were made during the same 

growth season, comparisons between “years” refer to comparisons between 

communities of different successional stages, but not necessarily the age of individual 

plants. In mid May, when the S. altissima had started growing, we marked 20 ramets 

in each plot chosen at random. Ramets were evenly distributed across each plot with 5 

m to the edge of the plot and 4–5 m between each ramet. We measured the height of 

the marked ramets and recorded the occurrence of the main herbivores T. virgata 
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(number of larvae) and M. vittata (number of eggs) every two to three weeks from late 

May to July and once a month from August onward. In the fall once the flowers 

opened and growth ceased we collected, dried (at 60 °C for four days), and weighed 

the inflorescences, stems, and remaining leaves to get an estimate of seed production 

and leaf biomass. During the survey 8 – 16 % of the ramets died in the plots in 

successional years 4–6, whereas mortality was 0–3 % in the early succession plots. To 

estimate the abundance of S. altissima we counted the number of S. altissima ramets in 

four 50 by 50 cm quadrats in each plot in mid July.  

In order to assess changes in soil properties over succession, we collected six 

10 cm soil cores from plots that had undergone 1 and 5 years of oldfield succession 

(and were beginning their 2nd and 6th years of succession, respectively) on 07-Jun-

2017.  We dried the samples at 50°C for four days and sieved them to 2 mm, and then 

sent them to the Cornell Nutrient Analysis Lab (Ithaca, NY, USA) for analysis of soil 

organic matter, nutrients (K, P, Ca, Mg), and pH using standard methods (USDA, 

2014).  

 

Soil transplant experiment  

 In order to assess the effects of changes in the environment (soil successional 

origin effect) and genetic structure of the plant population over succession (plant 

successional origin effect) on plant growth and defence phenotypes we performed a 

transplant experiment in which plant lines from years 1 and 6 of succession were 

reciprocally planted into soils from years 1 and 5 of succession in an outdoor 

(screenhouse) common garden at Cornell University (Ithaca, NY, USA).  We collected 
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rhizomes of S. altissima plants from plots representing successional years 1 and 6 of 

oldfield succession from Dunlop meadow at the end of the S. altissima growing season 

in Summer or Fall 2015.  To avoid collecting individuals from the same plot that were 

genetically identical, we avoided collecting ramets that appeared to part of the same 

clonal stand and collected plants that were at least 3 m away from each other (S. 

altissima are not expected to clonally spread more than 0.6 m away from the original 

plant after 5 years (Cain 1990)).  Because S. altissima are self-incompatible, it is 

highly unlikely that plants collected from farther distances, and especially different 

plots, would be genetically identical, even if they colonized from seeds of the same 

maternal plant. An earlier test using the analysis of 16 microsatellite loci verified that 

this collection method ensures that different genotypes are sampled (Uesugi et al. 

2017). In an attempt to remove potential effects of previous acclimation, and plant 

ontogeny, we vegetatively propagated plants from young rhizome cuttings through at 

least 2 reproductive cycles in a standard potting media (Lambert’s LM-111, Quebec, 

Canada) in a glasshouse at Cornell University following an established protocol 

(Uesugi and Kessler 2013).  The transplant experiment utilized 10-13 genotypes per 

plant and soil successional origin combination with 1-3 biological replicates. 

 We collected topsoil (top 10 cm) on 23-May-2017 from multiple locations in 

one 1st and one 5th year plot (going into their 2nd and 6th years of succession, 

respectively), and passed it through a 5 mm sieve to remove rocks, roots, and other 

debris.  Because the soil was collected at the beginning of the field season, we 

considered the soil to have a successional age of 1 or 5 years, rather than 2 or 6 years, 

whereas we considered that plant lines that we collected to be the age of their plot as 
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designated in Fig. S1, as they were collected at the end of the growing season.  We 

manually homogenized each soil on a tarp with a shovel for 25 minutes and then 

portioned it into standard 15 cm standard pots (1.7 L), and stored it outdoors until 

planting.  We randomly assigned the plants to soil treatments and to pots within each 

soil treatment and planted them on 28-May-2017 as crown cuttings (~6 cm length) 

dipped in rooting powder (0.80% indole-3-butyric acid, Hormex rooting powder #8).  

We arranged the pots in a randomized block design, watered ad libitum, and weeded 

weekly. The use of crown cuttings further reduces potential ontogenetic, or 

environmental legacy effects.   

 To assess the effects of successional stage of the plant population and soil on 

plant growth, we measured the heights of each stem of each plant every 3 days during 

the early growing season (29-Jun to 11-July in 2017) and calculated growth rates 

based on increases in height (cm) for each 3-day interval.  

 

Feeding choice assays 

 In order to assess the preference of herbivores for plants from populations of 

different successional stage or grown in soils from different years in succession, we 

performed a series of feeding choice tests with adult T. virgata beetles and 

Trichoplusia ni caterpillars on 14-July-2017.  We collected T. virgata from near Beebe 

Lake (Ithaca, NY, USA) and starved them for 9 h prior to the experiment.  We 

purchased T. ni from Benzon Research, Inc. (Carlisle, PA, USA) and fed them on 

cucumber plants until approximately the 4th instar, and starved them for 3 h prior to 

the experiment.  In order to assess the effects of soil on feeding choice, we gave the 
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insects a choice between two 13 mm diameter leaf discs cut from the 2nd youngest 

fully expanded leaves of plants of the same successional origin (year 1 or 6) grown in 

year 1 or 5 soil.  Similarly, to assess the effects of plant successional origin on choice, 

we presented them with a choice between leaves from plants of different successional 

origin grown in a common soil (from either successional year 1 or 5).  We performed 

10 tests, each with different plant genotypes and individual insects for each plant 

origin-soil origin combination for each herbivore species, each in a 9 cm diameter 

petri dish arena with a ~3 mm layer of agar.  After 2 h of feeding, we measured the 

area of the leaf discs eaten using ImageJ (Schneider et al. 2012).  We used choice 

bioassays, rather than non-choice assays to better relate the resulting data to naturally 

occurring herbivore distribution patterns that find fundamentally higher herbivore 

numbers on intermediate succession plots although the early and late succession plots 

are in close proximity (Fig 1).  

 
Leaf secondary metabolite analyses 

 In order to assess effects of plant and soil successional origin on secondary 

metabolism, we analyzed leaves for phenolics and diterpene acids. We excised the 2nd 

youngest fully expanded leaf at the petiole with a razor blade on 14 or 15-Jul-2017, 

removed the midvein, flash-froze them in liquid N2, and stored at -80°C until 

extraction.  We extracted approximately 125 mg of tissue from each sample in 1 mL 

of 90% methanol and homogenized the sample via a FastPrep® tissue homogenizer 

(MP Biomedicals®, Solon, Ohio, U.S.A.) twice at 6.5 m/s for 45 s with 0.9 g grinding 

beads (Biospec®, Zirconia/Silica 2.3mm).  We removed the leaf tissue from the 
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extract by centrifugation at 14,000 rpm at 4°C for 15 min and analyzed 15 μL of the 

recovered supernatant for secondary metabolites with high performance liquid 

chromatography (HPLC) using an Agilent 1100 series HPLC with a Gemini C18 

reverse-phase column (3 μm, 150×4.6 mm, Phenomenex, Torrance, CA, USA).  The 

elution system consisted of aqueous 0.25% H3PO4 and acetonitrile (ACN) which were 

pumped through the column at a rate of 0.7 mL/min with increasing concentrations of 

ACN: 0–5 min, 0–20% ACN; 5–35 min, 20–95% ACN and 35–45 min, 95% ACN.  

We identified peaks of 10 phenolics (caffeic and coumaric acid derivatives, and 

flavonoids) and 12 diterpene acids, listed in Table S1.1 to compound classes using UV 

spectra information and quantified their signal intensity at 320 nm (caffeic and 

coumaric acid derivatives) or 210 nm (flavonoids and diterpenes). 

 

Data analysis 

We analyzed the number of T. virgata larvae per ramet, the number of M. 

vittata eggs per ramet, and dry mass of leaves and inflorescence to assess differences 

in herbivory and S.altissima growth in experimental succession populations. We used 

a zero-inflated model with a negative binomial distribution (logit link function) for the 

herbivore data (zeroinfl in pscl package; Jackman 2017; Zeileis et al. 2008) because of 

the large number of zeros in the data. Flower and leaf biomass were analyzed with 

one-way ANOVAs (lm in stats package) with log transformed data to meet the model 

assumptions of homogeneity of variances. We analyzed the number of S. altissima 

ramets per quadrat with a generalized linear model. We used negative binomial 

distribution (log link function) for the model because of moderate overdispersion of 
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the data (glm.nb in MASS package; Venables & Ripley 2002). One-way ANOVAs 

were used to compare soils of different successional origin using the (lm and anova in 

stats package). Year of succession (number of years passed since agricultural 

abandonment) was used as a factor in all analyses. 

 In the soil transplant experiment, we analyzed the height growth rate data using 

repeated measures ANOVAs with plant successional origin, soil successional origin, 

and date as main effects and individual plant ID, genotype, and block as random 

effects (lmer in lme4 package and Anova in car package). We also inspected 

interactions between the main effects and included them in the model if p<0.1.    

 In the insect choice tests, we determined preference within each trial based on 

which leaf disc had the greatest amount eaten (most area missing) and then statistically 

analyzed within each choice type (e.g. choice between plants of different successional 

origin grown in year 1 soil) using exact binomial tests with the null hypothesis 

proportion=0.5 (binom.test in stats package).  We omitted data from insects that did 

not make a choice within the 2 h period (two T. virgata in each soil effect tests and 

one in the plant successional origin choice in year 1 soil) from statistical analysis.  

For the leaf chemical analyses, we standardized the area of each peak to the 

weight of leaf tissue used for extraction. We removed one outlier plant, which had 

over a hundred-fold higher concentration of compound 19 (a diterpene acid) than the 

mean for other plants from analyses of concentrations of compound 19 and total 

secondary metabolites.  We analyzed the overall composition of compounds using 

nonmetric multidimentional scaling (Bray-Curtis distance matrix; metaMDS in vegan 

package; Oksanen et al. 2017) and tested for the effect of the plant and soil year on the 



 

17 

composition with permutational multivariate analysis of variance (PERMANOVA; 

999 permutations; adonis2 in vegan package). We applied a square root 

transformation to the dissimilarity matrix because of negative eigenvalues. To assess 

the effects of plant and soil successional origin on the concentration of each individual 

compound, as well as total phenolics, total flavonoids, and total diterpenes, we used 

linear mixed models with main effects of plant origin, soil origin, and a plant 

origin*soil origin interaction and a random genotype effect (lmer in lme4 package and 

Anova in car package).  If necessary, we applied a logarithmic transformation to the 

data so that residuals met the assumptions of normality and homogeneity of variance. 

To correct for multiple comparisons, we adjusted the P-values for the 22 compounds 

using the false discovery rate (FDR) adjustment (p.adjust in package stats).  

 We assessed the relationship between growth and secondary metabolite 

production via the Pearson correlation between mean total height-based growth rate 

(average over the early growth period) and total leaf secondary metabolite production 

(combined total phenolics and diterpenes) for individual plants (cor in stats package).  

We modeled the effects of growth rate, plant and soil successional origin on total 

secondary metabolite production with a linear mixed model with a random genotype 

effect (lmer in lme4 package) and used a likelihood ratio test to assess the effect of 

growth rate on total secondary metabolites (anova in stats package). All statistical 

analyses were performed using R (R Core Team, 2017). 
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RESULTS 

 Both herbivores T. virgata and M. vittata were virtually absent in plots in the 

1st – 3rd years of succession, but occurred and were abundant in later succession plots 

(4 – 6 years) (T. virgata: Df = 5, χ2 = 50.43, P < 0.001; M vittata: Df = 5, χ2 = 46.33, 

P < 0.001; Fig. 1.1). The inflorescence and leaf biomass were highest in early 

succession when herbivory was low (inflorescence biomass: F5,103 = 10.46, P < 0.001; 

leaf biomass: F5,209
 = 5.89, P < 0.001; Fig. 1.2). S. altissima became and remained 

abundant in the plots that had undergone three or more years of succession (Df = 5, χ

2 = 149.75, P < 0.001; Fig. 1.3).  
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Fig. 1.1 Number of a) Trirhabda virgata larvae and b) Microrhopala vittata eggs per 
S. altissima ramet in experimental succession plots in early June (least square means ± 
SE). Year of succession refers to the number of years since agricultural abandonment. 
Differences between years (a=0.05) were obtained from Tukey’s test and are denoted 
by letters above the bars 
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Fig. 1.2 Dry mass of a) inflorescences and b) leaves of S. altissima ramets at the end 
of the growing season in experimental succession plots (least square means ± SE). 
Year of succession refers to the number of years since agricultural abandonment. 
Differences between years (a=0.05) were obtained from Tukey’s test and are denoted 
by letters above the bars 
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Fig. 1.3 Abundance of S. altissima in experimental succession plots as the number of 
ramets in 50x50cm quadrats (least square means ± SE). Year of succession refers to 
the number of years since agricultural abandonment. Differences between years 
(a=0.05) were obtained from Tukey’s test and are denoted by letters above the bars 
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F=16.2836, P<0.0001; Soil origin*date interaction: Df=3, F=2.2399, P=0.08487; Fig. 

1.4). 

Table 1.1  Comparison of soil properties between plots having undergone 1 or 5 years 
of oldfield succession.  Means (± SE) values of soil properties are shown with the 
results of one-way ANOVAs comparing each property between successional years. 
Organic matter is expressed as a percentage and nutrients are expressed in mg/kg.  
Bolded values indicate significant differences (p<0.05) between plant years (n=6 
samples per year).   
 
Property Year 1 Year 5 F1,10 P-value 
Organic matter  
pH 
K  
P  
Mg  
Ca  

2.93 (± 0.18) 
5.67 (± 0.06) 
95.2 (± 9.3) 
2.60 (± 0.36) 
112.4 (± 9.6) 
660 (± 48) 

3.40 (± 0.11) 
5.67 (± 0.10) 
136.6 (± 11.9) 
2.82 (± 0.28) 
114.9 (± 4.6) 
694 (± 33) 

5.0574 
0.0002 
7.4793 
0.2205 
0.0538 
0.3439 

0.04827 
0.9891 
0.02102 
0.6487 
0.8213 
0.5706 

 
 

 

Fig. 1.4 Comparison of mean (±SE) growth rates of 1st and 6th year successional 
plant lines grown in soil from plots in year 1 or 5 of succession.  Growth rates were 
measured every 3 days as increases in shoot height (cm/day) during the early growing 
season (35-44 days after planting). 
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 Insect herbivores generally consumed a greater proportion of leaf tissue from 

plants from early successional stages and from plants grown in early succession soil in 

choice experiments, although the only statistically significant preference observed was 

that of T. virgata for plants originating from the first year of succession, over sixth 

year plants, grown in year 1 succession soil (P=0.03906, Fig. 1.5).   

 

 

Fig. 1.5 Preference of insect herbivores, 4th instar Trichoplusia ni and adult Trirhabda 
virgata, for leaves from 1st or 6th successional year lines grown in 1st or 5th successional 
year soil.  Bars indicate the mean proportion of leaf discs eaten in 2-way choices a) 
between plants from year 1 or 6 of succession, both grown in year 1 or 5 soil; and b) 
between plants grown in year 1 or 5 soil, both from either a year 1 or 6 successional 
plant origin.  Asterisks indicate significant preference (* P<0.05; † P<0.08) by 
binomial exact tests. Number of choice tests are denoted inside bars. 
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 S. altissima leaves contained many different phenolic compounds and 

diterpene acids (Table S1.1). Overall the leaf secondary metabolite composition was 

affected by the successional origin of the plant but not by the origin of the soil (Fig. 

1.6; Table 1.2).  The concentrations of several individual compounds were potentially 

influenced by plant and soil successional origin, particularly one phenolic (#12) and 

two diterpenes compounds (#16 and 22), although after correcting for multiple 

comparisons (22 compounds were assessed) there were not statistically significant 

effects of plant or soil origin at the α=0.05 significance level (Fig. 1.6; Table S1.2). 

There were no overall effects of plant or soil successional origin on secondary 

metabolite production at the compound class level (Table S1.3). However, there was a 

positive correlation between plant growth and overall secondary metabolite production 

(Pearson’sρ= 0.4625) and faster growing plants produced leaves with higher 

concentrations of phenolics and diterpenes (χ2=26.57, P<0.0001).  
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Fig. 1.6 Overall plant secondary metabolite production in S. altissima leaves by soil 
and plant successional origin. NMDS plots depicting the effect of a) plant origin and 
b) soil origin on the overall secondary metabolite composition (stress 0.176). The 
points are plant individuals, identified based on the successional year of the plant (P) 
and the soil in which it was grown (S), and ellipses are SE’s.  Increases (%) in mean 
metabolite production in c) year 6 compared to year 1 origin plants and d) plants 
grown in year 5 versus year 1 successional soil.  Asterisks indicate significant 
differences (P<0.05 based on raw P-values in Table S1.2). A list of compounds with 
the corresponding numbers is in Table S1.1. 
 

Table 1.2. Results of PERMANOVA comparing the effects of soil and plant 
successional origin on the overall leaf secondary metabolite composition (phenolic 
compounds and diterpene acids). 
 

  Df  Sum Of Sqs F P   
Plant successional origin 1 0.289   1.56 0.041 
Soil successional origin 1 0.196   1.06  0.350   
Interaction   1 0.088   0.48 0.997   
Residual   60   11.08  
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DISCUSSION 
 
Changes in community composition and population structure   

 We had hypothesized that the dramatic changes in the biotic environment 

during the first few years of succession after agricultural abandonment, particularly 

the build-up of herbivore populations, create strong selection for plant resistance in S. 

altissima populations. This hypothesis is supported by our observation that S. 

altissima genotypes from younger succession populations were preferred by T. virgata 

in feeding choice experiments (Fig. 1.5). Moreover, the mean secondary metabolite 

production of very early (successional year 1) and intermediate succession 

(successional year 6) populations differed (Fig. 1.6), which suggests that there are 

genetic differences in their resistance to herbivores.  Previous studies on S. altissima 

have shown that over the course of 12 years, herbivore pressure can drive rapid 

evolution in S. altissima (Bode and Kessler 2012; Uesugi and Kessler 2013) and that 

patterns of resistance and competitive ability evolution covary (Uesugi et al. 2017) and 

are paralleled to generate divergent evolutionary patterns in habitats in which the 

species is invasive (Uesugi and Kessler 2016). The new data suggest that natural 

selection by herbivore insects may cause divergent patterns of resistance evolution in 

even shorter time periods, consequently causing interactions between ecological and 

evolutionary processes when species interact during community succession. This also 

means that the dramatic reorganization in community composition during early 

succession is paralleled in a population genetic shift on the species level.   
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Natural selection on herbivore resistance specificity 

In northeastern North American forb communities, insect herbivory mediates 

community composition and increases plant species diversity by reducing the 

dominance of the most common species S. altissima (Carson and Root 2000). 

Although the dominant herbivore species may vary by region, herbivore populations 

seem to commonly build up during the very early years of succession and some of 

them may enter outbreaks 4 to 7 years after the new community was formed (Root and 

Cappuccino 1992; Carson and Root 2000; Hakes and Cronin 2012). In the S. altissima 

system, groups of insect herbivores were identified that had preferences for specific 

plant genotypes so that the dominant species at a given time and place were 

hypothesized to drive most of the selection on plant defences and competitive ability 

(Maddox and Root 1987). Indeed, population genetic differences seem to be specific 

to certain herbivores in this system (Bode and Kessler 2012) and the data presented 

here further support this hypothesis. The preference for early succession S. altissima 

plants was only observed for the specialist T. virgata, and when plants were grown in 

the poorer quality early succession soil (Fig. 1.5), despite the fact that soil 

environment overall had relatively small effects on defensive secondary metabolite 

production (Fig. 1.6). The chrysomelid beetle T. virgata is one of the most important 

herbivores in the system (Maddox and Root 1987a; Carson and Root 2000) and we 

found the mean resistance to this beetle, but not to the generalist T. ni, to be increased 

over the course of early succession (Fig. 1.5), suggesting selection for resistance 

specifically to the dominant herbivore(s). Indeed, the abundances of this beetle species 

and another dominant Chrysomelidae, M. vittata, reach significant numbers only in 
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populations that have undergone 4–6 years of succession (Fig. 1.1) and are often found 

at outbreak levels in those years. At that same short initial four- to six-year phase of 

the community succession, the genetic diversity within the S. altissima population is 

expected to be at its peak because the population still recruits from an abundant and 

diverse seed bank, allowing for ample genetic variation on which selection can act 

(Elstrand and Elam 1993).  Recruitment from the seedbank largely ceases after this 

initial phase, presumably due to overwhelming inter-specific (Hartnett and Bazzaz 

1985; Maddox et al. 1989) and allelopathic compound-mediated intra-specific 

competition (Johnson et al. 2010; Uesugi and Kessler 2013). The emerging picture is 

that of dominant herbivores, such as T. virgata and M. vittata, selecting on S. altissima 

resistance traits while altering the plant community and thus the context in which the 

plant population is exposed to the entire herbivore community. Within these 

genetically different populations the mean plant defence phenotype is further 

determined by the feeding activity of the herbivores (Uesugi et al. 2013), altered 

resource availability, and, most likely the community associational context in which 

resistance is expressed (Barbosa et al. 2009).  

 

Phenotypic plasticity along successional gradients 

It is possible that, as a perennial plant that regrows from rhizomes each season, 

S. altissima phenotypes may not only be a result of genetics and environmental 

conditions, but also the age and previous experiences of the individual plants.  In both 

the field and common garden experiments we measured ramets produced in the 

current season, but it is unknown if there are interseasonal memory (Wiegand et al. 



 

29 

2004; Latzel et al. 2016) or simple clone age effects in S. altissima, that could affect 

plant phenotype expression in the field. In our common garden experiment, we are 

likely underestimating such long-term induction or ontogenetic effects. First, we used 

only young rhizome cuttings for propagation, which standardizes the starting age of 

the tissues for all propagates. Second, all clonal lines were propagated at least 2 times, 

which involves cutting rhizomes in small pieces and so a likely overwriting and 

standardization of a plant’s previous experiences with a new severe damage. While 

these procedures make it unlikely that plant immunological memory and ontogenetic 

effects influence our measurements, they likely make us underestimate those processes 

as factor influencing the mean phenotype expression in the field. Future studies need 

to address the relative contribution of these longer-term phenotypic effects relative to 

the genetic and short-term induction effects we observed here.  

Interaction patterns mediated by plant induced responses to herbivory can be 

very complex (Karban and Baldwin 1997; Karban 2008) and their effects on plant 

fitness (Agrawal 1998; Baldwin 1998) may be as large as those mediated by purely 

genotypic differences. This is mainly because induced responses to herbivory act on 

multiple trophic levels. In S. altissima, resistance is strongly inducible, very specific to 

the attacking agent and mediates non-reciprocal interactions between different 

herbivore species (Helms et al. 2013; Uesugi et al. 2013, 2016) and neighboring plants 

(Morrell and Kessler 2016). Thus the dominant herbivore species not only determine 

the genetic composition of the plant population through rapid evolutionary processes, 

but also predominant defence phenotype in a density-dependent manner and so overall 

community dynamics. Here we did not specifically test for population differences in 
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inducibility in response to differential natural selection along successional gradients, 

but in the light of the above-mentioned interactions, this will be an important area of 

future research.    

 In addition to responses to herbivory, differences in the immediate physical 

and chemical environments of plants caused by and mediating interactions with other 

plants and microbes can be hypothesized to be important for the distribution of 

herbivore defence phenotypes along successional gradients (Burghardt 2016; Hakes 

and Cronin 2011, 2012). Here we focused on successional changes in the soil 

environment and its effects on plant resistance to herbivores because it is one of the 

factors predicted to undergo most dramatic changes during succession and because S. 

altissima is known to produce allelopathic compounds with a broad activity spectrum 

(Inogouchi et al. 2003) and the potential to accumulate in the soil over time (Ito et al. 

1998). Indeed, soil conditions changed significantly over this short time of five years 

of succession with most remarkable increases in soil organic matter and potassium 

concentration (Table 1.1). Increases in soil organic matter are commonly found in 

association with land use changes from agricultural land to native plant communities 

and continually accumulate over several years of succession (Post and Kwon 2000). 

Accumulated soil organic matter affects nutrient availability (Bezemer et al. 2006) and 

microbial activity and diversity (Kuzyakov and Blagodatskaya 2015). Similarly, 

changes of soil elemental composition is frequently observed during succession 

(Bezemer et al. 2006) and the availability of essential nutrients, such as potassium is 

correlated with plant responses to biotic and abiotic stresses (Römheld and Kirkby 

2010).   
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 Soil microbial communities are expected to become increasingly dominated by 

fungi, rather than bacteria, over time, as changes in soil conditions and the plant 

community occur (Maharning et al. 2009; Hannula et. al 2017). Such changes in the 

soil microbiota over succession have the potential to influence plant growth and 

metabolism (Canellas et al. 2015), and consequently plant community interactions. A 

few studies have suggested that microbiota can affect plants’ chemically-mediated 

interactions with herbivores (Hol et al. 2010; Badri et al. 2013) as well as with other 

plants (Meiners et al. 2017), and thus understanding the extent to which soil microbial 

communities shift over early oldfield succession, and the consequences of such shifts 

on plant phenotypes, would be interesting to investigate.  

 In accordance with these fundamental changes in soil composition, we found 

some of the plant secondary metabolites differentially expressed in the different soils 

(Fig. 1.6, Table S1.2), although we did not observe successional changes in soil to 

affect the plants’ overall production and composition of phenolic and diterpene 

bouquets (Fig. 1.6 b,d).  Associated with these relatively minor differences in plant 

secondary metabolism, herbivores showed an only minor preference for plants grown 

in earlier succession soils (Fig. 1.5).  While soil did not substantially affect herbivore 

resistance, it did affect plant growth, with plants growing faster in the more nutritious 

later succession soil (Fig. 4).  This trend is in opposition to our and other’s 

observations (Carson and Root 2000) of smaller plants in later succession field 

populations. This latter pattern is likely driven by the increased density of competing 

conspecifics and mounting herbivore pressure during later succession (Figs. 1 & 3), 

which we controlled for in our common garden experiment.  In support of this 
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hypothesis of a competition- and herbivory-driven differential growth rate in early vs. 

late succession communities, we found no effect of plant origin on growth rate. 

Moreover, this finding also supports findings from herbivore exclusion experiments 

(Bode and Kessler 2012; Uesugi and Kessler 2013) that suggest that herbivory, rather 

than competition, may be the major selective force during early succession in the S. 

altissima system. However, as we did not measure the plants in our soil transplant 

experiment under competition, it is difficult to draw conclusions about selection based 

on competitive ability from the current data. Instead, we also observed a positive 

correlation between plant growth and production of secondary metabolites, rather than 

the growth-defence trade-off that has been widely hypothesized (Herms and Mattson 

1992).  It is possible that in the early stages of growth, those plants that were best able 

to grow quickly had greater resources to use for metabolite production, which would 

be in support of the plant vigor hypothesis (Price 1991). Interestingly, another recent 

study on S. altissima also found a positive genetic correlation of plant growth 

indicators with specific secondary metabolite production (terpenoids), which was 

interpreted as a resource storage function of secondary metabolites to support later 

regrowth (Heath et al. 2014).   

 

Conclusions 

 During succession in native North American forb communities, both 

population genetic composition as well as the environmental circumstances in which 

species interactions are played out determine the dominant phenotype in plant 

populations, in our example, of tall goldenrod, S. altissima. Specifically, we 
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demonstrated that differential natural selection during early and later succession result 

in different mean secondary metabolite and resistance phenotypes. Plant growth, 

secondary metabolism, and resistance are further altered by phenotypic plastic 

responses to the different soil environments in early and late succession, so that the 

mean phenotypes during different successional stages are a result of interacting 

evolutionary and ecological processes. Such “evolutionary connectionism” is 

predicted to underlie complex system-level behaviors (Watson et al. 2016) and, in the 

evo-eco framework, can potentially explain emergent ecosystem properties (Wu and 

Loucks 1995). Within this framework, it is, on one hand, particularly interesting to 

study the effects of dominant and key stone herbivore species on the rest of the 

community through their natural selection on plant growth and defense phenotypes 

(Poelman and Kessler 2016). On the other hand, research into how secondary 

metabolite responses to environmental biotic and abiotic factors and thus the alteration 

of chemical information transfer among community member affects species 

interaction and ecosystem services, will lead to a better understanding of those 

emergent properties of biological communities (Kessler 2015). As this study suggests, 

the study of genetic and environmentally induced changes of plant populations along 

community succession gradients can function as a valuable model to tackle these large 

questions in ecology and evolutionary biology.       
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CHAPTER 2 
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ABSTRACT 

 Many human activities, such as agriculture and pollution, have severely 

disturbed soil habitats, exposing resident plants and microorganisms to relatively 

extreme environmental conditions. This chapter discusses the mechanisms through 

which anthropogenic disturbances can create extreme environments for soil 

organisms, with a particular focus on the disruption of plant-microbe interactions. We 

then provide recommendations for studying the impact of such disturbances on plant-

microbe interactions through combined microbial and plant profiling. We highlight 

decision-making processes for designing both field surveys and manipulative 

experimental studies, such as microbiome transplant experiments, to investigate the 

impacts of such disturbances. This is done through the lens of a theoretical study 

examining the effects of agricultural cultivation on plants and their associated 

microbial communities. 

 

1. The generation of extreme environments through human activity 

 

 Many ecosystems have been altered dramatically as a result of human 

activity[1,2]. Both intentional (e.g. agriculture) and unintentional (e.g. pollution) 

human alterations of plant systems can create “extreme” environments for plants and 

microorganisms, particularly in the soil. The biotic and abiotic constraints of a habitat 

can be rapidly and severely shifted in a way that makes it difficult for the native (i.e. 

pre-disturbance) community to persist. Depending on the nature and intensity of the 
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disturbance, these environmental shifts could lead to community dominance by 

organisms with entirely different life strategies than those found pre-disturbance[3]. 

In this chapter, our definition of extreme is relative to pre-disturbance plant 

systems, and does not require conditions that push the limits of what is tolerable to 

most forms of life on Earth[4]. While certain human disturbances can indeed create 

conditions that are inhospitable to most organisms, such as the extremely alkaline 

conditions created by radioactive waste disposal[5], or the extreme heat, acidity, and 

heavy metal concentrations of waste from coal mines[6], most human-influenced plant 

systems are not overly hostile to life. Instead, the most common human disturbances 

alter the environment in ways that reduce the competitiveness of the pre-disturbance 

community, even when the physiology of individual species could allow them to 

survive in the absence of competition. These disruptions can substantially alter the 

structure and composition of communities by the relative exclusion and promotion of 

different taxa, and by altering species interactions[7], potentially leading to large shifts 

in system function over time. Furthermore, many human disturbances, unlike natural 

disturbances, often occur with unpredictable temporal variability, rather than reflecting 

historical cycles, and expose organisms to conditions outside the realm of those in 

which they have evolved[1]. Such disturbances can therefore create novel 

environments, which may favor entirely different, opportunistic species and 

genotypes[1]. 

 Many human disturbances to natural habitats, such as agriculture and chemical 

pollutants, manifest in soils, and thus the effects of disturbances on the biotic 

assemblages of soils are the focus of this chapter. Changes in soil microbial 
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communities are likely to affect the plants with which they associate, as plant 

communities and phenotypes can be affected by their interactions with 

microorganisms[8,9]. Understanding how disturbances affect soil microbes, and 

consequently plants, can be particularly important in human-altered plant systems 

which we actively cultivate, such as agricultural fields and silvicultures. Dramatic 

alterations of microbe-plant interactions, as can occur in those systems, are known to 

affect important ecosystem functions such as mobilization of nutrients and nutrient 

cycling, which may impact the sustainability of cultivation practices[10] and global 

nutrient cycles.  Nevertheless, plant breeding efforts have not traditionally targeted the 

optimization of plant-microbe relationships per se, mainly because of the limited 

understanding of the complex interrelations of microbes and plants.   

 This chapter discusses the study of human disturbances on soil habitats, with a 

focus on the disruption of plant-microbe relationships. The first section examines the 

major mechanisms through which human activities create extreme environments in the 

soil habitat, and provides examples of commonly disturbed plant systems. In the 

second section, we provide recommendations for examining these disturbed systems 

through combined microbial and plant profiling. 

 

1.1 Examples of human disturbance to plant systems 

 

 This section provides examples of common plant systems that have been 

altered by human activity, and describes the primary modes through which 

disturbances are expected to make the soil habitat an extreme environment for resident 
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plants and microorganisms. Many human-altered ecosystems have been disturbed in 

multiple ways (Table 2.1). Because they are essentially sessile, plants and their 

associated microorganisms are likely to be particularly affected by environmental 

disturbances. It is also important to note that both plants and microorganisms, as well 

as different species of each, are likely to be uniquely affected by different types of 

disturbances, due to differences in their physiology and levels of tolerance for various 

stresses. Moreover, these “disturbances” may not all have negative effects on plant 

and microbial communities or plant-microbe relationships. For example, fertilizer 

application could promote both plant and microbial growth, as well as reduce negative 

plant-microbe interactions by relaxing competition between plants and microbes for 

nutrients[11]. 

 

1.1.1 Altering soil nutrients 

Nutrient cycling is one of the most critical ecosystem services that 

microorganisms provide in the soil. Soil nutrients–particularly nitrogen, phosphorus, 

and potassium–fulfill essential biological roles for both plants and microbes, and as 

such, the availability of these nutrients plays a major role in determining which 

organisms can survive and thrive in a given environment. In undisturbed systems, the 

availability of these nutrients for plant or microbial uptake is driven in large part by 

microbes, who are key players in these biogeochemical cycles. For example, microbes 

are responsible for many of the chemical transformations in the soil nitrogen (N) 

cycle, converting organic N, and in special cases atmospheric N2, to and from the 

inorganic, plant-available forms nitrate (NO3-) and ammonium (NH4+)[12].  Likewise, 
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microbial activity drives the soil phosphorous cycle, solubilizing fixed inorganic P 

through mechanisms such as the release of organic acids[13] and mineralizing fixed 

organic P through the release of extracellular enzymes such as phosphatases and 

phytases into plant-available phosphate ions (PO43-)[14]. Additionally, certain 

microbes (e.g. arbuscular mycorrhizal fungi) can enhance the ability of plants to 

acquire nutrients by forming symbiotic relationships with roots and scavenging P and 

other nutrients for the plant through hyphal networks that extend far beyond the reach 

of root systems[15,16].  Thus, disruptions to soil nutrient cycling, whether through 

altering amounts of nutrients, or directly disturbing microbes, is likely to cause 

substantial alterations to the composition and function of soil microbial communities.  

It is important to remember that while microbes convert nutrients to plant-

available forms, they also require these nutrients for their own growth and metabolism 

and can thus directly compete with plants for these resources[17]. Much of the N or P 

that is released by microbial activity is subsequently taken up by the microbes 

themselves, and is consequently unavailable for plants until the microbial cells 

lyse[13,15]. Human disturbances that substantially alter nutrient pools and flow may 

contribute to the creation of extreme environments by promoting competitive 

conditions that are atypical for the site, disfavoring some established microorganisms.  

 

1.1.1.1 Adding nutrients 

 To boost yields and maintain productivity, nutrients are regularly added to 

managed plant-soil systems (e.g. agricultural fields, turfgrass) through the use of 

organic (e.g. compost, manure) or chemical fertilizers. These usually constitute 
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formulations of N, P, and K in various forms and ratios. Nutrient inputs may also be 

indirect and unintentional. For example, N deposition to terrestrial ecosystems has 

increased since the Industrial Revolution, as the burning of fossil fuels releases more 

nitrogen oxides into the atmosphere that are then washed into soil during rain[18]. 

These inputs, by disproportionately and artificially enhancing certain soil nutrient 

pools, change the overall stoichiometry of the soil, differentially favoring groups of 

microbes that are adapted to different nutrient conditions[19]. For example, certain 

nutrient acquisition traits may no longer be advantageous when those nutrients are 

readily available, and so microbes that exhibit these previously useful traits are likely 

to be outcompeted by weedier species that do not invest as much in accessing 

recalcitrant nutrient pools[20].  

 Many studies in plant systems, ranging from grasslands to paddy soils, have 

robustly demonstrated that microbial communities respond to nutrient additions[19–

23]. Even across these different systems and with widely varying fertilization regimes, 

all have found significant changes in microbial community structure following 

nutrient additions, with some overlapping patterns. For instance, different fertilizer 

types (inorganic mineral fertilizers vs. composts, manures, and other organic 

additions) have markedly different effects on the soil microbiome[20,22,23], although 

the exact soil parameter thought to be driving these changes ranges from organic C 

content in one study[22] to ammonium content in another[23]. Most studies have 

found that alterations in the relative abundance of bacterial and fungal taxa can be 

observed at high taxonomic levels (e.g. phylum) under different nutrient regimes[19–

23], although in some cases, responses are more subtle (e.g. changes in operational 
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taxonomic units (OTUs)), and are not as evident at higher taxonomic levels [21,22]. 

Despite these discrepancies, clearer trends emerge when the same nutrient additions 

are applied to soils worldwide; for example, under high nutrient conditions, there is an 

increase in putatively copiotrophic microbes relative to oligotrophic microbes29.  

 Certain keystone nutrient cycling microbes have been studied in greater detail 

and can be strongly affected by soil nutrient changes, particularly when fertilization 

reduces the dependency of plants on microbial symbionts for nutrient acquisition. For 

example, rhizobial abundance and the rate of biological nitrogen fixation in legume 

roots declines with greater N availability[24]. The abundance of arbuscular 

mycorrhizal fungi can decline as soil P fertility increases, since it is no longer as 

advantageous for plants to engage in the fungal symbiosis under high P 

conditions[16]. Phosphorus-solubilizing microbes can also decline in abundance under 

conditions of higher P availability[25].  

  

1.1.1.2 Depleting nutrients 

 Conversely, if nutrient pools are not replenished in systems managed for crop 

production, soil nutrient depletion can occur, forcing the community to cope with a 

shift from nutrient abundance (under fertilization) to scarcity. For example, a typical 

corn harvest in the United States removes 132.8 kg N ha-1, 39 kg P ha-1, and 49 kg K 

ha-1 from the soil[26], and other staple crops are similarly demanding[27]. If these 

harvested nutrients are not replaced with organic or inorganic amendments, soil 

nutrient pools can quickly become exhausted. This problem plagues over 60% of 

agricultural land worldwide[27]. In such soils, microbes with the capability to acquire 
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nutrients from more recalcitrant nutrient pools, and which were not likely to have been 

at a competitive advantage when fertilizer was applied, could increase once again in 

abundance [28]. Plants may also invest more resources into recruiting microbes that 

help them acquire limiting nutrient resources, or release root exudates that suppress 

microbes that compete with them for limited nutrients [29]. Again, these microbial 

adjustments under nutrient stress can significantly alter the overall soil microbiome, 

which in turn can impact plant performance. 

 

1.1.2 pH modification 

Soil pH is another soil property frequently altered by human activity. This 

alteration can be intentional; for example, most agricultural crops thrive at a mid-range 

soil pH of 6-7; thus, soils with a natural pH outside this range are often amended with 

lime or sulfur to raise or lower the pH as required. Soil pH may also be changed 

indirectly (e.g. through fertilizer addition). Ammonium fertilizers in particular tend to 

lower pH, since plants must release protons to acquire these cations from the soil [30]. 

Unintentional changes in soil pH can also occur via acid rain or acid mine 

drainage[31,32].  

 Changes in soil pH are a strong driving force behind microbial community 

composition, more so than any other ecosystem property[33]. This may be because 

alterations in pH can impact many other soil properties in tandem, such as the 

concentration and availability of nitrate, ammonium, phosphate, and 

micronutrients[21], as well as soil moisture and organic carbon content[34]. 

Nonetheless, soils with different pH values tend to have different microbial 
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communities, even when controlling for other soil factors. For example, bacterial 

abundance and community composition was strongly linked with pH across a 

continuous 180 m long field that ranged from a pH of 4 to a pH of 8, in which most 

other soil parameters were comparable[34]. The microbial differences from one end of 

this pH-gradient to the other were as dramatic as in a global study linking soil pH and 

microbiome structure[34,35]. Human influence on pH can, therefore, create an 

extreme environment that shapes the microbial community, which may then have a 

secondary effect on plant performance in addition to the plant’s direct response to soil 

pH.  

 

1.1.3 Chemical contamination of soils 

 

1.1.3.1 Pollution 

 Many habitats are unintentionally altered by humans through exposure to 

pollutants. Soil contamination can arise from a point-source (e.g. oil spills) or from a 

variety of diffuse sources (e.g. car exhaust)[36]. Many common contaminants have 

direct negative effects on both microorganisms and plants. For example, arsenic, zinc, 

copper, cadmium, and vanadium, have all been observed to decrease soil microbial 

biomass and functional diversity in exposed soil communities[37–39], and heavy 

metals can also interfere with plant photosynthesis and water retention[40,41]. 

Hydrocarbons have been shown to negatively impact bacterial membrane 

permeability, proteins, and lipid composition[42] and to damage plant cell membranes, 

and reduce transpiration and translocation[43]. 



 

54 

    Some microorganisms can assist with plant tolerance of soil contaminants[44] as 

well as other human-impacted abiotic stressors, such as salt[45]. This service implies 

superior stressor tolerance by the involved microorganisms, relative to the plant, 

which could potentially shift the balance of interdependence between plants and their 

associated microorganisms (i.e. I need you more than you need me). Little is known 

about shifts in the power dynamics of plant-microbe relationships under stress, 

although plants have been shown to allocate more C to root exudates under stressful 

conditions[46]. Contaminants will also vary in their impact on different microbial 

groups[47]. This alters the available pool of plant-associated microorganisms, and 

even without direct effects on plants, alters the nature of plant-microbe relationships.  

 

1.1.3.2 Agricultural chemicals 

 Modern agricultural practices rely heavily on the input of synthetic compounds 

designed to treat specific pest problems. The use of agricultural chemicals such as 

pesticides, fungicides, and herbicides can unintentionally alter communities of 

microorganisms in the soil, with potentially negative effects on soil and plant health. 

Firstly, many pesticides, such as organophosphates, can be used as microbial energy 

sources[48], and the application of such chemicals could shift microbial communities 

to favor microbes that can metabolize this new carbon source, especially when other 

carbon sources are limited. Secondly, agricultural chemicals can have toxic effects on 

microbes. Since the mode of action of many pesticides and herbicides involves the 

inhibition of enzymes in their target organism(s), these chemicals can also disrupt 

microbial enzymes in the soil[49]. Consequently, even agricultural chemicals not 
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specifically designed to target microbes, such as insecticides and herbicides, can 

disrupt communities of soil bacteria and fungi[50,51].  

 At the most extreme end are chemicals used to sterilize soils. Soils are often 

chemically fumigated for the purpose of eliminating pathogenic microorganisms and 

nematodes, but fumigants broadly kill soil organisms, reducing the abundance of 

mutualistic microbes such as mycorrhizal fungi, in addition to pathogens[52]. While 

soil sterilization can improve plant growth through killing antagonistic organisms and 

releasing nutrients such as mineralized N[53,54], it causes shifts in the indigenous 

microbial communities, and has been observed to reduce both functional and 

taxonomic diversity in treated soils[55,56]. Alternatives to chemical fumigation for 

sterilizing soil, such as solarization, also create extreme environments for microbes 

(e.g. extreme heat in the case of solarization) and have been found to alter the 

composition of microbial communities[57].  The recolonization process of sterilized 

soil in the field is not completely understood, but recent in vitro studies, in which 

sterilized soils were reinoculated with their previous microbial communities, found 

that sterilized soils were colonized by many taxa that were not detected prior to 

sterilization, suggesting promotion of rare microorganisms[58], and that the new 

microbial communities are likely to be functionally different[59]. The removal of 

competitors during sterilization could potentially create opportunities for rare or 

introduced microbes, such as invading pathogens or mycorrhizal inoculants[60], to 

establish sizable populations, as well as for opportunistic species that can take 

advantage of the unoccupied habitat and flush of nutrients released from organisms 

killed by fumigation[53,54].  
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1.1.4 Physical soil disturbances  

 In addition to chemical disturbances, physical disruptions to the soil from 

human activities can reshape the soil habitat and create extreme environments for 

microorganisms. Many human-altered habitats are disrupted by physical disturbances, 

such as tillage and the uprooting of plants through weeding or harvesting, which 

modify the soil environment in numerous ways.  

 

1.1.4.1 Organic matter depletion 

 Soil organic matter, the primary source of energy for soil microorganisms and 

a major reservoir of nutrients and moisture, is often depleted in human-altered plant 

systems[61]. The amount of soil organic carbon is a strong predictor of microbial 

biomass[62], and consequently, depletion of this resource could severely reduce 

microbial abundance. Organic matter is depleted when biomaterials such as plants are 

removed (e.g. harvested) but not returned to the soil. Thus, the harvesting of crops and 

removal of weeds and crop residues reduces organic substrates that, in an unmanaged 

system, would be decomposed and would help sustain portions of the soil 

community[63]. Soil organic matter can also be degraded during tillage, or other 

processes that mix or disrupt the soil profile, which promotes erosion and speeds the 

rate of organic matter decomposition by increasing soil temperature and 

oxygenation[64,65].  

 

1.1.4.2 Altering soil texture 
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 Soil aggregates, or groups of bound soil particles, create a structure of pore 

spaces in the soil that help regulate soil moisture and aerobicity[66]. Because the 

availability of both water and oxygen influence soil microbial community composition 

and activity[67–69], the physical structure of the soil can greatly impact soil biology. 

The stability of soil aggregates is dependent on microbes, especially fungi, that can 

bind soil aggregates physically, as well as chemically using compounds such as sugars 

generated during the decomposition of organic matter[66,70]. Thus, there is a 

feedback in which changes to microbial communities can affect soil texture, which in 

turn impact microbial communities through altered soil relationships with air and 

water. Fungal communities in particular have been found to be closely related to soil 

aggregate stability[71]. The texture of soils can be disrupted by physical breakage and 

compaction of soil aggregates, through disturbances such as tillage and the use of 

other heavy machinery[65,72], as well as heavy traffic on top of the soil by 

humans[73] and farm animals[74].  

 

1.1.4.3 Disrupting fungal hyphal networks 

 Physical disturbances to the soil, including tillage, can directly affect soil fungi 

by physically breaking the hyphal connections that fungi use for nutrient and water 

absorption, as well as propagation[75,76]. Tillage in maize fields has been found to 

reduce the density of mycorrhizal hyphae in the soil by 20-27%, depending on soil 

type, resulting in reduced mycorrhizal colonization of maize roots[77]. In a meta-

analysis, intensive soil tillage was found to be associated not only with decreased 

mycorrhizal colonization of crop roots, but also decreased diversity of colonizing 
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fungi[78]. Fungal hyphae may also play an important role in stabilizing soil 

aggregates[66]. Thus, physical disturbances, such as tillage or root harvesting, can 

make the soil habitat less hospitable for microorganisms, not only directly by 

disrupting fungi through damage to their hyphal networks, but also indirectly, by 

altering soil properties previously managed by hyphae. 

 

1.1.4.4 Altering soil layers  

 Physical disruptions of the soil profile during processes such as soil turning 

during tillage can force microbes into inhospitable environments. The physical 

characteristics of soil layers vary greatly, and even on a microscopic scale, there can 

be substantial differences in environmental conditions such as pH, moisture, oxygen 

level, and nutrients[79,80]. Thus, even moving microbes a small distance in the soil 

could put them in a drastically different environment. During tillage, for example, 

anaerobic microbes buried beneath the surface of the soil could suddenly be moved to 

the oxygenated surface, and vice versa. Tilled soils have been found to have 

proportionately fewer anaerobes than their no-till counterparts in the upper soil layers, 

as well as lower potential for denitrification (a type of anaerobic respiration), 

indicating that such disturbances can affect microbial composition, with functional 

effects on ecosystem services such as N cycling[68].  

 

1.1.5 Promoting accumulation of pathogens 

 Human activities, particularly those that reduce plant and microbial diversity, 

can promote plant diseases. It has been widely observed that the rates and severity of 
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plant diseases are high when crops are planted in monoculture[81,82], particularly 

genetic monoculture[83–85], as compared to more diversely planted agricultural 

systems. Repeatedly planting the same crops in the same soil can cause “crop replant 

disease” in some cases, as the availability of the same hosts in high densities can 

promote the accumulation of pathogens that are specific to those hosts[86–88]. In 

natural systems, the relationship between plant diversity and plant productivity[89,90] 

and disease resistance[89,91] is at least partially mediated by soil microorganisms, 

likely due to decreased loads of pathogenic bacteria and fungi in the soil supporting 

diverse plant communities.  

 

1.2 Microbes affect plant communities and phenotypes 

 Examining microbial community shifts is an important part of understanding 

how human disturbances impact plants, as microbes and plants are intrinsically linked 

on multiple levels of organization, from cells to whole communities. Soil microbial 

diversity has been observed to be correlated with the diversity of the aboveground 

plant community in both natural and human altered systems[92,93], and increased 

microbial diversity may at least partially explain why diverse plant communities tend 

to be highly productive[89]. There is evidence that a soil community can, to some 

extent, beget the plant community, determining which plants colonize and thrive. For 

example, during the restoration of ecosystems, inoculating soil with heathland versus 

grassland soil communities promoted the establishment of plants from the respective 

habitats[8]. Thus, due to the close relationships microbes form with plants, changes to 
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soil microbial communities can have major effects on the composition of plant 

communities. 

 Likely underlying the observed effects on plant community composition, 

microorganisms can affect plant growth, performance, and metabolism. In fact, the 

plant microbiome has been called the second genome of plants because interactions 

with associated microbes have been found to affect many plant traits[9]. Associations 

with mycorrhizal fungi[94] and symbiotic bacteria[95], for example, have been shown 

to enhance plant growth, and consequently, humans often attempt to modify plant 

microbiomes in agriculture through the use of bioinoculants, as a means of improving 

plant performance[96–98].  Soil microbial communities can also affect plant 

phenology and fitness[99,100] and the biochemistry of endophytic microbes can 

supplement the metabolism of plants, expanding the range of chemicals they can 

produce[101]. Such effects on plant secondary metabolism can, in turn, affect plant 

interactions with herbivores[102–104], pathogens[105], and other plants[106].  The 

targeted manipulation of plant microbiomes improve plant performance is a promising 

area of research[107] and novel methods of microbiome modification, including that 

of the seed, have recently been developed[108].  

 The strong interdependence of plants and microbes seems to be mirrored in 

interactions of microbes with other macroorganisms, painting a picture of apparent 

ubiquity in mutualist symbiosis. However, there are examples of macroorganisms that 

do not appear to depend on symbiotic interactions with microbes. For example, 

preliminary studies suggest that some insects such as walking sticks[109] and lycaenid 

caterpillars[110] might not need bacterial symbionts in their guts to digest plant tissue, 
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a trait initially assumed to be ubiquitous to all herbivores. Similarly, while most plant 

species support mycorrhizal symbioses, some plants, such as those in the Brassicaceae 

family, do not typically form these relationships[111]. Thus, as the extent of plant-

microbe relationships is still being characterized, it should not be assumed that all 

plants are equally dependent on microbial interactions. It may be that relative 

dependence on microbial symbionts could differ based on the circumstances under 

which the plants live. For example, plants that regularly tolerate higher stress 

conditions, such as extreme heat[112], may tend to be more microbially-dependent 

than plants in environments without these stressors. Similarly, there may be a 

relationship between life history strategies and microbial dependence, with weedier, 

opportunistic species potentially requiring less microbial support than later 

successional species that compete more intensely for nutrients[113]. 

 

1.3 Plant breeding and plant-microbe relationships 

  

 Traditional plant breeding under modern agricultural conditions has focused on 

plants as independent organisms, rather than as holobionts (plants and their 

microbiomes as an interdependent whole), which may not only result in less resilient 

crops[114], but also in further disruption of plant-associated microbial communities in 

human-managed systems. Because crop plants are typically grown under conditions 

that aim to reduce the stress on individuals and minimize biotic interactions and 

dependence on soil nutrient cycles (e.g. high nutrient availability through fertilizer, 

supplemental irrigation, release from herbivory and pathogens through pesticides), it 
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has been suggested that cultivated plants may engage in fewer stress-mitigating 

interactions with microorganisms than their wild relatives, as these may not have been 

selected for through traditional plant breeding strategies[115]. For example, the 

benefits to plants of establishing relationships with mycorrhizal fungi can decline (and 

can even become detrimental/parasitic to the plant) under high nutrient 

conditions[116,117], suggesting that the ability of plants to form beneficial 

relationships with arbuscular mycorrhizal fungi could decrease when bred in soil 

supplemented with fertilizer; however, this overall trend has not been definitively 

observed across crops[118]. Similarly, modern soybean varieties bred under soil 

conditions with adequate nitrogen have been found to be less able to selectively 

establish effective relationships with nitrogen-fixing bacteria than older, less 

domesticated varieties[119]. Thus, plants adapted to “optimal” agricultural conditions 

might be less able to form effective symbioses than their ancestors, further excluding 

certain microorganisms from these human-altered systems.  

 Furthermore, planting the same cultivars across ecologically distinct regions 

with different indigenous soil communities is likely to reduce the native soil 

biodiversity. Part of this reduction in native soil communities could be due to the 

cultivars preferentially promoting interactions with the microbial taxa with which they 

were bred, instead of with native microbes[114,120]. Planting varieties that are not 

adapted to the local microflora might not only reduce the efficiency of crop growth, 

but also promote the homogenization of soil communities across regions, as unique 

members of the native communities are displaced by microbes promoted by the 

chosen cultivar. Coupled with the fact that most crops will be planted in genetic (as 
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well as ontogenetic) monocultures, modern agriculture and breeding practices likely 

place a strain on soil biodiversity[93,114]. 

 

2. Considerations for studying plant-microbe interactions in human-altered 

habitats 

 The effects of human disturbances on natural systems can be difficult to study, 

as many human activities cause drastic and complex changes to ecosystems, alter the 

systems in multiple ways, and are often repeated over time[121]. However, such 

human-influenced systems also offer opportunities to study mechanistic and functional 

aspects of plant-microbial interactions and their effects on ecological dynamics, since 

they frequently represent a mosaic of different degrees of disturbance. This section 

covers approaches and considerations for the design of studies that assess the impacts 

of human disturbances on habitats, with a particular focus on examining the effects of 

microbial community disturbance on plant performance and functional traits. To 

demonstrate issues that may arise during experimental planning, we discuss the design 

of a hypothetical project (illustrated in Fig. 2.1) that aims to investigate the impacts of 

agricultural management, and particularly tillage, on soil microbial communities and 

plant traits with particular attention to effects on plant growth, herbivore resistance, 

and metabolic phenotypes. Using this example, we discuss two general approaches to 

studying the effects of disturbances: (1) surveys across artificial or natural gradients of 

disturbance (section 2.1) and (2) targeted manipulative experiments (section 2.2). 
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Figure 2.1. Summary of approaches and methods for studying the effects of 
disturbances on plant-microbe interactions using an agricultural disturbance example. 
The effects of agriculture can be assessed via field surveys across a gradient of 
disturbance (leftmost panel, section 2.1) as well as more mechanistically through 
manipulative experiments (right panel, section 2.2). This example illustrates how a 
single mechanism of disturbance, tillage, can be specifically targeted in a manipulative 
study. Comprehensive studies of disturbances on plant-microbe interactions may 
involve sampling (section 2.3.1) and comparison (section 3.1) of microbial 
communities and plant phenotypes (section 3.2) in the field (section 2.3.1) as well as 
the examination of the effects of the disturbed microbial communities on plant 
phenotypes (sections 2.4 and 3.2). 
 

 

2.1. Surveys along artificial or natural gradients of disturbance 

 A major advantage of studying human-altered habitats, versus those that were 

disturbed by other species or natural events, is that we are more likely to be able to 

realistically recreate the disturbance and/or identify disturbances from the same types 
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of activities. For many common types of disturbed systems, such as agricultural fields, 

potential study sites are not only plentiful and relatively accessible, but also relatively 

simple to create. One common approach for studying the effects of disturbances on an 

ecosystem is to compare habitats over a gradient of that disturbance. This may involve 

defining undisturbed control sites that are approximately equivalent to the sites of 

interest, but in relative pre-disturbance states, sites that are/were actively disturbed to 

different degrees, and/or in various stages of post-disturbance. To study sites that were 

disturbed to different degrees in our agricultural disturbance example, we could 

compare fallow fields that had been previously used for agriculture for varying 

numbers of years. Studying sites in different stages of post-disturbance could involve 

comparing agricultural fields in different stages of oldfield (post-agricultural) 

succession, which is illustrated in Figure 2.1. In order to compare the effects of the 

disturbance on a plant across such a gradient, we selected a dominant species that is 

both an early colonizer of fallow agricultural fields, and one that persists through 

many stages of oldfield succession, tall goldenrod, Solidago altissima 

(Asteraceae)[122], as a focal, indicator plant.  

 There are advantages and disadvantages to performing surveys across 

disturbance gradients compared to more targeted experimental approaches. The main 

advantage of gradients is that they allow studies in real “natural” environments in 

which a disturbance has actually occurred. This is particularly important for 

understanding the effects that the disturbance might have on ecological interactions in 

the disturbed community, such as interactions between the plants with animals, 

microbes, and other plants, and may inform which traits warrant further study in 
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targeted manipulative experiments. The main disadvantage in studying gradients of 

disturbances, especially natural gradients, is that one will only be able to assess 

correlations between the disturbances and observed microbial and plant communities 

and traits, as the disturbance is likely not the only factor to vary between sites. In 

studying complex disturbances, such as agricultural cultivation, that alter the 

environment through multiple activities (e.g. tillage, fertilizer, herbicide application) 

and mechanisms (Table 2.1), it may also be difficult to isolate the effects of a 

particular activity on plant-microbe relationships without taking a more experimental 

approach. 
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Table 2.1. Examples of human-disturbed ecosystems and their primary modes of 
disturbance 
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2.2 Targeted manipulative experiments 

 Experiments that manipulate a disturbance or a particular part of a disturbance, 

while controlling for other potentially confounding factors, allow one to specifically 

examine the consequences of that disturbance on a habitat. Whereas surveys are useful 

for identifying patterns and ecologically relevant characteristics to study, manipulative 

studies allow examination of causal relationships between disturbances and such 

consequences. For complicated human-generated disturbances such as agriculture, 

targeted manipulative experiments can be especially useful for identifying the 

consequences of individual components of a disturbance. For instance, if one aims to 

specifically examine the effects of tillage on plant-microbe relationships, comparing 

otherwise equivalent fields cultivated with or without tillage would be an appropriate 

experiment (Fig. 2.1). Of course, there are also factors such as weed control practices 

that might typically vary with tillage practices, but adding additional treatments 

without the proper controls would prevent a researcher from isolating the 

consequences of tillage. Thus, manipulative experiments, while being reproducible 

and allowing one to examine causal links, may lack realism in recreating human 

disturbances. Such reductionist approaches may also prevent the identification of 

important interactions between multiple mechanisms of disturbance, as well as 

observations of how the disturbance affects the interactions of plants and/or microbes 

with their natural environment. 

 

2.3 Techniques for assessing soil microbial communities and plant phenotypes in 

the field 
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 Representative and consistent sampling of microbes and plants can be difficult 

to achieve in a field setting, but is a critical part of assessing the effects of disturbances 

on plant-microbe interactions. In the following sections, we discuss methods for 

sampling soil microbial communities and profiling plant phenotypes, which are 

applicable to both field survey and manipulative experimental studies. Standardization 

of sampling techniques is particularly important when making comparisons between 

such studies. Selecting specific plant species of interest on which to examine 

disturbance-based phenotypic changes can improve standardization and sampling 

consistency, as plant rhizosphere microbiomes and microbially-mediated effects can 

be plant species-specific[106,123]. 

 

2.3.1. Sampling soil microbial communities in the field 

 Soil microbial communities can be highly variable, even within sites with 

homogenous aboveground plant communities, such as monoculture crop fields[124]. 

Consistent sampling is therefore important to avoid adding additional technical 

variance. The sampling scheme for surveying soil microbial communities at a 

disturbed site will depend on the disturbance. In determining the number and depth of 

samples to take, the magnitude (i.e. intensity), sequence (i.e. frequency, duration, time 

since last disturbance), and heterogeneity (i.e. how evenly the disturbance affects the 

environment) of the disturbance should be considered. For example, in assessing the 

magnitude of agricultural tillage in a plot’s history, we might consider what methods 

of tillage were used and how deeply the fields were tilled. Deeper and more intense 

tillage (e.g. using a rotary hoe) is likely to disturb the soil at greater depths[125,126].  
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It is also helpful to consider the length of time since the field was last tilled, as well as 

the frequency of tillage events and the length of time that the fields have been 

cultivated, as the effects of disturbance on biological communities can be 

cumulative[127]. In terms of assessing the heterogeneity of the disturbance, if the 

tillage was evenly applied to a field (as would be expected with a mechanical plow), 

the disturbance would be expected to be experienced relatively evenly throughout the 

affected soil, whereas fields tilled by hand may be more heterogeneous. The time that 

a plot has been in a post-disturbance state may also affect heterogeneity, as the effects 

of the disturbance become diffuse, and factors other than the disturbance may increase 

in relative importance in shaping the habitat.  In our field survey example, we would 

expect heterogeneity to increase with time since active disturbance, as the plots 

undergo community succession and factors such as competition and herbivory, which 

were previously controlled under agricultural conditions, may increasingly shape 

community composition[128,129]. For unintentional disturbances, such as pollutants, 

understanding the heterogeneity of the disturbance may be of greater importance than 

those, such as agricultural amendments, that were applied with deliberate attention to 

evenness.  

 In determining the depth of soil samples, it may also be helpful to consider the 

root systems of the plant(s) of interest. Since the relevant fraction of the soil microbial 

community that affects plant traits includes those that colonize and interact with the 

roots, sampling at a depth at which the majority of the active roots are located will 

target the organisms that are likely to interact with the plant (rhizosphere soil 

collection is discussed in section 3.1). Taking soil microbial community samples from 
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the rhizosphere of individuals of a single plant species growing across different sites, 

in our case S. altissima, is one way to reduce variability in sampling, as the 

communities selected by plants in the rhizosphere are often distinct from the bulk soil 

and may even be plant-species specific[130–132].  

 To understand the functional impacts of changes in the composition of a plant-

associated microbial community, studies cannot remain restricted to the soil or even 

the rhizosphere community, but need to include the derived endophyte communities 

which reside inside the plant. Many endophytic microbes are known to affect plant 

growth, as well as other phenotypes such as pathogen resistance[133,134]. While 

endophytes may colonize plants through many routes, including vertical and 

horizontal transmission from other plants, it is thought that most endophytes are 

recruited from the rhizosphere, and substantial overlap has been observed between 

rhizosphere and endosphere communities[130,131]. Thus, community assembly inside 

the plant can also largely be affected by soil conditions[133]. Because soil is not the 

only source of colonization, it is also possible that some, but not all, of the endophytes 

will be found in the rhizosphere pool. A microbe found in the endosphere is intimately 

associated with the plant through physical contact, as opposed to one that is simply 

located near the plant in the rhizosphere, which may mean that it is more likely to be 

directly interacting with the plant in a meaningful way. This makes the study of 

endophytes especially valuable. Surveying endophytic communities typically involves 

surface sterilization of the plant tissue to eliminate topical microbes, and then 

extraction of endophytes from macerated tissue[133].  
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2.3.2. Profiling plants in the field 

 As plants are the main primary producers in most terrestrial ecosystems, 

understanding the effects of soil microbes on plant growth and phenotypes may be one 

of the most ecologically important measures of functional shifts in soil microbial 

communities. Observing phenotypic differences in the field is an important step that 

can be a source of motivation for most studies of human disturbance and indicate 

whether or not more manipulative or mechanistic studies are worth pursuing. Making 

careful observations in the field may also inform which traits would be interesting 

metrics for a particular study (characterizing plant phenotypes is discussed in greater 

detail in the section 3.2). For example, observing differences in the density of insect 

herbivores across a disturbance gradient may indicate that studying insect defense-

related traits, such as secondary metabolite production in leaves, could be of interest, 

although care should be taken to avoid spurious conclusions based on peculiarities of a 

specific site or experimental set up[135]. 

 

Potential traits to measure from plants in the field: 

1. Size (e.g. height, biomass, number of leaves) 

2. Fitness (sexual or asexual reproduction) 

3. Herbivore density and damage 

4. Pathogen infection 

5. Pollinator visitation rate 

6. Leaf nutritional quality (e.g. chlorophyll content, C/N) 

7. Photosynthetic rates 
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8. Herbivore defense traits 

9. Plant metabolites (e.g. leaf metabolites, total VOC metabolome) 

 

 Studying plant phenotypes in the field is critical to forming hypotheses about 

the effects of a disturbance on plant communities, as plant phenotypes, including those 

involving plant-microbe interactions such as pathogen resistance[136] and 

mycorrhizal symbioses[137], that are observed in the laboratory or greenhouse, are not 

always observed to an equivalent degree in the field. Plant phenotypes in field studies 

have also been shown to differ from those observed under controlled conditions[138]. 

However, the complexity of field ecosystems makes it difficult to establish causal 

links between the disturbance and changes in relevant plant traits. Observing 

differences in the field is also likely to reveal traits that may have ecological 

relevance, and indicate whether more controlled experiments are needed to identify 

the mechanisms through which a particular disturbance affects plant phenotypes. 

Disturbances can both directly and indirectly affect plant phenotypes, which makes 

manipulative experiments important for disentangling potentially confounding effects 

of different disturbance-affected factors on plant traits. Additionally, differences 

observed in plant traits in the field might not all be due to phenotypic plasticity. Long-

term disturbances, for example, may also have had microevolutionary effects on plant 

populations that explain the observed differences in phenotypes[139,140]. 

 

2.4. Examining the effects of soil microbial shifts through microbiome transplant 

experiments 
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 Observing concurrent changes in soil microbial communities and plant traits 

after a disturbance does not necessarily imply that shifts in plant phenotypes are 

microbially-mediated. Many anthropogenic disturbances can affect plants directly, as 

well as indirectly through mechanisms other than microbial interaction. For example, 

the addition of P fertilizer directly promotes plant growth, but also reduces plant-

mycorrhizal symbioses, which can affect the plant in other ways, such as by 

decreasing the ability of the plant to access micronutrients in the soil[117]. The extent 

to which plants directly engage with soil microorganisms is also likely to vary based 

on the specific plant species and environmental conditions, as plants vary in the 

amount and form of carbon and other nutrients that they allocate to belowground 

communities through exudation[141–143]. It is also possible that a disturbance could 

separately affect both plants and microbial communities with no direct interaction. It is 

therefore difficult in the field to differentiate the effects of microbial communities on 

plants from the effects of other environmental factors. For example, in our case study, 

agricultural tillage can affect plants by changing the soil texture and nutrient content, 

in addition to affecting the microbial community with which its roots interact[61].  

 While observing changes to microbial communities and plant traits at disturbed 

sites is important for understanding the integrated effect of the disturbance in situ, 

controlled manipulative experiments are crucial for examining the effects of the 

disturbance on plants and microorganisms, and particularly microbially-mediated plant 

traits. It may be important in some studies to examine the effects of a disturbance on 

microbes and plants separately, as well as in combination. For example, in soils 

contaminated with petroleum, bacteria were only found to increase expression of 
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hydrocarbon-degrading genes in association with a plant[144], which emphasized the 

importance of the interaction between plants and microbes for bioremediation.  

However, the focus of this section is on examining how disturbances to soil microbial 

communities affect the expression of plant phenotypes. 

 

2.4.1. Designing soil microbiome transplant experiments 

 Microbiome transfer experiments are one approach for isolating the effects of 

soil microbial communities on plant traits [99,100], and can help to examine the 

indirect effects on plants of imposing extreme environmental conditions on microbes. 

A soil microbiome transfer attempts to transplant a whole microbiome from a source 

soil to a sterilized recipient soil medium. Choice of plants, the recipient medium, and 

the method of transfer should be carefully considered in the design of the experimental 

methods. 

 

2.4.1.1. Selection of plants 

 In selecting indicator plants for studying microbe-altered plant phenotypes, 

several considerations should be made to control for other sources of variation that 

might affect microbial colonization. The microbial community that assembles around 

a plant can be plant species-specific, even within closely related species[132]. Host 

species have also been shown to differentially affect which rhizosphere taxa are 

active[145]; thus, choosing which plant species to use as an indicator for microbe-

altered plant phenotypes is not arbitrary. For the greatest relevance, ideally one would 

use a plant species that is likely to be affected by the disturbance of interest. In the 
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case of our tillage example, S. altissima was chosen since it is found ubiquitously in 

the surrounding area and colonizes previously tilled fields, but any other oldfield 

species present at the site would also be relevant. Distinct rhizosphere microbiomes 

have been observed even among species of the genus Solidago[132], so it is important 

to ensure that comparisons are made between plants of the same species and even 

subspecies and genotype. Evidence for plant genotypic effects on rhizosphere 

colonization have been observed in a range of species including maize[146] and 

Arabidopsis thaliana[147]. Genotypic effects on phyllosphere colonization have also 

been observed in the wild mustard, Boechera stricta[148].  

 If choosing plants from the field and indicator plants, particularly at the site of 

the disturbance of interest, it is important to consider how the disturbance may have 

been an agent of natural selection on the plant population. Rapid microevolutionary 

changes in Solidago altissima, for example, have been observed in plant populations 

after 12 years of pesticide application. These changes affected the production of 

allelopathic polyacetylene compounds in the roots, which could potentially affect 

rhizosphere interactions[140]. In order to tease out potential confounding 

microevolutionary effects, using plant genotypes collected both from the disturbed 

area and an adjacent undisturbed area is desirable.  

 The ease with which plant material can be sterilized and cultivated under 

greenhouse conditions is also a practical consideration. Seeds, which are commonly 

surface-sterilized using bleach or ethanol, can perhaps be sterilized most effectively 

than plant tissue, though the seeds of many plant species host a variety of endophytic 

fungi and bacteria that are unlikely to be removed with surface treatment[149,150]. 
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Similarly, clonally propagated cuttings, which have the advantage of genetic 

sameness, are more difficult to sterilize, as surface sterilization is unlikely to eliminate 

endophytic microbes. Solidago is self-incompatible, and therefore clonal propagation 

is the only option to replicate genotypes, so the importance of reducing genetic 

variability must be weighed against the importance of removing a preexisting 

endosphere microbiome. While surface sterilization did not eliminate microbes inside 

of the much larger seeds of a confamilial plant, sunflower (Helianthus annus), seed 

endophytes had little effect on the establishment of the root and rhizosphere 

microbiome[150]. The difficulty and speed of growing plants from seeds versus 

cuttings must also be considered for the species of interest, as the soil microbial 

community in a pot may diverge from the original inoculated community over time as 

the transplanted microbiome establishes and undergoes succession. Seeds with lengthy 

germination times and slow growing seedlings, for example, might encounter a 

distinct microbial community if they only start producing roots after several weeks, 

compared to a cutting that began growing shortly after inoculation. Spiking seeds or 

cuttings with inoculant at the time of planting may increase the chance of inoculation 

with the microbial community of interest. 

 

 

2.4.1.2. Selection of a plant growth medium 

 The recipient soil medium, or the medium in which the plants will be 

cultivated can affect both plant growth and the microbial community that assembles in 

the microcosm. Some abiotic soil properties that should be considered for their effects 
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on plant growth, particularly when cultivating plants in an artificial setting, include 

nutrient availability and drainage. Transferring a soil microbiome to a novel 

environment, with different physical and chemical properties than its source, will 

undoubtedly exclude some and promote other specific taxa, altering the community 

composition relative to the source. Soil properties might also affect the behavior of 

microbes; for example arbuscular mycorrhizal fungi were found to be more active, 

forming greater numbers of arbuscules, in their native soil compared to foreign 

soils[94]. Some soil properties that are likely to affect microbial community assembly, 

such as pH, nutrient availability, and soil texture, are discussed in detail in section 1.1. 

 Standard commercial potting media (typically sphagnum peat moss- or coir-

based) is widely available and generally supports the growth of most plants in a 

greenhouse environment. However, not containing a mineral component (i.e. sand, 

silt, clay), this “soilless medium” is quite different from field soils, and may not 

support a similar microbiome. Soil texture has been found to be associated with 

microbial community composition and diversity[151,152], and thus transplanting a 

microbial community from a natural soil to a medium with dissimilar physical 

properties is likely to selectively promote the growth of a subset of the community, 

resulting in a composition distinct from that of the donor soil. Using sterilized parent 

field soil as a recipient medium is one way to emulate the physical properties of the 

microbes’ native habitat, though common sterilization procedures, such as steam 

sterilization and gamma-irradiation, can alter soil properties such as texture and 

organic matter[153]. Lastly, the presence or absence of particular soil compounds in 
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the recipient media that inhibit (e.g. allelopathic chemicals) or promote microbial 

growth could affect the composition of the microbial community that assembles[154]. 

 Most importantly, the medium must be conducive to growing the plant of 

interest, even if this means making compromises with media that supports assembly of 

the microbiome most representative of that found in the field. In our case study, S. 

altissima can be propagated vegetatively via rhizome cuttings and the plants are 

cloned this way in many studies to create isogenic plant material (as a self-

incompatible species, plants grown from seeds will not be isogenic)[155]. It may be 

difficult to cultivate S. altissima plants in a greenhouse setting from these cuttings, 

which require extensive moisture, in a heavy clay field soil that is prone to 

compaction. A compromise may involve mixing in perlite or calcined clay (e.g. 

Turface) to the sterilized field soil to improve aeration and drainage. It is also 

important to consider whether or not the initial nutrient content of the media will be 

sufficient to support the growth of the selected plant to the developmental stage the 

plant requires, as adding fertilizer throughout the experiment can also alter the 

microbial community. Thus, ideally several media preparations and fertilizer regimes 

should be tested for both microbiome transferability and plant cultivability.  

 

2.4.1.3. Selection of microbiome transfer method 

 In addition to the choice of recipient medium, the method of microbiome 

transfer can also strongly affect the microbiome that assembles in a microcosm. In 

selecting transfer methods, the importance of limiting the concurrent transfer of 

abiotic factors such as soil compounds alongside the soil microbes, as well as 
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maintaining a representative community, should be considered. The simplest, and 

most representative, method of soil microbiome transfer seems to be direct inoculation 

of the recipient with field soil containing the microbiome of interest, and this has been 

widely used [99,100,156]. This method is free from the bias of selection through 

culturing or filtering, but in directly transferring parent soil into the microcosm, has 

the risk of transferring potentially influential soil compounds that may have 

confounding effects on plant traits. This risk can be minimized by transferring only a 

small volume of inoculant soil, though inoculating with increasingly dilute 

concentrations decreases the resemblance of the transferred microbial community to 

that of the source soil, as well as community diversity[157,158].  

 Using a soil wash microbiome transfer technique can further minimize the risk 

of transferring soil compounds. In soil washes, the microbial fraction of soil is 

extracted in a dilute aqueous salt solution and used for inoculation. This can be 

achieved by shaking the donor soil in solution, removing soil particles via filtration 

(with a large enough pore size to not exclude microbes), pelleting the microorganisms 

via centrifugation, and then resuspending the microbial fraction in a sterilized salt 

solution, and hence minimizing the transfer of abiotic soil factors[159]. However, soil 

washes have been found to decrease the diversity of transferred bacterial and fungal 

communities, resulting in communities that were less similar to the donor soil 

compared to direct soil inoculations of equivalent soil volume[158]. Thus, minimizing 

the transfer of soil compounds comes at a cost. A third, even more selective approach, 

is to inoculate with the cultivable fraction of the microbial community. While having 

the advantage of reproducibility and the potential of scaling up, taking a cultivation-
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based approach alters the composition of the transferred microbial community by 

promoting those that thrive under the culture conditions and excluding those that do 

not. Such an approach was used to inoculate soil microcosms that were treated with 

crude oil, resulting in less biodegradation than was observed in soil inoculated through 

direct soil transfer[160]. Despite alterations in community composition, soil 

microbiomes transferred via cultured inoculants have been shown to affect plant 

phenotypes in a similar manner to their direct soil inoculated counterparts[161]. 

 It is also important to note that the process of performing soil microbiome 

transplants causes disturbances to microbial inoculant. Excavating and homogenizing 

the soil inoculant prior to the transfer causes physical disturbances to the microbial 

community, such as breaking fungal hyphae and increasing aerobic conditions, that 

could alter the viable microbial community (see section 1.1.4 for a discussion of 

physical soil disturbances). Processes such as filtering, centrifugation, and culturing 

are likely to cause further disturbances to the microbial community. During 

transplantation, microbes are also introduced into a vastly different competitive 

environment than their native soil, as the relatively tiny community of microbes in the 

inoculant are released into a large volume of sterilized soil.  This may provide an 

opportunity for species previously kept at low abundances due to competition to 

become more prominent[58] or may favor early successional species. Little is known 

about how long it takes for a microbiome transplant to colonize a new environment, or 

how long it takes for the community to stabilize, and it is unclear whether or not 

allowing time for stabilization prior to adding plants to the mesocosms would 

ultimately influence assembly of the microbial community. Studies addressing these 
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issues are urgently needed, because they would provide the basis for the creation of 

collection and processing standards in soil microbiome manipulative experiments. 

 In conclusion, it is important to consider the potential effects of transferring 

soil compounds alongside microbes, as well as the effects of disturbances and 

selection on microbiome integrity, in selecting a microbiome transfer approach. In our 

example of studying the effects of tillage, the risk of transferring potent soil 

compounds is likely to be relatively low, and therefore a direct soil inoculation, which 

transfers a community with minimal selection bias, will probably be the best choice. 

On the other hand, for a study investigating the effects of a potent compound, such as 

a pollutant, that is stable in the soil, a soil wash or cultured inoculant has the benefit of 

transferring the microbial community (albeit one that has undergone some selection 

based on the transfer method) without concomitantly transferring the compound. Best 

practice would be to compare several potential transfer methods at multiple 

inoculation concentrations in order to select a method that effectively transfers a 

representative microbiome or desired groups of microbial taxa. 

  

3. Analysis of plants and associated microbiomes 

 In order to assess the microbially-mediated effects of human disturbances on 

plants, it is important to establish (1) that the disturbances to microbial communities 

are reflected in the microbial communities that associate with plants and (2) that these 

changes in the plant microbiome result in altered plant phenotypes. Methods for 

characterizing plant-associated microbiomes and profiling plant phenotypes are 

discussed in the following sections. 
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3.1. Profiling plant-associated microbiomes 

 Characterizing the communities of microbes that closely associate with plants 

is important for assessing the effects that alterations in microbial communities could 

be having on plant phenotypes. Microbes in the rhizosphere and endosphere are likely 

to be interacting with the plant and affect its metabolism and behavior. Due to its 

affordability and scalability, the compositions of microbial communities are most 

commonly analyzed using high-throughput amplicon sequencing to identify taxa. 

Specific studies will demand additional molecular/omics approaches, but we will not 

discuss those in detail here.  

 Given that plant-associated soil communities are highly heterogeneous in both 

time and space[115], it may be useful to consider using composite soil samples in 

order to increase the representativeness of samples while keeping the cost and labor 

associated with sample analysis manageable. For example, portions of the plant root 

systems at different developmental stages, such as the tips of the roots versus the base, 

are also likely to harbor functionally different communities of microbes, potentially as 

a result of differences in the release of root exudates[162]. Thus, in taking rhizosphere 

samples, soil collected from multiple portions of the roots of a plant could result in the 

collection of a more representative pool of microbes with which the plant’s roots 

interact. Mature S. altissima plants can have large fibrous root systems and therefore 

combining soil samples from multiple sections of the roots will help capture the 

rhizosphere community. Extensive root sampling may be even more important for 

larger and more deep-rooted plants, such as trees, as their roots interact with microbial 
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communities at a broader range of soil depths. Rates of root exudation have also been 

observed to decrease at greater depths[163], indicating that the communities of 

microbes supported by the rhizosphere may vary with root depth. In such cases, it may 

be useful to analyze soils collected at different depths separately, or collect all samples 

at approximately the same depth.  

 Many methods for collecting the rhizosphere soil community (the community 

outside of, but immediately surrounding the root) have been used[164]. The simplest 

procedure involves uprooting a plant and shaking off the adherent soil into a sterile 

container by hand, but more tightly attached soil can be separated from the root using 

a fine sterile brush[165] or dislodged by vibrating small pieces of root in a dry tube 

using a vortex[166]. Rhizosphere soil has also been collected in solution by washing 

or shaking off adherent soil in a buffered solution and potentially using centrifugation 

to isolate the microbial fraction from the soil particles[164].  

 

3.2. Profiling plant phenotypes 

 In order to assess the effects of disturbances and disturbed soil microbial 

communities on plant traits, the phenotypes of plants must be characterized and 

compared to control (undisturbed) plants or across a gradient of disturbance. There are 

nearly endless traits to potentially assess and it is recommended that preliminary field 

observations be used to inform which phenotypes might be of greatest interest to 

compare.  However, with respect to species interactions and the overall effects on 

community and ecosystem dynamics, measures of plant reproductive success (the 

effect of the altered environment on the organism) and the plants secondary 
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metabolism (the effect that the altered plant phenotype has on interactions with the 

environment) are most likely candidates. Thus, in this section, the characterization of 

plant phenotypes with respect to growth and reproduction, chemistry, and ecological 

interactions is discussed, along with potential complications of studying these traits in 

disturbed systems. 

 

3.2.1. Growth and reproduction 

 Some of the most obvious and ecologically pertinent effects of a disturbance 

on plant communities may be those that affect plant growth and reproduction. Many 

disturbances, such as heavy metal pollution[167] and physical soil disturbances[168], 

reduce the growth and fitness of plants. On the other hand, some disturbances, such as 

fertilizer application, can promote plant growth. While many disturbances can directly 

affect plants, they may also influence plant growth and reproduction through altering 

plant-microbe relationships. 

 One of the simplest, but most important plant traits to measure is size. The 

growth of plants is also known to be affected by soil microbes including mycorrhizal 

fungi[94] and aptly-named “plant growth-promoting rhizobacteria”[95]. Assessing the 

size of plants is useful not only because it may indicate the vigor or a plant, but also 

because it may be useful to standardize many other measurements (e.g. amount of 

herbivore damage) to the overall size of a plant. Depending on the species, size 

measurements can range from simple (e.g. biomass of an Arabidopsis plant) to 

complex (e.g. estimating the size of a large woody plant). In terms of our example, S. 

altissima is a large herb on which height measurements can be easily performed 
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(typically less than 2 m in height). Mature plants can have many ramets and hundreds 

of leaves, making leaf counts in the field potentially time-consuming, though plants 

are easy to collect for later counts and dry for biomass measurements.  

 The reproductive output of a plant is often of interest as an indicator of the 

effect of the disturbance on plant fitness. Traits such as flower number, fruit 

production, seed production, and offspring viability are often used to assess sexual 

reproduction, while asexual reproduction can be assessed in many species as 

production of new ramets or rhizomes for clonal reproduction. In S. altissima, 

inflorescence size is probably the most practical measurement of sexual reproduction 

as the plants can produce thousands of individual flowers and produce thousands of 

tiny seeds. S. altissima also reproduces clonally via underground rhizomes which can 

be excavated from the field[169]. It is important to note that sexual reproduction is 

often induced by stress in plants[170] and measuring reproductive structures is not a 

direct measure of the fitness of a plant. Particularly, the relationship between 

measurements of reproductive structures or output and plant fitness might change 

when an ecosystem is disturbed. For example, inflorescence size might not be as 

strong of a predictor of fitness in a system in which the disturbance limits the activity 

of pollinators[171]. 

   

3.2.2. Chemical phenotypes 

 Many ecological interactions between a plant and other organisms are 

mediated by plant chemistry[172,173]. Thus, the chemical profiles of a plant can be 

important determinants of how a plant interacts with herbivores, other plants, 
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microbes, and others. Some human disturbances, such as chemical pollutants, can 

directly alter the chemical profiles of plants, as contaminants are assimilated and 

metabolized by plants[174,175].  Soil microbial communities have also been shown to 

affect the metabolic profiles of plants[106] and thus disturbances to plant-associated 

microbial communities have the potential to not only alter a plant’s chemistry, but also 

the plant’s chemically-mediated interactions. 

 If the chemicals that mediate specific plant interactions of interest are known, 

one may want to focus on analyzing plant tissue for those compounds specifically. For 

example, S. altissima plants are known to produce the allelopathic compound 

dehydromatricaria ester in their roots, which inhibits the growth of neighboring 

plants[140]. Thus, in our agricultural disturbance example, to understand how 

disturbed microbial communities affect the competitiveness of S. altissima plants, we 

might examine whether soil microbial communities are affecting the amount of this 

particular allelopathic compound by analyzing concentrations in root tissue 

samples[140]. 

 However, because the chemical compounds that mediate interactions of 

interest are often unknown (or not all known), as well as which secondary metabolites 

will be affected by a disturbance, it can be useful to take an unbiased metabolomics 

approach in chemically phenotyping and comparing plants. While none of the current 

methods for extracting and analyzing snapshots of chemically diverse plant 

metabolomes are entirely comprehensive, untargeted metabolomics approaches can be 

very useful for characterizing plant responses and identifying potentially important 

compounds that may mediate plant interactions[176]. As many important plant 
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interactions are mediated via volatile organic compounds (VOCs)[172,173], 

characterizing and comparing the total VOC profiles of plants exposed to different 

disturbances or microbial communities is one example of a metabolomics approach to 

broadly assess the effects of treatments on plant metabolites. One way to assess the 

VOC metabolome of a plant is collect VOCs from the plant’s headspace and analyze 

the collected compounds using GC-MS[177–179]. Similar to the composition of a 

microbial community, the metabolite profile of a plant can be characterized using 

various multivariate similarity measures, which can be used to compare the profiles 

across plants; for example, using ordinations such as nonmetric multidimensional 

scaling[178].  

 It may be important to consider not only the effects that a disturbance might 

have on the secondary metabolism of a plant, but also the potential effects that it may 

have on the fate and perception of those chemical changes by other organisms. For 

example, in the case of VOC emissions, atmospheric pollutants such as ozone and 

nitrogen oxides may react with these chemicals, altering the composition and 

longevity of the plant VOC emissions and ultimately potentially affecting the plants’ 

interactions organisms that may perceive its VOC signals[180,181]. Furthermore, 

many human disturbances, such as agricultural activities[182], directly add VOCs to 

the environment. In addition to potentially affecting biological processes, chemical 

pollutants that volatilize can add “noise” to the air, diluting plant VOC emissions and 

consequently making with them more difficult to percieve[183]. Moreover, 

disturbances that alter airflow in a plant system, such as the removal of tall plants that 
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may serve as a windbreak, may alter the fate of VOC plumes by changing their 

persistence and the distance that they travel[184].  

 

3.2.3. Integrative measures of phenotype on plant interactions (bioassays) 

 Ecologists are often interested in changes in plant phenotypes in the context 

that they alter the plant’s interactions with its community. In addition to bacteria and 

fungi, many plants have important interactions, either mutualistic or antagonistic, with 

herbivores and other plants. Studying the changes in a plant’s community interactions 

that result from disturbing its associated microbial community allows one to assess 

phenotypic changes in a broader ecological context.  

 Plant-associated microbes have been shown to affect plant defense traits, 

thereby altering their interactions with herbivores[102,103]. One method for 

quantitatively comparing the relative attractiveness of plants to herbivores is to assess 

feeding preference in a choice bioassay. In a typical choice test experiment, an 

herbivore is presented with a choice between multiple plants (or pieces of plant tissue) 

from different treatments and after an allotted amount of time the amount of tissue 

consumed of each plant is measured[155,185]. Presumably, the herbivore will 

consume a greater amount of the plant that is less well defended. In our example, we 

could use a choice test assay to determine whether microbial communities disturbed 

by agriculture affect the attractiveness of S. altissima plants to an insect herbivore, 

such as the goldenrod leaf beetle, Trirhabda virgata, by comparing the beetle’s 

preference for a plant grown with a disturbed microbiome versus an undisturbed 

control microbiome. Another common bioassay used to assess plant resistance to 
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herbivores involves measuring amounts of consumption and herbivore biomass 

assimilation when reared on different plants, as herbivores will presumably gain 

biomass less efficiently when plants are more strongly defended[185,186]. For 

example, if we found that T. virgata larvae gained more weight for every square mm 

of tissue eaten when feeding on S. altissima plants with disturbed microbiomes 

compared to their counterparts with undisturbed microbiomes, it would indicate that 

those plants were less herbivore resistant. 

 In addition to interactions with herbivores, plants also antagonistically interact 

with other plants. Soil microbial communities have also been shown to affect 

competitive plant-plant interactions both by degrading allelopathic 

compounds[154,187] as well as altering the allelopathic chemistry of plants[106]. 

Endophytic microbes can also affect a plant’s allelopathic potential[188]. Simple 

allelopathy bioassays can be performed by assessing the effects of a plant tissue 

extract on seed germination rate[106,188] or by assessing the growth rates of plants 

grown in competition with an indicator plant[140].  

 

4. Concluding remarks 

 

 The drastic environmental changes brought about by human activities can 

generate extreme conditions for soil microorganisms, which ultimately impact the 

greater communities with which they interact. Here we have focused on the effects 

that disturbances to soil microbes have on plant-centered ecosystems, such as 

agricultural fields, as these systems are both highly disturbed and of great importance 
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to humans. Studying the integrated effects of such disturbed habitats is a challenge, 

and we suggest that combined profiling of microbial communities and plant 

phenotypes, using both surveys and manipulative studies, will help us understand how 

human activities ecologically impact the environment. While this chapter has been 

primarily written from a plant-centric point of view, as plants will make up the bulk of 

primary producers in most terrestrial ecosystems disturbed by humans, the general 

framework for approaching such studies that we present could potentially be applied 

to non-plant systems. As we continue to disturb the soil through our daily activities, 

understanding the functional impacts of our actions will be critical for making 

decisions with regard to environmental management. 
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ABSTRACT 

• Soil microorganisms can influence the development of complex plant phenotypes, 

including resistance to herbivores.  This microbiome-mediated plasticity may be 

particularly important for plant species that persist in environments with 

drastically changing herbivore pressure, e.g., over community succession. 

• We established a 15-year gradient of oldfield succession to examine the herbivore 

resistance and rhizosphere microbial communities of Solidago altissima plants in a 

large-scale field experiment.  To assess the functional effects of these successional 

microbial shifts, we inoculated S. altissima plants with microbiomes from the 2nd, 

6th, and 15th successional years in a glasshouse and compared their herbivore 

resistance. 

• The resistance of S. altissima plants to herbivores changed over succession, with 

concomitant shifts in the rhizosphere microbiome.  Late succession microbiomes 

conferred the strongest herbivore resistance to S. altissima plants in a glasshouse 

experiment, paralleling the low levels of herbivory observed in the oldest 

communities in the field. 

• While many factors change over succession and may contribute to the shifts in 

rhizosphere communities and herbivore resistance we observed, our results 

indicate that soil microbial shifts alone can alter plants’ interactions with 

herbivores.  Our findings suggest that changes in soil microbial communities over 

succession can play an important role in enhancing plant resistance to herbivores. 
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INTRODUCTION 

 Over the course of ecological succession, the relative importance of defending 

aboveground tissues from herbivores typically escalates for plants.  This trend can be 

observed through changes in plant life history strategies: opportunistic pioneer plants 

that colonize early successional habitats tend to be fast-growing, but relatively 

unprotected from herbivores, and thus are gradually replaced by slower-growing, but 

more strongly-defended species as the community ages (Cates & Orians, 1975; 

Bazzaz, 1979; Reader & Southwood, 1981; Grime, 2001).  While this trend has been 

widely observed on a community-level, little is known about how herbivore resistance 

might change within plant populations over succession or the underlying mechanisms 

of these phenotypic shifts. 

The tall goldenrod, Solidago altissima (Asteraceae), may be a useful model for 

studying intraspecific successional shifts in resistance phenotypes because it is an 

early colonizer, particularly of abandoned agricultural fields (oldfields), that can 

persist for decades as a dominant community member, even as communities become 

forested (Bazzaz, 1968).  The herbivore resistance of S. altissima has been observed to 

increase with successional age in independent populations in both the northern 

(Howard et al., 2018) and southern United States (Hakes & Cronin, 2012).  This shift 

in resistance has been attributed to both rapid microevolution and phenotypic 

plasticity, with the latter associated with changes in soil conditions (Hakes & Cronin, 

2012; Howard et al., 2018).  Thus, changes in the soil structure, chemistry, and 

particularly the microbiome, may play an important role in shifting plant resistance to 

herbivores over succession.   
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  Soil conditioning and plant-soil feedbacks can affect both the succession of 

plant communities and their resistance to herbivores.  Successional shifts in soil biota 

have been implicated in driving the succession of plants in oldfield communities.  For 

example, late successional plant species have been observed to have effects on soil 

biota that promote the growth of other late succession species, while inhibiting the 

growth of early-colonizers (Kardol et al., 2006).  In terms of affecting plants’ 

interactions with herbivores, prior herbivory can produce lasting impacts on the soil 

that affects the resistance of subsequent plants (Kostenko et al., 2012). This soil 

conditioning is not only likely to affect herbivore performance through changes in 

plant nutritional quality (Kos et al., 2015), but also through altering plant defenses.  

For example, soil conditioning can effect the expression of defense-related genes and 

the production of secondary metabolites, as was recently observed in Plantago 

lanceolata (Zhu et al., 2018).  Recent evidence indicates that the diversity of plant 

communities conditioning the soil may affect the diversity of secondary metabolites 

produced by subsequent plants (Ristok et al., 2019) and that conditioning by early 

successional forb species may negatively impact their herbivore resistance (Heinen et 

al., 2018). Thus, over succession, soil conditioning by the different communities of 

plants may contribute to changes in plant-herbivore interactions.    

Likely underlying these soil-mediated shifts in plant phenotypes are changes in 

the soil microbiota.  With rapid generation times, soil microbes have the potential to 

adapt much more quickly to selection pressures than their botanical counterparts and 

can drive ecological changes over succession. Soil microbial communities have been 

observed to shift rapidly over succession, not only in taxonomic composition, but also 



 

118 

life-history strategies and functional relationships (e.g., pathogenicity) with plants 

(Hannula et al., 2017).  Microorganisms are known to affect complex plant 

phenotypes, such as growth (Vessey, 2003; Gaiero et al., 2013) and flowering time or 

fitness (Lau & Lennon, 2012; Wagner et al., 2014; Panke-Buisse et al., 2015), as well 

as secondary metabolism (Ludwig-Müller, 2015).  Microbially-mediated shifts in plant 

secondary metabolite production have been observed to have functional effects on 

important plant ecological interactions, including allelopathy (Meiners et al., 2017) 

and herbivore resistance (Hol et al., 2010; Badri et al., 2013).  In addition to 

improving plant growth, inoculating crop plants with individual strains of beneficial 

rhizobacteria often negatively affects aboveground insect pests (Pineda et al., 2010).  

Thus, we hypothesized that shifts in plant defense phenotypes that we have previously 

observed along a successional gradient (Howard et al., 2018) would be at least 

partially mediated by successional shifts in soil microbial communities and plant-

microbe interactions. 

 In this study, we characterized changes in the herbivore resistance of S. 

altissima and its rhizosphere microbial communities over early oldfield succession in a 

large-scale, manipulated chronosequence field experiment.  We then examined the 

functional effects of these microbial shifts on S. altissima herbivore resistance 

phenotypes in a microbiome transfer experiment (Howard et al., 2019) with plants 

grown in a glasshouse.  We predicted that the herbivore resistance of S. altissima 

plants would increase over succession, along with shifts in the microbial communities 

colonizing S. altissima rhizospheres. Based on the distribution of herbivory in the 

field, we predicted that S. altissima plants grown in soils inoculated with later 



 

119 

succession microbiomes would be more resistant to herbivores than those inoculated 

with earlier succession microbiomes.   

  

MATERIALS AND METHODS  

 

Study system 

 The tall goldenrod, Solidago altissima L. (syn. S. canadensis), is a perennial 

forb in the Asteraceae family that dominates oldfield habitats in its native range of 

northeastern North America and is widely invasive across Eurasia.  It colonizes 

oldfields through both seeds and clonally via rhizomes, though the establishment of 

new genets is thought to be minimal after approximately five years of succession 

(Hartnett & Bazzaz, 1985; Maddox et al., 1989).  Thus, rapid evolutionary shifts in the 

later successional populations are likely due to clonal sorting.  It interacts with a 

diverse array of insect herbivores (Maddox & Root, 1987), but at our field site the 

primary herbivore is the specialist chrysomelid beetle Trirhabda virgata.  These 

beetles are capable of dispersing over long distances (hundreds of meters) as adults 

(Herzig, 1995) and move from plant to plant as larvae (Morrell & Kessler, 2016). 

 

Oldfield succession manipulation field experiment 

 To examine changes in S. altissima and its community over succession, we 

used a large-scale, oldfield succession sequence experiment at Dunlop Meadow in 

Brooktondale, NY, USA (42°23'13"N, 76°24'00"W) (Howard et al., 2018). The field 

site, on old agricultural land, consisted of duplicated 30 x 30 m plots representing each 
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of the first six years of an oldfield succession sequence (fallow after 3 years of 

conventional maize agriculture) (Fig. 3.1). After growing maize, the fields are plowed 

and colonized naturally from the surrounding environment, which largely consists of 

oldfields, forest, and agricultural fields.  After six years of succession, the plots are 

planted again with maize to restart the sequence, with the exception of two plots that 

have been fallow since 2002.  We refer to successional age as the number of years of 

succession the communities have undergone at the time of sampling.  
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Fig. 3.1. Aerial view of the oldfield succession field experiment.  We manipulated 
community successional age using experimental plots that are staggered 
chronologically to represent each stage of a 9-year sequence: 3 years of conventional 
maize agriculture followed by 6 years of fallow oldfield succession. In late May/early 
June of each year, the plots advance to the next stage in the sequence and plots that 
have undergone 6 years of oldfield succession are plowed, treated with herbicide, and 
planted with maize.  Each stage of the chronosequence is represented by one plot 
within each of two blocks.  There are also two older plots, labeled as “late 
succession”, that have been fallow since 2002 (representing the 13th,14th, or 15th year 
of succession in this study).  Each plot is 30 x 30 m with at least 10 m of mowed 
grassland between each plot.  Photo credit: Jere Salonen.   
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Plant and soil samples 

 To characterize differences in plant interactions with herbivores and 

microorganisms over succession, we surveyed 10 randomly selected S. altissima plant 

stems per successional stage (5 per plot) on two dates one year apart (09-Jun-2016 and 

07-Jun-2017). We selected stems that were growing at least 3 m away from each other 

to avoid sampling clones (Cain, 1990).  Cumulative precipitation from January to June 

differed by 216 mm between these two years, with 2016 as a notable dry year (28% 

below the 1981-2010 average), particularly in comparison to the 2017 season (22% 

above the average) (Northeastern Regional Climate Center records for Ithaca, NY, 

USA). For each plant, we recorded size (height and number of leaves), number of 

leaves with herbivory, and number of Trirhabda sp. beetles (identified only to genus, 

as T. virgata and T. borealis are difficult to differentiate at the larval stage) (Messina, 

1982a). To characterize differences in the microbial communities that interact with the 

plants, we sampled rhizosphere microbial communities by scraping the soil that 

remained attached to the roots when the plants were uprooted into a tube with a 

spatula.  We stored these samples at -20°C until analysis.  We collected bulk soil 

samples (top 10 cm of soil) adjacent to each plant and analyzed them for microbial 

biomass and activity, soil nutrients, pH, and organic matter content. We did not survey 

the rhizosphere microbial communities for plants in the 6th year of succession in 2017 

because the plots had cycled back into agricultural production. 

Herbivore resistance bioassays 

  To compare the herbivore resistance of S. altissima plants growing in different 

successional stages, we performed bioassays with plants collected from the field 
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and Trirhabda sp.  We collected stems from 20 individual randomly selected plants 

from each successional year (1-6 and 14) on 07-Jun-2017 and stored them as cut stems 

in water overnight at room temperature.  We collected second instar Trirhabda 

sp. larvae from a field adjacent to the experimental plots on 07-Jun-2017 and stored 

them at 4°C with their food (field collected S. altissima leaves) removed 15 h prior to 

the bioassays on 08-Jun-2017. 

            As a measure of herbivore resistance, we quantified the efficiency of biomass 

assimilation of larvae feeding on leaves from each plant.  We excised 3-5 leaves (3rd to 

8th youngest fully expanded) from each plant to provide approximately 40 cm2 of leaf 

tissue to individual larvae in a 9 cm diameter Petri dish with moist filter paper to 

maintain humidity.  After 90 h of feeding, we quantified the amount of leaf tissue 

consumed via image analysis with Adobe Photoshop and recorded larval weight gain. 

We calculated the efficiency of biomass assimilation as mg weight gained per cm2 of 

leaf eaten. We omitted one replicate from each of the 5th and 14th years of succession 

due to no feeding and missing final area data, respectively.  

            To compare the preference of herbivores for plants from different successional 

stages, we performed choice tests with Trirhabda sp. larvae in the laboratory.  Results 

from Petri dish choice assays with Trirhabda sp. larvae (Uesugi et al., 2013) have 

previously corresponded with their behavior, i.e., avoidance of herbivore-induced 

plants,  in the field (Morrell & Kessler, 2016). In the choice test, we presented larvae 

with leaf tissue from each of 3 successional years: 1 (early), 5 (mid), or 14 (late) in a 

3-way cafeteria-style feeding choice test.  We randomly grouped plants into 20 early-

mid-late combinations and tested each combination in triplicate with different 
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individual larvae, for a total of 60 tests. We cut leaf discs (13 mm diameter) from the 

second youngest fully expanded leaf of each plant and equidistantly presented these 

discs to each larva on 9 cm diameter agar (21 g/L) plates.  After 3 h of feeding, we 

measured the area of each disc consumed using ImageJ (Schneider et al., 2012).  We 

omitted six tests with no feeding from analysis. 

Soil analysis 

 To assess changes in soil quality and microbial activity over succession, we 

analyzed 6 soil samples from each successional stage per season for pH, content of 

organic matter and nutrients (K, P, Ca, Mg), and soil respiration (2016 samples only) 

by the Cornell Nutrient Analysis Lab (Ithaca, NY, USA) using standard methods 

(USDA, 2014).  A subset of the 2017 soil data (pH, organic matter, K, P, Ca, and Mg) 

was previously published (Howard et al., 2018). We measured microbial biomass as 

microbial C and N in 10 samples per successional stage from the 2016 season using a 

chloroform fumigation method (Vance et al., 1987).  Briefly, we fumigated fresh soil 

samples (~7 g) with chloroform for 24 h to release C and N from microbial cells, and 

then extracted them in 0.05 M K2SO4 for 2 h.  We used a Shimadzu TOC-L TNM-L 

ASI-L (Shimadzu Corp., Kyoto, Japan) to measure total organic C (TOC) and total N 

(TN) in these extracts.  To calculate microbial C and N, we subtracted the TOC and 

TN of extracts from baseline (nonfumigated) samples. 

Microbial community analysis 

 We assessed the bacterial and fungal community composition of rhizosphere 

soil samples using high-throughput amplicon sequencing of the V3-V4 region of the 

16S rRNA gene (16S) and the ITS2 region of the fungal internal transcribed spacer 
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(ITS) gene regions, respectively, using a similar procedure as in Howard et al. (2017), 

with modifications described in Methods S3.1.  We performed all sequence processing 

using the platform QIIME (Caporaso et al., 2010). After merging paired-end 

sequences, trimming primers, and removing singletons using mothur v. 1.41.1 

(Schloss et al., 2009), we used VSEARCH v. 2.9.1 (Rognes et al., 2016) to cluster the 

sequences into de novo operational taxonomic units (OTUs) with 97% sequence 

similarity and classified them taxonomically using the databases GreenGenes v. 13.8 

and UNITE v. 7 for 16S gene and ITS sequences, respectively.  After processing, we 

had 1,433,721 16S and 3,192,634 fungal ITS reads, representing 13,592 bacterial and 

5,431 fungal OTUs, respectively.  We removed samples with <1000 reads, which 

resulted in omitting two bacterial samples from the 2017 season (both from the 5th year 

of succession), and normalized the samples using two different methods recommended 

for community comparison: rarefying (to 1000 sequences) and proportions (total sums 

scaling) (McKnight et al., 2019). For comparison, we additionally normalized the 

community data using cumulative sums scaling via the package metagenomeSeq 

(Paulson et al., 2013). 

 

Microbiome transplant experiment in the glasshouse 

 In order to assess the functional effects of successional shifts in the soil 

microbiota on plant phenotypes, we generated soil microbiome inoculants from three 

different successional stages (2, 6, and 15 years of succession, as well as a mock 

inoculant) and assessed their ability to modify plant host growth and herbivore defense 

traits.  We utilized six plant genotypes, which were collected from Dunlop Meadow 
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and propagated vegetatively under standardized glasshouse conditions for at least two 

reproductive cycles in an attempt to remove previous acclimation. Each genotype × 

inoculant treatment combination was performed with 2-3 replicates, resulting in a total 

of 17 plants in each inoculant treatment group . 

Plant inoculation and growth  

 We collected approximately 4 L of soil for use as inoculants from the top 10 

cm of one Dunlop Meadow plot in each of years 2, 6, and 15 of succession on 22-Jun-

2017.  We sieved these inoculants to 4 mm and stored them at 4°C for 4 days.  To 

control for microorganisms in the growth environment and soil properties of the 

inoculants, we also used a mock inoculant treatment derived from field soil comprised 

of an equivolumetric mixture of all three successional inoculants that was triple 

autoclaved with 24 hr rest periods between sterilization cycles.  We prepared the plant 

growth media on 26-Jun-2017, which consisted of 75% (v/v) commercial sphagnum 

moss potting media (Lambert’s All Purpose, Quebec, Canada), 20% (v/v) topsoil, and 

5% (v/v) field soil inoculant, which is an inoculation rate previously determined to 

transfer a representative soil microbial community to potting media (Howard et al., 

2017).  We autoclaved the media (minus the inoculant) three times with 24 h between 

sterilizations, before use.  We watered the prepared media to a 10% (v/v) moisture 

level with filter-sterilized (0.1 μm pore size, Sawyer Products, Inc., Florida, USA) 

deionized water and incubated for 24 h at ambient temperature (c. 27°C) in the 

glasshouse (Cornell University, Ithaca, NY, USA) in sterilized 11.5 cm diameter 

standard pots prior to planting.  We introduced the plants as surface-sterilized crown 

cuttings (rinsed in 70% ethanol for 30 s followed by sterilized water) on 27-Jun-2017.  
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We positioned the inoculated plants in a randomized block design in a glasshouse with 

a 16 h photoperiod and irrigated ad libitum with filter-sterilized water. To evaluate the 

effects of successional microbiomes on plant growth, we calculated growth rates based 

on increases in height and leaf number from measurements taken every 3 days from 

18-30 days after planting.   

Composition of microbiome inoculation 

 We froze three samples of each inoculant at the time of inoculation for 

microbial community analysis. To test that the different inoculants assembled different 

rhizosphere microbial communities, and to compare these communities to the 

inoculants, we collected rhizosphere soil from each plant 49 days after planting by 

first removing loose soil adhering to roots, and then collecting soils from roots shaken 

vigorously in a clean plastic bag. We considered the soil that was most closely 

adhering to root the “rhizosphere” soil and stored  it at -20°C in sterilized plastic tubes 

until DNA extraction.  We extracted and analyzed microbial DNA from these samples 

using the same methods as described for the field survey samples (Methods S3.1), 

except that we decreased the mass of soil used to approximately 0.15 g, due to the 

greater absorption of the extraction buffer by the potting media compared to the field 

soil. We used DMSO in all ITS amplifications and the samples were sequenced with 

the 2017 field samples.  After sequence processing, we had 1,119,059 16S and 

1,959,450 ITS reads, representing 9,666 bacterial and 6,356 fungal OTUs, 

respectively.  We rarefied the samples to 1000 reads and one bacterial sample of the 

initial 6th year field soil inoculant was removed due to low reads.  

Plant resistance to herbivory 
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 As a measure of insect resistance, we assessed the preference of T. virgata for 

plants grown in soils inoculated with the three different successional microbiomes in a 

3-way cafeteria-style choice test, within each plant genotype, 38 days after planting.  

At this stage, the plants were approximately the size at which they start becoming 

damaged by Trirhabda spp. in the field.  We replicated each test (3-way grouping of 

individual source plants from each inoculation treatment) in triplicate with a different 

T. virgata individual, for a total of 51 tests.  We collected adult T. virgata from a wild 

population near Beebe Lake (Ithaca, NY, USA) on 01-Aug-2017, fed them on fresh S. 

altissima leaves from that area for 2 days in the laboratory, and starved them for 20 h 

prior to the choice test.  We cut leaf discs (13 mm diameter) from the second youngest 

fully expanded leaf of each plant and presented them equidistantly to each larva on 9 

cm diameter agar (21 g/L) plates.  After 1 h of feeding, we measured the area of each 

disc consumed.  We omitted four trials with no feeding.   

 

Secondary metabolite analysis 

 To compare levels of constitutive secondary metabolite production, we 

collected the 2nd youngest fully expanded leaf of each plant for analysis of phenolics 

and diterpenes 38 days after planting.  We excised the leaf at the petiole and removed 

the midvein with a razor, and then immediately flash-froze the tissue in liquid N2 and 

stored it at -80°C until extraction.  We extracted the leaf samples in 90% methanol and 

analyzed them on an Agilent 1100 series high-performance liquid chromatograph 

(HPLC) as described in Howard et al. (2018).  We identified peaks of 18 phenolic 

compounds (chlorogenic and coumaric acid derivatives, and flavonoids) and 12 
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diterpene acids (pimaric or abietic acid derivatives) (Table S3.1) to compound class 

using UV spectral information and quantified their signal intensity at 320 nm (caffeic 

and coumaric acid derivatives), 360 nm (flavonoids), 210 nm (pimaric acid 

derivatives), or 230.8 nm (abietic acid derivatives), and standardized the area of each 

peak by dividing it by the mass of leaf tissue in each extraction.  As another measure 

of constitutive defense phenotype, we compared the plants’ volatile secondary 

metabolite profiles (Methods S3.2).   

  

Statistical analysis 

 We performed all statistical analyses in R version 3.5.1 (R Core Team, 2018).  

We treated successional ages as factors in all analyses, except where noted, and 

visually assessed the residuals of each linear model for normality and homogeneity of 

variance, transforming the data if necessary.  For all models, we assessed the 

significance of main effects using the function anova in lmerTest  (Kuznetsova et al., 

2017) and examined pairwise contrasts using the function emmeans in the package 

emmeans (Lenth, 2019) with Tukey method P-value adjustments for multiplicity.  We 

used lmer in lme4 for all linear mixed-effect models (Bates et al., 2015). 

 In the field survey, we analyzed herbivory density and damage using linear 

mixed-effects models with successional age, field season, and the successional age × 

field season interaction as main effects and field plot (block) as a random effect. For 

the herbivore performance, microbial biomass, soil respiration, and soil organic matter 

data we used linear mixed-effects models with successional age as a main effect and 

field plot as a random effect. We removed one sample from the 6th successional year, 
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which had 70% and 62% higher microbial C and N, respectively, than any other 

sample, as an outlier.  For the herbivore performance analysis, we divided 

successional age into 3 categories (early: 1-3, mid: 4-5, and late: 14 years).  Due to the 

large proportion of zeroes in the data for the area of leaf tissue eaten in the feeding 

prefence test, we used a binomial generalized linear mixed model (using glmer in the 

package lme4) to model the binary variable indicating whether any of the leaf disc 

from a successional year was eaten or not, rather than comparing the amounts of leaf 

tissue consumed between successional years. We treated successional age as a main 

effect, and individual plants and test replicates as random effects. We assessed 

pairwise constrasts between the different successional ages using the function 

emmeans in the package emmeans and calculated Wald and parametric bootstrap 95% 

confidence intervals (CIs) on the log odds ratios using emmeans and the confint 

function in lmer4, respectively. We visualized dissimilarity in microbial community 

composition between samples using nonmetric multi-dimensional scaling (NMDS) on 

Bray-Curtis distances and tested for effects of successional age and field season with 

PERMANOVAs (999 permuations) using metaMDS and adonis in the package vegan 

(Oksanen et al., 2018).  We analyzed the bacterial and fungal community data 

separately. Before calculating the Bray-Curtis distances, we square-root transformed 

the fungal OTU relative abundance data.  To confirm the robustness of  our results in 

light of potential rarefaction noise,  we performed the rarefaction procedures and 

PERMANOVAs 2000 times with nearly identical results.  To test for differences in 

the relative abundance of basidiomycetes over succession in the fungal data, we used a 
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linear mixed-effects model with successional age (as a continuous variable) and field 

season as main effects and block as a random effect.   

 For the microbiome transplant experiment, we analyzed height- and leaf-based 

growth over time using repeated-measures ANOVAs with inoculant, measurement 

date, and genotype (and their interactions) as main effects and individual plant as a 

random effect. We analyzed microbial communities of the inoculants and assembled 

rhizosphere using NMDS ordinations of Bray-Curtis distances (as described for the 

field survey microbiome data) and assessed the effects of inoculant successional age 

and plant genotype using PERMANOVAs.  In the herbivore feeding preference assay, 

we assessed the effect of the inoculant on whether any tissue was eaten using the same 

model design as for the field feeding choice test (except with inoculant treatment as a 

main effect, and with plant genotype as an additional random effect) and assessed 

pairwise contrasts and CIs using the same methods.   To assess the overall effect of 

inoculation on feeding preference, we used a likelihood ratio test comparing our model 

to a reduced model without the main effect of inoculant.  We analyzed the overall leaf 

metabolite profiles using nonmetric multi-dimensional scaling (NMDS) on Bray-

Curtis distances and tested for effects of inoculant and genotype using a 

PERMANOVA as described for the microbial community analyses.  We assessed the 

effect of inoculant on the concentrations of individual compounds with linear mixed 

effects models with inoculant and plant genotype as main effects and block (position 

in glasshouse) as random effect.  We adjusted the P-values for the 30 compounds with 

the false discovery rate correction via p.adjust in stats to correct for multiple 

comparisons.  One replicate inoculated with a 6th year microbiome was omitted as an 
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outlier from analysis of one diterpene compound (#20), as well as the overall profile 

analyses, because its measured concentration was 134-fold greater than the mean.   

 

RESULTS 

 

Field survey 

Herbivore damage and resistance 

 Both herbivore density and damage levels on S. altissima plants differed over 

successional time, as well as by field season (Fig. 3.2ab, Tables S3.2-3.3).  Paralleling 

patterns of herbivore density, we observed relatively low levels of herbivory in the 

first couple of years after agriculture.  However, after 3 or 4 years of succession, 

herbivory peaked, with damage on nearly every leaf of every plant, before dropping 

significantly in late succession populations (13-14 years) (Fig. 3.2ab). 

 Consistent with the distribution of herbivory, T. virgata larvae were more 

likely to eat plants from the mid rather than late successional stage in a 3-way choice 

experiment, though they were also significantly more likely to consume leaves of 

plants from the first year of succession than plants from the late succession (Fig. 3.2c, 

Tables S3.4-3.5).  Larvae feeding on leaves from late succession plants assimilated 

biomass less efficiently than those feeding on the mid-succession plants that they 

preferred to eat (Fig. 3.2d, Table S3.6). 
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Fig. 3.2. Levels of herbivory and herbivore resistance of Solidago altissima plants 
over oldfield succession. (a) Number of Trirhabda sp. larvae and (b) overall 
herbivore damage (% of leaves damaged) per plant over succession based on surveys 
of a large-scale field experiment (see Fig. 3.1). (c) Feeding preference of Trirhabda 
sp. larvae in a 3-way choice test between discs of leaf tissue from S. altissima plants 
collected from year 1, 5, or 14 of succession.  Values shown are estimated marginal 
mean (± SE) probabilities of eating discs from each successional age and ages not 
connected by the same letter indicate significant differences based on whether any leaf 
tissue was eaten from each successional year during the feeding trial, based on a 
binary logistic model.  (d) Performance (biomass gained per cm2 of leaf eaten) of 
Trirhabda sp. larvae, feeding on leaves from early (1-3 years), mid (4-5 years), or late 
(14 years) succession for 90 h. For box plots, boxes enclose the middle 50% of values, 
with the 50th percentile indicated by the midline.  The error bars span 1.5 times the 
interquartile range in both directions, and values outside of this range are indicated as 
black dots. 
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Plant size 

 There were significant effects of both successional age and field season on S. 

altissima stem heights, which were tallest at the latest successional stage, but slightly 

decreased in height from early to mid succession (Fig. S3.1a, Table S3.7).  There were 

also significant effects of successional age and field season on the total number of 

leaves per plant, but while the pattern generally paralleled that of plant height, the 

differences were more subtle (Fig. S3.1b; Table S3.8). 

Soil properties and microbial composition 

 Soil nutrients and physical properties varied over succession (Table S3.9).  Soil 

microbial biomass in the soil increased significantly over succession in terms of both 

microbial N and microbial C extracted from soils (Fig. 3.3ab, Table S3.10).  Soil 

respiration, a proxy for soil microbial activity, also increased over succession (Fig. 

3.3c, Table S3.10), along with soil organic matter (Fig. 3.3d, Table S3.10).  The 

composition of both bacterial and fungal communities in the S. altissima rhizosphere 

shifted significantly over succession and differed between the two field seasons, as 

shown in the NMDS ordinations with the successional ages of the plots indicated by 

increasing color intensity (Fig. 3.4ab, Tables 3.1 & 3.2).  The relative abundance of 

different bacterial phyla represented in the rhizospheres were relatively similar over 

succession (Fig. 3.4c).  In contrast, the relative abundance of fungal basidiomycetes 

increased significantly over succession (Fig. 3.4d, Table S3.11), with a concomitant 

decrease in ascomycetes.  The microbial community analyses based on data 

normalized via proportions (Fig. S3.2, Tables S3.12-3.13) and cumulative sums 
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scaling (Fig. S3.3, Tables S3.14-3.15), were similar to those based on the rarefied data 

shown in Fig. 3.4. 

 

 

Fig. 3.3. Soil microbial biomass and activity, and soil organic matter, over 
oldfield succession.  Microbial biomass in topsoil based on microbial (a) N and (b) C 
was measured using a chloroform fumigation method.  (c) Microbial activity was 
measured as soil respiration.  (d) Soil organic matter was determined by loss on 
ignition.  All soil samples were collected from the top 10 cm of soil in a large-scale 
field experiment (see Fig. 3.1) in 2016.  Years not connected by the same letter 
indicate significant differences.  Boxes enclose the middle 50% of values, with the 50th 
percentile indicate by the midline.  The error bars span 1.5 times the interquartile 
range in both directions, and values outside of this are indicated as black dots. 
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Fig. 3.4. Compositional shifts in Solidago altissima rhizosphere microbial 
communities in oldfield succession experiment over two sequential years.  NMDS 
ordinations of (a) bacterial and (b) fungal communities based on Bray-Curtis 
distances.  Communities were characterized based on 16S rRNA (bacterial) and ITS 
(fungal) gene amplicon sequencing of soil collected from S. altissima rhizospheres 
over an experimental gradient of oldfield succession (see Fig. 3.1) over two growing 
seasons (2016 and 2017).  Phylum-level composition of (c) bacterial and (d) fungal 
communities based on mean relative abundance across samples.  Community data 
were normalized via rarification. 
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Table 3.1. Results of PERMANOVA showing the effects of successional age and 
field season on bacterial community composition of Solidago altissima rhizospheres in 
the field.  
      

 
DF Sum of sqs F-value P-value 

Successional age 7 3.0170 2.1206 0.001*** 

Field season 1 0.6505 3.2005 0.001*** 

Successional age × Field season 4 1.1376 1.3992 0.002** 

Residuals 115 23.3731 
  

 
Communities were surveyed over the first 14 years of succession and two field 
seasons (2016 and 2017) in a large-scale oldfield succession field experiment and 
characterized based on 16S rRNA gene sequences, rarefied to 1000 reads. 
 
 
 
Table 3.2. Results of PERMANOVA showing the effects of successional age and 
field season on fungal community composition of Solidago altissima rhizospheres in 
the field.       

 
DF Sum of sqs F-value P-value 

Successional age 7 5.084 2.7897 0.001*** 

Field season 1 1.338 5.1381 0.001*** 

Successional age × Field season 4 1.512 1.4521 0.001** 

Residuals 117 30.457 
  

 
Communities were surveyed over the first 14 years of succession and two field 
seasons (2016 and 2017) in a large-scale oldfield succession field experiment and 
characterized based on ITS gene sequences, rarefied to 1000 reads. 
Microbiome transplant experiment in the glasshouse 
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The inoculated rhizosphere communities were compositionally distinct from 

the initial bulk soil inoculants, yet differed by inoculant successional age (Figs. S3.4 

and S3.5). In addition to a significant effect of the successional inoculant age, there 

was also a significant effect of plant genotype on the composition of bacteria and 

fungi in the S. altissima rhizosphere community (Tables S3.16-3.17). While the 

microbial community compositions varied most drastically over succession between 

the bulk soils used as inoculants, they assembled relatively consistent, though still 

distinct, communities in the S. altissima rhizosphere (Fig. S3.5), similar, at the phylum 

level, to the communities that were observed in S. altissima rhizospheres in the field 

(Fig. 3.4cd). The rhizospheres of plants treated with the mock (autoclaved) inoculant 

differed from those treated with the three successional inoculants (Figs. S3.4 and 

S3.5).  The inoculation treatments did not significantly affect plant growth rates based 

on height or leaf number (Tables S3.18-3.19).   

 However, there was a significant effect of microbiome successional age on the 

likelihood that the adult T. virgata beetles would consume the inoculated plants in a 

feeding choice assay (Fig. 3.5).  The beetles preferentially fed on plants with earlier 

succession microbiomes; specifically, they were significantly more likely to consume 

plants inoculated with second year microbial communities than with their 15th year-

inoculated counterparts (Fig. 3.5 and Tables S3.20-3.21).  

 While the overall leaf metabolite profiles, and the concentrations of many 

individual compounds, varied significantly by plant genotype, there was no overall 

effect of successional microbiome inoculants (Tables S3.22-3.23).  Nevertheless, the 

concentrations of a few individual compounds, particularly two diterpene acids 



 

139 

(compounds #25 and 28) appeared to be influenced by the inoculation successional 

stage (Fig. S3.6), but after correcting for multiple comparisons (30 leaf compounds 

were assessed), there were no significant effects of inoculant treatment detected for 

any leaf compound at the α = 0.05 significance level (Table S3.23).  Likewise, the 

VOC profiles of the plants varied significantly by genotype, but not inoculant 

treatment (Table S3.24). 

 

 

Fig. 3.5.  Herbivore feeding preference for Solidago altissima plants grown in soils 
experimentally inoculated with microbiomes from different stages of succession. 
Feeding preference of of adult Trirhabda virgata in a 3-way choice test between discs 
of leaf tissue from glasshouse-grown plants inoculated with soil microbiomes 
collected from oldfields in the 2nd, 6th, or 15th year of succession.  Values shown are 
the estimated marginal mean (± SE) probabilities of eating discs from each inoculation 
treatment; treatments not connected by the same letter indicate significant differences 
based on whether any leaf tissue was eaten from the different inoculation treatments 
during the 1 h feeding trial, based on a binary logistic model (overall effect of 
inoculant: χ2= 16.83, P = 0.0002).   
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DISCUSSION   

 

Plants’ interactions with herbivores and microbes shift over succession 

We found that S. altissima plants in the lastest successional stage studied in our 

field experiment (13-14 years) were the most resistant to herbivores, particularly in 

contrast to mid-succession plants, on which herbivore densities were highest (Fig. 

3.2).  While herbivore abundance and damage were relatively low during the first 

couple years after agriculture, this may be because populations of Trirhabda spp. (and 

other herbivores) had not yet established, even though adult Trirhabda spp. beetles are 

capable of dispersing over distances larger than our field experiment (Herzig, 1995).  

Our bioassay data indicate that—despite their low levels of herbivory in the field—

these very early succession plants were not necessarily more resistant than their mid-

succession counterparts and were more susceptible to herbivores than late succession 

S. altissima, at least based on herbivore preference (Fig 3.2c).  This trend is evident 

even despite mid-succession plants experiencing higher levels of herbivory prior to the 

bioassay.  As such, these plants were more likely to be expressing herbivore-induced, 

as well as constitutive, plant defenses, though these induced defenses may not have as 

strong of effects on Trirhabda spp. as other herbivores (Bode et al., 2013; Uesugi et 

al., 2013).  Furthermore, it is possible that abundances of natural enemies of 

Trirhabda spp. and other herbivores varied over succession and may affect levels of 

herbivory, but we did not assess this in our survey. 

 Along with changes in herbivore resistance, we simultaneously observed shifts 

in the microbial communities that colonized the rhizospheres of these S. altissima 
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plants over succession (Fig. 3.4).  Previous studies have demonstrated that 

compositional shifts in soil microbial communities occur as fields are restored from 

agriculture (Barber et al., 2017; Hannula et al., 2017; Morriën et al., 2017), but did not 

focus on the rhizosphere of a single plant species.  Most strikingly, we observed an 

increase in the relative abundance of basidomycetes, which functionally are thought to 

be responsible for degrading recalcitrant plant compounds, such as lignin, in the later 

stages of decomposition (Baldrian, 2008), and thus are likely to have increased in 

abundance with the increase in woody plants in these later succession communities. 

Work by Morriën et al. (2017) further suggests that these successional shifts in the 

fungal community are functional and may result in increased carbon uptake in the soil.   

Notably absent from our rhizosphere surveys are arbuscular mycorrhizal fungi (~0.3% 

relative abundance of Glomeromycota in samples) (Fig. 3.4).  However, as S. altissima 

is known to form symbioses with mycorrhizal fungi (Jastrow & Miller, 1993), this is 

likely an artifact of using the ITS2 rDNA region to characterize fungal taxa 

(Stockinger et al., 2010).  While we may be missing potential successional shifts in 

relationships with mycorrhizal fungi, our data clearly indicate microbial shifts in the S. 

altissima rhizosphere over succession. We hypothesized that these belowground 

changes would mediate, at least partially, the changes in herbivore resistance we 

observed, and the results of our microbiome transplant experiment support this 

hypothesis (Fig. 3.5).  However, before discussing this focus of the study, there are 

several potential explanations for why we see this shift in the composition of the S. 

altissima rhizosphere over succession. 
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 Changes in the composition of S. altissima populations over succession may 

contribute to shifts in their rhizosphere composition over succession.  We observed 

plant genotypic effects on rhizosphere colonization (Tables S3.16-3.17).  As our 

previous study at the same field site (Howard et al., 2018) suggested that the increased 

herbivore resistance of  S. altissima populations over the first 6 years of oldfield 

succession was largely due to microevolution, plant genotypic shifts may partially 

explain the changes in rhizosphere microbes.  Previous work with S. altissima has also 

indicated that strong variation in root metabolites, particularly polyacetylene 

compounds, can rapidly evolve (Uesugi & Kessler, 2013, 2016), potentially providing 

an avenue to directly influence plant-microbe interactions in the rhizosphere.  Host 

genotype has been widely observed to affect microbiome assembly across the plant 

kingdom, ranging from annual herbs and crops (Lundberg et al., 2013; Peiffer et al., 

2013) to trees (Cregger et al., 2018).  Likewise, communities of soil microbes can also 

influence selection on plant populations (Lau & Lennon, 2011).  Considering that 

natural selection likely acts on plants as an integrated phenotype of both the plant and 

its associated microbial community, it is important to understand the extent to which 

microevolutionary changes in host populations affect their interactions with their 

microbes—and vice versa—as the mechanisms of these interactions will drive 

community structure and dynamics.  

 As S. altissima is a perennial, plant age and ontogeny may also contribute to 

the rhizosphere microbial shifts we observed.  While S. altissima is likely 

continuously colonizing via seed through the first 5 years of succession (Hartnett & 

Bazzaz, 1985), the average age of plants—particularly in the later successional 
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communities (13-14 years)—is likely to have increased over succession.  Plant age has 

been observed to explain variation in bacterial root colonization patterns in Bochera 

stricta, particularly in the endosphere (Wagner et al., 2016).  Likewise, plant 

developmental stage was also a major factor determining fungal colonization in the 

sorghum rhizosphere (Gao et al., 2019).  Thus, the differential growth of S. altissima 

over succession (Fig. S3.1), as well as their age, may contribute to the differences in 

rhizosphere communities we observed.  

Furthermore, the level of herbivory on plants may affect their microbial 

interactions.  Herbivore damage varied drastically over succession, with some plants 

in mid succession suffering damage on every leaf, while some of their earlier 

succession counterparts were entirely damage-free.  Thus, our data likely captured a 

wide range in the induction of plant defenses—and the concomitant metabolic shifts 

associated with the herbivore defense response (Kessler & Baldwin, 2002).  Solidago 

altissima is known to induce the production of secondary metabolites in their leaves, 

including protease inhibitors, phenolics, and diterpenes, as well as VOCs, upon 

feeding by T. virgata and other insects (Bode et al., 2013; Uesugi et al., 2013; Morrell 

& Kessler, 2016).  How these herbivore-induced metabolic shifts affect the plants’ 

interactions with their associated microbes remains relatively unknown, but several 

studies have indicated that artificial induction via exogenous application of methyl 

jasmonate may alter the plant microbiome (Carvalhais et al., 2013; Liu et al., 2017), 

suggesting that this differential herbivory may explain some of differences in 

microbiomes that we observed over succession.  Moreover, aboveground herbivory 

has been observed to not only alter the fungal communities of another aster, Jacobaea 
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vulgaris, but also created soil legacy effects that reduced the resistance of the plant to 

a lepidopteran herbivore (Kostenko et al., 2012).  However, herbivore induction might 

not only affect the soil microbiome in the field through changes in plant metabolism, 

but may also impact the rate of decomposition of S. altissima leaves (Burghardt et al., 

2018), thus presenting a mechanism through which herbivory in the current and 

previous years of succession potentially alter microbial activity and soil nutrient 

cycling in close proximity to S. altissima plants. 

 

Soil microbial communities from different stages can affect herbivore preference 

While many changes in S. altissima populations and environmental factors, 

such as soil nutrients, may be contributing to both the shifts in the rhizosphere 

community and herbivore resistance we observed in the field experiment, the findings 

from the microbiome transplant experiment—in which these factors were 

standardized—indicates that these microbial shifts alone have the ability to modify 

plant herbivore resistance.  Our finding that late succession soil microbiomes confer 

greater T. virgata resistance to S. altissima (Fig. 3.5), paralleling the preference and 

low levels of Trirhabda spp. feeding in the field (Fig. 3.2), supports our hypothesis 

that microbial shifts in the soil play a major role in increasing the herbivore resistance 

of plants over succession. Both the mechanism and importance of these soil microbial 

shifts in mediating the increase in herbivore resistance over succession observed in the 

field relative to other factors, such as changes in S. altissima populations and soil 

nutrients, warrant further study.  The results of our feeding preference assays with 

field-grown (Fig. 3.2c) and experimentally-inoculated plants (Fig. 3.5) differ with 
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regard to the relative attractiveness of the mid-succession stage/treated plants, 

suggesting that these other factors likely have important effects on resistance in the 

field, though it is also possible that the preferences of the larval and adult beetles 

differ (Messina, 1982b). 

 While we found that S. altissima plants inoculated with late succession soil 

microbiomes were less attractive to T. virgata than their counterparts inoculated with 

earlier succession microbiomes, the mechanism of this microbe-mediated resistance 

remains to be elucidated.  While we did not find an effect of the microbiome treatment 

on the overall profiles of the leaf and VOC secondary metabolites that we measured 

(Tables S3.22-3.24), the concentrations of two leaf diterpene compounds vary by 

inoculant (Fig. S3.6), indicating subtle but impacting changes in plant secondary 

metabolism.  Many microorganisms can synthesize terpenes (Yamada et al., 2015), so 

it is possible that these metabolites originated directly from the plants’ microbiomes.  

Microbes can alter plant secondary metabolite production both directly through 

metabolizing plant compounds or synthesizing precursors of plant metabolism 

(Ludwig-Müller, 2015), as well as indirectly by inducing or priming plant defense 

responses (Pieterse et al., 2014).    

It is also important to note that we only examined one component of resistance 

in this experiment, feeding choice.  We did not assess the performance of the 

herbivores, e.g., growth rates or fitness, on plants inoculated with different microbial 

communities, or examine whether inoculation affected other ecologically important 

behaviors such as oviposition preference.  Recent work has also found associations 

between rhizosphere community composition and rates of aphid parasitism (Blubaugh 
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et al., 2018), indicating that examining the effects of microbial shifts at the next 

trophic level may be important for understanding plant-herbivore dynamics.   

 

Conclusions 

Overall, the results of our study suggest that successional processes 

belowground have the potential to affect aboveground plant-herbivore interactions.  

Specifically, changes in the soil microbiome alone have the potential to mediate an 

increase  in plants’ resistance to insect herbivores that was observed in late succession.  

While we focused only on a single plant species here, Solidago spp. are ecologically 

important plants that dominate in a relatively wide range of successional stages and 

may even reduce rates of succession (Wright & Fridley, 2010).  It is not known if this 

pattern will hold more broadly across species of plants and in different successional 

environments and one recent study indicates that plant communities respond 

differently to soil conditioning in terms of their overall herbivore resistance (Heinen et 

al., 2018).  In addition to assessing the importance of the soil microbiota in mediating 

plants’ interactions with herbivores in dynamic environments like these, understanding 

how broadly this microbe-mediated herbivore resistance phenotype affects other 

species of plants is of interest from both a fundamental ecological and applied 

agricultural perspective. Although the specific mechanims that link the microbial 

community to plant resistance to herbviores and pathogens are multiple and still not 

well understood, the general plant population-wide effects observed in this study pose 

some interesting questions. For example, does an environmentally acquired resistance, 

such as through the microbiota, affect strength and direction of natural selection on 
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plant defensive traits (Agrawal, 2001)? Or, from a more applied perspective, can 

functional crop rotation or intercropping faciltiate crop plant resistance to herbivores 

and pathogens through a targeted alteration of the soil microbial community 

(Mutyambai et al., 2019)?  Answering questions like these requires a broader 

taxonomic survey of plants being affected by microbial communities and a deeper 

understanding of the mechanisms through which the microbial communities affect 

plant metabolism and visa versa.  
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CHAPTER 4 

SOIL MICROBIOMES FROM FALLOW AGRICULTURE FIELDS HAVE 

SPECIES-SPECIFIC EFFECTS ON CROP GROWTH AND PEST RESISTANCE 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
 

 

In revision at Frontiers in Plant Science as: Mia M. Howard, Christian Muñoz, Jenny 

Kao-Kniffin, and André Kessler. Soil microbiomes from fallow fields have species-

specific effects on crop growth and pest resistance. 



 

158 

ABSTRACT  
 
 Communities of microorganisms in the soil can affect plants’ growth and 

interactions with aboveground herbivores.  Thus, there is growing interest in utilizing 

soil microbiomes to improve plant performance in agriculture (e.g., for pest control), 

but little is known about the phenotypic responses of various crop species to different 

microbiomes.  In this study, we inoculated four crop species from different botanical 

families, maize (Zea mays, Poaceae), cucumber (Cucumis sativus, Cucurbitaceae), 

tomato (Solanum lycopersicum, Solanaceae), and lettuce (Lactuca sativa, Asteraceae), 

with diverse soil microbiomes originating from actively managed agricultural fields or 

fallow fields under varying stages of succession (1, 3, and 16-years post-agriculture).  

We compared their responses to these different microbiomes by assessing their growth 

and resistance to two generalist insect pests, cabbage looper (Trichoplusia ni) and fall 

armyworm (Spodoptera frugiperda).  These different microbiomes affected both plant 

growth and resistance, but the effects were species-specific.  For instance, lettuce 

produced the largest leaves when inoculated with a 3-year fallow microbiome, the 

microbiome in which cucumber performed worst, while tomato growth was 

unaffected.  Plants were generally more resistant to T. ni when inoculated with the 

later succession microbiomes, particularly in contrast to those treated with agricultural 

microbiomes. However, for tomato plants, the opposite pattern was observed with 

regard to S. frugiperda resistance.  Collectively, these results indicate that plant 

responses to microbiomes are species-specific and emphasize the need to characterize 

the responses of taxonomically and functionally diverse plant species to different 

microbiomes.   
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INTRODUCTION 
 
 Some microorganisms in the soil can improve the performance of plants and 

hence there is growing interest in manipulating soil microbiomes to improve yield and 

pest control in agriculture (Bell et al., 2019).  Soil microbiomes can promote plant 

growth by enhancing host tolerance to abiotic stresses, such as drought (Lau & 

Lennon, 2011, 2012), as well as to biotic stresses, such as pathogens and herbivores.  

With regard to these biotic antagonists, microorganisms can affect plants’ resistance to 

pathogens and herbivores through generally altering secondary metabolite production, 

as well as specifically inducing plant defense responses (Harun-Or-Rashid & Chung, 

2017; Ludwig-Müller, 2015).  One recent study suggests that the rhizosphere 

microbiome may serve as a stronger driver than plant genetics in determining plant 

resistance to insect herbivores (Hubbard et al., 2019).  Thus, the soil microbiome is 

frequently proposed as a target for improving pest management in agriculture (Pineda, 

Kaplan, & Bezemer, 2017).   

Agricultural cultivation alters soil conditions and can disturb soil microbiomes, 

often with negative consequences for plant performance.  These disturbances can be 

caused by multiple conventional practices, such as tillage and fertilizer application 

(reviewed in Howard et al., 2019) and greater agricultural intensification (i.e., 

conventional versus organic farming) has been associated with lower levels of 

beneficial soil microbes, such as arbuscular mycorrhizal fungi, and decreased 

complexity of fungal networks (Banerjee et al., 2019).  In some cases, continuous 

cultivation of crop monocultures can result in the build-up of pathogens in the soil, 

which is often implicated as a causal agent of “replant disease.”  This condition is 
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typically avoided by reducing the abundance of suitable plant hosts through crop 

rotation or polyculture (Bennett, Bending, Chandler, Hilton, & Mills, 2012).  Recent 

work has shown that soil microbiomes conditioned by non-crop plants, such as 

grassland species, can reduce the susceptibility of chrysanthemums to pathogens and 

insect herbivores (Ma, Pineda, Hannula, Kielak, & Nindya, 2019; Ma, Pineda, Wurff, 

& Raaijmakers, 2017; Pineda, Kaplan, Hannula, & Bezemer, 2019), suggesting that 

soil microbiomes from natural systems could be used to improve crop performance. 

Leaving fields fallow and promoting the establishment of biota unimpeded by 

tillage and other disruptive management practices not only results in drastic changes in 

plant communities, but also in soil quality and soil microbiomes.  Levels of soil 

organic matter, nutrients, and microbial biomass increase in cultivated fields that are 

left fallow for increasing lengths of time (Howard, Kao-Kniffin, & Kessler, 2020; Post 

& Kwon, 2000) and these successional changes in soils may affect plant growth and 

resistance to herbivores (Howard, Kalske, & Kessler, 2018).  The composition of soil 

microbiomes is also widely known to shift over ecological succession (Maharning, 

Mills, & Adl, 2009), which is likely to affect the performance of the plants with which 

they interact.  For example, the abundance of pathogenic fungi has been found to 

decrease over successional time in abandoned agricultural fields (Hannula et al., 

2017), suggesting that these shifts are functional and may benefit plants over 

succession.  Our recent work also suggests that these successional shifts in microbial 

communities may improve plants’ resistance to herbivores (Howard, Kao-Kniffin, & 

Kessler, 2020).  
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We previously found that the rhizosphere microbial communities of a native 

plant, tall goldenrod, Solidago altissima (Asteraceae), shift over oldfield succession in 

fallow maize fields, with functional effects on their resistance to herbivores.  When we 

inoculated S. altissima with soil microbiomes from a plant community that had been 

left fallow for 15 years, these plants were more resistant to the specialist goldenrod 

leaf beetle, Trirhabda virgata, than their counterparts inoculated with early succession 

microbiomes, paralleling the pattern of greater herbivore resistance observed among 

goldenrods in late succession communities (Howard, Kao-Kniffin, et al., 2020).  

However, it is not known whether this microbiome-mediated resistance associated 

with the later oldfield succession soils is specific to the community dominating 

goldenrods or could more broadly enhance the insect resistance of other plant species 

as well. 

Little is known about predicting the phenotypic response of diverse plant 

species to whole soil microbial communities in terms of plant performance and 

especially herbivore resistance.  The broad effectiveness of individual growth-

promoting microbes across plant species has been demonstrated for several 

“beneficial” microbes, such as mycorrhizae and other fungal endophytes, which can 

promote the growth of annual crops and trees alike, albeit to different degrees (Khan, 

Guelich, Phan, Redman, & Doty, 2012; Munyanziza, Kehri, & Bagyaraj, 1997; Van 

Geel, De Beenhouwer, Lievens, & Honnay, 2016).  Yet, while diverse plant species 

assemble different microbiomes—likely influenced by their phylogenetic relatedness  

(Fitzpatrick et al., 2018), interspecific comparisons of phenotypic responses to whole 

soil microbiomes are limited and have shown that responses vary by plant species 
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(Fitzpatrick et al., 2018; Hahl et al., 2019).  However, Fitzpatrick et al. (2018) found 

that plants grew larger in soil microbial communities conditioned by plant species 

with microbiomes that were more dissimilar to their own, suggesting that plant species 

responses may be predictable.  

The predictability of plant responses to microbiomes will be important for 

assessing the potential and general applicability of microbiome-manipulations in 

agriculture, including the applications of findings based on native plants and non-crop 

models to agronomically important species. Panke-Buisse et al. (2015) found that 

complex soil microbiomes that were artificially selected to promote earlier flowering 

time in Arabidopsis thaliana effectively decreased the latency of flowering in the 

confamilial crop Brassica rapa.  Yet, whether these same microbiomes would 

similarly manipulate the phenology of more distantly related species is unknown.  In 

addition to variation driven by phylogenetic distance, there may be differences in 

plant-microbe interactions in crop plants versus wild plants due to domestication, 

particularly breeding under high-input conventional agricultural conditions in which 

forming symbioses with mutualist microorganisms may not be as crucial for plants as 

in natural systems (Pérez-Jaramillo, Mendes, & Raaijmakers, 2016; Porter & Sachs, 

2020).   

In this study we sought to examine whether the microbiome-mediated trend in 

herbivore resistance that we discovered in an ecologically important native plant, S. 

altissima, could be applied to manipulate the pest resistance of crop species.  We 

selected four crop species from different families: maize (Zea mays, Poaceae), 

cucumber (Cucumis sativus, Cucurbitaceae), tomato (Solanum lycopersicum, 
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Solanaceae), and lettuce (Lactuca sativa, Asteraceae) and inoculated them in a 

glasshouse with soil microbiomes collected from experimental field plots that were 

currently under cultivation (conventional maize agriculture) or had been fallow for 1, 

3, or 16 years.  We assessed their early-season growth and resistance to two generalist 

agricultural pests, Spodoptera frugiperda (fall armyworm) and Trichoplusia ni 

(cabbage looper).  Based on our finding that late succession soil microbiomes 

conferred the greatest herbivore resistance to S. altissima (Howard, Kao-Kniffin & 

Kessler, 2020), we predicted that the crop plants would be most resistant to the insect 

pests when inoculated with the 16-year fallow microbiome.  

 

MATERIALS & METHODS 

Plant materials 

We obtained crop seeds from Burpee Co. (Warminster, PA, USA): Sweet Sunshine 

Hybrid sweet corn (maize), organic Roma tomato, Pick-a-Bushel Hybrid cucumber, 

and Parris Island Cos lettuce.   

Successional inoculants 

We obtained soil microbiome inoculants from fields that had undergone three 

consecutive years of conventional maize cultivation (year “0”) and plant communities 

in the 1st, 3rd, and 16th years of fallow (oldfield) succession from a large-scale 

successional field experiment at Dunlop Meadow in Brooktondale, NY, USA 

(42°23'13"N, 76°24'00"W) (described in Howard, Kao-Kniffin & Kessler, 2020).  

Briefly, this field experiment consisted of duplicated 30 x 30 m plots in which maize 

is grown conventionally for 3 years and then left fallow.  The plantings are staggered 
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chronologically so that plots in different years of fallow succession can be sampled 

simultaneously and there are two plots representing each successional year.  On 22-

May-2019, we collected soils for use as inoculants from the top 10 cm of each plot.  

To generate an inoculant that was representative of the plot, we sampled soil from 5 

locations within each plot, homogenized these subsamples in a plastic bag, and sieved 

them to 4.75 mm.  We stored these soils at 4°C for one day before using them to 

inoculate sterilized soil. 

Plant inoculation and growth 

We transferred the successional soil microbiomes to sterilized potting media by 

directly inoculating a mix of triple autoclaved (with 24 h rest periods in between 

cycles) commercial sphagnum moss potting media (75% (v/v)) (Lambert’s All 

Purpose, Quebec, Canada) and topsoil (20% (v/v)) with each field soil inoculants  at a 

rate of 5% (v/v), an inoculation method which we previously optimized for this 

recipient soil type (Howard, Bell, & Kao-Kniffin, 2017).  We prepared six replicate 

pots of inoculated soil per inoculant, for a total of 12 pots per successional inoculant 

year, watered them with filter-sterilized deionized water (0.1 μm pore size, Sawyer 

Products, Inc., Florida, USA) to a moisture level of c. 10% (v/v), and allowed the pots 

to incubate at ambient temperature (c. 27°C) in a glasshouse at Cornell University 

(Ithaca, NY, USA) for 24 h prior to planting.  We surface-sterilized seeds in an 

aqueous solution containing 1% (w/v) NaOCl (diluted from household bleach) and 

0.0042% (v/v) Tween20 for 10 min prior to planting on 24-May-2019 to minimize the 

effect of the existing microbes colonizing them.  We planted three seeds in each 10 cm 

diameter pot (ultimately thinned to one plant—the largest seedling—per pot) to a 
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depth of 25 mm for maize and cucumber and 6 mm for tomato and lettuce and 

positioned the pots in a randomized block design in a glasshouse with a 16 h 

photoperiod.  We irrigated the pots with filter-sterilized water as needed and removed 

any weeds that germinated from the seedbank of the inoculant soil.    

Plant growth and measurements 

As measures of plant size, we recorded the number of leaves and length of the longest 

leaf of each maize and cucumber plant 20 days after planting (DAP), and for each 

tomato and lettuce plant 23 and 31 DAP, respectively.  To obtain an approximate final 

biomass (roots and shoots, minus the tissues collected for bioassays and analysis) of 

each plant, we harvested the maize, cucumber, tomato, and lettuce plants  32, 32, 33, 

and 39 DAP, respectively, washed the soil off of their roots, and weighed them after 

drying in an oven at 60°C for 7 days. At the time of harvest, two leaves of the largest 

leaves were already removed for use in herbivore resistance bioassays (see below).  

We also measured specific leaf area (SLA) at harvest by punching two 10 mm 

diameter leaf discs from the youngest fully expanded leaves of maize, cucumber, and 

tomato plants and the second fully-expanded leaves of lettuce, and dividing the area of 

these discs by their dry weight. 

Herbivore resistance bioassays 

We obtained Trichoplusia ni (cabbage looper) and Spodoptera frugiperda (fall 

armyworm) as eggs from Benzon Research, Inc. (Carlisle, PA, USA) and reared them 

on cabbage looper diet (Southland Projects, Inc., Lake Village, AR, USA) prepared 

according to the manufacturer’s instructions.   
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Choice bioassays:  To assess the feeding preference of herbivores for plants grown 

with agricultural or fallow microbiomes, we conducted two-way cafeteria choice tests 

with T. ni and S. frugiperda (illustrated in Figs. 4.3a and 4.5a).  In each test, we 

simultaneously presented a neonatal larva (c. 2 days post-hatching) with 7 mm 

diameter leaf discs (punched from the youngest fully-expanded leaf, or the first 

collared leaf for maize) from a plant inoculated with an agricultural (year 0) and a 

fallow (year 1, 3, or 16) microbiome, in a 118 mL soufflé cup (Solo Cup Co., Urbana, 

IL, USA) with a thin layer of agar (12.5 g/L) at the bottom to prevent desiccation. We 

recorded the first disc the larvae were observed to eat, and if they did not feed within 2 

h, we excluded the test from the analysis.  We randomly paired each agricultural 

microbiome-inoculated plant with a plant from each of the three successional year 

treatments and tested each of these pairings twice with individual, naïve larvae of each 

herbivore species (N = 20-24 tests per plant species × fallow inoculant age level × 

herbivore species combination).  We performed the choice tests 21, 21, 23, and 33 

DAP for maize, cucumber, tomato, and lettuce, respectively.   

No-choice bioassays: As another measure of herbivore resistance, we performed no-

choice feeding assays in which we offered T. ni and S. frugiperda larvae (c. 6 days 

post-hatching) leaf tissue from a single plant in individual agar cups (as in the choice 

assay).  This piece of tissue was excised from the second youngest collared leaf for 

maize (mean ± SE: 9.76 ± 0.2 cm2), half of the youngest uncurled leaf for cucumber 

cut down the midvein (16.1 ± 0.5 cm2), one of the side leaflets from the second 

youngest fully-expanded leaf for tomato (10.6 ± 0.3 cm2), or half of the second 

youngest fully-expanded leaf for lettuce cut down the midvein (18.8 ± 0.5 cm2).  We 
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performed the no-choice assays 26 DAP for the maize, cucumber, and tomato plants 

and 35 DAP for the lettuce plants.  We measured the amount of weight gained and leaf 

tissue eaten by the larvae after 3 d for maize, cucumber, and tomato, and after 4 d for 

lettuce.  We quantified the area of leaf tissue eaten using Adobe Photoshop.  

Statistical analyses 

We performed all statistical analyses using R version 3.6.2 (R Core Team 2019).  We 

analyzed the plant size and no-choice bioassay data using linear mixed effects models 

using the function lmer in the package lme4 (Bates et al., 2015) with fixed effects of 

inoculant age, plant species, their interaction, and inoculant source (spatial block in the 

field) and a random effect of greenhouse block (position in the greenhouse 

experiment).  In addition to these cross-species analyses, we separately analyzed the 

plant size and no-choice bioassay data for each crop, using the same model design 

minus the plant species fixed effect (and interaction term).  We omitted one maize and 

one tomato plant that died from the 1- and 3-year microbiome treatment groups, 

respectively.  We also removed insects that died, lost weight, or did not consume any 

tissue in the no-choice bioassays.  If necessary, we used logarithmic or square-root 

transformations to meet the assumptions of normality and homoscedasticity of 

residuals.  We assessed the significance of the fixed effects using F-tests with 

Kenward-Rogers approximated degrees of freedom via the anova function in the 

package lmerTest (Kuznetsova, Brockhoff, & Christensen, 2017) and used the 

emmeans function in the package emmeans (Lenth, 2020) to examine pairwise 

contrasts between the different inoculant age levels.  We analyzed the choice bioassay 

data using generalized linear mixed-effects models (family = binomial) with choice as 
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a binary variable (agricultural microbiome vs. fallow microbiome), inoculant 

successional age, crop species, and their interaction as fixed effects, and individual 

plants (both agricultural and fallow microbiome-inoculated) as random effects using 

glmer in the package lme4.  Additionally, we separately analyzed choice data for each 

crop species, using the same model design minus the crop species fixed effect (and the 

interaction term).  We calculated 95% confidence intervals for the probabilities of 

eating a disc from each inoculant treatment level using emmeans and then determined 

whether or not insects showed a significant preference based on whether this interval 

included 0.5 (where the probabilities of choosing the agricultural microbiome-

inoculated plant vs. the fallow microbiome-inoculated plant are equal). 

 

RESULTS 

 

 Plant growth was a function of inoculant successional age treatment for some 

crops, but the effects varied both in pattern and by growth measurement (Fig. 4.1, 

Table 4.1).  Plants generally produced the most biomass when inoculated with the 

oldest soil microbiome, but there were significant crop species by inoculant 

interactions for both leaf size and total plant biomass (Table 4.1).  While inoculant 

successional age had a significant effect on the leaf sizes of both cucumber and lettuce 

plants, cucumber produced the largest leaves when inoculated with agricultural soil 

microbiomes and the smallest leaves when inoculated with soil from fields that had 

been fallow for 3 years, the opposite of the pattern observed for lettuce (Fig. 4.1a; 

cucumber: inoculant age: F3,41 = 2.8500, P = 0.0491, inoculant source: F1,41 = 1.0906, P 



 

169 

= 0.3025; lettuce: inoculant age: F3,41 = 3.5328, P = 0.0229, inoculant source: F1,41 = 

1.7969, P = 0.1875).  The dry weight biomass of cucumber and lettuce paralleled these 

leaf length trends, but did not differ significantly with regard to inoculant age for these 

species (Fig. 4.1b).  Maize biomass varied with inoculant successional age, growing 

largest when inoculated with the oldest, 16-year fallow microbiome (Fig. 4.1b; 

inoculant age: F3,40 = 5.5873, P = 0.0027, inoculant source:  F1,40 = 0.5276, P = 

0.4718).  Maize plants in this inoculation treatment also tended to have the largest 

leaves, and there was also an effect of inoculant source on leaf size (Fig. 4.1a, 

inoculant age: F3,40 = 2.4187, P = 0.0803, inoculant source: F1,40 = 4.8069, P = 0.0342).  

Moreover, maize SLA varied with inoculant age, whereby larger, late-succession 

microbiome plants had the lowest SLA (Fig. 4.1c, inoculant age: F3,40 = 3.8493, P = 

0.0164, inoculant source: F1,40 = 0.8477, P = 0.3627).  SLA did not differ significantly 

by inoculant age for any other crop species.  In contrast to the other species, none of 

the growth measurements of tomato plants were affected by inoculant age (Fig. 4.1). 
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Fig. 4.1. Sizes of maize (Z. mays), tomato (S. lycopersicum), cucumber (C. sativus), 
and lettuce (L. sativa) plants inoculated with agricultural (0 year) or fallow 
microbiomes of different ages (1, 3, or 16 years post-agriculture) measured as (a) the 
length of the longest leaf, (b) dry weight biomass (roots and shoots), and (c) specific 
leaf area (SLA).  All plants (N = 11-12 per species × inoculant age treatment) were 
grown in a glasshouse common garden experiment.  Note that 2 leaves had been 
harvested prior to the dry weight measurement for use in the herbivore resistance 
bioassays.  Boxes enclose the middle 50% of values, with the 50th percentile indicated 
by the midline and error bars spanning 1.5 times the interquartile range in both 
directions; values outside this range are indicated as black dots. Bar plots show 
estimated marginal means (± SE) averaged across species, and inoculant and 
greenhouse spatial blocks (see model outputs in Table 4.1).  Letters above the 
boxes/bars indicate significant differences between inoculant age levels within plant 
species for the boxplots and across all species for the bar plots (α = 0.05). 
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Table 4.1. Results of ANOVAs assessing the overall effects of soil microbial 
inoculants on plant growth across crop species.  Maize (Z. mays), tomato (S. 
lycopersicum), cucumber (C. sativus), and lettuce (L. sativa) plants were inoculated 
with soil microbiomes from agricultural (0 years) or fallow plots of different ages (1, 
3, or 16 years post-agriculture), with 2 plots representing each age (inoculant source).  
Plant growth was measured as the length of the longest leaf, dry weight biomass (roots 
and shoots), and specific leaf area (SLA).  N = 11-12 per species × inoculant age 
treatment.  Note that 2 leaves had been harvested prior to the dry weight measurement 
for use in the herbivore resistance bioassays. 
 

Growth measurement Variable F P 
Leaf length Inoculant age F3,165 = 1.0429 0.3752 
 Crop species F3,8 = 442.9242 <0.0001*** 
 Inoculant source F1,165 = 2.1440 0.1450 
 Inoculant age × crop species F9,165 = 2.3019 0.0184* 
Dry weight biomass Inoculant age F3,165 = 2.9407 0.0348* 
 Crop species F3,8 = 5.0985 0.0291* 
 Inoculant source F1,165 = 1.7916 0.1826 
 Inoculant age × crop species F9,165 = 2.3807 0.0147* 
SLA Inoculant age F3,165 = 1.8785 0.1352 
 Crop species F3,8 = 152.0031 <0.0001*** 
 Inoculant source F1,165 = 0.0601 0.8067 
 Inoculant age × crop species F9,165 = 1.1778 0.3123 

 

 

Overall, the resistance of plants to T. ni varied by both species and inoculant 

age based on the no-choice feeding experiments (Fig. 4.2, Table 4.2).  The agricultural 

microbiomes conferred the least resistance to the plants, with T. ni larvae gaining the 

most weight, and consuming the greatest amount, while feeding on the plants 

inoculated with agricultural soil in the no-choice experiments (Fig. 4.2, Table 4.2).  

However, when looking at the crop species individually, we only observed a 

significant effect of inoculant age on the resistance of cucumber plants.  Trichoplusia 

ni consumed less leaf tissue from cucumber plants inoculated with the late succession 

(16-year) soil compared to those treated with the agricultural microbiome (Fig. 4.2b; 

inoculant age: F3,29 = 3.0218, P = 0.0456, inoculant source: F1,28 = 3.9438, P = 0.0568).  
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Consistent with this consumption trend, the larvae also tended to gain less weight 

feeding on these later succession-inoculated cucumber plants, though there was not a 

statistically significant effect of inoculant age (Fig. 4.2a; inoculant age: F3,29 = 2.1902, 

P = 0.1105, inoculant source: F1,28 = 3.0123, P = 0.0935) and there was no difference 

in biomass accumulation efficiency (Fig. 4.2c, inoculant age: F3,29 = 0.7550, P = 

0.5285, inoculant source: F1,28 = 0.0101, P = 0.9206).  
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Fig. 4.2. Trichoplusia ni resistance of maize (Z. mays), tomato (S. lycopersicum), 
cucumber (C. sativus), and lettuce (L. sativa) plants inoculated with agricultural (0 
year) or fallow microbiomes of different ages (1, 3, or 16 years post-agriculture) in a 
no-choice assay. Resistance measured as (a) weight gained (b) amount of tissue eaten 
by T. ni larvae (c. 6 d old at start), as well as their (c) biomass accumulation efficiency 
after feeding for 3 (maize, tomato, and cucumber assays) or 4 d (lettuce assays).  N = 
8-12 replicates per species × inoculant age treatment after omitting insects that died, 
lost weight, or did not eat.  Boxes enclose the middle 50% of values, with the 50th 
percentile indicated by the midline and error bars spanning 1.5 times the interquartile 
range in both directions; values outside this range are indicated as black dots.  Bar 
plots show estimated marginal means (± SE) averaged across species, and inoculant 
and greenhouse spatial blocks (see model outputs in Table 4.2).  Letters above the 
boxes/bars indicate significant differences between inoculant age levels within plant 
species for the boxplots and across all species for the bar plots (α = 0.05). 
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Table 4.2. Results of ANOVAs assessing the overall effects of soil microbial 
inoculants on resistance to T. ni in a no-choice test across crop species.  Maize (Z. 
mays), tomato (S. lycopersicum), cucumber (C. sativus), and lettuce (L. sativa) plants 
were inoculated with soil microbiomes from agricultural (0 years) or fallow plots of 
different ages (1, 3, or 16 years post-agriculture), with 2 plots representing each age 
(inoculant source).  Herbivore resistance was measured in no-choice bioassays with c. 
6 d old T. ni larvae, in which weight gain, leaf area eaten, and biomass accumulation 
efficiency were measured after feeding for 3 (maize, tomato, and cucumber assays) or 
4 d (lettuce assays).  N = 8-12 replicates per species × inoculant age treatment after 
omitting insects that died, lost weight, or did not eat. 
 

Resistance measurement Variable F P 
Weight gain Inoculant age F3,131 = 3.1318 0.0279* 
 Crop species F3,8 = 86.9621 <0.0001*** 
 Inoculant source F1,131= 2.4207 0.1222 
 Inoculant age × crop species F9,132 = 0.6468 0.7552 
Leaf area eaten Inoculant age F3,131 = 2.7717 0.0441* 
 Crop species F3,8 = 83.2206 <0.0001*** 
 Inoculant source F1,130 = 1.9539 0.1645 
 Inoculant age × crop species F9,131 = 0.4388 0.9118 
Accumulation efficiency Inoculant age F3,131 = 1.3854 0.2501 

Crop species F3,8 = 23.7509 0.0003*** 
Inoculant source F1,130 = 0.2690 0.6049 

 Inoculant age × crop species F9,131 = 0.7149 0.6945 
 
 

 Trichoplusia ni larvae generally did not exhibit a preference for feeding on 

crops inoculated with agricultural versus fallow soil microbiomes, regardless of plant 

species or the successional age of the fallow inoculant (Fig. 4.3).  However, T. ni 

exhibited a marginal preference for crops with 3-year fallow microbiomes over those 

inoculated with agricultural soil (Fig. 4.3b, probability of selecting the agricultural 

microbiome plant: 0.3627 with an upper 95% confidence limit of 0.5020).  Yet, when 

looking at individual crops species, the only significant preference observed was for 1-

year fallow inoculated cucumber plants; larvae selected the agricultural microbiome 

cucumber with a probability of only 0.2 (95% confidence interval: 0.0659 to 0.470) 

when tested against their 1-year fallow-inoculated counterparts (Fig. 4.3c). 
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Fig. 4.3. Feeding preference of Trichoplusia ni for maize (Z. mays), tomato (S. 
lycopersicum), cucumber (C. sativus), and lettuce (L. sativa) inoculated with 
agricultural or fallow microbiomes of different ages.  (a) Neonatal T. ni larvae were 
simultaneously presented with a disc of leaf tissue from a plant inoculated with an 
agricultural soil microbiome and a disc of leaf tissue from a plant inoculated with a 
microbiome from a fallow field (1, 3, or 16 years post-agriculture) in an arena.  All 
choice tests were performed within plant species.  Choices represent the microbiome 
treatment of the disc each larva was first observed to eat. (b) Probabilities (with 95% 
confidence intervals) of selecting the agriculture microbiome-inoculated plant 
averaged across plant species; the dashed line indicates an equal preference for 
agriculture- and fallow-microbiome treated plants.  (c) Choices by crop species; light 
grey bars indicate the proportion of larvae that chose the plant treated with the 
agricultural soil microbiome whereas the dark grey bars indicate instances in which 
the fallow microbiome plant was chosen.  N = 9-22 tests per plant species × fallow 
inoculant age level after omitting larvae that did not feed within the 2 h trial.  An 
asterisk (*) indicates a significant preference. 
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 The inoculation treatments generally did not affect plants’ resistance to S. 

frugiperda in the no-choice experiments (Fig. 4.4, Table 4.3), except for one species: 

tomato.  The larvae gained more weight feeding on tomato plants inoculated with 

microbiomes from fields that had been fallow for 3 and 16 years compared to those 

treated with agricultural microbiomes (Fig. 4.4a; inoculant age: F3,36 = 3.8566, P = 

0.0173, inoculant source: F1,36 = 0.1336, P = 0.7169).  While the larvae did not 

consume greater amounts of leaf tissue from these later succession microbiome-

inoculated plants (Fig. 4.4b), they gained weight more efficiently feeding on the 16-

year fallow microbiome plants compared to their agricultural counterparts (Fig. 4.4c; 

inoculant age: F3,36 = 4.3989, P = 0.0099, inoculant source: F1,36 = 0.1320, P = 0.7185).  

The biomass accumulation efficiency of S. frugiperda varied by inoculant age, overall, 

though the response differed by species (Table 4.3, Fig. 4.4). 
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Fig. 4.4. Spodoptera frugiperda resistance of maize (Z. mays), tomato (S. 
lycopersicum), cucumber (C. sativus), and lettuce (L. sativa) plants inoculated with 
agricultural (0 year) or fallow microbiomes of different ages (1, 3, or 16 years post-
agriculture) in a no-choice assay. Resistance measured as (a) weight gained (b) 
amount of tissue eaten by S. frugiperda larvae (c. 6 d old at start), as well as their (c) 
biomass accumulation efficiency after feeding for 3 (maize, tomato, and cucumber 
assays) or 4 d (lettuce assays).  N = 8-12 replicates per species × inoculant age 
treatment after omitting insects that died.  Boxes enclose the middle 50% of values, 
with the 50th percentile indicated by the midline and error bars spanning 1.5 times the 
interquartile range in both directions; values outside this range are indicated as black 
dots.  Bar plots show estimated marginal means (± SE) averaged across species, and 
inoculant and greenhouse spatial blocks (see model outputs in Table 4.3). Letters 
above the boxes indicate significant differences between inoculant age levels within 
plant species (α = 0.05). 
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Table 3. Results of ANOVAs assessing the overall effects of soil microbial inoculants 
on resistance to S. frugiperda in a no-choice test across crop species.  Maize (Z. mays), 
tomato (S. lycopersicum), cucumber (C. sativus), and lettuce (L. sativa) plants were 
inoculated with soil microbiomes from agricultural (0 years) or fallow plots of 
different ages (1, 3, or 16 years post-agriculture), with 2 plots representing each age 
(inoculant source).  Herbivore resistance was measured in no-choice bioassays with c. 
6 d old S. frugiperda larvae, in which weight gain, leaf area eaten, and biomass 
accumulation efficiency were measured after feeding for 3 (maize, tomato, and 
cucumber assays) or 4 d (lettuce assays).  N = 8-12 replicates per species × inoculant 
age treatment after omitting insects that died, lost weight, or did not eat. 

Resistance measurement Variable F P 
Weight gain Inoculant age F3,140 = 0.2579 0.8556 
 Crop species F3,8 = 72.5039 <0.0001*** 
 Inoculant source F1,141 = 0.3924 0.5320 
 Inoculant age × crop species F9,140 =0.8693 0.5543 
Leaf area eaten Inoculant age F3,140 = 0.6133 0.6075 
 Crop species F3,8 = 56.0374 <0.0001*** 
 Inoculant source F1,141 = 0.3841 0.5364 
 Inoculant age × crop species F9,140 =0.9578 0.4777 
Accumulation efficiency Inoculant age F3,140 = 3.6408 0.0144* 

Crop species F3,8 = 8.5635 0.0071** 
Inoculant source F1,140 = 0.0109 0.9171 

 Inoculant age × crop species F9,140 = 3.0900 0.0021** 
 
 

Overall, the S. frugiperda larvae preferred to feed on plants inoculated with 16-

year fallow versus agricultural soil microbiomes, but did not exhibit a significant 

preference for plants inoculated with the other fallow microbiomes (Fig. 4.5b).  

Considering the species individually, the significant preference for late succession-

treated plants was only observed for cucumbers, with the larvae choosing the 

agricultural microbiome plants with a probability of only 0.263 (95% CI: 0.1140 to 

0.498) versus 16-year microbiome cucumber leaves (Fig. 4.5c). 
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Fig. 4.5.  Feeding preference of Spodoptera frugiperda for maize (Z. mays), tomato (S. 
lycopersicum), cucumber (C. sativus), and lettuce (L. sativa) inoculated with 
agricultural or fallow microbiomes of different ages.  (a) Neonatal S. frugiperda larvae 
were simultaneously presented with a disc of leaf tissue from a plant inoculated with 
an agricultural soil microbiome and a disc of leaf tissue from a plant inoculated with a 
microbiome from a fallow field (1, 3, or 16 years post-agriculture) in an arena.  All 
choice tests were performed within plant species.  Choices represent the microbiome 
treatment of the disc each larva was first observed to eat.  (b) Probabilities (with 95% 
confidence intervals) of selecting the agriculture microbiome-inoculated plant 
averaged across plant species; the dashed line indicates an equal preference for 
agriculture- and fallow-microbiome treated plants.  (c) Choices by crop species; light 
grey bars indicate the proportion of larvae that chose the plant treated with the 
agricultural soil microbiome whereas the dark grey bars indicate instances in which 
the fallow microbiome plant was chosen.  N = 10-20 tests per plant species × fallow 
inoculant age level after omitting larvae that did not feed within the 2 h trial.  An 
asterisk (*) indicates a significant preference. 
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DISCUSSION  

 

Overall, we found that soil microbiomes from varying stages of fallow 

succession can affect the growth and pest resistance of different crop species, but that 

the effects are species-specific, and often contrasting.  For example, lettuce produced 

the largest leaves when inoculated with a 3-year fallow microbiome, the microbiome 

in which cucumber performed worst, while tomato growth unaffected by inoculant 

successional age.  In contrast to the pattern we previously observed in the S. altissima 

study that motivated this experiment (Howard, Kao-Kniffin, et al., 2020), tomato 

plants were least resistant to S. frugiperda when inoculated with late succession (16 

year fallow) microbiomes (Fig. 4.4).  However, in terms of resistance to T. ni, the crop 

plants, and particularly cucumber, responded more in line with what we expected 

based on S. altissima with the microbiomes from older communities conferring greater 

resistance (Fig. 4.2).  Collectively, these results indicate that plants of different species 

have different phenotypic responses to different microbiomes and point to the need to 

study microbiome-influenced phenotypes in broad range of plant species, as well as 

the underlying mechanisms of how microbiomes assemble and affect these plant traits.  

These differential phenotypic responses of plant species to soil microbial 

communities of varying successional age could be due to differences in microbiome 

assembly.  It is well known that different species, and even different cultivars and 

genotypes, of plants assemble distinct microbiomes (Cardinale, Grube, Erlacher, 

Quehenberger, & Berg, 2015; Fitzpatrick et al., 2018; Lundberg et al., 2013; 

Matthews, Pierce, Hipperson, & Raymond, 2019; Peiffer et al., 2013).  While few 
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studies have directly compared microbiome assembly on different crop species, 

Matthews et al. (2019) recently found that maize, tomato, pea, and onion plants not 

only assembled microbiomes with distinct community structures, but also differed in 

the variability of their rhizosphere microbiome composition when grown in grassland 

versus woodland soils.  In their study, tomato and maize showed the greatest variation 

in rhizosphere assembly at the individual taxon (OTU) level by soil type.  Yet, even 

with differences in nutrients between the soils, they found that tomato and maize 

growth were unaffected, indicating that the performance of these species is robust and 

might not easily be altered by shifts in microbiomes.  However, as most of the 

differentially abundant OTUs between the two soil types in their study came from the 

same taxonomic families and were potentially functionally redundant, it is difficult to 

assess whether these plant species differed from the other crops in their capacity to 

discriminate or actively influence their microbiome assembly (Matthews et al., 2019).  

On the other hand, we saw that maize, cucumber, and lettuce growth was affected by 

microbial community treatments, suggesting that these species might assemble even 

more divergent microbial communities under the different inoculation treatment and 

perhaps are not as able to as actively select a microbiome.  Understanding how 

microbiomes assemble remains an unsolved question in the field that likely underlies 

more mechanistic study of microbiome-mediated phenotypes. 

While the differences between the patterns of herbivore resistance we saw here 

and in our previous study of S. altissima may be driven by the phylogenetic diversity 

of the plant hosts, some differences might also be due to comparing domesticated 

crops to a wild plant.  As a species that colonizes disturbed habitats, including fallow 
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agricultural fields, S. altissima may be ecologically similar to a crop, yet its abilities to 

form microbial symbioses may not have been under the same selective pressures as 

plants that have been bred for agricultural performance.  Comparisons between crops 

and their wild relatives have indicated that domestication has altered their interactions 

with microorganisms (Pérez-Jaramillo, Carrión, de Hollander, & Raaijmakers, 2018), 

sometimes resulting in plants that form symbioses with resource mutualists, such as 

arbuscular mycorrhizal fungi, less readily (Martín-Robles et al., 2018).  Breeding 

under high-input agricultural regimes (e.g., ample fertilizer) may make roots less 

conducive to forming microbial symbioses and relax selection on the ability to form 

symbioses—or even select against forming symbioses due to the costs of maintaining 

them when resources are abundant (Pérez-Jaramillo et al., 2016; Porter & Sachs, 

2020). Furthermore, breeding crops for improved pathogen resistance may also 

inadvertently reduce the ability of plants to form symbioses with mutualistic microbes 

due to common pathways of colonization (Porter & Sachs, 2020).  Wild sunflower 

accessions are slightly more readily colonized by mycorrhizae (Turrini et al., 2016) 

and also less resistant to pathogens than domesticated lines (Leff, Lynch, Kane, & 

Fierer, 2016). With regard to the crops studied here, previous studies have indicated 

that cultivated lettuce and maize plants assemble different microbiomes than their wild 

relatives (Cardinale et al., 2015; Szoboszlay et al., 2015), and that cultivated tomato 

plants respond differently to soil conditioning compared to than wild counterparts 

(Carrillo, Ingwell, Li, & Kaplan, 2019). 

While we observed effects of soil microbiomes on plant resistance to insect 

pests, we did not investigate the basis of this herbivore resistance, limiting our ability 
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to understand how these microbiomes are affecting the plants.   For instance, the 

differences in weight gained by S. frugiperda feeding on plants inoculated with 

different microbiomes appears to be due to greater biomass accumulation efficiency 

rather than amount of tissue eaten, but we cannot tell if this is driven by differences in 

defense compounds (e.g., digestibility reducers) or the nutritional value of the leaves.  

Additionally, we observed some discrepancies between our two measures of herbivore 

resistance that are difficult to resolve without understanding the underlying 

mechanisms of resistance; for example, plants treated with 3-year fallow microbiomes 

were overall more resistant than agricultural-microbiome plants to T. ni based on the 

no-choice assays (Fig. 4.2), but the larvae exhibited a preference (albeit marginally 

significant) for them over the supposedly less resistant agricultural-microbiome plants 

in the choice experiments (Fig. 4.3b).   

Moreover, we do not know how the microbiomes are contributing to the 

plants’ resistance phenotype.  In addition to directly altering plants’ secondary 

metabolism, it is possible that pathogenic microbes in the soil (or non-pathogenic 

microbe perceived by the plants as pathogens) could be altering insect resistance by 

inducing salicylic acid-mediated responses and simultaneously suppressing the oft-

reciprocally antagonistic jasmonic acid pathway that mediates defenses to chewing 

herbivores (Thaler, Humphrey, & Whiteman, 2012).  One recent study demonstrated 

that a rhizosphere-dwelling strain of Pseudomonas sp. that induced systemic pathogen 

susceptibility increased tomato plants’ resistance to T. ni, further indicating that the 

salicylic acid-jasmonic acid trade-off may play an important role in mediating 

rhizosphere microbial influence on insect herbivory (Haney et al., 2018).   While our 
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study shows that soil microbiomes can differentially affect plants’ resistance to 

herbivores, the underlying mechanisms for these phenotypic shifts warrant further 

study. 

With agricultural losses to pest damage expected to increase under a warming 

climate (Deutsch et al., 2018), investigating novel tools such as soil microbiome 

manipulations to improve the herbivore resistance of crop plants is becoming 

increasingly relevant (Bell et al., 2019; Pineda et al., 2017).  In this study, we found 

that fallow agricultural fields may harbor soil microbiomes that can promote the 

growth and pest resistance of some crop plants.  In addition to providing related 

ecosystem services as habitat for natural enemies of pests (Denys & Tscharntke, 

2002), fallow land may be worth investigating as sources of beneficial soil 

microbiomes that are adapted to local edaphic conditions, not only potentially 

improving their establishment and efficacy (Hawkes & Connor, 2017), but also 

reducing the non-target risks of introducing non-native microbes (Hart, Antunes, 

Chaudhary, & Abbott, 2018).  Yet, sources aside, our study indicates that observing 

beneficial effects of an inoculant on one plant species may not be predictive of its 

capacity to improve the performance of another. 
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APPENDIX  

 
Figure S1.1.  Oldfield succession chronosequence field experiment.  Plots were 
replicated in duplicate and staggered at each stage of a 9 year chronosequence of 3 
years of agriculture (maize) followed by 6 years of oldfield succession (fallow).  Each 
plot is 30 x 30 m with at least 10 m of mowed grassland between plots. The stage of 
each plot advances to the next step in the chronosequence each year and repeats with 
maize after the sixth fallow year (e.g. maize will be planted in A2 and C3 in the 
following season).  The map is annotated with the 2017 growing season plot stages. 
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Table S1.2 Leaf secondary metabolites examined via HPLC, by retention time and 
compound class. 
 

Peak  Compound class Retention time (min) 
1 
2 
3 
4 
5 
6 
7 
8 
9 

10 
11 
12 
13 
14 
15 
16 
17 
18 
19 
20 
21 
22 

Diterpene acid 
Phenolic (caffeic acid derivative) 
Phenolic (coumeric acid derivative) 
Phenolic (flavonoid) 
Phenolic (flavonoid) 
Phenolic (flavonoid) 
Phenolic (flavonoid) 
Phenolic (flavonoid) 
Phenolic (flavonoid) 
Phenolic (flavonoid) 
Diterpene acid 
Phenolic (flavonoid) 
Diterpene acid 
Diterpene acid 
Diterpene acid 
Diterpene acid 
Diterpene acid 
Diterpene acid 
Diterpene acid 
Diterpene acid 
Diterpene acid 
Diterpene acid 

3.4 
4.1 
5.9 
6.2 
8.8 
11.0 
11.3 
12.1 
12.5 
13.8 
15.0 
18.0 
23.1 
26.2 
27.2 
27.9 
30.1 
31.1 
31.3 
32.1 
32.7 
33.2 
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Table S1.2. Test statistics (Wald χ2) and p-values for effects of plant and soil 
successional origins (yr) and interaction on concentrations of secondary metabolites.  
P-values are corrected with a false discovery rate of 0.05 (raw p-values in 
parentheses).  Bolded values indicate significance at the α= 0.05 level. 

 
Compound Plant origin  Soil origin Plant origin * soil origin 
1 χ2=0.0053  

p=0.9692 (0.9418) 
χ2=3.3604 
 p=0.4897 (0.06678) 

χ2=0.1334 
p=0.8300 (0.7149) 

2 χ2=0.2666 
p=0.9451 (0.6056) 

χ2=1.3050 
p=0.7294 (0.2533)  

χ2=1.2563 
p=0.8247 (0.2624) 

3 χ2=0.0441 
p=0.9653 (0.8337) 

χ2=0.1166 
p=0.9004 (0.7327) 

χ2=0.1315 
p=0.8300 (0.7168) 

4 χ2=0.2896 
 p=0.9451 (0.5905) 

χ2=0.1450 
p=0.9004 (0.7034) 

χ2=0.4774 
p= 0.8300 (0.4896) 

5 χ2=0.3367 
p=0.9451 (0.5617) 

χ2=0.3206 
p=0.9004 (0.5713) 

χ2=2.0384 
p=0.5925 (0.1534) 

6 χ2=1.0348 
 p=0.9451 (0.3090) 

χ2=1.2971 
p=0.7294 (0.2547) 

χ2=0.4180 
p=0.8300 (0.5179) 

7 χ2= 0.0830 
 p=0.9451 (0.7733) 

χ2=0.1501 
p=0.9004 (0.6985) 

χ2=0.3997 
p=0.8300 (0.5273) 

8 χ2= 0.3278 
 p= 0.9451 (0.5670) 

χ2=1.3083 
 p=0.7294 (0.2527) 

χ2=0.0939 
p=0.8352 (0.7593) 

9 χ2= 0.1239 
p=0.9451 (0.7248) 

χ2=0.0025 
p=0.9599 (0.9599) 

χ2=0.1704 
p=0.8300 (0.6797) 

10 χ2=0.1263 
p= 0.9451 (0.7224) 

χ2=0.4300 
p=0.9004 (0.5120) 

χ2=0.3224 
p=0.8300 (0.5702) 

11 χ2= 0.0111 
p= 0.9692 (0.9162) 

χ2=0.0525 
p=0.9026 (0.8205) 

χ2=0.0273 
p=0.8686 (0.8686) 

12 χ2= 5.1063 
p= 0.2622 (0.02384) 

χ2=6.2079 
p=0.2798 (0.01272) 

χ2=4.9825 
p=0.1914 (0.0261) 

13 χ2= 2.8778 
p=0.4340 (0.08981) 

χ2=0.2311 
p=0.9004 (0.6307) 

χ2=0.1373 
p=0.8300 (0.7109) 

14 χ2= 0.0884 
p= 0.9451 (0.2984) 

χ2=1.0812 
p=0.7294 (0.2984) 

χ2=1.9859 
p=0.5925 (0.1588) 

15 χ2=0.1130 
p=0.9451 (0.7368) 

χ2=0.1130 
p=0.9004 (0.7367) 

χ2=1.9594 
p=0.5925 (0.1616) 

16 χ2= 0.1955 
p= 0.9451 (0.6584) 

χ2=3.8716 
p=0.4897 (0.04911) 

χ2=5.0152 
p=0.1914 (0.02385) 

17 χ2= 0.8567 
p=0.9451 (0.3547) 

χ2=0.0754 
p=0.9026 (0.7837) 

χ2=0.0583 
p= 0.8478 (0.8093) 

18 χ2= 1.7210 
p= 0.8342 (0.1896) 

χ2=2.1103 
p=0.7294 (0.1463) 

χ2=0.8459 
p=0.8300 (0.3577) 

19 χ2=0.0015 
p= 0.9692 (0.9692) 

χ2=1.1013 
p= 0.7294 (0.2940) 

χ2=0.9116 
p= 0.8300 (0.3397) 

20 χ2=0.5510 
p= 0.9451 (0.4579) 

χ2=0.0111 
p=0.9596 (0.9160) 

χ2=0.5039 
p=0.8300 (0.4778) 

21 χ2=3.4972 
p=0.4507 (0.06147) 

χ2=0.6447 
p=0.9004 (0.4220) 

χ2=0.2853 
p=0.8300 (0.5934) 

22 χ2=5.6175 
p=0.2622 (0.01778) 

χ2=0.5222 
p=0.9004 (0.4699) 

χ2=5.8896 
p=0.1914 (0.01523) 
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Table S1.3. Test statistics (Wald χ2) and p-values for effects of plant and soil 
successional origins (yr) and interaction on total concentrations of secondary 
metabolites by compound class. 
 

Compound class Plant origin Soil origin Plant origin * soil origin 
Phenolics χ2=0.1140 

p=0.7356 
χ2=0.4500 
p=0.5023 

χ2=0.5702 
p=0.4502 

Diterpenes χ2=0.8800 
p=0.3482 

χ2=2.0277 
p=0.1545 

χ2=0.3892 
p=0.5327 
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Methods S3.1 We extracted DNA from approximately 0.25 g of soil using a MoBio PowerSoil 

DNA Isolation Kit (MoBio Laboratories Inc., Carlsbad, CA, USA) according to the 

manufacturer’s instructions.  We amplified the 16S (V3-V4 region) and ITS2 gene regions from 

1:10 DNA dilutions using a BioRad C1000 Thermal Cycler (Bio-Rad, Hercules, CA, USA) using 

primers adapted from 341F (5’-CCTACGGGNGGCWGCAG-3’) and 805R (5’- 

GACTACHVGGGTATCTAATCC-3’) for the bacteria, and ITS1F (5’-

CTTGGTCATTTAGAGGAAGTAA- 3’) and 58A2R (5’-CTGCGTTCTTCATCGAT-3’) for the 

fungi, with overhangs included for index attachment (Bell et al., 2016).  We performed 16S PCR 

reactions in 20 μL volumes using 1 μL of 1:10 diluted sample DNA extract, 8 μL 5 PRIME 

HotMaster Mix (5 PRIME Inc., Gaithersburg, MD, USA), 1 μL of each primer (10 μM solutions) 

and 9 μL of water, with the following PCR cycling conditions: 94°C for 2 min; 25 cycles of 

94°C for 20 s, 55°C for 20 s and 72°C for 30 s; and a final elongation at 72°C for 5 min. For the 

ITS amplification, we performed PCR reactions in 21 μL volumes using 1 μL of 1:10 diluted 

sample DNA extract, 8 μL 5 PRIME HotMaster Mix, 0.5 μL of each primer (10 μM solutions), 

10 μLof water, and 1 μL DMSO.  Some samples were amplified without DMSO, but comparison 

of 10 samples amplified with and without DMSO yielded compositionally similar fungal 

communities.  PCR cycling conditions for ITS amplifications were as follows: 94°C for 3min; 35 

cycles of 94°C for 20 s, 45°C for 30 s and 72°C for 45 s; with a final elongation at 72°C for 5 

min. We purified, indexed, and normalized amplicons as described in (Howard et al., 2017), used 

gel electrophoresis (1.2% agarose) to select bands of expected amplicon size, and then extracted 

DNA from these bands using either the Invitrogen PureLink Quick Gel Purification Kit (Thermo 

Fisher Scientific, Waltham, MA, USA) (for 2016 field samples) or the Wizard SV Gel and PCR 

Clean-up system (Promega, Fitchburg, WI, USA)(for 2017 field samples).  The Cornell 
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Genomics Facility (Ithaca, NY, USA) sequenced the DNA samples using an Illumina MiSeq in 4 

batches (two 16S and two ITS); resequencing of 10 samples from each of the 1st 16S and ITS 

batches indicated no differences in OTU composition between batches, even with using different 

final amplicon preparation kits.  
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Methods S3.2 As another measure of the constitutive defense phenotype, we compared plant 

volatile (VOC) secondary metabolite profiles of the plants in the microbiome transfer 

experiment.  We collected VOCs from the plants 35-36 days after planting using open-flow 

dynamic headspace trapping (Kessler et al., 2006).  Briefly, we fitted 500 mL polyethylene 

chambers over the top of each plant (c. youngest 8 leaves) and pulled air through this chamber 

and into a ORBOTM-32 charcoal trap (Supelcoâ, Bellefont, PA, USA) for 6 h period (c.10:00-

16:00) at 350 mL min-1 using a vacuum pump (Gast Manufacturing Inc., Benton Harbor, MI, 

USA), and then storing the traps at -20°C until extraction. At least one empty collection chamber 

was sampled for every 15 plants as an background air control.  As an internal standard, we 

injected 5 µL of 90 ng µL-1 tetraline into each charcoal trap and then eluted the samples with 400 

µL dicholormethane and analyzed them via GC-MS using a Varian Saturn 2200 GC/MS/MS on 

a DB-WAX column (Agilent J&W GC Column; length = 30 m, diameter = 0.25 mm , film = 

0.25 µm).  GCMS settings/column info.  The temperature program began with an injection 

temperature of 225 °C.  Then the column was heated from 40 °C to 180 °C at 10 °C min-1, then 

at 40 °C min-1 until it reached 220°C, and then held at 220°C for 10 min. We analyzed the 

concentrations of compounds with unique retention times and mass spectra and attempted to 

identify them using the NIST/EPA/NIH Mass Spectral Database (NIST 11, Gaithersburg, MD, 

USA).  After omitting compounds unlikely to be plant-derived, e.g. chlorinated compounds that 

are likely a derivative of dichloromethane, we analyzed the concentrations (as signal intensities) 

of the remaining 97 compounds.  Four samples (1 treated with the year 15 inoculant and 3 from 

the mock inoculation treatment) were omitted from the analysis due to low extraction volumes. 

Data analysis: We standardized the concentrations of each metabolite by dividing by the 

concentration of tetraline in each sample and subtracted the average concentration detected in the 
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corresponding air control (any peak that became negative after subtraction was replaced with a 

zero).  We analyzed the overall leaf metabolite profiles of plants treated with the successional 

inoculants (mock treatment omitted) using nonmetric multi-dimensional scaling (NMDS) on 

Bray-Curtis distances and tested for effects of successional inoculant and plant genotype, within 

trapping block (strata = block, i.e. which vacuum pump was used for collection) using a 

PERMANOVA (999 permuations) using metaMDS and adonis in the package vegan.    
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Figure S3.1. Height (a) and leaf number (b) of Solidago altissima plants by successional age 
surveyed over two seasons in a large-scale oldfield succession field experiment.  The size of 
10 S. altissima ramets per successional age were measured.    Boxes enclose the middle 50% of 
values, with the 50th percentile indicate by the midline.  The error bars span 1.5 times the 
interquartile range in both directions, and values outside of this are indicated as black dots. 
Groups not connected by the same letter are significantly different. 
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Fig S3.2. Compositional shifts in Solidago altissima rhizosphere microbial communities in 
oldfield succession experiment over two sequential years.  NMDS ordinations of (a) bacterial 
and (b) fungal communities based on Bray-Curtis distances.  Communities were characterized 
based on 16S rRNA (bacterial) and ITS (fungal) gene amplicon sequencing of soil collected from 
S. altissima rhizospheres over an experimental gradient of oldfield succession (see Fig. 1) over 
two growing seasons (2016 and 2017).  Phylum-level composition of (c) bacterial and (d) fungal 
communities based on mean relative abundance across samples.  Community data were 
normalized via proportions (total sums normalization). 
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Fig. S3.3. Compositional shifts in Solidago altissima rhizosphere microbial communities in 
oldfield succession experiment over two sequential years.  NMDS ordinations of (a) bacterial 
and (b) fungal communities based on Bray-Curtis distances.  Communities were characterized 
based on 16S rRNA (bacterial) and ITS (fungal) gene amplicon sequencing of soil collected from 
S. altissima rhizospheres over an experimental gradient of oldfield succession (see Fig. 1) over 
two growing seasons (2016 and 2017).  Phylum-level composition of (c) bacterial and (d) fungal 
communities based on mean relative abundance across samples.  Community data were 
normalized via cumulative sums scaling. 
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Figure S3.4. Resulting rhizosphere microbial communities of Solidago altissima plants 
inoculated with soil from different stages of succession in the microbiome transplant 
experiment.  NMDS ordinations of rhizosphere (a) bacterial and (b) fungal communities based 
on Bray-Curtis distances of plants inoculated with soil from oldfield communities in the 2nd, 6th, 
or 15th year of succession, or a sterilized “mock” inoculant, and grown in a glasshouse. The 
rhizosphere communities were collected 49 days after planting and characterized based on 16S 
rRNA (bacterial) and ITS (fungal) gene amplicon sequencing. 
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Figure S3.5. Phylum level (a) bacterial and (b) fungal composition of inoculants from 
different stages of succession and the resulting Solidago altissima rhizospheres in the 
microbiome transplant experiment.  The initial inoculants represent the microbial composition 
of the field soils from the 2nd, 6th, or 15th year of oldfield succession that were used to inoculate 
the S. altissima plants at the beginning of the experiment.  The rhizosphere samples are the 
microbial communities from the rhizospheres of the inoculated S. altissima plants grown in a 
glasshouse, 49 days after planting. The bacterial and fungal communities were characterized 
based on amplicon sequencing of 16S rRNA and fungal ITS genes and the composition shown 
below are the mean relative abundances of phyla across samples. 
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Fig. S3.6 Concentrations of diterpenes (a) compound #25 and (b) #28 in leaves of Solidago 
altissima plants inoculated with microbial communities from different successional stages.  
Values are least square means (± SE) averaged across genotypes.  Treatments not connected by 
the same letter are significantly different at α = 0.05 before an FDR correction (see Tables S3.1 
and S3.23). 
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Table S3.1. Leaf secondary metabolites examined via high performance liquid 
chromatography (HPLC), by retention time and compound class.  Compounds were 
classified using UV spectral information. 
 

Compound   Class Retention time (min) 
1 
2 
3 
4 
5 
6 
7 
8 
9 

10 
11 
12 
13 
14 
15 
16 
17 
18 
19 
20 
21 
22 
23 
24 
25 
26 
27 
28 
29 
30 

 

Phenolic (chlorogenic acid derivative) 
Phenolic (chlorogenic acid derivative) 
Phenolic (chlorogenic acid derivative) 
Phenolic (coumeric acid derivative) 
Phenolic (chlorogenic acid derivative) 
Phenolic (chlorogenic acid derivative) 
Phenolic (flavonoid) 
Phenolic (flavonoid) 
Phenolic (flavonoid) 
Phenolic (flavonoid) 
Phenolic (flavonoid) 
Phenolic (flavonoid) 
Phenolic (flavonoid) 
Phenolic (chlorogenic acid derivative) 
Phenolic (flavonoid) 
Phenolic (chlorogenic acid derivative) 
Phenolic (flavonoid) 
Diterpene acid 
Phenolic (flavonoid) 
Diterpene acid 
Diterpene acid 
Diterpene acid 
Diterpene acid 
Diterpene acid 
Diterpene acid 
Diterpene acid 
Diterpene acid 
Diterpene acid 
Diterpene acid 
Diterpene acid 
 
 
 

2.5 
3.4 
4.1 
6.0 
6.3 
6.8 
7.5 
7.9 
8.6 
9.1 
10.7 
11.2 
11.4 
12.2 
12.5 
12.8 
13.9 
15.0 
18.0 
21.6 
22.6 
23.7 
26.4 
29.0 
29.3 
29.9 
30.2 
30.4 
31.2 
31.8 
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Table S3.2. Results of ANOVA assessing the effects of successional age and season on the 
number of Trirhabda sp. larvae on Solidago altissima plants.  Data are from the field 
experiment and presented in Fig. 3.2a.      

 
Sum of sqs F P 

Successional age 393.07 F5,108=  35.703 <0.001 

Season 28.03 F1,108=  12.732 <0.001 

Successional age × 
season 

166.27 F5,108=  15.102 <0.001 

    

 

 

Table S3.3. Results of ANOVA assessing the effects of successional age and season on 
amounts of herbivore damage on Solidago altissima plants.  Data are from the field 
experiment and presented in Fig. 3.2b.      

 
Sum of sqs F P 

Successional age 104527 F5,107=  78.618 <0.001 

Season 9059 F1,107=  34.068 <0.001 

Successional age × 
season 

24093 F5,107=  18.121 <0.001 
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Table S3.4. Odds ratios for the likelihood of Trirhabda sp. larvae consuming Solidago 
altissima plants from communities in different stages of succession in a feeding preference 
assay.  Data are from the three-way choice experiment shown in Fig. 3.2c.   

Contrast Odds ratio P 

Year 1 v. 5 0.6683 0.05771 

Year 1 v. 14 2.909 0.0208 

Year 5 v. 14 4.354 0.0010 
  

 

 

Table S3.5. Confidence intervals (CI) of odds ratios for the likelihood of Trirhabda spp. 
larvae consuming Solidago altissima plants from communities in different stages of 
succession in a feeding preference assay.  Data are the three-way choice experiment shown in 
Fig. 3.2c. Both Wald and parametric bootstrap 95% CIs were calculated and expressed on the log 
odds ratio scale. 

  
    

 Wald Bootstrap 

Plant successional 
age (years) 

Lower CI  Upper CI Lower CI  Upper CI 

1 - 0.168 0.918 - 0.156 0.956 

5 0.203 1.352 0.223 1.390 

14 - 1.259 - 0.127 - 1.363 - 0.152 
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Table S3.6. Pairwise contrasts between Trirhabda sp. beetle larvae performance of on 
Solidago altissima plants from communities in different stages Performance was measured as 
biomass assimilation efficiency (mg of weight gained per cm2 leaf tissue consumed), as shown in  
Fig. 3.2d.  Early = 1-3 years, mid = 4-5 years, late = 14 years.     

 

Contrast Estimate SE P 

Early v. mid -0.654 0.498 0.3926 

Early v. late 1.309 0.675 0.1336 

Late v. mid -1.962 0.694 0.0156 

 

 

Table S3.7. Results of ANOVA assessing the effects of successional age and season on the 
height on Solidago altissima plants.  Data are from the field experiment and presented in Fig. 
S3.1a.      

 
Sum of sqs F P 

Successional age 4720.2 F5,108=  11.933 <0.001 

Season 853.3 F1,108=  10.6601 0.001467 

Successional age × 
season 

199.2 F5,108=  0.4976 0.777460 
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Table S3.8. Results of ANOVA assessing the effects of successional age and season on the 
total number of leaves of Solidago altissima plants.  Data are from the field experiment and 
presented in Fig. S3.1b.      

 
Sum of sqs F P 

Successional age 473.9 F5,108= 2.4483  0.03831 

Season 235.5 F1,108=  6.0755 0.01528 

Successional age × 
season 

142.4 F5,108=  0.7357 0.59829 

    

 

 

Table S3.9. Soil properties (mean ± SE) over succession. Soil samples were collected (to 10 
cm depth) in early June over two growing seasons (2016 and 2017) from plots in different stages 
of post-agricultural succession.  Soil nutrient values are expressed as mg/kg of dry soil (except 
for C and N, which are in mg/g).  n = 6 at each sampling point, except for C and N (n = 9-10); 
n.m.= not measured. 
 

Successional 
age (years) 

Sample 
year pH 

% organic 
matter  C N  P  K Ca  Mg  

 
0 (maize) 

 

 
2016 
2017 

5.50±0.11 
5.70±0.09 

2.71±0.06 
3.22±0.03 

 
32.58±2.16 
n.m. 

 
8.93±1.57 
n.m. 

3.90±0.43 
1.96±0.13 

92.54±8.02 
102.30±13.53 

 
576.69±25.75 
719.17±24.25 

 
94.39±6.73 
110.20±13.68 

1 
 

 
2016 
2017 

5.82±0.02 
5.67±0.06 

2.74±0.17 
2.93±0.18 

 
34.84±2.38 
n.m. 

 
2.71±0.46 
n.m. 

3.36±0.30 
2.60±0.36 

157.83±36.87 
95.18±9.33 

628.47±48.23 
660.00±48.27 

 
95.47±11.89 
112.43±9.58 

 
2 

 
2016 
2017 

5.77±0.09 
5.96±0.07 

2.85±0.21 
2.84±0.22 

 
38.23±3.05 
n.m. 

 
2.70±0.48 
n.m. 

4.44±0.59 
1.72±0.08 

157.64±24.94 
106.75±13.81 

 
619.62±44.95 
721.50±110.48 

 
110.16±8.75 
92.58±7.78 

 
3 

 
2016 
2017 

5.79±0.10 
5.79±0.05 

3.45±0.12 
2.59±0.17 

 
48.31±1.94 
n.m. 

 
3.18±0.21 
n.m. 

4.64±0.48 
2.20±0.24 

160.59±36.11 
115.47±51.87 

 
750.75±77.35 
610.50±53.07 

 
107.73±7.31 
101.48±8.37 

 
4 

 
2016 
2017 

5.66±0.08 
5.90±0.10 

3.54±0.15 
3.82±0.15 

 
50.22±2.20 
n.m. 

 
3.42±0.30 
n.m. 

5.49±0.28 
3.27±0.63 

173.54±18.02 
172.38±18.87 

 
689.60±42.58 
805.50±88.67 

 
120.53±9.63 
115.87±6.23 

 
5 

 
2016 
2017 

5.72±0.09 
5.67±0.10 

3.74±0.28 
3.40±0.11 

 
47.84±4.21 
n.m. 

 
3.11±0.42 
n.m. 

5.47±0.38 
2.82±0.28 

189.89±26.89 
136.6011.93 

 
765.54±78.81 
694.33±33.14 

 
144.30±41.28 
114.90±4.61 

 
6 

 
2016 

 
5.67±0.07 

 
3.53±0.23 

 
49.53±4.24 

 
3.26±0.43 

 
6.20±0.89 

 
176.02±25.42 

 
713.67±69.76 

 
116.47±6.91 

13 
 
2016 5.65±0.12 4.94±0.36 

 
64.54±6.19 

 
5.43±0.84 8.03±1.49 

 
150.25±14.80 1059.96±153.61 192.48±17.56 

14 
 
2017 5.74±0.08 3.91±0.15 

 
n.m. 

 
n.m. 2.81±0.40 107.43±15.05 925.50±88.70 156.37±12.60 
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Table S3.10. Results of ANOVAs assessing the effect of successional age on soil properties.  
Data are from the field experiment and presented in Fig. 3.3.      

 
Sum of sqs F P 

Microbial N 0.18268 F7,71= 11.461 <0.001 

Microbial C 10.659 F7,71= 11.937 <0.001 

Soil respiration 0.87443 F7,39=  16.852 <0.001 

Organic matter 22.221 F7,39=  14.488 <0.001 

 

 

Table S3.11. Results of ANOVA assessing the effects of successional age and season on the 
relative abundance of basidiomycetes in the rhizospheres of Solidago altissima plants.  Data 
are from the field experiment and presented in Fig. 3.4d.      

 
Sum of sqs F P 

Successional age 
 

F1,126= 70.2267  <0.001 

Season 
 

F1,126= 4.3751 0.03848 

Successional age × 
season 

 
F1,126= 4.7591 0.03100 
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Table S3.12.  Results of PERMANOVA showing the effects of successional age and field 
season on bacterial community composition of Solidago altissima rhizospheres in the field. 
Communities were surveyed over the first 14 years of succession and two field seasons (2016 
and 2017) in a large-scale oldfield succession field experiment and characterized based on 16S 
rRNA gene sequences, normalized via proportions.      

 
DF Sum of sqs F-value P-value 

Successional age 7 2.8335 2.9196 0.001 
Field season 1 0.6781 4.8906 0.001 

Successional age × Field season 4 0.8555 1.5425 0.005 

Residuals 115 15.9441 
  

 

 

 

Table S3.13. Results of PERMANOVA showing the effects of successional age and field 
season on fungal community composition of Solidago altissima rhizospheres in the field. 
Communities were surveyed over the first 14 years of succession and two field seasons (2016 
and 2017) in a large-scale oldfield succession field experiment and characterized based on ITS 
gene sequences, normalized via proportions.      

 
DF Sum of sqs F-value P-value 

Successional age 7 4.955 2.9958 0.001 

Field season 1 1.287 5.4456 0.001 

Successional age × Field season 4 1.504 1.5915 0.001 

Residuals 117 27.644 
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Table S3.14.  Results of PERMANOVA showing the effects of successional age and field 
season on bacterial community composition of Solidago altissima rhizospheres in the field. 
Communities were surveyed over the first 14 years of succession and two field seasons (2016 
and 2017) in a large-scale oldfield succession field experiment and characterized based on 16S 
rRNA gene sequences, normalized via cumulative sums scaling.      

 
DF Sum of sqs F-value P-value 

Successional age 7 2.9740 2.8894 0.001 

0 
Field season 1 0.8741 

 
5.9448 0.001 

Successional age × Field season 4 0.8867 1.5076 0.003 

Residuals 115 16.9095 
  

 

 

Table S3.15. Results of PERMANOVA showing the effects of successional age and field 
season on fungal community composition of Solidago altissima rhizospheres in the field. 
Communities were surveyed over the first 14 years of succession and two field seasons (2016 
and 2017) in a large-scale oldfield succession field experiment and characterized based on ITS 
gene sequences, normalized via cumulative sums scaling.      

 
DF Sum of sqs F-value P-value 

Successional age 7 4.910 2.9777 0.001 

Field season 1 1.349 5.7252 0.001 

Successional age × Field season 4 1.549 1.6437 0.001 

Residuals 117 27.563 
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Table S16. Results of PERMANOVA showing the effects of inoculant successional age and 
plant genotype on rhizosphere bacterial composition of Solidago altissima plants in the 
microbiome transplant experiment.  Plants were inoculated with soil from oldfields in the 2nd, 
6th, or 15th year of succession.  The rhizosphere bacteria were collected 49 days after planting 
and characterized based on 16S rRNA gene sequences.      

 
df Sum of sqs F P 

Inoculant 2 1.3561 6.4561 0.001 

Genotype 5 0.7024 1.3375 0.008 

Inoculant×Genotype 10 1.1570 1.1016 0.128 

Residuals 33 3.4658 
  

 

Table S3.17. Results of PERMANOVA showing the effects of inoculant successional age 
and plant genotype on rhizosphere fungal composition of Solidago altissima plants in the 
transplant experiment.  Plants were inoculated with soil from oldfields in the 2nd, 6th, or 15th 
year of succession.  The rhizosphere fungi were collected 49 days after planting and 
characterized based on ITS gene sequences.      

 
df Sum of sqs F P 

Inoculant 2 1.8908 7.4956 0.001 

Genotype 5 1.1811 1.8728 0.001 

Inoculant×Genotype 10 1.4879 1.1797 0.128 

Residuals 33 4.1621 
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Table S3.18. Results of a repeated-measures ANOVA assessing the effects of microbial 
communities from different stages of succession on plant genotypes on early season 
Solidago altissima growth rates, based on height, in the microbiome transplant experiment.  
Plants were inoculated with soil from oldfields in the 2nd, 6th, or 15th year of succession, or a 
sterile mock inoculant, and their growth rates (increase in height (cm)/day) were calculated based 
on measurements of plants every 3 days from 18-30 days post-planting (date in model).     

 
Sum of sqs F P 

Inoculant 0.0506 F3,42= 0.5350 0.6608 

Date 5.7661 F3,132= 60.9369 <0.0001 

Genotype 1.0115 F5,42= 6.4139 0.0002 

Inoculant×Date 0.3293 F9,132= 1.1601 0.3259 

Inoculant×Genotype 0.4833 F15,42= 1.0216 0.4533 

Date×Genotype 1.0499 F15,132= 2.2085 0.0089 

Inoculant×Date×Genotype 1.1838 F45,132= 0.8340 0.7548 
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Table S3.19. Results of a repeated-measures ANOVA assessing the effects of microbial 
communities from different stages of succession on plant genotypes on early season 
Solidago altissima growth rates, based on leaf number, in the microbiome transplant 
experiment.  Plants were inoculated with soil from oldfields in the 2nd, 6th, or 15th year of 
succession, or a sterile mock inoculant, and their growth rates (new leaves/day) were calculated 
based on measurements of plants every 3 days from 18-30 days post-planting (date in model).     

 
Sum of sqs F P 

Inoculant 0.2016 F3,42= 1.0183 0.3941 

Date 1.2123 F3,132= 6.1226 0.0006 

Genotype 1.7507 F5,42= 5.3052 0.0007 

Inoculant×Date 0.7839 F9,132= 1.3197 0.2325 

Inoculant×Genotype 0.8142 F15,42= 0.8225 0.6481 

Date×Genotype 1.3872 F15,132= 1.4012 0.1556 

Inoculant×Date×Genotype 3.3446 F45,132= 1.1261 0.2981 

 

 

Table S3.20. Odds ratios for the likelihood of Trirhabda virgata beetles consuming Solidago 
altissima plants inoculated with microbiomes from stages of succession in a feeding 
preference assay.  Data are from the three-way choice experiment shown in Fig. 3.5.   

Contrast Odds ratio P 

Year 2 v. 6 2.601 0.0623 

Year 2 v. 15 6.222 0.0004 

Year 6 v. 15 2.3923 0.1628 
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Table S3.21. Confidence intervals (CI) of odds ratios for likelihood of Trirhabda virgata 
beetles consuming plants grown with different successional inoculants in a feeding 
preference assay.  Data are from the three-way choice experiment shown in Fig. 3.5. Both Wald 
and parametric bootstrap 95% CIs were calculated and expressed on the log odds ratio scale.        

 Wald Bootstrap 

Inoculant treatment 
successional age 

Lower CI  Upper CI Lower CI  Upper CI 

Year 2 - 0.195 0.970 - 0.230 0.988 

Year 6 - 1.163 0.027 -1.384 0.085 

Year 15 - 2.167 - 0.714 - 2.592 - 0.866 

      

Table S3.22. Results of PERMANOVA showing the effects of inoculant successional age 
and plant genotype on the overall leaf secondary metabolites (listed in Table S1) of Solidago 
altissima plants in the microbiome transplant experiment.  Leaf metabolites were measured 
in the 2nd youngest fully expanded leaf at 38 days post-planting.      

 
df Sum of sqs F P 

Inoculant 2 0.1339 1.2916 0.223 

Genotype 5 1.5042 5.8025 0.001 

Inoculant×Genotype 10 0.5200 1.0030 0.466 

Residuals 32 1.6591 
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Table S3.23. Results of ANOVAs (test statistics (F) and p-values) assessing the 
effects of inoculant successional age and plant genotype on the concentrations of 
secondary metabolites (compounds in Table S1) in Solidago altissima leaves. Leaf 
metabolites were measured in the 2nd youngest fully expanded leaf at 38 days post-
planting. P-values were corrected with a false discovery rate of 0.05 (raw values in 
parentheses). Bolded values indicate significance at the α= 0.05 level. 
 

Compound Transformation Inoculant effect Genotype effect Genotype×Inoculant 
effect 

1 none F2,31 = 0.5155 
p = 0.9487 
(p = 0.6022) 

F 
5,31= 9.4969 

p <0.001 
(p <0.001) 

F10,31 = 1.7296 
p = 0.9884 
(p = 0.1181) 

2 none F2,31 = 2.0874 
p = 0.4960 
(p = 0.1410) 

F 
5,31= 20.9051 

p <0.001 
(p <0.001) 

F10,31 = 1.3086 
p = 0.9884 
(p = 0.2689) 

3 none F2,33 = 0.3019 
p = 0.9487 
(p= 0.7414) 

F 
5,33= 2.5353 

p = 0.0715 
(p = 0.0477) 

F10,33 = 0.9392 
p = 0.9884 
(p=0.51145) 

4 none F2,33 = 2.1615 
p = 0.4960 
(p = 0.1312) 

F 
5,33= 7.2916 

p = 0.0004 
(p < 0.001) 

F10,33 = 0.6894 
p = 0.9884 
(p = 0.7267) 

5 none F2,33 = 1.6993 
p = 0.4960 
(p = 0.1984) 

F 
5,33= 33.9546 

p <0.001 
(p <0.001) 

F10,33 = 2.0565 
p = 0.9113 
(p = 0.0586) 

6 none F2,31 = 2.5849 
p = 0.4960 
(p = 0.0915) 

F 
5,31= 2.0686 

p = 0.1199 
(p = 0.0959) 

F10,31 = 1.4428 
p = 0.9884 
(p = 0.2081) 

7 none F2,31 = 2.1061 
p = 0.4960 
(p = 0.1388) 

F 
5,31= 2.1686 

p = 0.1134 
(p = 0.0832) 

F10,31 = 0.2457 
p = 0.9884 
(p = 0.9884) 

8 inverse F2,33 = 1.7596 
p = 0.4960 
(p = 0.1879) 

F 
5,33= 1.1978 

p = 0.3554 
(p = 0.3317) 

F10,33 = 0.4653 
p = 0.9884 
(p = 0.9003) 

9 log + 1 F2,33 = 0.1769 
p = 0.9487 
(p = 0.8386) 

F 
5,33= 2.1132 

p = 0.1154 
(p =0.0885) 

F10,33 = 0.6499 
p = 0.9884 
(p = 0.7607) 

10 sqrt F2,33 = 0.3474 
p = 0.9487 
(p = 0.7091) 

F 
5,33= 3.2325 

p = 0.0291 
(p = 0.0175) 

F10,33 = 0.5860 
p = 0.9884 
(p = 0.8134) 

11 log + 1 F2,31 = 0.6207 
p = 0.9487 
(p = 0.5441) 

F 
5,31= 22.5854 

p <0.001 
(p <0.001) 

F10,31 = 0.6255 
p = 0.9884 
(p = 0.7806) 

12 log + 1 F2,31 = 0.1132 
p = 0.9561 
(p = 0.8934) 

F 
5,31= 13.7540 

p <0.001 
(p <0.001) 

F10,31 = 1.1251 
p = 0.9884 
(p = 0.3757) 

13 sqrt 
 

F2,31 = 1.8750 
p = 0.4960 
(p = 0.1703) 

F 
5,31= 8.1664 

p =0.0002 
p < 0.001 

F10,31 = 0.4506 
p = 0.9884 
(p = 0.9086) 

14 none F2,31 = 0.0192 
p = 0.9810 
(p = 0.9810) 

F 
5,31= 3.4727 

p = 0.0242 
(p = 0.0131) 

F10,31 = 0.8742 
p = 0.9884 
(p = 0.5660) 

15 log + 1 F2,31 = 1.5141 
p = 0.5442 
(p = 0.2358) 

F 
5,31= 28.7496 

p <0.001 
(p <0.001) 

F10,31 = 0.5066 
p = 0.9884 
(p = 0.8722) 

16 none F2,31 = 0.2158 
p = 0.9487 
(p = 0.8071) 

F 
5,31= 2.3922 

p = 0.0858 
(p = 0.0600) 

F10,31 = 0.7539 
p = 0.9884 
(p = 0.6700) 

17 none F2,31 = 2.0401 F 
5,31= 11.8022 F10,31 = 0.7377 
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p = 0.4960 
(p = 0.1470) 

p <0.001 
(p <0.001) 

p = 0.9884 
(p = 0.6842) 

18 none F2,31 = 1.7276 
p = 0.4960 
(p = 0.1943) 

F 
5,31= 3.4371 

p = 0.0242 
(p = 0.0137) 

F10,31 = 1.0519 
p = 0.9884 
(p = 0.4261) 

19 log + 1 F2,31 = 1.0599 
p = 0.7020 
(p = 0.3587) 

F 
5,31= 3.7953 

p = 0.0169 
(p = 0.0085) 

F10,31 = 0.9263 
p = 0.9884 
(p = 0.5228) 

20 log + 1 
 

F2,30 = 0.3477 
p = 0.9487 
(p = 0.7091) 

F 
5,30= 1.6887 

p = 0.1862 
(p = 0.1676) 

F10,30 = 1.2427 
p = 0.9884 
(p = 0.3055) 

21 log + 1 
 

F2,33 = 0.2876 
p = 0.9487 
(p = 0.7519) 

F 
5,33= 6.8556 

p = 0.0005 
(p = 0.0002) 

F10,33 = 0.3796 
p = 0.9884 
(p = 0.9468) 

22 log + 1 F2,31 = 1.8234 
p = 0.4960 
(p = 0.1783) 

F 
5,31= 4.6276 

p = 0.0070 
(p = 0.0028) 

F10,31 = 1.2747 
p = 0.9884 
(p = 0.2864) 

23 log + 1 F2,31 = 1.0139 
p = 0.7020 
(p = 0.3744) 

F 
5,31= 2.0128 

p = 0.1246 
(p = 0.1038) 

F10,31 = 1.4193 
p = 0.9884 
(p = 0.2176) 

24 log + 1 F2,33 = 1.0293 
p = 0.7020 
(p = 0.3684) 

F 
5,33= 6.2201 

p = 0.0010 
(p = 0.0004) 

F10,33 = 0.7349 
p = 0.9884 
(p = 0.6868) 

25 inverse F2,33 = 3.4623 
p = 0.4960 
(p = 0.0432) 

F 
5,33= 1.0262 

p = 0.4184 
(p = 0.4184) 

F10,33 = 0.5243  
p = 0.9884 
(p = 0.8604) 

26 log + 1 F2,31 = 0.0642 
p = 0.9703 
(p = 0.9380) 

F 
5,31= 4.5303 

p = 0.0074 
(p = 0.0032) 

F10,31 = 1.2365 
p = 0.9884 
(p = 0.3078) 

27 sqrt F2,33 = 0.5223 
p = 0.9487 
(p = 0.5980) 

F 
5,33= 1.8383 

p = 0.1529 
(p = 0.1325) 

F10,33 = 2.0390 
p = 0.9113 
(p = 0.0608) 

28 sqrt F2,33 = 5.2541 
p = 0.4350 
(p = 0.0145) 

F 
5,33= 1.1610 

p = 0.3610 
(p = 0.3490) 

F10,33 = 0.9138 
p = 0.9884 
(p = 0.5323) 

29 sqrt F2,33 = 0.1588 
p = 0.9487 
(p = 0.8539) 

F 
5,33= 2.7836 

p = 0.0525 
(p = 0.0332) 

F10,33 = 0.3242 
p = 0.9884 
(p = 0.9686) 

30 none F2,31 = 0.1670 
p = 0.9487 
(p = 0.8469) 

F 
5,31= 4.3676 

p = 0.0085 
(p = 0.0040) 

F10,31 = 0.8858 
p = 0.9884 
(p = 0.5563) 
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Table S3.24. Results of PERMANOVA showing the effects of inoculant 
successional age and plant genotype on the overall VOC secondary metabolites of 
Solidago altissima plants in the microbiome transplant experiment.  VOCs were 
collected from the plants 35-36 days post-planting.      

 
df Sum of sqs F P 

Inoculant 2 0.1482 0.5600 0.790 

Genotype 5 2.9449 4.4501 0.001 

Inoculant×Genotype 10 0.9327 0.7047 0.887 

Residuals 30 3.9706 
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MA 
Primary advisor: Dr. Kristina Jones  

2014-2015 Lab Technician, Wellesley College Biology Department, Wellesley, 
MA 
Advisor: Dr. Martina Königer 

2013 Horticulture Assistant, Wellesley College Botanic Garden, 
Wellesley, MA 

2012-2013 Environmental Scientist, CDM Smith, Cambridge, MA (previously 
Cambridge Environmental, Inc.) 

2010, 2011 
(summers) 

Research Intern, University of Minnesota, St. Paul, MN 
Advisor: Dr. Ruth Shaw  
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PRESENTATIONS 
 
2020 Howard, M.M., Muñoz, C., Kao-Kniffin, J., Kessler, A. “Soil 

microbiomes from fallow agricultural fields improve the herbivore 
resistance of goldenrod…but what about crops?”. Ecological Society of 
America Annual Meeting (talk) 
Howard, M.M., Kao-Kniffin, J., Kessler, A. “Shifts in plant-microbe 
interactions over ecological succession and their effects on plants’ 
resistance to herbivores”. Botanical Society of America Annual Meeting 
(talk) 
Howard, M.M. “Eco-evolutionary shifts in plant-microbe-insect 
interactions over community succession.” Cornell Plant Biology Seminar 
Series (talk) 
Howard, M.M., Muñoz, C., Kao-Kniffin, J., Kessler, A. “Soil microbial 
communities from fallow fields can improve goldenrod’s resistance to 
herbivores…but what about crops?” Cornell Plant-Interactions Group 
(talk) 

2019 Muñoz, C.*, Howard, M.M., Kao-Kniffin, J., Kessler, A. “Investigating 
the potential of soil microbiomes from fallow agricultural fields to 
improve the pest resistance of crops”. Society for Advancing 
Chicanos/Hispanics and Native Americans in Science National 
Conference (poster) *Presented by my undergraduate mentee 
Howard, M.M., Muñoz, C., Kao-Kniffin, J., Kessler, A. “Investigating 
the potential of soil microbiomes from fallow agricultural fields to 
improve the pest resistance of crop species”. 
Atkinson Center for a Sustainable Future Symposium (talk) 
Howard, M.M., Kao-Kniffin, J., Kessler, A. “Soil microbes have the 
potential to mediate the escalation of herbivore defenses over 
succession”. Ecological Society of America Annual Meeting (talk) 
Howard, M.M., Kao-Kniffin, J., Kessler, A. “Soil microbes have the 
potential to mediate the escalation of herbivore defenses over 
succession”. New Phytologist Next Generation Scientists Meeting 
(poster) 
Howard, M.M., Kao-Kniffin, J., Kessler, A. “Soil microbes have the 
potential to mediate the escalation of herbivore defenses over 
succession”. Gordon Research Conference on Plant-Herbivore 
Interactions (poster) 
Howard, M.M., Kao-Kniffin, J., Kessler, A. “Soil microbes have the 
potential to mediate the escalation of herbivore defenses over 
succession”. Gordon Research Seminar on Plant-Herbivore Interactions 
(talk) 
Howard, M.M., Kao-Kniffin, J., Kessler, A. “Soil microbes have the 
potential to mediate the escalation of herbivore defenses over 
succession”. Cornell Plant Biology Seminar Series (talk) 
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2018 Howard, M.M.*, Kao-Kniffin, J., Kessler, A. “Soil microbes have the 
potential to mediate the escalation of herbivore defenses over 
succession”. Cornell Ecology and Evolutionary Biology Dept. Winter 
Symposium (talk)  
* Awarded the Whittaker Award for best oral presentation by a graduate 
student 
Howard, M.M. “Soil microbes and the escalation of plant defenses over 
ecological succession”. University of Wisconsin-Madison Plant Biology 
Symposium: “Leavesdropping on Plants: Microscopic to Macroscopic 
Conversations” (talk, student invited speaker) 
Howard, M.M., Kao-Kniffin, J., Kessler, A. “Soil microbes mediate 
shifts in plant herbivore defense phenotypes over oldfield succession”. 
Our Microbes, Our Global Health Symposium, Cornell University 
(poster) 
Howard, M.M., Kao-Kniffin, J., Kessler, A. “Soil microbes mediate 
shifts in plant herbivore defense phenotypes over oldfield succession”.  
Cornell Institute of Host-Microbe Interactions and Disease Summer 
Symposium (talk) 
Howard, M.M., Kao-Kniffin, J., Kessler, A. “Soil microbes mediate 
shifts in plant herbivore defense phenotypes over oldfield succession”  
Penn State Plant Biology Symposium: “Wild and Tamed Phytobiomes” 
(talk and poster) 
Howard, M.M. “Examining soil and microbial mediation of goldenrod 
(Solidago altissima) competitive and defensive phenotypes over 
community succession”. Cornell Plant Biology Seminar Series (talk) 

2017 Howard, M.M. “Examining soil and microbial mediation of goldenrod 
(Solidago altissima) competitive and defensive phenotypes over 
community succession”. Cornell Ecology and Evolutionary Biology 
Dept. Winter Symposium (talk) 
Howard, M.M. “Examining how soil and microbes mediate plant 
defense over oldfield succession”.  Atkinson Center for a Sustainable 
Future Symposium (talk) 
Howard, M.M. “Examining soil and microbial mediation of goldenrod 
(Solidago altissima) competitive and defensive phenotypes over 
community succession”. Cornell Plant Biology Seminar Series (talk) 

2015 Howard, M.M., Thomas, M. “Growing behind prison walls”.  Wellesley 
Botanic Garden Friends of Horticulture Lecture Series (invited talk) 
Howard, M.M., Bae, A., Pirani, Z., Van, N., Königer, M. “Effect of 
growth light conditions, chloroplast movement, and nonphotochemical 
quenching on fitness in Arabidopsis thaliana”. Penn State Plant Biology 
Symposium (poster)  
Howard, M.M., Bae, A., Pirani, Z., Van, N., Königer, M. “Effect of 
growth light conditions, chloroplast movement, and nonphotochemical 
quenching on fitness in Arabidopsis thaliana”. Harvard University Plant 
Biology Initiative Symposium (poster)  
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2014 Howard, M.M., Bae, A., Königer, M. “The role of chloroplast 
movement and nonphotochemical quenching in the light acclimation of 
Arabidopsis thaliana”. American Society of Plant Biologists Annual 
Meeting (poster) 
Howard, M.M. “Using a collection of 0.002 acre ‘farms’ to engage 
students in science across disciplines”.  Wellesley College Science 
Faculty Seminar Series (invited talk) 
 
 

SERVICE & OUTREACH  
 
2010-2020 Student Representative, Science Committee, Ecological Society of 

America 
2019-2020  

2015-2019 Science Outreach Volunteer, Prisoner Express Program, Durland 
Alternatives Library, Ithaca, NY 
Created an educational science journal/distance learning program with 
approximately 400 subscribers from within prisons across the United 
States.    

2015-2019 
(annually) 

Insectapalooza Volunteer, Cornell Entomology Department, Ithaca, 
NY 
Presented an interactive exhibit for children about the interactions 
between goldenrod (Solidago altissima) and insects such as the 
goldenrod gall fly (Eurosta solidaginis)  

2018-2019 Volunteer, Cornell Diversity Preview Weekend, Ecology & 
Evolutionary Biology Dept. and School of Integrative Plant Science  

2013-2015 Horticulture Education Volunteer, Massachusetts Correctional 
Institute, Framingham, MA 
Helped create an educational horticultural program for women 
incarcerated at a medium-security prison.  Lectured about topics such 
as ecological garden design and biological control of greenhouse pests 
and taught hands-on horticultural techniques. 

 
 
 


